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Global Seagrass Research Methods 

Introduction 
The idea of producing a new book of seagrass methods arose from a series of meetings of 

the International Seagrass Biology Workshop (ISBW). The need for updated methods first 
emerged at ISBW-2 in Australia, 1996; Professor C. Peter McRoy expressed the need to 
update our knowledge of research methods through a revision of "Seagrass Research 
Methods" (Phillips and McRoy 1990). The concept of developing a publication of methods 
more broadly applicable to seagrass research in a global context was raised at ISBW-3 in the 
Philippines, 1998. That workshop recognised the need for an updated set of methodologies 
suitable for a range of environments, from tropical to temperate and from estuarine to deep 
water. By the time oflSBW-4, in France, 2000, the global methods book was under way and 
draft chapters were discussed at the meeting. 

The importance of seagrasses in coastal and near shore environments, and ultimately their 
contribution to the productivity of the world's oceans, has become increasingly recognised 
over the last 40 years. In his keynote address at ISBW-3, Professor Ronald Phillips charted 
the development of seagrass research from its early taxonomic and descriptive phase before 
the 1970s to modem ecosystem approaches. He included the key role of Professor C. den 
Hartog's 1970 monograph in providing the base systematic information for much of the 
recent world interest and research as well as the impetus of the 1973 International Workshop 
in Leiden, The Netherlands in recognising seagrasses as an important ecosystem. 

McRoy (1996) pointed out that these two events also reflected the two streams of 
research that existed at the time: a classical academic approach and an ecosystem approach. 
The Leiden workshop led to the development of the journal Aquatic Botany in 1975 with 
Professor den Hartog as editor-in-chief. The joumal fostered a merging of research 
approaches and has acted as a springboard for the development of new seagrass research and 
methods. Since the Leiden workshop in 1973, seagrass research has escalated rapidly in 
many parts of the world but particularly in Europe, the United States, Australia, Japan and 
the countries of the Indo-Pacific, most notably the Philippines. Seagrass science has 
progressed rapidly in the last three decades with further publications and books (McRoy and 
Helferrich 1977, Phillips and McRoy 1980, Hernminga and Duarte 2000). 

Seagrasses provide food for sea turtles, nearly 100 fish species, waterfowl and for the 
marine mammals the manatee and the dugong; the latter is on the IUCN red list as vulnerable 
to extinction. Seagrasses also support complex food webs by virtue of their physical 
structure and primary production and are well known for their role as breeding grounds and 
nurseries for important crustacean, finfish and shellfish populations. Seagrasses are the basis 
of an important detrital food chain. The plants filter nutrients and contaminants from the 
water, stabilise sediments and act as dampeners to wave action. Seagrasses rank with coral 
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reefs and mangroves as some of the world's most productive coastal habitat and strong 
linkages among these habitats make the loss of seagrasses a contributing factor in the 
degradation of the world's oceans. 

In his summation at ISBW-3, Professor Phillips noted that seagrasses are a semi- 
permeable filter, a buffer between the land and the marine environment and that this filter 
was becoming overloaded. He expressed the need for an integrated coastal zone management 
approach at an international, not just a national, scale. He applauded the trend for research 
scientists to be involved at committee levels with policy makers, politicians, business 
developers and administrators of government agencies as a way of developing an integrated 
ecosystem approach to seagrass management. 

Importantly, McRoy noted the effect on seagrass research of the terms and the concepts 
of biodiversity and sustainable development. Both these concepts emerged from the UN 
Conference on Environment and Development (UNCED), otherwise known as the Earth 
Summit, which took place in Rio de Janeiro on 9-14 June 1992. 

In the first decade of the new millennium, it is clearly time to approach seagrass ecology 
issues from an integrated and global perspective and to understand the role each country can 
play. The importance of a global approach is encapsulated in the 1992 Rio Declaration on 
Environment and Development, Principle 7 that says in part: "States shall cooperate in a 
spirit of global partnership to conserve, protect, and restore the health and integrity of the 
earth's ecosystems." 

The discussions on producing a methods book for global seagrass research at ISBW-3 
resulted in many scientists volunteering to contribute chapters. The vision was to provide 
the opportunity for seagrass scientists to publish a set of methods that would promote and 
stimulate seagrass research worldwide, to include both taxonomic and other academic 
approaches, address issues of coastal management, habitat quality and estimation of change 
and mapping, and provide a set of tools to study various aspects of seagrass as a functional 
ecosystem. Foremost in the group discussion was the spirit of global partnership and the 
dream of being able to initiate coordinated global seagrass monitoring (e.g., SeagrassNet and 
Seagrass-Watch) and, in the future, to produce a meaningful "Seagrass Global Report Card" 
based on standard methodologies. 

As editors, our approach has been to ask for the most globally useful techniques, not 
necessarily the newest methods or those requiring equipment available only to the 
economically privileged. To meet the real world limits of page length, we asked authors to 
present the most useful primary methods and to reference other techniques considered 
important. In editing we have tried our best to make the information relevant to as much of 
the planet as possible, discouraging methods that need chemicals not widely available or 
destructive field collection not permitted in some countries. We assembled 51 authors from 
around the world, representing temperate and tropical areas as well as both hemispheres, to 
produce a useful and comprehensive a set of seagrass research methods. 

The book is organised into three sections. The first section has three chapters that 
discuss our knowledge of the world's seagrasses. Chapter 1 summarises the current world 
distribution of seagrass and the gaps in our knowledge of distribution. It lists, for the 
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newcomer to seagrass research, which of the seagrass species (from five Families: Zosteracea, 
Posidoniaceae, Cymodoceaceae, Hydrocharitaceae, and Ruppiaceae) can be expected within 
10 geographic regions and discusses the factors that influence seagrass distribution from 
several perspectives, including physical parameters and anthropogenic stressors. Chapter 2 
provides a key and descriptions of the seagrass species. The actual number of seagrass 
species is a matter of debate, depending in part on their proximity to the marine environment 
and on the level of discrimination in physical taxonomy and genetics. There are unresolved 
differences of opinion among seagrass scientists as to what species to include as seagrass. As 
recommended at ISBW-4, the genus Ruppia is accepted as a seagrass throughout most of the 
book, although not included in the classical key of Chapter 2. Species such as those of the 
genera Lepilaena and Potomogeton are largely freshwater species and are considered as co- 
occurring rather than true seagrasses and referred to as such. The def'ming feature of a 
submerged marine angiosperm is an ability to flower and produce viable fruits and seeds 
while submerged in the marine environment. The quantification of fruit and seed production 
is essential in understanding the dispersal, colonization, and recruitment dynamics of 
different seagrass species. Chapter 3 describes the extent of the somewhat limited knowledge 
of sexual reproduction in seagrasses. The chapter details the regions of the world for which 
we have phenological information and the large gaps in our knowledge that need to be filled. 

Chapters 4 to 20 cover the main content of the book: a global set of methods for seagrass 
environments, starting with general sampling, collection and statistical issues. Chapter 4 
includes techniques for plant collection, preparation of voucher specimens, experimental 
design and modem statistical BACI approaches for measuring impact and change. The 
chapter on mapping seagrass (Chapter 5) describes methods for spatial data acquisition, as 
well as Geographic Information System techniques. Both chapters describe new ways of 
analysing and presenting information and dealing with power, precision and accuracy. 

A group of chapters focuses on the plants themselves (Chapters 6-9): seeds and genetics; 
abundance and distribution; growth; and photosynthesis, the questions of seagrass plant 
botany and ecology per se. Methods for measurement of these aspects of seagrasses 
represent the basic suite of seagrass parameters fundamental to most seagrass studies. After 
these chapters are the methods for measuring algae (Chapters 10 & 11) and animals 
(Chapters 12 & 13) associated with the seagrass ecosystem. The biomass and distribution of 
these organisms are important to address because they provide additional functionality to the 
seagrass habitat beyond that of the seagrass itself. 

Chapters 14-16 provide methods for measuring trophic transfer from plants to animals 
within the seagrass ecosystem. This group of chapters covers grazing by invertebrates on 
the plants themselves and their epiphytes, large animal grazing by dugong, manatee, turtles, 
fish, and birds, as well as methods for measuring decomposition of seagrasses, a major 
trophic pathway. Chapters 17-20 discuss the measurement of physical parameters in 
seagrasses, including temperature, salinity and water movement, sediment characteristics, 
light, and water quality. All these physical parameters regulate plant and animal activity and 
are often determinants of seagrass distribution. 
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The book closes with three chapters that examine mechanisms for sustaining and 
improving seagrass habitat worldwide through protection and repair. These chapters address 
Professor Phillip's request that seagrass scientists develop an integrated approach to seagrass 
management and engage with government processes. Chapter 21 addresses mechanisms for 
improving the quality of the environment to better support seagrass. Chapter 22 discusses 
seagrass transplanting and restoration within the context of rapid coastal alterations 
worldwide. The book's final chapter (Chapter 23) summarises methods used around the 
world to protect seagrasses, emphasising that each community, each jurisdiction, and each 
seagrass area is different and so it is not possible to prescribe a single formula for seagrass 
protection. It emphasises that to achieve protection and conservation it is necessary to 
elevate seagrass issues to the same level that coral reefs and rainforests occupy in a global 
political sense. Global concern for the seagrass environment must be matched by a global set 
of research methods to quantify the parameters that drive an understanding of seagrasses, 
their supporting systems and their processes. 

On the 25 th June 1999 our seagrass colleague, Lucia Mazzella, passed away in Isehia after 
a long illness. The series of international seagrass biology workshops starting in 1993 at 
Kominato, Japan were due in part to her organisation and love of seagrasses. The workshops 
provided the impetus for our book, to which Lucia had intended to contribute. On behalf of 
all involved we wish to pay tribute to Lucia for her support and enthusiasm. 

We thank the contributing chapter authors for their efforts, the many reviewers, and our 
families for their patience. The book was made possible by the University of New 
Hampshire, Queensland Department of Primary Industries, CRC Reef Research Centre and 
the The David and Lucile Packard Foundation. 

Rob Coles 
Fred and Cathy Short 
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Chapter I 

Global seagrass distribution 

Frederick T. Short, Robert G. Coles, Christine Pergent-Martini 

Chapter  Objective:  

To present the most up-to-date information on global seagrass distribution relative to 
ecology in a form that provides the reader with a list of what seagrass species may be 
expected in different regions or, to some extent, in specific areas. 

Introduct ion 

Seagrasses are specialized marine flowering plants that have adapted to the nearshore 
environment of most of the world's continents. Most are entirely marine although some 
species cannot reproduce unless emergent at low tide or subject to fresh water inflow. Some 
seagrasses can survive in a range of conditions encompassing fresh water, estuarine, marine, or 
hypersaline. There are relatively few species globally (about 60) and these are grouped into 
just 13 Genera and 5 Families. 

Seagrass distribution has been described for most species (den Hartog 1970, Phillips and 
Menez 1988, Mukai 1993). There is now a broad understanding of the range of species and 
seagrass habitats. Areas less well known include the southeast Pacific reefs and islands, 
South America, the southern Atlantic, the Indian Ocean islands, the west African coast, and 
Antarctica (Figure 1-1). Shallow sub-tidal and intertidal species distributions are better 
recorded than seagrasses in water greater than 10 m below MSL. Surveying deeper water 
seagrass is time consuming and expensive, and it is likely that areas of deepwater seagrass are 
still to be located (Lee Long et al. 1996). 

The distribution of a seagrass species can be defined as the range over which a species 
occurs or the area within a location where a particular species is located. In this chapter we 
consider the former. Detailed mapping protocols for the finer scale distribution questions are 
in Chapter 5. 

With well-recorded events of seagrass loss from many coastal environments (Short and 
Wyllie Echeverria 1996), it is important to map and record the distribution of not only the 
location of existing seagrass but also areas of potential seagrass habitat. Such areas are 
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generally shallow, sheltered coastal waters with suitable bottom type and other 
environmental conditions for seagrass growth Potential habitat may include areas where 
seagrass was known to grow at some time in the past but from which it has recently been 
eliminated 

Destruction or loss of seagrasses have been reported from most parts of the world (Short 
and Wyllie Echeverria 1996), often from natural causes, e g,  "wasting disease" (den Hartog 
1987) or high energy storms (Patriquin 1975, Poiner et al 1989) However, destruction 
commonly has resulted from human activities, e g, as a consequence of eutrophication 
(Bulthuis 1983, Orth and Moore 1983, Cambridge and McComb 1984, Short and Burdick 
1996) or land reclamation and changes in land use (Kemp et al 1983) Increases in dredge and 
fill, construction on the shoreline, damage associated with commercial overexploitation of 
coastal resources, and recreational boating activities along with anthropogenic nutrient and 
sediment loading have dramatically reduced seagrass distribution (Short and Wyllie Echeverria 
1996) Anthropogenic impacts on seagrass meadows continue to destroy or degrade coastal 
ecosystems and decrease seagrass functions and values, including their contribution to 
fisheries (Walker 1989) Efforts are being made toward rehabilitation of seagrass habitat in 
some parts .of the world: transplantation, improvement of water quality, restrictions on 
boating activity, fishing and aquaculture, and protection of existing habitat through law and 
environmental policy (Chapter 23) 

Figure 1-1 Global regions for identifying seagrass distributions (Table 1-1) 

A number of general parameters are critical to whether seagrass will occur along any 
stretch of coastline (see color plates) These include physical parameters that regulate the 
physiological activity of seagrasses (temperature, salinity, waves, currents, depth, substrate 
and day length), natural phenomena that limit the photosynthetic activity of the plants (light, 
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nutrients, epiphytes and diseases), and anthropogenic inputs that inhibit the access to 
available plant resources (nutriem and sediment loading). Various combinations of these 
parameters will permit, encourage or eliminate seagrass from a specific location. 

The depth range of seagrass is most likely to be controlled at its deepest edge by the 
availability of light for photosynthesis. Exposure at low tide, wave action and associated 
turbidity and low salinity from fresh water inflow determine seagrass species survival at the 
shallow edge. Seagrasses survive in the intertidal zone especially in sites sheltered from wave 
action or where there is entrapment of water at low tide, (e.g., reef platforms and tide pools), 
protecting the seagrasses from exposure (to heat, drying or freezing) at low tide. 

It is important to document seagrass species diversity and distribution and identify areas 
requiring conservation measures before significant areas and species are lost. Determining the 
extent of seagrass areas and the ecosystem values of seagrasses is now possible on a local 
scale for use by coastal zone managers to aid planning and development decisions. 
Knowledge of regional and global seagrass distributions are still too limited and general for 
broad scale protection and management. Such information is needed to minimize future 
impacts on seagrass habitat worldwide. With global electronic communication it is now 
possible to begin the process of assembling both formally published and unpublished notes 
on the distribution of the world's seagrasses with the eventual aim of providing a global 
"report card" on the distribution and status of seagrass. 

Physical Controls on Distribution 

Light 
The maximum depth limit for seagrasses is determined largely by the depth to which 

sufficient light intensity for sustaining plant growth reaches the bottom, known as 
"compensation depth" (Bay 1984, Dennison 1987, Duarte 1991, Kenworthy and Haunert 
1991). Other factors resulting from increased water column height may also play a role in 
determining the maximum depth limit of seagrass growth, including water color (particularly 
in locations influenced by fiver discharges and other areas of increased humic acid release), 
and decreased duration of the light period (photoperiod) at the bottom (Dennison and Alberte 
1985, Williams and Dennison 1990, Kenworthy and Haunert 1991). Evidence for light 
limitation on seagrass distribution includes studies of Zostera marina (Dennison and Alberte 
1986), Zostera capricorni (Abal and Dennison 1996), Heterozostera tasmanica (Bulthuis 
1983), Thalassia testudinum (Tomasko and Dawes 1990), and Posidonia oceanica (Pergent- 
Martini et al. 1999). (Species authorship is given in Chapter 2.) The minimum light 
requirement for seagrasses has been identified at 10-20% of surface light (Duarte 1991), 
higher than other marine plants, presumably because of the high photosynthetic demand to 
survive rooted in anoxic sediments. Below the minimum light requirements, seagrasses will 
die; as light intensity increases seagrass growth will increase linearly (Short et al. 1995). 

Light reduction ultimately reduces areal plant productivity (plant production per unit area 
of bottom), a concept that has been documented for many species (e.g., Zostera marina, 
Backman and Barilotti 1976; Heterozostera tasmanica, Bulthuis 1983; Thalassia testudinum, 
Dawes and Tomasko 1988; Posidonia sinuosa, Posidonia angustifolia, Neverauskas 1988; 
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Halodule wrightii, Dunton and Tomasko 1994). Different species of seagrass have varying 
light requirements, and the depth of distribution for different species may vary widely; a 
reduction in light reaching the substrate may vary seagrass species composition by enhancing 
growth of species having lower light requirements (Pulich 1985) or may reduce depth of 
distribution. The deepest known seagrass is of the genus Halophila found off the Great 
Barrier Reef in very clear water at a depth of 58 m (Lee Long et al. 1999). 

In shallow waters and the intertidal, seagrass photosynthesis and production are inhibited 
by exposure to high light conditions (Hanelt 1992, Masini et al. 1995). Such photoinhibition 
can prevent the proliferation of some species and result in a distribution that favors more high 
light tolerant species. 

Water Depth 
Greater water depth not only reduces light and attenuates some light frequencies, but also 

increases the hydrostatic pressure on seagrass plants. Inhibition of photosynthesis in 
deepwater Halodule uninervis can result from excessive hydrostatic pressure (Beer and 
Waisel 1982). 

Tide and Water Movement 
Tides restrict the depth to which seagrass can grow by influencing available light (Dring 

and LUning 1994, Koch and Beer 1996). Under increased tidal ranges, as observed by Koch 
and Beer (1996) for Zostera marina at various locations in Long Island Sound, USA, plants at 
the lower edge of the bed receive less light at high tide. Tidal range also impacts the amount 
of intertidal exposure seagrass experiences at low tide. The shallow edge of an intertidal bed 
is determined by plant stress due to exposure at low tide, including photoinhibition, 
desiccation, sunburning, freezing and UV-B damage. 

Water motion, including current velocity, circulation flow patterns, and flow duration, all 
have effects on seagrass plants and habitat structure (Fonseca et al. 1983, Worcester 1995). 
Leaf biomass, width, and canopy height increase (within limits) with increasing current 
velocity (Conover 1968, Fonseca and Kenworthy 1987, Short 1987). Water movement is 
important to the pollination process (Ackerman 1986). At low velocities, increasing water 
motion reduces the diffusion boundary layer and has been shown to increase photosynthesis 
in Thalassia testudinum and Cymodocea nodosa (Koch 1994). 

Additionally, dynamic oscillations, "monami," in the seagrass canopy are initiated at high 
current flow conditions, a phenomenon that may enhance larval recruitment in seagrass beds 
(Grizzle et al. 1996). Monami develops in the seagrass canopy as water motion through the 
canopy exceeds a critical speed, disrupting the laminar flow of the prostrate canopy, and 
causing synchronous flapping or waving of the seagrass leaf blades. 

Water motion induced by current and wave exposure is often a determinant of seagrass 
distribution. Most seagrasses tolerate a wide range of water motion conditions from stagnant 
water to relatively high velocity flows. Changing tidal channels erode seagrass beds in some 
areas (Harlin et al. 1982) limiting their distribution and favoring species with greater anchoring 
ability. While some genera are adapted for growth in soft mud and sand, others thrive in 
much higher energy areas, such as Phyllospadix which occurs in the surf zones of the North 
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Pacific or Amphibolis and Thalassodendron spp. which anchor to rock and reef material in 
wave and surge areas where little sediment is available. The direct impacts of storm activity 
on seagrass distribution result from erosion by wave action, resuspension of sediments, and 
smothering by sediment transport (Patriquin 1975, Birch and Birch 1984, Wanless et al. 
1988, Clarke and Kirkman 1989, Talbot et al. 1990). Finally, physical changes to a shore or 
embayment from extreme wave or currents can dramatically alter habitat suitability for 
seagrass growth. 

Salinity 
Many studies from around the world have described changes in the distribution and 

abundance of seagrasses and upper estuarine submerged macrophytes along spatial and 
temporal salinity gradients (Short and Neckles 1999). Changes in community structure 
reflect interactions between plant recruitment, photosynthesis and growth of individual 
species, as well as interspecific competition under changing environmental constraints. One 
seagrass genera, Ruppia, has species found from fresh water to sea water and even 
hypersaline environments. Although some scientists do not consider Ruppia spp. true 
seagrasses (Chapter 2), we have chosen the more generally accepted definition of seagrasses 
which includes all species that grow and reproduce in sea water. Additionally, some species 
of the primarily freshwater genera of macrophytes Lepilaena and Potamogeton are found 
intermixed with seagrasses in sea water (>20 ppt) and can be confused with seagrass species. 

Salinity intrusion can influence plant establishment by affecting both sexual reproduction 
and vegetative propagation. Ramage and Schiel (1998) showed that, at low salinity, the 
number of flowers produced by Zostera novazelandica was greater than at high salinity. 
Although seagrasses in general reproduce sexually in a wide range of salinities, some species 
may be affected by salinity change. Most studies of seagrass recruitment in response to 
salinity variations have focused on seed germination. Salinity may limit both the 
reproduction and distribution of seagrass species and changing salinity can facilitate 
replacement by a more or less salt-tolerant seagrass or by other macrophytes (Verhoeven 
1975). Additionally, the effects of salinity on seagrasses create osmotic stress and alter the 
plants' susceptibility to disease (Biebl and McRoy 1971). 

Temperature 
The major influence of temperature on seagrasses is physiological, relating to the 

individual species' thermal tolerances and their optimum temperatures for photosynthesis, 
respiration, and growth. As an example, in Zostera marina the rate of leaf respiration 
increases more rapidly with rising temperature than does the rate of photosynthesis, leading 
to both a steady decrease in the photosynthesis-to-respiration ratio (P:R) at higher 
temperatures (Marsh et al. 1986) and the occurrence of a growth optimum. Above the 
optimum, plants experience thermal stress that can be detrimental and result in plant death 
(Zieman and Wood 1975). Differences between seagrass species in their response to 
temperature in part establish species tolerance conditions and influence their adaptability, or 
plasticity. Species plasticity is a major determinant of species distribution. 
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Temperature also affects the seagrass distribution through effects on flowering (de Cock 
1981, McMillan 1982, Durako and Moffler 1987) and seed germination (Harrison 1982, 
Phillips et al. 1983a). Seasonal cycles of seagrass reproduction and growth, particularly in 
temperate regions, alter seagrass distribution and species assemblages. Temperature is a 
primary driving factor in seasonality and may be a determinant of annual and perennial 
expression in seagrass growth (Lee and Dunton 1996, Meling-Lopez and Ibarra-Obando 
2000). 

Anthropogenic Impacts 
Worldwide human use of the coastal zone is intense and humans negatively impact 

nearshore and coastal waters via both land and water-based activities. Globally, nutrient 
overenrichment of coastal waters is the greatest anthropogenic factor resulting in seagrass 
decline (Short and Wyllie-Echeverria 1996). The primary cause of nutrient overenrichment in 
estuarine and coastal waters is anthropogenic loading from coastal watersheds (Valiela et al. 
1992, D'Avanzo and Kremer 1994, Short and Burdick 1996), resulting from increased human 
population in the coastal zone (Short et al. 1996). In general, pristine estuaries and coastal 
seas are primarily nitrogen limited and the major component of point and non-point source 
nutrient loading that causes eutrophication is nitrogen (Ryther and Dunstan 1971, Nixon and 
Pilson 1983). Direct measurement of overenrichment is difficult because estuarine conditions 
dilute and dissipate nutrient loading through tidal and current action as well as plant uptake. 
The eutrophication of estuaries is characterized by factors such as loss of seagrasses, 
nuisance algal growth, anoxia, and fish kills. However, these are all indicators of late 
eutrophication and ecosystem breakdown. The impacts are most prominent in nearshore and 
estuarine waters, while offshore seagrass populations are somewhat protected by generally 
clear ocean that provides adequate light penetration. However, even in offshore seagrass 
meadows, anthropogenic activities can limit deepwater seagrass distribution through small 
changes in water quality. 

Additionally, seagrass is impacted by direct damage from boating activities such as actual 
cutting by propellers through seagrass, propeller wash, and boat hulls dragging through 
vegetated bottom (Zieman 1976, Walker et al. 1989). Other activities relating to boat 
operation and storage that impact seagrasses include docks which can shade the tide flat and 
prohibit light penetration (Burdick and Short 1999), moorings which create holes within 
seagrass meadows from the swing of the anchor chain (Walker et al. 1989, Short pers. obs.) 
and channel dredging for increased recreational boat activity (Short et al. 199 I, Sargent et al. 
1995). 

Certain fishing and aquaculture practices also impact seagrasses. For example, harvesting 
scallops by trawling or dragging through Zostera marina meadows reduces shoot density and 
plant biomass (Fonseca et al. 1984). In North Carolina, a fishing technique called "kicking" 
uses a boat propeller to kick hard clams out of the sediment into a skid towed behind the 
boat, resulting in scars (Mark Fonseca pers. com. 1992). Other methods of clam digging can 
disturb seagrasses either by direct removal or increased turbidity. Mussel harvest in the 
Dutch Wadden Sea is believed to be a major factor in the loss of Z. marina and Zostera noltii 
(De Jonge and De Jong 1992). In the Mediterranean, the exploitation of marine resources, 
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and the use of certain types of fishing gear in particular (e.g., bottom trawls), have detrimental 
effects on seagrass beds. In some areas, trawling marks cover 18% of the meadow surface 
(Pasqualini et al. 2000). Aquaculture activities that place fish pens over seagrass meadows 
have been shown to detrimentally impact Posidonia oceanica (Delgado et al. 1999, Pergent et 
al. 1999, Cancemi et al. 2000, Dimeeh et al. 2000). Similarly, mussel culture adversely affects 
Z. marina and Z. noltii beds (De Casabianca et al. 1997). 

Climate Change 
Seagrass distribution will be affected by global climate change (see review, Short and 

Neckles 1999). There is every reason to believe that, along with the predicted terrestrial 
effects of global climate change, the alteration of seagrass habitats will be great. Increased 
temperature will be a major impact altering seagrass growth rates and other physiological 
functions. The distribution of seagrasses will shift as a result of increased temperature stress 
to existing plant populations and changes in the patterns of sexual reproduction. 

Besides temperature increases, global climate change affects sea level, increasing water 
depths, changing tidal variation (both mean tide level and tidal prism), altering water 
movement, and increasing seawater intrusion into estuaries and rivers. Further, climate 
change will result in greater storm frequency and intensity. A major impact of all these 
changes on seagrasses will be a redistribution of existing habitats. The intrusion of ocean 
water into formerly fresh or brackish water areas will directly affect seagrass distribution by 
changing conditions at specific locations, causing some species to relocate to stay within their 
tolerance zones and allowing others to expand their distribution landward. Distribution 
changes may result from the effects of salinity change on seed germination, propagule 
formation, photosynthesis, growth and biomass. Also, some plant communities may decline 
or be eliminated as a result of increased disease activity under more highly saline conditions. 
Increase in water depth, which reduces the amount of light reaching existing seagrass beds, 
will directly reduce plant productivity where plants are light limited. Likewise, increases in 
water motion and tidal circulation could decrease the amount of light reaching the plants by 
increasing turbidity or by increasing the growth of epiphytes. 

Increasing atmospheric carbon dioxide, another impact of global climate change, will 
directly elevate the amount of CO2 in coastal waters. In areas where seagrasses are carbon 
limited, this may increase primary production, although whether this increase will be 
sustained with long-term CO2 enrichment is uncertain. The impact of changes in CO2 will 
vary between species and environmental circumstances, but will likely include species 
distribution by altering the competition between seagrass species as well as between seagrass 
and algal populations. 

The reaction of seagrasses to increases in UV-B radiation resulting from climate change 
may range from inhibition of photosynthetic activity, as seen for terrestrial plants and marine 
algae, to the increased metabolic cost of producing UV-B blocking compounds within plant 
tissue. The effects of UV-B radiation will likely be strongest in the tropics and in southern 
oceans. 
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Plant-based Aspects of Distribution 

The number of seagrass species and the "distribution of species" is ultimately determined 
by our concept of what constitutes a species. The evolutionary history of seagrasses from 
four distinct families not all sharing a common ancestor speaks to the power of environmental 
selection in creating structural morphological forms. Such evolutionary convergence is 
evidenced by the similarities of, for example, Posidonia oceanica and Thalassia testudinum, 
which look and act very much the same but occur in different oceans of the world. Given that 
different lineages of seagrass have converged on similar morphologies, the heavy dependence 
of seagrass species identifications on morphological features is somewhat surprising. 
Nonetheless, until genetic differentiation determinations are completed, species distinctions 
have been and are based on morphology, particularly leaf structures and flowering. It is now 
generally acknowledged that reliance on such dimensional criteria for identifying species is 
limiting and leads to conflicting observations. Unfortunately, the outcome of these 
limitations is confusion about basic species identifications and patterns of geographic 
distribution. 

Despite sterling efforts to sort out the species definitions for seagrasses (den Hartog 
1970, Womersley 1984, Phillips and Menez 1988), creation of fully universal diagnostic 
species descriptions will require the use of advanced technical genetic tracers (Waycott and 
Les 1996). Seagrasses are not at the point, as yet, of revealing their genetic connections, but 
the recent inroads are most encouraging (Waycott and Les 2000). The evolutionary history 
of seagrasses is not well known, suffering from a lack of fossil records and the series of major 
global transformations that have moved and subsumed continents and oceans (Phillips and 
Menez 1988). Without new evolutionary evidence or improved species separation, we refer 
readers to previous reports (den Hartog 1970, Phillips and Menez 1988). 

Vegetative Propagation and Sexual Reproduction 
Many seagrass populations are highly clonal, relying on asexual reproduction for 

population maintenance (Patriquin 1975, Clarke and Kirkman 1989, Duarte and Sand-Jensen 
1990a, b, Barrett et al. 1993, Mazzella et al. 1993, Rasheed 1999, 2000). Other seagrasses 
produce large numbers of sexual propagules (Kuo et al. 1991) or vary their reproductive 
strategies depending on environmental conditions (Phillips et al. 1983a, Robertson and Mann 
1984). The relatively limited phylogenetic diversity of seagrasses may result in a limited 
range of life history strategies. All seagrass species are capable of asexual reproduction, 
producing modular units (ramets) through horizontal rhizome growth that may be 
physiologically independent but genetically identical to the parent plant (genet). Seagrasses 
are also capable of sexual reproduction through the production of fruits, seeds or viviparous 
seedlings (Kuo and Kirkman 1987). Some species of seagrass are capable of producing long 
lived seeds which may form a "seed bank" (McMillan 1983) but there is evidence that many 
populations lack seed banks (den Hartog 1971, Chapter 6). Seeds for most seagrass species 
are poorly adapted for dispersal and many are released below the sediment surface (den 
Hartog 1970, Orth et al. 1994). A reproductive strategy involving clonal growth and 
production of long-lived, locally dispersed seeds may provide an evolutionary advantage to 
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plants growing in environments subject to temporally unpredictable major disturbances 
(Rasheed 2000). Knowledge of plant reproductive strategies is becoming increasingly 
important as research examines the dynamics of recovery and loss of seagrass communities. 

Plant Competition and Invasion 
In many parts of the world, species redistributions have occurred as the result of human 

alteration of the physical environment or transport of species from their endemic locations. 
The invasion of Halophila stipulacea from the Red Sea into the Mediterranean after the 
opening of the Suez Canal has led to a widespread distribution of H. stipulacea in the eastern 
Mediterranean, extending as far west as Sicily. Similarly, Zostera japonica was introduced to 
the west coast of North America since World War II and has successfully spread in both 
Canada and the U.S.A., occupying the intertidal and overlapping with Ruppia maritima and 
the shallower distributions Zostera marina (Harrison 1982). 

The distribution of seagrasses can be influenced by the presence of other benthic 
macrophytes. The expansion of Cymodocea nodosa seagrass beds in the western 
Mediterranean is often linked to competition with Posidonia oceanica. When this latter 
species is absent (as the result of abiotic factors), C. nodosa development is more extensive, 
particularly in lagoons and estuaries or harsh hydrodynamic conditions. The occurrence of 
invasive species in seagrass areas can lead to the regression or disappearance of seagrass. The 
expansion of the alga Caulerpa taxifolia, which was accidentally introduced to the 
Mediterranean during the 1980s, has led to the disappearance of C. nodosa seagrass beds and 
a regression of P. oceanica beds (Meinesz et al. 1993, Ceccherelli and Cinelli 1997). 

Hemispheric Perspective on Distribution 

Another interesting way to think about seagrass distributions is to consider hemispheric 
differences and similarities at the generic level (Figure 1-2). Additionally, there are 
comparable patterns in the ecology of seagrass meadows that occur in the northern and 
southern hemispheres. The number of genera in both hemispheres is quite similar, with 11 in 
the north and 12 in the south. Of these, the hemispheres have 10 genera in common. The 
only unique northern hemisphere seagrass genera is Phyllospadix, while in the southern 
hemisphere Amphibolis and Heterozostera are unique. Phyllospadix and Amphibolis occupy 
similar physical environments and have parallel adaptive characteristics. Heterozostera, on 
the other hand, is ecologically similar to Zostera, which is common to both hemispheres. 

i n  Temperate and Tropical Seagrasses 

In a broad sense, seagrass species are limited in their geographic range to either temperate 
or tropical regions. Temperate seagrasses, including those of arctic regions, have roughly the 
same numbers of species as those of the tropics, with a few species overlapping. North and 
south temperate regions split this species list roughly in half. The north temperate region is 
dominated by species in the genus Zostera, while the south temperate region is dominated by 
species of Posidonia. However, both genera are represented north and south. In temperate 
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areas, the stresses and limitation to seagrasses are varied, including cold temperatures toward 
the arctic, warm temperatures toward the tropics, freshwater discharge and anthropogenic 
impacts, as many temperate coastlines tend to be heavily populated and industrialized 
Additionally, areas of large tidal range can produce light limitation at high tide and, at low 
tide, intertidal temperature stress and radiation exposure (high irradiance and UV) 

Eelgrass, Zostera marina (Figure 1-3), is the most widely distributed of all seagrasses and 
dominates the north temperate oceans of the world It occurs in vast intertidal areas in the 
northern half of its range to depths of 11 m with clear ocean water Plant size generally 
increases with latitude, with plants in North Carolina (USA) averaging approximately 0 2 m 
and in northern Maine (USA) vegetative plants reaching 3 m and reproductive shoots to 4 m 
A related species in Japan, Zostera caulescens, was found to have reproductive shoots 
reaching 7 m in length (Aioi et al 1998, Nakaoka et al 2000) 
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Figure 1-2 Global distribution of seagrass genera by geographic region 

Found on both sides of the North Pacific, one of the most divergent seagrass genera is 
Phyllospadix These five species have root and rhizome structures that attach to rocks in the 
surf zone of rocky coasts These surf-grasses have thin, in some species rolled, leaves that 
reduce hydrodynamic drag and allow survival in even pounding surf Ecologically, but not 
morphologically, similar seagrasses from the south temperate are found in the genera 
Amphibolis, which also has roots and rhizomes that can cling to rocks, but unlike the long 
bladed Phyllospadix, has a strong erect stem with clusters of leafy bundles 

The occurrence of congeneric seagrass species in both the north and south temperate 
oceans presents an interesting situation Comparison of the Mediterranean Posidonia 
oceanica and the Australian Posidonia angustifolia, Posidonia australis, Posidonia sinuosa 
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and Posidonia ostenfeldii (Table 1-1) shows large DNA sequence divergence between the two 
regions, and reduced divergence within the Australian species (Waycott and Les 2000), and 
no differences within the P. ostenfeldii complex (Campey et al. 2000). With the availability 
of new genetic information, we have chosen to view the P. ostenfeldii complex (P. ostenfeldii, 
P. coriacea, P. denhartogii, P. kirkmaniL P. robertsoniae from Kuo and Cambridge 1984) as 
one species. Similarly, Zostera spp. in the north temperate oceans are congeneric with 
Zostera spp. in the Southern Australian Region. However, the genetic discrimination of 
Zostera species in both north and south temperate oceans remains to be investigated. 

Other questions remain, for example, why have genera on different ends of the world 
achieved different degrees of dominance (Figure 1-2)? Zostera dominates the north temperate 
oceans, but is only a co-occurring species in a complex species mix in the southern oceans 
around Australia. Posidonia dominates the Mediterranean Sea and the west coast of 
Australia, but is found nowhere else in the world. Ruppia, on the other hand, is found in 
nearly all temperate regions, north and south. 

Seagrasses in the north temperate oceans tend to form broad mono-specific stands, 
typified by meadows of Zostera marina in both the Atlantic and Pacific. Zostera japonica, 
Posidonia oceanica, several Phyllospadix species and Ruppia maritima (Figure 1-3) also form 
such single species meadows. In the south temperate Indian Ocean and the Antarctic Ocean, 
single species meadows ofPosidonia australis occur, while elsewhere in temperate Australia, 
complexes of multi-species mixes proliferate. Temperate seagrasses exist in conjunction with 
other important habitats. In the North Atlantic, proximal occurrence of Z. marina meadows 
and salt marshes as well as oyster and mussel reefs enhance the functions and values of both 
habitats and their contributions to estuaries and coastal embayments. 

Zostera mari "~, 

/" 

Ruppia maritima 

Figure 1-3. Zostera marina drawing by Mark Fonseca; Ruppia maritima drawing by Miguel Fortes. 

The division between temperate and tropical regions is not always clearly distinguished 
by seagrass species assemblage. On the east coast of the USA in North Carolina, Zostera 
marina, at the southern end of its temperate range, grows intermixed with H. wrightii, a 
tropical species. On the other side of North America, in Baja, Mexico, Z. marina grows 
much further south than anywhere else in the northern hemisphere and at some locations is a 
winter annual (Meling-Lopez and Ibarra-Obando 2000). Here also, Z. marina grows together 
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with Halodule spp. as well as Halophila decipiens. In Japan, the tropical species Halophila 
ovalis is reported from deep water off the southern coast where only temperate species 
would be expected. Likewise in the south temperate coast of Australia, many species overlap 
and blur temperate-tropical boundaries on both the east and west coasts. Generally the 
temperate-tropical distinction remains useful in considering seagrass distribution, and these 
exceptions are likely driven by thermal anomalies resulting from ocean circulation patterns. 

Tropical seagrasses occupy a variety of coastal habitats. The stresses and limitations to 
seagrasses in the tropics are generally different than in temperate or arctic regions. Thermal 
impacts most often result from high water temperatures or overexposure to warm air; osmotic 
impacts result from hypersalinity due to evaporation; radiation impacts result from high 
irradiance and UV exposure. 

Most tropical species are found in water less than 10 m deep. Of the 13 species 
identified in northeastern Queensland by Lee Long et al. (1993) all occurred in water depths 
less than 6 m below MSL and only four, occurred in water more than 20 m below MSL. 
Coles et al. (1987)noted three general depth zones of seagrass species composition for 
tropical waters: a shallow zone less than 6 m deep with high species diversity, likely to 
include all species found in a region; a zone between 6 and 11 m where the most commonly 
found seagrasses were the pioneering Halodule and Halophila species; and a zone deeper than 
11 m where only species of the genus Halophila were commonly found. The ability of 
Halophila species to grow in low light intensities may give this genus advantage over others 
in deep or turbid water. 

~ '~". ,..;,- 

H. dec/#ens 

Halophila 

~ ~ 1 ~  H. spinulosa H. stipulacea 

Figure 1-4. Halophila stipulacea drawing by Lih-Yuh Kuo; other Halophila spp. drawings by Miguel Fortes. 

Species of the genus Halophila (Figure 1-4) are common throughout the tropics and can 
be found in a range of habitat types from shallow estuarine environments to very deep clear 
water. For example, Halophila decipiens grows to 58 rn in the Great Barrier Reef (Lee Long 
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et al. 1996) and Halophila spinulosa, Halophila ovalis, Halophila tricostata and Halophila 
capricorni were common below 35 m (Coles et al. 2000). Halophila ovalis is probably the 
most widely distributed tropical seagrass species occupying a wide depth range in the Indian 
and Pacific Oceans. Halophila johnsonii, a species on the U.S. Federal Threatened Species 
List, is limited in distribution to the east coast of Florida, ranging from very shallow fiats to 
channel bottoms in relatively turbid water (Vimstein et al. 1997). Halophila stipulacea has 
moved into the southern Mediterranean Sea, presumably since the opening of the Suez Canal. 

Figure 1-5. Enhalus acoroides drawing by Miguel Fortes. 

In the Indo-Pacific, Enhalus acoroides (Figure 1-5) has flowers that are fertilized on the 
water surface by wind blown pollen, limiting its distribution to intertidal and shallow water. 
It is common in bays and inlets with mud-sand sediments and is otten found near fringing 
mangroves. Thalassia hemprichii is often associated with coral reefs and is common on reef 
platforms where it may form dense meadows. It can also be found colonizing muddy 
substrates, particularly where water pools at low tide. Both species were found in intertidal 
regions in Yap, Micronesia where tolerance to 40 ~ C temperatures and low salinity allow 
these species to colonize. Other species present in Yap, Syringodium isoetifolium and 
Cymodocea serrulata (Figure 1-6), were restricted by these conditions to deeper water. 
Species of Halodule and Cymodocea may at times also be found associated with reefs and 
reef platforms. Tsuda et al. (1977), in summarizing distributions in Micronesia and the 
Ryukyu Island groups, noted C. serrulata and Cymodocea rotundata have been recorded in 
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intertidal regions. Thalassodendron ciliatum (Figure 1-7) is unusual in being restricted almost 
exclusively to rocky or reef substrates. It is often found on reef edges exposed to wave 
action, protected from damage by its flexible, woody stem and strong root system. 

Figure 1-6. Cymodocea serrulata, drawing by Miguel Fortes. 

In the tropics, Syringodium filiforme, Thalassia testudinum, and Halodule wrightii which 
co-occur in the Caribbean Region are congeneric with the comparable species in the Indo- 
Pacific Region of Syringodium isoetifolium, Thalassia hemprichii, and Halodule pinifolia (den 
Hartog 1970). Phylogenetic analysis has demonstrated large genetic separation between these 
species congeners (Waycott and Les 2000), despite very similar morphologies (Figure 1-5). 
In both the Caribbean and the Indo-Pacific Regions, Thalassia is the slow-growing climax 
seagrass species. 

Little is known about seagrasses in the tropical South Atlantic. Halodule species have 
been reported in both west Africa (den Hartog 1970) and South America recently (Creed 
1999). Species of Halophila are also reported in South America and the Canary Islands. 

Tropical seagrasses are also important in their interactions with mangroves and coral 
reefs. All these systems exert a stabilizing effect on the environment, resulting in important 
physical and biological support for the other communities (Arnesbury and Francis 1988). 
Barrier reefs protect coastlines, and the lagoon formed between the reef and the mainland is 
protected from waves, allowing mangroves and seagrass communities to develop. Seagrasses 
trap sediment and slow water movement, causing suspended sediment to fall out and 
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benefitting coral by reducing sediment loads in the water. Much of the Caribbean Region is 
dominated by carbonate sands and oligotrophic waters, leading to a predominance of 
phosphorus-limited seagrass productivity (Powell et al. 1989, Short et al. 1990). Mangroves 
trap sediment from the land, reducing the chance of seagrasses and corals being inundated. 
Sediment banks accumulated by seagrasses may eventually form substrate that can be 
colonized by mangroves. All three communities trap and hold nutrients, slowing dispersal 
into the surrounding nutrient poor oceanic waters. 

Figure 1-7. (a) Thalassodendron ciliatum, and from (b) clockwise Halodule pinifolia, Syringodium 
isoetifolium and Thalassia hemprichii, drawings by Miguel Fortes. 

E l  Overview of Seagrass Distribution Ecology by Region 

L North Pacific (Japan to Baja) 
The large region encompassing the temperate North Pacific Ocean and the Bering Sea has 

14 species, dominated by two genera of temperate seagrasses, Zostera and Phyllospadix. 
Zostera marina is by far the most widely distributed and abundant single species, occurring 
from the latitude of southern Japan in Asia to Baja California in Mexico. Four other Zostera 
species are found primarily in Japan, Korea and in the Western North Pacific; the species 
Zosterajaponica also occurs in Vietnam (Region IX) and has been relatively recently reported 
on the other side of the Pacific in British Columbia (Canada) and Washington (USA). 
Phyllospadix is a well-represented genera, with 5 species, all of which inhabit exposed rocky 
shores and attach to rocks in the surf zone with a modified rhizome. Ruppia maritima is also 
widely distributed throughout this region, occurring in less saline waters. Halophila decipiens 
and Halodule sp. overlap with Z. marina in western Mexico; work to clarify their 
identification and distribution is currently underway. 
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Table 1-1. Seagrass species identified by global regions (for alphabetical listing see Color Plate). The list 
provides the names of species that can be expected within regions. Co-occurring macrophytes that may be 
confused with seagrasses are marked with *. Areas within regions are shown with annotation for distribution 
information (when known, dominant species are listed first and marginal species last). Information is compiled 
from documentation of species distributions (including but not limited to den Hartog 1970, Phillips and Menez 
1988, Mukai 1993, Kirkman 1995). Where species differentiation is unclear or disputed for some genera or 
species groups, we list the genera without identifying to species (listing previously reported congeneric species 
parenthetically in Halodule) or we list the base species of a species complex or group (Posidonia). 

I North Pacific Region [14 species] 
(Japan to Baja California) 

Asian Coast 
Zostera marina (dominant) 
Phyllospadix iwatensis 
Phyllospadix japonicus 
Ruppia maritima 
Zostera asiatica 
Zostera caespitosa 
Zostera caulescens 
Zostera japonica 
Halophila ovalis - Japan 

North American Coast 
Zostera marina (dominant) 
Phyllospadix scouleri 
Phyllospadix serrulatus 
Phyllospadix torreyi 
Ruppia maritima 
Zostera asiatica 
Zostera japonica (introduced) 
Halodule spp. - Mexico only 
Halophila decipiens - Mexico only 

II Chile Region [1 species] 
Heterozostera tasmanica 

III North Atlantic Region [4 species] 
(North Carolina to Spain) 

North American Coast 
Zostera marina (dominant) 
Ruppia maritima 
Halodule wrightii- North Carolina only 

Europe 
Zo ste ra marina (dominant) 
Ruppia maritima 
Zostera noltii 

IV Caribbean Region [9 species] 
(Florida to Brazil) 

Caribbean Sea & Gulf of Mexico 
Thalassia testudinum (dominant) 
Syrin godium filiforme (dominant) 
Halodule wri g htii (dominant) 
Halodule spp. complex 

H. beaudettei, 

H. bermudensis- Bermuda only 
H. ciliata 
H. emarginata 

Halophila baillonis 
Halophila decipiens 
Halophila engelmanni 
Halophila johnsonii - east Florida only 
Ruppia maritima 

Brazil 
Halodule wrightii (dominant) 
Halodule spp. 
Halophila baillonis 
Halophila decipiens 
Ruppia maritima 

V Southwest Atlantic Region [1 species] 
South America 

Ruppia maritima 

VI Mediterranean Region [9 species] 
(Including Black, Caspian and Aral Seas 
and NW Africa) 

Mediterranean Sea 
Posidonia oceanica (dominant) 
Cymodocea nodosa 
Ruppia cirrhosa (spiralis) 
Ruppia maritima 
Zostera marina 
Zostera noltii 
Halophila stipulacea (introduced) 

Atlantic Northwest Africa, Canary Is. 
Cymodocea nodosa 
Halodule wrightii 
Halophila decipiens 
Zostera noltii 

Black Sea 
*Potamogeton pectinatus 
Ruppia maritima 
Ruppia cirrhosa (spiralis) 
Zostera marina 
Zostera noltii 

Caspian Sea and Aral Sea 
Zostera noltii 

VII Southeast Atlantic Region [1 species] 
West Africa 

Halodule wrightii 



VIII South Africa Region [6 species] 
Indian Ocean 

Halophila ovalis 
Ruppia spp. 
Zostera capensis 
Halodule uninervis - south Mozambique 
Syringodium isoetifolium - " 
Thalassodendron ciliatum - " 

IX Indo-Pacific Region [24 species] 
(East Africa and South Asia to Eastern Pacific) 

Persian Gulf 
Halodule uninervis 
Halophila ovalis 
Halophila stipulacea 
Syringodium isoetifolium 

Red Sea and East Africa 
Cymodocea rotundata 
Cymodocea serrulata 
Enhalus acoroides 
Halodule uninervis 
Halodule wrightii. 
Halophila decipiens 
Halophila minor 
Halophila ovalis 
Halophila stipulacea 
Syringodium isoetifolium 
Thalassia hemprichii 
Thalassodendron ciliatum 
Zostera capensis 

India 
Cymodocea serrulata (dominant) 
Halodule uninervis (dominant) 
Halodule pinifolia (dominant) 
Thalassia hemprichii (dominant) 
Cymodocea rotundata 
Enhalus acoroides 
Halophila beccarii 
Halophila decipiens 
Halophila minor 
Halophila ovalis 
Halophila stipulacea 
Ruppia maritima 
Syringodium isoetifolium 

Phil ippines  
Cymodocea rotundata 
Cymodocea serrulata 
Enhalus acoroides 
Halodule pinifolia 
Halodule uninervis 
Halophila beccarii 
Halophila decipiens 
Halophila minor 
Halophila ovalis 
Halophila ovata 
Halophila spinulosa 
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Ruppia maritima 
Syringodium isoetifolium 
Thalassia hemprichii 
Thalassodendron ciliatum 

Vietnam 
Zostera japonica 

Hawaii 
Halophila hawaiiana 

Northeast Australia 
Cymodocea rotundata 
Cymodocea serrulata 
Enhalus acoroides 
Halodule pinifolia 
Halodule uninervis 
Halophila capricorni 
Halophila decipiens 
Halophila minor 
Halophila ovalis 
Halophila spinulosa 
Halophila tricostata 
Syringodium isoetifolium 
Thalassia hemprichii 
Thalassodendron ciliatum 
Zostera capricorni 

Northwest Australia 
Cymodocea angustata 
Cymodocea rotundata 
Cymodocea serrulata 
Enhalus acoroides 
Halodule pinifolia 
Halodule uninervis 
Halophila decipiens 
Halophila minor 
Halophila ovalis 
Syringodium isoetifolium 
Thalassia hemprichii 
Thalassodendron ciliatum 

X Southern Australia Region [18 species] 
Southeast Australia & Tasmania 

Amphibolis antarctica 
Halophila australis 
Halophila decipiens 
Halophila ovalis 
Heterozostera tasmanica 
*Lepilaena cylindrocarpa 
Posidonia australis 
Ruppia megacarpa. 
Zostera capricorni 
Zostera mucronata 
Zostera muelleri 

New Zealand 
Zostera capricorni 
Zostera novazelandica 

Southwest Australia 
Posidonia australis (dominant) 
Araphibolis antarctica (dominant) 
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(Table 1-1. continued) 
Amphibolis griffithii (dominant) 
Halophila australis 
Halophila decipiens 
Halophila ovalis 
Heterozostera tasmanica 
*Lepilaena marina 
Posidonia angustifolia 
Posidonia sinuosa 

Posidonia ostenfeldi complex 
P. robertsoniae, 
P. denhartogii, 
P. coriacea, 
P. kirkmanii 

Ruppia megacarpa 
Ruppia tuberosa 
Syringodium isoetifolium 
Thalassodendron pachyrhizum 

II. Chile 
On the west coast of South America the only known seagrass species is Heterozostera 

tasmanica identified from two sites in (Phillips et al. 1983b). Most of the west coast of 
South America has not been surveyed for seagrasses. 

III. North Atlantic (North Carolina to Portugal) 
Seagrasses in the temperate Atlantic are dominated by Zostera marina (eelgrass). 

Eelgrass is found in most shallow coastal soft bottom environments with reasonably high 
water clarity. It thrives in a broad range of environmental conditions from coarse sand and 
gravel on exposed coast to fine grained soft muds in quiescent backwaters. The North 
Atlantic Z. marina population was decimated in the 1930s by a massive outbreak of wasting 
disease, an infectious marine slimemold (Milne and Milne 1951, Short et al. 1985). Since the 
1960s, Z. marina has repopulated much of its former habitat (but not in areas of poor water 
clarity) although recurrences of wasting disease dieoff are documented in the 1980s and '90s 
(Short et al. 1988, Burdick et al. 1993). On the temperate coast of North America and 
Europe, Ruppia maritima can be found in brackish estuarine areas and hypersaline salt marsh 
pools. Halodule wrightii occurs only in North Carolina (USA) intermixed with Z. marina 
(Thayer et al. 1984). Zostera noltii is a thin-bladed seagrass found intertidally on the coast of 
Europe. 

IV. The Caribbean (Including northern Brazil) 
The Caribbean Sea and Gulf of Mexico have 9 seagrass species. The dominant seagrass in 

most of this region is Thalassia testudinum, turtle grass, with Syringodium filiforme and 
Halodule wrightii of[en intermixed with T. testudinum or dominating as single species in some 
habitats (e.g., S. filiforme occupies deeper water areas of the Caribbean Sea). Halophila 
species are found throughout the region in mixed or single species stands. Halophila 
johnsonii is restricted to the east coast of Florida where it is listed as a threatened species. 

Three species of seagrass, all of which also occur in the Caribbean Sea and Gulf of 
Mexico, have been reported on the coast of South America. Ruppia maritima is found in both 
high and low salinity areas (de Oliveira et al. 1983). Additionally, Halophila baillonis, 
Halophila decipiens and Halodule spp. (described as H. emarginata) are found on the coast 
of Brazil (de Oliveira et al. 1983); work to clarify their distribution is currently underway. 
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II. Southwest Atlantic Region 
The southernmost seagrass in the world is R. maritima collected from the Straits of 

Magellan by Lucia MazzeUa; herbarium specimens are on file at the Stazione Zoologica 
Anton Dohrn (Zupo pe r. com.). 

VI. Mediterranean Region (Including Black, Caspian and Aral Seas and Northwest Africa) 
Posidonia oceanica is generally considered the dominant species of the 9 in the 

Mediterranean Sea. However, there are several other abundant species in this region which 
have received considerable investigation. In the western Mediterranean the complex of P. 
oceanica, Cymodocea nodosa and Zostera noltii occupy fairly predictable zones from the 
intertidal Z. noltii to C. nodosa and at depth, meadows of P. oceanica. In the Mediterranean, 
Zostera marina is present in the open ocean (France, Italy, Spain), but also regularly in 
coastal lagoons of the Western Mediterranean (Laugier et al. 1999), where it is often found 
with Z. noltii. In the eastern Mediterranean, Halophila stipulacea is increasing in distribution 
since its introduction from the Red Sea after the opening of the Suez Canal; this species was 
recorded in Malta in 1970, and then in Italy in the 1990s (Cancemi et al. 1994) and within the 
Tyrrhenian Sea (Acunto et al. 1995). Ruppia cirrhosa (formerly spiralis ) occurs in the open 
ocean and in shallow regions of the North-Western Mediterranean (Ribera et al. 1997). 
Similarly, R. maritima is present within lagoons, as well as occasionally within sheltered 
bays, estuaries and in the Suez Canal (Farghaly 1992). 

Northwest Africa outside the Mediterranean Sea, as in the Sea itself, has Cymodocea 
nodosa, Zostera noltii, Halodule wrightii and Halophila decipiens. In this more tropical area, 
the other Mediterranean species have not been reported. 

Recent studies in the Black Sea have found a collection of more temperate species: 
Zostera marina, Zostera noln'i, and Ruppia maritima, with two typically brackish water 
species being found in mar:me waters, Potamogeton pectinatus and Ruppia spiralis 
(Milchakova 1999). 

VII. Southeast Atlantic Region (West Africa) 
Halodule wrightii was reported from the west coast of Africa in Angola and Senegal (den 

Hartog 1970), but little is known of the extent of its distribution, or other seagrass species, 
locally or elsewhere on the west African coast. 

VIII. South Africa Region 
Three species are widely distributed on the coast of South Africa: Zostera capensis, 

Halophila ovalis and Ruppia spp. However, in the northeast part of the region, on the Indian 
Ocean, three additional species, Halodule uninervis, Syringodium isoetifolium and 
Thalassodendron ciliatum are found along the southern Mozambique coast. 
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IX. Indo-Pacific Region (East Africa and South Asia to Eastern Pacific) 
The Indo-Pacifie has the largest number of seagrass species worldwide, with vast 

meadows of mixed species stands. There is some disagreement in published literature on the 
actual number of species present in the Indo-Pacific Region (we identify 24 species, Table 1- 
1). The Philippines is believed to be the area where seagrasses originally evolved, and has a 
high concentration of seagrass species. In the western Pacific there are 16 species recorded 
from the Philippines, 13 from Papua New Guinea, (Fortes 1988), and 16 from northern 
Australia. Moving east, there are 9 species in Micronesia New Caledonia and Vanuatu, 
decreasing to only three species in Polynesia. In the band from 0 ~ to 10 ~ North latitude, a 
clear decrease in species number occurs in Micronesia from Palau in the west to the Marshall 
and Gilbert Islands in the east (Tsuda et al. 1977). A species of Halophila is the only 
seagrass known in Hawaii, Halophila hawaiiana. 

High seagrass diversity also typifies western end of this region with 12-13 species 
currently identified for the tropical areas of the Indian Ocean. Most of these species are 
found on the southeast coast of India (Jagtap 1996), the Red Sea and eastern Africa, with 
fewer species in the Persian Gulf. Two species of Halodule are reported in Kenya, East 
Africa; one is H. uninervis while the other is H. wrightii which is not otherwise found in this 
region. 

X. Southern Australia Region 
The southern half of the Australian continent and New Zealand encompass a wide range 

of temperate conditions supporting 18 species of seagrass. The majority of species are on 
the southwest side of Australia, where species of Posidonia and Amphibolis are dominant. 
The southern shelf of Western Australia has vast meadows of Posidonia, often in 
monospecific stands. Elsewhere, in the embayments of South Australia, such as Spencer 
Gulf, there are extensive mixed species meadows of Amphibolis griffithii, Ruppia megacarpa, 
and Lepilaena marina (Seddon et al. 2000). In these areas, kilometers of intertidal seagrass lie 
exposed at low tide. 

Nine species of seagrass are recorded as occurring in southeastem Australia. Species of 
Zostera form the most common communities growing in a wide range of habitats (West et al. 
1989). On exposed coastlines Amphibolis antarctica and Heterozostera tasmanica occur in 
patches wherever reefs and islands provide protection from ocean swells (Hamdorf and 
Kirkman 1995). Other species reported include Posidonia australis, Zostera muellerL Zostera 
capricorni, Halophila decipiens, Halophila australis and Halophila ovalis although some 
doubt has been expressed as to the identification of Zostera and Heterozostera species in this 
region (West et al. 1989). Species of Ruppia are also found in this region; Ruppia megacarpa 
is considered the most dominant. West et al. 1989 reported the occurrence of Lepilaena 
cylindrocarpa in low salinity areas. P. australis, A. antarctica and H. tasmanica are reported 
from the southern Australian island state of Tasmania. 

In New Zealand, two species of seagrass occur, Zostera novazelandica and Zostera 
capricorni, occurring subtidally and in large intertidal meadows. 
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Conclusion 

In describing global seagrass distribution, we have had to address several challenges. The 
most important has been how to group species and areas in a meaningful way for description 
on a global scale. The map and system we present has been refined in intemet discussion and 
at international meetings but still will generate debate as to the approach taken, where the 
lines fall and which species belong in which areas. We expect that the process of  refining our 
knowledge of global seagrass distribution will be an ongoing discussion. 

Validating species identifications also creates many problems. The taxonomy based on 
physical characteristics which has served so well is being supplemented by new methods of 
genetic and biochemical analysis. Some species may be lost and some confusions resolved by 
this process. Our approach has been to accept the conservative existing taxonomy in at least 
our distribution discussion. An additional problem is validating the accuracy of  records and 
their location. It is not always possible to track down original specimens or the collector of 
the record. We have worked to present an accurate record but some species and some 
locations will always be open for debate at a global scale. The World Seagrass Association 
has established an international herbarium at the Smithsonian Institution to make verification 
will be easier in the future (Chapter 4). 

The final challenges are our gaps in knowledge. Large areas of  coastal waters including 
Chile and South West Africa are poorly represented largely because little seagrass 
investigation has occurred in these areas. Similarly, in most countries, seagrasses in deeper 
water are not well surveyed because of the logistics of time and cost. It is to be hoped that 
greater awareness of these and other gaps will encourage seagrasses researchers to visit these 
locations and expand our knowledge of  seagrass distribution. 
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Chapter 2 

Seagrass taxonomy and identification key 

John Kuo, C. den Hartog 

C h a p t e r  Object ive  

To provide a key and description for the identification of seagrass species 

O v e r v i e w  

Ascherson (1871) probably was the first scientist to use the term "Seagrasses" or 
"Seegr~er" to refer to the marine flowering plants ("phanerogame Meergew~ichse") in the 
scientific literature. However, the term "seagrass" existed already in both the Dutch and 
German languages (Zeegras in Dutch, Seegras or Meeresgras in German) and probably similar 
names existed in the Scandinavian languages. Following the tradition, seagrasses, in this 
chapter, are defined as flowering plants growing in shallow marine environments. They form 
an ecological group and not a taxonomical group (Kuo and den Hartog 2000). So they are 
represented by twelve genera which have been classified in diverse taxonomic groups. These 
are the entire families Zosteraceae (three genera), Posidoniaceae (one genus), Cymodoceaceae 
(five genera), and three of the seventeen genera in the family Hydrocharitaceae. 

The families in which the seagrasses are incorporated belong to the Division 
Magnoliophyta (Angiosperms), Class Liliopsida (Monocotyledons), but have been arranged 
within this class in various ways. Tomlinson (1982) used the subclass Helobiae 
(Alismatidae) to include the order Hydrocharitales (Hydrocharitaceae) and the order 
Potamogetonales, which contains the three seagrass families mentioned. Dahlgren et al. (1985) 
classified these plant groups in the superorder Alismatiflorae with the order Alismatales 
(including the Hydrocharitaceae in which three subfamilies were recognized e.g., 
Vallisnerioideae, Thalassioideae, Halophiloideae) and the order Najadales (including the other 
three seagrass families). On the other hand, Kubitzki (1998) employed subclass Alismatanae 
to contain the order Alismatales which is similar to Dahlgren's superorder Alismatiflorae. 

In the past, the taxonomical status of the families Zosteraceae, Cymodoceaceae and 
Posidoniaceae has been disputed. They were classified as three different tribes within the 
family Naiadaceae by Bentham and Hooker (1883) or within the family Potamogetonaceae by 
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Engler (1904). Ascherson and Graebner (1907) and den Hartog (1970a) placed them in three 
different subfamilies under the family Potamogetoneaceae. Hutchinson (1934) recognized the 
Zosteraceae and the Posidoniaceae as families in their own fight, but he considered the taxa 
which are now placed in the Cymodoceaceae as belonging to the Zannichelliaceae, without 
even a subfamily status. Eckardt (1964) recognized the Cymodoceaceae as a subfamily of the 
Zannichelliaceae, but did not accept the Zosteraceae and Posidoniaceae and kept them as 
subfamilies of the Potamogetonaceae. Takhtaj an (1966), Cronquist (1981), Tomlinson (1982), 
Dahlgren et al. (1985), Cook (1990), and KubitzlO (1998) have treated these three 
taxonomical units as independent families, a point of view that is accepted here mainly on the 
grounds of the thorough studies of Tomlinson (1982). 

The Hydrocharitaceae have always been recognized as a distinct family. However, the 
taxonomy at a subfamily level has not yet been resolved. Several authors agree that two of the 
three marine genera, Thalassia and Halophila, are distinct subfamilies (Ascherson and Gtirke 
1889, Hutchinson 1959, den Hartog 1970a, Dahlgren et al. 1985); other authors have not 
expressed a view on this matter (Cronquist 1981, Tomlinson 1982, Cook 1998). 

Some species of aquatic plants in the families Ruppiaceae (one genus), Zanniehelliaceae 
(four genera) and Potamogetonaceae (one genus) may occur together with seagrasses, in 
estuarine and other low salinity environments. We recognize the biological and ecological 
importance of these taxa and other aquatic plants in these environments, but these plants 
belong to another ecological group, that of the poilkilosaline aquatic plants (Kuo and den 
Hartog 2000). For this chapter, we have decided to follow the traditional seagrass 
arrangement (e.g., Ascherson 1906, Ostenfeld 1915, Setehell 1934, den Hartog 1970a, Phillips 
and Mefiez 1988), and to exclude this group of poikilosaline plants. Furthermore, the 
taxonomy of this group of aquatic flowering plants is far from satisfactory with continuing 
nomenclatural confusion. 

Early taxonomic studies on seagrasses were carried out in Europe by botanists who were 
interested in aquatic plants as a whole, the Helobiae, or by phycologists who were primarily 
interested in the algal epiphytes on seagrasses. Linnaeus (1753) was the first to designate a 
scientific name for the most well-known seagrass species, Zostera marina. He was followed 
by other scientists who provided new genus names and described new species of seagrasses. 
Ascherson, however, was the first to produce a monographic compilation of all that was 
known about seagrass classification and distribution (Ascherson 1868, Ascherson and Giarke 
1889, Ascherson 1875, Ascherson and Graebner 1907). He updated his work continually, and 
in 1906 published a modem review on the taxonomy and geographical distribution of 
seagrasses in the form of a monograph, in which he recognized 32 species in 8 genera 
worldwide (Ascherson 1906). His classification was followed by seagrass taxonomists such 
as Ostenfeld (1915), Setchell (1933, 1934) and den Hartog (1970a), who added several new 
species and genera. The monograph entitled 'The Sea-Grasses of the World' by den Hartog 
(1970a) is by far the most complete taxonomic work on seagrasses with species descriptions, 
notes on ecology and distribution of each species and genus as well as keys for identification 
including drawings and distribution maps. den Hartog (1970a) recognized 47 species (with 4 
subspecies) in 12 genera, arranged within 2 families (Potamogetonaceae and 
Hydrocharitaceae). Since then, a few taxonomic works have been carded out on certain groups 
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of seagrasses including descriptions of new species (den Hartog 1970b, 1972a, b, Sachet and 
Fosberg 1973, Cambridge and Kuo 1979, Greenway 1979, Eiseman and McMillan 1980, Kuo 
and Cambridge 1984, Robertson 1984, De Oliveira et al. 1983, Ravikumar and Ganesan 1990, 
Larkum 1995, Kuo 2000). Based on den Hartog's monograph (1970a) and the above- 
mentioned taxonomic works, currently 60 species of seagrass in 12 genera are recognized. 
These belong to 4 families as outlined earlier in this introduction. It is anticipated that the 
number of species will change in the near future, as new highly advanced techniques for 
taxonomic research have become available, such as the molecular approach. Further, new 
diving techniques may lead to the discovery of new species in deep-water habitats, and 
finally there are still many stretches of coast that are still unexplored. 

Traditionally, the characters used in classifying flowering plants are the reproductive 
structures, e.g., petals, sepals, stamens, fruits and seeds (Chapter 3). However, flowers and 
fruits of most seagrasses are not often collected and therefore identification of seagrass 
species and genera is more or less dependent on vegetative characteristics, such as blade 
width, blade tips, vein numbers, fibre distributions, epidermal cells, characteristics of the 
roots and rhizomes, etc. Some of these vegetative characters may show considerable variation, 
e.g., the leaf tips. Nevertheless, if used in conjunction with other features, this character can 
be valuable taxonomically. Therefore, vegetative characters will be used in this key for 
seagrass identification. 

The following key is designed and arranged to identify all known seagrass species in the 
world from the higher order of families, then to the genera within their own families and 
finally to the taxon within the specific genus. Seagrasses can be identified by using vegetative 
(rarely reproductive) morphological characters, usually two or three, and by following the 
sequential (key) numbers. Plates 1 and 2 (P1, P2) illustrate various aspects (lettered) of 
vegetative and flowering anatomy, respectively. Each entrance number in the key has two 
options to follow until a particular taxon or genus or family is found. The basis of the 
morphological characters used for species identification in the key is primarily den Hartog's 
monograph (1970a). A brief morphological description of each family, genus, subgenus, 
section, and species is provided, in order to give details that cannot be incorporated in the 
key, but which are useful for confirmation of the provisional identification. The sizes of 
seagrass plant parts are given for the normal range, with reported extensions of that range in 
parentheses. 

Key to Families, Genera and Species 

1. Leaf strap-shaped with a ligule, a tongue-like structure at the top of the sheath, marking the 
transition between leaf-blade and leaf-sheath (P 1 D-F); longitudinal veins present 2 

l a. Leaves either strap-shaped without a ligule (P 1 B,C), or petiolate without a leaf sheath (P 1 A) 
I-Iydrocharitaceae 44 

2. Leaves without tannin cells; each longitudinal vein with several fibrous strands; one xylem lumen. 
Flowers arranged on a spadix enclosed within a spathe (P2 L) Zosteraceae 3 

2a. Leaves with tannin cells (P 1 B); each longitudinal vein without fibrous strands, but with several 
xylem lumens. Flowers arranged in cymose inflorescences, or solitary, or paired on usually 
very short lateral branches 19 

3. Rhizome intemodes elongated. Blades thin, margins smooth. Monoecious. Fruit ellipsoid or ovoid 
(P2 N). Substrate sand and mud 4 
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3a. 

. 

4a. 

5a. 

~ 

6 a .  

7. 
7a. 
8. 
8a. 
9. 
9a. 
10. 
10a. 
11. 
l la.  
12. 
12a. 
13. 
13a. 
14. 
14a. 
15. 

15a. 

16. 
16a. 
17. 

17a. 

18. 

18a. 

19. 

19a. 

20. 
20a. 
21. 
21a. 
22. 
22a. 
23. 

23a. 

24. 
24a. 

Rhizome internodes extremely short. Blades soft to leathery, margins with 'fin cells' Dioecious. 
Fruit crescent-shaped (P2 O). Substrate rocks or stones Phyilospadix 15 
Rhizome internodes With 2 cortical vascular bundles. Retinacula (P2 M) present or absent Zostera 5 
Rhizome intemodes with 4-12 cortical vascular bundles. Retinacula present 

Heterozostera, with one species: H. tasmanica 
Leaf sheath closed, formed as a tube (P 1 E); blades with more than 5 longitudinal veins. 
Retinacula absent Zostera subgenus Zostera 6 
Leaf sheath open with overlapping margins (P1 D), not formed as a closed tube; blade with 3, 
rarely 5 longitudinal veins. Retinacula present Zostera subgenus Zosterella 9 
Rhizome suberect, internodes extremely short. Leaf sheath persistent. Blade apex emarginate or notched 

Zostera caespitosa 
Rhizome creeping, internodes elongated. Leaf-sheath deciduous. Blade apex not notched 7 
Generative shoot terminates with sterile leafy branches. Blade apex mucronate Z. caulescens 
Generative shoot terminates with fertile branches. Blade apex truncate or emarginate 8 
Blade apex rounded to mueronate. Longitudinal veins 5-I 1. Seed surface ridged Z. marina 
Blade apex truncate or emarginate. Longitudinal veins (7-) 9-13. Seed surface smooth Z. asiatica 
Blade with 3-5 longitudinal veins, apex truncate Z. capricorni 
Blade with 3 longitudinal veins, apex variable in shape 10 
Blade apex tridentate, with a distinct mucro appearance Z. mucronata 
Blade apex truncate, obtuse or emarginate 11 
Blade apex truncate or slightly emarginate Z. novazelandica 
Blade apex obtuse or emarginate, not tnmeate 12 
Blade apex emarginate, often asymmetric Z. noitii 
Blade apex obtuse, notched or slightly emarginate 13 
Blade apex obtuse or truncate, more or less notched Z. muelleri 
Blade apex obtuse, slightly emarginate 14 
Blade apex obtuse, sometimes slightly emarginate, becoming deeply notched with age Z. capensis 
Blade apex obtuse, slightly emarginate, often asymmetric Z. japonica 
Generative shoots with several internodes bearing on top more than 1 spathe. Blades more or less 
terete in cross section Phyllospadix torreyi 
Generative shoots with one or two internodes beating on top only 1 spathe. Blades distinctly flattened, 
not terete 16 
Blades longitudinal with 5-7 veins; apex truncate 17 
Blades longitudinal with 3 veins; apex obtuse 18 
Blades tough, with 5 longitudinal veins; apex obtuse, sometimes slightly emarginate. 
Rhizome internodes covered with brownish fibres. P. iwatensis 
Blades membranous; with 5-7 longitudinal veins; apex obtuse, tnmcate or retuse, asymmetric. 
Rhizome internodes covered with yellowish brown fibres P. serrulatus 
Rhizome internodes covered with yellow to grey fibres. Blade margin fin cells generally absent; apex 
obtuse, sometimes slightly truncate or centrally indented P. scouleri 
Rhizome covered with black fibres. Blade margin fin cells generally present at the apical region; apex 
obtuse, rounded, slightly emarginate P. japonicus 
Strap-shaped leaves developing from the rhizome nodes, without erect stems 

Posidoniaceae, with only one genus Posidonia 20 
Strap-shaped leaves developing on top of distinct erect stems with many nodes (leaf scars) 
(P1 F, I) Cymodoceaceae 28 
Blades membranous, not tough; flat to concavo-convex in cross section 21 
Blades thick, tough; biconvex to terete in cross section 24 
Leaf sheaths remain intact after blade abscission; blade convex-concave in cross section P. sinuosa 
Leaf sheaths broken into a hairy mass of fibres; blade flat in cross section 22 
Blades 4-6 mm wide; with 7-11 longitudinal veins P. angustifolia 
Blades 6-20 ram wide; with 14-20 longitudinal veins 23 
Blades usually more than 10 mm wide; apex rounded to truncate. Stigma with 2-3 irregular processes 
(P2 G). Fruit oblong ellipsoid P. australis 
Blades less than 10 mm wide; apex obtuse to emarginate. Stigma with numerous irregular processes. 
Fruit ovoid P. oceanica 
Blades more or less terete, rounded in cross section, 3-5 longitudinal veins P. ostenfeldii 
Blades fiat to biconvex, not rounded in cross section, 5-17 longitudinal veins 25 
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25. 
25a. 
26. 
26a. 
27. 

27a. 

28. 

28a. 

29. 
29a. 
30. 

30a. 

31. 

31a. 

32. 
32a. 
33. 
33a. 
34. 
34a. 
35. 
35a. 
36. 
36a. 
37. 
37a. 
38. 
38a. 
39. 

39a. 

40. 

40a. 

41. 

41a. 

42. 

42a. 

43. 
43a. 
44. 

Blades 1-2 mm wide, 5-7 longitudinal veins P. denhartogii 
Blades more than 2.5 mm in width, 7 longitudinal veins 26 
Shoot with 1-2 leaves. Blades flat; leaf epidermal cells scalloped in cross section P. robertsoniae 
Shoot with 2-3 leaves. Blades biconvex; leaf epidermal cells smooth in cross section 27 
Blades 6-10 (-12) mm wide, with 9-14 (-17) longitudinal veins; blade epidermal cells squamose in cross 
section, H/W ratio 1.5-2.5 P. kirkmanii 
Blades 2.5-7 mm wide, with 7-9 (-11) longitudinal veins; blade epidermal cells elongated in cross 
section, HAV ratio 3-5 P. coriacea 
Rhizome monopodial, herbaceous, with a short erect stem at each rhizome node. Leaf blade shed before 
leaf sheath. Fruits and seeds not viviparous 29 
Rhizome sympodial, hard; elongated erect stem not at each rhizome node. Leaf blade and leaf sheath shed 
together. Viviparous reproduction 41 
Leaf blades subulate (round and tapered). Flowers in cymose inflorescences Syringodium 30 
Blades flat or somewhat concavo-convex, not terete. Flowers solitary 31 
Blade with 7-10 (-15) peripheral vascular bundles which are considerably narrower than the central 
vascular bundle S. isoetffolium 
Blade with 2 peripheral vascular bundles which are the same diameter as the central vascular bundle 

S. f'diforme 
Blade with 3 longitudinal veins; apex with distinct lateral teeth. Anthers connate at different levels 
(P2 H); style undivided Halodule 32 
Blade with 7-17 longitudinal veins; apex truncate or pointed with regularly spaced teeth. 
Anthers connate at the same level (P2 I); style divided into two stigmata (P2 K) Cymodocea 38 
Blade apex with well-developed lateral teeth 33 
Blade apex rounded or pointed; lateral teeth faintly developed or absent 37 
Blade apex tridentate (three teeth) 34 
Blade apex bicuspidate (two teeth) 36 
Blade apex with acute median tooth, 1-10 times as long as the lateral teeth H. beaudettei 
Blade apex with obtuse median tooth 35 
Median tooth without secondary teeth H. uninervis 
Median tooth with many secondary teeth and ciliate H. ciliata 
Lateral teeth without secondary projections; inner surface of the lateral teeth concave H. wrightii 
Lateral teeth often with secondary projections, inner surface of the lateral teeth convex H. bermudensis 
Blade apex more or less rounded; lateral teeth little developed H. pinifolia 
Blade apex obtuse or emarginate; lateral teeth minute when present H. emarginata 
Leaf scars closed (P 1 H) 39 
Leaf scars open (P 1 G) 40 
Blade with 7-9 longitudinal veins, apex obtuse with very small hi- or trifurcate teeth; old sheaths still 
entire when shed Cymodocea nodosa 
Blade with 9-15 longitudinal veins; apex rounded to emarginate, serrulate; old sheaths form a searious 
mass at the base of each shoot C. rotundata 
Blade 4-9 mm wide with 13-17 longitudinal veins; apex obtuse, densely set with triangular teeth 

C. serrulata 
Blades 3-6 mm wide with 9-13 longitudinal veins; apex tapering, with widely spaced serratures 

C. angustata 
Roots at each rhizome node. Much branched erect stems at irregular rhizome node intervals. Blade apex 
bidentate. Stigmata 3. Seedling with combs (P2 J) Amphibolis 42 
Roots at every fourth node; little branched or unbranched erect stems at the node immediately after the 
root-bearing node. Blade apex rounded, coarsely denticulate. Stigmata 2. Seedling without combs 

Thalassodendron 43 
Leaf sheath flaps overlapping with their lower half only. Blade usually twisted (turned) 
about 180 ~ in the distal half; apex truncate or semicircularly notched, with 2 acute 
lateral teeth Amphibolis antarctica 
Leaf sheath flaps overlapping along their full length. Blade little (less than 90 ~ ) or not twisted; blade 
apex notched with 2 blunt lateral teeth A. griffithii 
Two almost unbranched thick roots at each fourth rhizome node T. pachyrhizum 
Roots 1-5, much branched, thin and wiry, at each rhizome node T. ciliatum 
Leaves strap-shaped, without a ligule, but with many longitudinal veins 45 
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44a. 

45. 

45a. 

46. 

46a. 

47. 
47a. 
48. 
48a. 
49. 
49a. 
50. 

50a. 

51. 

51a. 

52. 
52a. 
53. 
53a. 
54. 
54a. 
55. 

55a. 

Leaf petiolate, with elliptic, ovate, lanceolate or linear blades, without a leaf sheath, having 
a midrib and two intramarginal veins interconnected by cross veins (P1 A) Halophila 47 
Rhizome monomorphic, bearing foliage leaves; covered with long stiff black strands 
(remnants of old sheaths). Roots cord-like, root hairs sparse and inconspicuous 

Enhalus, with only one species: E. acoroides 
Rhizome dimorphic, each intemode covered with a scale; short erect foliage-bearing shoots 
developing at irregular intervals from some nodes (P 1 B). No long stiff strands, but with 
fine fibrous material at the shoot base. Root hairs abundant, conspicuous Thalassia 46 
Margin of the spathe entire. Tepals 7-8 mm long, 3 mm wide. Styles 6, 5-7 mm long. 
Fruit with a beak 1-2 mm long, splitting into 8-20 valves T. hempriehii 
Margin of the spathe serrulate. Tepals 10-12 mm long, 4-4.5 mm wide. Styles 7-8, 1.5-2.5 mm long. 
Fruit with a beak 4-7 mm long, splitting into 5-8 valves T. testudinum 
Erect lateral shoots extremely short, not distinct Halophila section Halophila 48 
Erect lateral shoots elongated, distinct 56 
Blade margins smooth, surface glabrous; petioles as long as or longer than the blades 49 
Blade margins serrulate, surface usually with hairs; petioles shorter than the blades 54 
Blade ovate, less than 13 ram long, 3.5-8 mm wide; cross veins less than 12 50 
Blade elliptic to ovate, 10-40 mm long, 5-20 mm wide; cross veins 12-28 51 
Space between leaf margin and intramarginal vein, and between two adjacent cross veins narrow; 
cross veins rarely branched (P1 A) H. minor 
Space between leaf margin and intramarginal vein, and between two adjacent cross veins wide; 
cross veins never branched H. ovata 
Female flowers formed on an extended erect lateral shoot, 5-15 cm long, styles 4-6. Blades usually 
elliptic, narrowed towards the base H. australis 
Female flowers formed at the base of the rhizome nodes, styles 3 (P2 D). Blades variable, oblong to 
ovate, rounded towards the base 52 
Blade usually ovate with more than 12 cross veins on each side of the midrib H. ovalis 
Blade more or less spatulate or very narrowly obovate, narrowing towards the petiole 53 
Blade 2-3 cm long, 2.5-6 mm wide H. hawaiiana 
Blade 0.5-2.5 cm long, 1-4 mm wide H. johnsonii 
Blade distinctly linear, petiole sheathing lopsidedly. Dioecious H. stipulaeea 
Blade ovate to elliptic; petioles not sheathing. Monoecious 55 
Plant delicate. Blade with less than 9 cross veins on each side of the midrib. One male and one female 
lower, each covered by a spathe at the same floral axis H. decipiens 
Plant robust. Blade with more than 9 cross veins on each side of the midrib. Male and female flowers 
occur separately at different floral axes of the same plant H. capricorni 

56. Lateral erect shoots with 2 scales at the base 57 
56a. Lateral erect shoots with 2 scales at the base and 2 other scales about halfway up 

Halophila section Americanae 59 
57. Lateral shoots with one or two intemodes, bearing a pseudo-whorl of 6-10 leaves at the top. Petioles 

broadly sheathing. Blades without cross veins. Monoecious 
Halophila section Microhalophila, with one species: H. beccarii 

57a Lateral shoots with more than 8 internodes, bearing two to three blades at each node, dioecious 58 
58. Lateral shoots wire-like, short internodes with two (rarely three) sessile, distichously arranged leaves at 

each node Halophila section Spinulosae, with one species: H. spinulosa 
58a. Lateral shoots herbaceous, with longer internodes, two blades at the basal four nodes and three at the 

remaining distal nodes Halophila section Tricostatae, with one species: H. tricostata 
59. Blade oblong with a pointed tip, with 6-8 cross veins; petioles extremely short H. engelmanni 
59a. Blade ovate with a rounded tip, with 3-5 cross veins, petioles 2-5 mm long H. bailionii 

~ ]  Seagrass Descriptions 

Family Zosteraeeae Dumortier 
Dioecious or monoecious; marine perennial herbs with creeping, monopodially branching 

rhizomes. Unbranched roots and a shoot at each node. Leaves distichous, with distinct sheath and 
blade, ligulate and auriculate; sheath open or closed; blade flat or rarely terete and linear. Tannin cells 
absent. Stomata absent. Flowers without perianth, arranged in two rows on a flattened spike (spadix) 
enveloped within a modified leaf sheath (spathe) (P2 L). Male flowers subsessile, consisting of an 
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anther with 2 free thecae, pollen filiform. Retinacula (P2 M) present or absent. Female flowers with 1 
sessile carpel, 1 short style, and 2 stigmata. Pollination hydrophilous. Fruit ellipsoid or crescent- 
shaped. The family contains three morphologically distinct genera. 

Genus Heterozostera (Setchell) den Hartog 
Monoecious; perennial, creeping herbaceous rhizome with at each node 2 roots and 1 shoot with 2- 

5 leaves. Rhizome internodes with 4-12 cortical vascular bundles. Generative shoots sympodially 
branched, terminating with an elongated 'erect stem' with numerous nodes. Spathe stalked, bearing 
alternately arranged male and female flowers in 2 rows on the spadix; retinacula present. The genus has 
only one species. 

Heterozostera tasmanica (Martens ex Ascherson) den Hartog - Regions II, X 
This species has blades up to 35 cm long, 0.5-3 mm wide with 3 longitudinal veins; leaf 

apex pointed or rounded, usually deeply notched. Generative shoots with several spathes, 
each with 3-12 male and female flowers; retinacula lanceolate. Seed ellipsoid, 2-4 mm long. 
Some plants produce black, elongated wire-like generative shoots with few inconspicuous 
spathes among a vegetative crown, these black shoots have been considered as vegetative 
shoots (den Hartog 1970a, Tomlinson 1982, Robertson 1984). The external vegetative 
morphology of this species and species of Zostera subgenera Zosterella is very similar. 

Genus Zostera L. 
Monoecious perennial, rarely annual plants with creeping herbaceous rhizome bearing at each node 

1 to several roots and a shoot bearing 2-6 leaves. Sheath open or closed, blade linear, flattened, with 3- 
11 longitudinal veins, apex variable in shape. Inflorescence shoots sympodially branched, spathe 
stalked bearing alternately arranged male and female flowers in 2 rows on the spadix; retinacula present 
or absent. The genus consists of two subgenera. 

Zostera subgenus Zostera 
Leaf sheath closed (P1 E), blades with more than 5 longitudinal veins. Generative shoot repeatedly 
branched. Prophyllum closed, with or without a leaf blade. Retinacula absent. This subgenus occurs 
only in the Northern Hemisphere, and has four described species. 

Zostera caespitosa Miki -  Region I 
This species has extremely short sub-erected rhizome internodes. Leaf blade up to 70 cm 

long and 2.5-4.5 mm wide; longitudinal veins 5-7; apex rounded, slightly notched or centrally 
indented. Generative shoot up to 60 cm long with several branches; 2-3 spathes at each 
branch; 6-10 male and female flowers per spadix. Seed elongate ellipsoid, 3-3.5 mm long, light 
brown, the surface with 16-20 longitudinal striations. This species has a similar appearance 
as Zostera marina and the two species can be confused as they may grow together. The most 
useful diagnostic features of Z. caespitosa are the extremely shortened rhizome internodes and 
the persistent sheaths, giving the plant a tufted appearance. 

Zostera caulescens Miki -  Region I 
This species has a creeping rhizome and elongate internodes, 3-4 cm long. Leaf blade up 

to 60 cm long and 10-13 mm wide;  longitudinal veins 9-11; apex a short sharp point. 
Generative shoot up 7 m long with several branches, terminating with a sterile branch having 
several vegetative leaves. 2-3 spathes at each branch; 12-20 male and female flowers per 
spadix. Seed elongate ellipsoid, 3.5-4.5 mm long, light brown, with a nearly smooth surface, 
with 20-25 longitudinal striations. The vegetative shoot of this species may be easily 
confused with that of  wide-leaved Z. marina and Z. asiatica, however, the blade apex of this 
species is highly characteristic. The most unique feature of this species is the sterile branch 
with numerous leaves that terminates the generative shoots. 
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Plate 1 (P1). Seagrass vegetative morphology. Drawings by Lih-Yuh Kuo. 
, ,  J ,  , , , , ,  

A. Halophila. - rhizome, single root, scales, petiole, blade, mid rib, cross veins, intramarginal veins 
B. Thalassia - rhizome scales, leaf open sheath without ligule, leaf blade, tannin cells 
C. Open leaf sheath, without ligule 
D. Open leaf sheath with a ligule 
E. Closed leaf sheath 
F. Cymodocea plant with short erect stem and open sheath with a ligule 
G. Open leaf scars 
H. Closed leaf scars 
I. Amphibolis- with erect stems and crown leaves 

Zostera marina  L. - Region I, III, VI 
A moderate sized to robust species with a creeping rhizome with 1-3 cm long internodes. 

Leaf blades up to 3 m long, 3-12 mm wide; longitudinal veins 5-11; blade apex rounded to 
slightly mucronate. Generative shoot up to 4 m long; repeatedly branched; 3-4 spathes per 
branch; 6-14 male and female flowers per spadix. Seeds elongate ellipsoid (P2 N), 3-4 mm 
long, light to dark brown, seed surface with 16-20 distinct ridges. There are annual and 
perennial populations of this species. 

Zostera asiatica Miki-  Region I 
This robust species has a thick rhizome, 5-6 mm in diameter, and elongated internodes, 1- 

2 cm long. Blades are up to 1.5 m long, 7-15 mm wide; longitudinal veins 7-13; the apex is 
abruptly flattened or notched. The generative shoot is up to 150 cm long, sparsely branched, 
with 3-4 spathes per branch; 12-14 male and female flowers per spadix. Seed elongate 
ellipsoid, 3-5 mm long, brown, smooth. Both blade apex morphology and the appearance of 
the seed surface can be used to separate this species from other large Zostera species. 

Zostera subgenus Zosterella (Aseherson) Ostenfeld 
Leaf sheath open (P1 D), blade with 3-5 longitudinal veins. Generative shoot poorly branched, 

prophyllum open, without a leaf blade. Retinaeula present (P2 M). This subgenus contains 7 species. 
Zos tera  capricorni  Ascherson - Region IX, X 

This medium-sized species has blades up to 50 cm long and 2.5-5 mm wide, with 3-5 
longitudinal veins, apex truncate. Generative shoots up to 50 cm long, beating several 
spathes, each spadix with 6-10 male and female flowers; retinacula broadly triangular. Seed 
ellipsoid, 2 mm long, brown, the surface with f'me longitudinal striations and numerous very 
fine transverse striations. 

Zostera mucronata  den Hartog - Region X 
Blades up to 20 cm long and (0.5-) 1.5-2 (-2.5) mm wide, with 3 longitudinal veins, apex 

tridentate with the central tooth always prominent. Generative shoots up to 1.5 cm long 
bearing 1 to several spathes. Each spadix has 4-6 male and female flowers, retinacula 
obliquely suborbicular. Seed broadly ellipsoid, 1.8-2.0 mm long, surface shiny, brown, with 
16-18 longitudinal striations. 

Zos tera  novaze landica  Setchell - Region X 
Blades up to 50 cm long and 0.75-1.75 (-2.0) mm wide, with 3 longitudinal veins; apex 

truncate or slightly emarginate. Generative shoot up to 15 cm long, with 2 to several spathes, 
each spadix has 4-8 male and female flowers, retinacula oblique, broadly triangular. Seed 
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Plate 2 (P2). Seagr. ass reproductive morphology:, . Drawing s by Lih:Yuh Kuo. 

A. Enhalus - young female flower 
B. Enhalus - maturing fruit 
C. Halophila male flower 
D. Halophila female flower 
E. Halophila fi'uit with a persistent hypanthiu.m 
F. Posidonia inflorescence with 2 spikes 
G. Posidonia flower 
H. Halodule male flower with 2 anthers at 

unequal heights 

I. Thalassodendron male flower with 2 anthers 
at equal heights 

J. Amphibolis seedling with grappling apparatus 
(combs) 

K. Thalassodendron male flower with 2 ovaries, 
each with two long stigmata 

L. Zostera generative shoot with spathes 
M. Zosterella spadix with retinacula 
N. Zostera seed 
O. Phyllospadix fruit 

species have a truncate leaf apex. However, Z. capricorni usually has leaves with 5 
longitudinal veins and 4-8 roots in two groups at the rhizome nodes, while Z. novazelandica 
has only 3 longitudinal veins and 2 roots at the rhizome nodes. 

Zostera noltii Hornemann - Region III 
Leaf blades up to 30 (-100) cm long and 0.5 to 1.5 mm wide, with 3 longitudinal veins; 

apex often asymmetrically notched. Generative shoot usually 10 cm long, with up to 6 
spathes; each spadix with 4-5 male and female flowers; retinacula linear. Seed ellipsoid, 1.5-2 
mm long, surface with indistinct longitudinal striations. The species can be confused with the 
narrow-leaved forms of Zostera marina, but this species has leaves with an open sheath, 
while Z. marina has a closed one. 

Zostera mueUeri Irmisch ex Aschers. - Region X 
Blades up to 60 cm long, 1-2 (-3) mm wide, with 3 longitudinal veins; apex rounded, 

usually more or less deeply notched; frequently with some free denticulations. Generative 
shoots up to 50 cm long, each spadix with 6-10 (-12) male and female flowers, retinacula 
broadly triangular to suborbicular. Seed narrowly ellipsoid, 2.0-2.4 mm long, yellow to 
brown, the surface shiny with 16-20 longitudinal striations and numerous freer transverse 
striations. According to Robertson (1984) there are two distinct ecotypes in this species: the 
marine form has only 10 cm long leaf blades and each spadix has 4-6 male and female flowers, 
while the estuarine form has up to 60 cm long leaf blades and each spadix has 6-12 male and 
female flowers. The blade morphology of this species is very similar to that of Heterozostera 
tasmanica, but the two species can be separated by rhizome anatomy. 

Zostera capensis Setchell- Region VIII, IX 
Blades 10 to 115 crn long and 0.5-2.5 mm wide, with 3 longitudinal veins; apex rounded 

but sometimes slightly notched. Generative shoot up to about 25 cm long, with 1-7 spathes, 
each spadix has 3-5 female and male flowers; retinacula triangular to obovate. Seed 2 -2.5 mm 
long, the surface shiny, reddish brown, with about 24 distinct longitudinal striations. This 
species also has two distinct ecotypes: the intertidal population has shorter leaves of about 
20-40 cm long, while the lagoon population has longer leaves of up to 115 cm long. This is 
the only Zostera species occurring in the western Indian Ocean; when generative structures 
are absent it can be easily confused with Halodule species, but they can be separated 



42 Kuo and den Hartog 

vegetatively by recognizing that this species has vegetative shoots without erect stems, while 
Halodule species bear vegetative shoots on erect stems. 

Zosterajaponica Ascherson & Graebner - Region I, IX 
Leaf blades 30 crn or longer, 0.75-1.5 mm wide, with 3 longitudinal veins; apex rounded, 

slightly notched but often asymmetrically. Generative shoot as short as less than 5 cm in 
intertidal habitats, but up to 30 cm in still water. Generative shoot sparsely branched, each 
branch has 2-5 spathes and each spadix has 4-5 male and female flowers. Seeds ovoid, 2 mm 
in diameter, shiny brown, the surface smooth. In the southern part of its area of distribution 
the species can be confused with Halodule species; they can be separated in the same way as 
described as in the case of Z. capensis. 

Genus Phyllospadix Hooker 
Dioecious, perennial, with creeping herbaceous rhizome bearing at each node 2 to several short 

unbranched roots and a leaf. Sheath open, blade linear, flattened to subterete, sometimes coriaceous, 
with 3-7 longitudinal veins; apex variable in shape. Generative shoots sympodially branched bearing 
one to several spathes. Spathe stalked, bearing alternately arranged male or female flowers in 2 rows on 
the spadix; retinaeula present. Fruit crescent-shaped, with lateral arms equipped with stiff bristles. The 
genus contains five species, growing on rocks and stones. 

Phyllospadix torreyi S. Watson - Region I 
Rhizome with 2 rows of 3-5 unbranched roots and a leaf at each node; intemodes 7-10 

mm long, 5 mm in diameter, covered with pale yellow to grey fibres of old leaf sheath 
remains. Leaf blade up to 2 m long, 0.5-1.5 mm in diameter, with 3 longitudinal veins; apex 
rounded, sometimes slightly notched. Generative shoot up to 50-60 cm long, with 4-6 long 
internodes, beating several spathes. Each spadix has 14-20 alternating male or female flowers. 
Male retinacula broadly lingulate, obtuse. Female retinacula long elliptic to spatulate. Fruit 
dorso-ventrally compressed, 3 mm long, 3 mm wide and 1.5-1.75 mm thick, proximal process 
2-2.5 mm long. P. torreyi is easy to distinguish from the other two North American 
Phyllospadix species by having more or less rolled leaf blades. Another distinct character (that 
separates it also from all other Phyllospadix species) for this species is that it produces a long 
generative shoot with several long internodes, and usually bears several spathes. 

Phyllospadix iwatensis Makino - Region I 
Rhizome with 2 roots and a leaf at each node, internodes covered with yellowish to 

brownish fibres. Leaf blade up to 150 cm long, 2-5 mm wide, with 5 longitudinal veins; apex 
rounded, sometimes slightly emarginate. Generative shoot 1.5 -5 (-8) crn long bearing 1 
spathe. Spadix with 8-9 male flowers or 8-12 female flowers. Male retinacula obliquely ovate 
to lanceolate and female ones linear-lanceolate, falcate. Fruit 4-5 mm wide, 2.5-3 mm long, 
proximal process 1.5 mm long, curving inwards. The number of longitudinal veins in the leaf 
blades and the colour of the fibrous remains on the rhizome intemodes are distinct vegetative 
characters to distinguish this species from P. japonica in the western Pacific Ocean. The arms 
of fruits of this species are more curved inward than those in the other species. 

Phyllospadix serrulatus Ruprecht ex Ascherson - Region I 
Rhizome with 2 roots and a leaf at each node; intemodes covered with yellowish to 

brownish fibres. Blade up to 40 cm long, 1.5-4 mm wide, with 5-7 longitudinal veins; apex 
truncate. Generative shoot 1-2.5 em long bearing 1 spathe with 8-10 flowers; female 
retinacula linear-lanceolate, falcate. The male flower and fruit of this species have still to be 
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described. This species differs from P. scouleri by having shorter and wider leaf blades with 
5-7 longitudinal veins. 

Phyllospadix scouleri Hooker - Region I 
Rhizome with 2 rows of 3-5 unbranched roots and a leaf at each node; internodes covered 

with pale yellow to grey fibres. Leaf blade up to 2 rn long, 1-4 mm wide, with 3 longitudinal 
veins; apex obtuse, sometimes slightly truncate or centrally indented. Generative shoot 0.25-5 
(-10) cm long with 1 or occasionally 2 spathes bearing 20 male flowers or 14-26 female 
flowers. Male retinacula broadly lingulate, obtuse and female ones linear to ligulate. Fruit 4-5 
mm long, 5 mm wide, 2.5 mm thick, proximal process 2-3 mm long. 

Phyllospadixjaponicus Makino - Region I 
Rhizome with 2 roots and a leaf at each node; internodes covered with black fibres. Leaf 

blade up to 1 m long, 1-2.5 mm wide, with 3 longitudinal veins; apex obtusely rounded, 
slightly emarginate. Generative shoot 1-3 (-7.5) cm long with 1 spathe beating 8-12 male or 
female flowers. Male retinacula ovate-lanceolate, falcate and female ones linear-lanceolate, 
falcate. Fruit 2-2.5 mm long, 4-5 mm wide, proximal process 2-2.5 mm long. 

Family Posidoniaceae Lotsy 
Monoecious. Robust perennial herbs with creeping, monopodially branching rhizomes bearing at 

each node 1-2 branched or unbranched roots and a shoot. Leaves distichous, ligulate and auriculate; 
with a distinct sheath and blade. Leaf sheath persistent and often broken into fibrous strands covering 
the rhizome internodes. Blade flat, biconvex or terete and linear, with 5-21 longitudinal veins, margins 
smooth. Tannin cells numerous. Stomata absent. Inflorescence racemose, with several spike-like units 
(P2 F). Flowers hermaphrodite, without perianth, with 3 stamens (P2 G); pollen filiform. Stigma disc- 
shaped with irregular lobes. Pollination hydrophilous. Fruit a drupe, with a fleshy pericarp that splits 
to release the seed. Seed with a membranous testa. Germination takes place immediately. The family 
contains one genus. 

Genus Posidonia K/inig 
This genus contains nine species, eight of which occur in temperate Australian waters and one in 

the Mediterranean Sea. 
Posidonia sinuosa Cambridge & Kuo - Region X 

Blades linear, up to 120 cm long and 4-11 mm wide, with 8-11 longitudinal veins; apex 
rounded or truncate. Blade epidermal cells elongated with sinuous margins. Peduncle 15 cm 
long bearing 3-5 spikes, each with 3-6 flowers. Stigma irregularly dentate with 2-3 crests. 
Fruit ellipsoidal terete, 2-3 cm long, not laterally compressed. The most distinct characters to 
separate this species from other Australian Posidonia species include intact leaf sheaths alter 
the blades have been shed; slightly concave-convex blades in cross section, and a wavy margin 
of the epidermal cells. During flowering this species is also easy to distinguish from P. 
australis by having flowers and fruits hidden under the canopy, while those of P. australis 
are exposed above canopy. 

Posidonia angustifolia Cambridge & Kuo - Region X 
Both this species and P. australis have yellowish hair-like fibrous remnants of the leaf 

sheath, covering the rhizomes, however, this species usually has longer and narrower blades, 
up to 120 cm long and 4-6 mm wide, with 7-11 longitudinal veins; apex truncate to oblique. 
Blade epidermal cells elongated with smooth margins. Peduncle 10-20 cm long bearing 2-4 
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spikes, each with 2-4 flowers; stigma papillose with 2-3 processes. Fruit asymmetrically 
pyriform, 2.5 cm long, slightly laterally compressed. 

Posidonia australis Hooker f. - Region X 
This species usually has curved, short blades up to 60 cm long and (6-) 10-20 mm wide, 

with 14-20 longitudinal veins; apex rounded to truncate. Blade epidermal cells squamous with 
smooth margins. Peduncle 15-60 cm long bearing 2-7 spikes, each with 2-6 flowers; stigma 
with 2-3 irregular processes. Fruit oblong-ellipsoid, up to 20-30 mm long, laterally 
compressed. This is the most widely distributed Posidonia species in Australia. 

Posidonia oceanica (Linnaeus) Delile- Region VI 
This species has strap-shaped leaves 40-50 cm long and 5-9 mm wide, with 13-17 

longitudinal veins; apex obtuse to emarginate. Peduncle 10-25 cm long, beating 1-4 spikes, 
each with 3-5 flowers; stigma with numerous irregular, branched or unbranched processes. 
Fruit ovoid, 10 cm long. This species is the most robust seagrass in the Mediterranean region 
and can be easily identified by the numerous brown fibrous remains of old sheaths covering 
the rhizomes like a paintbrush. 

Posidonia ostenfeldii den Hartog- Region X 
Terete leaf blades, up to 135 cm long and 1-1.5 mm in diameter, with 3-5 longitudinal 

veins; apex spatulate. Blade epidermal cells rectangular with smooth margins. Peduncle 30-35 
cm long, with 3-7 spikes, each with 3-4 flowers; stigma irregular, papillose, with 3 processes. 
Fruit ovate with a recurved tip, 2.5-4 cm long. This and the following four Posidonia species 
belong to the P. ostenfeldii group. 

Posidonia denhartogii Kuo & Cambridge - Region X 
Narrowest leaf blades in Posidonia; blades up to 100 cm long and 1-2 mm width, with 5-7 

longitudinal veins; apex spatulate to rounded. Blade epidermal cells are rectangular with 
smooth margins. Peduncle 30-40 cm long bearing 3 or 4 spikes, each with 2 or 3 flowers; 
stigma irregularly papillose. Fruits falcate, acuminate 16-36 mm long. 

Posidonia robertsoniae Kuo & Cambridge - Region X 
Similar to P. coriacea, but the plants have 1-2 leaves per shoot; blades are up to 150 cm 

long and 2-4.5 mm wide, with 6-9 longitudinal veins; apex obtuse, rarely tapering. Blade 
epidermal cells rectangular with finely corrugate margins. Peduncle 20-30 cm long, beating 3-4 
spikes, each with 2-3 flowers; stigma loosely papillose, with 2 processes. Fruit falcate, 25- 
30 mm long, laterally compressed. 

Posidonia kirkmanii Kuo & Cambridge - Region X 
Largest species in Posidonia; blades up to 180 cm long and 6-12 mm wide, with 9-17 

longitudinal veins; apex spatulate to rounded. Blade epidermal cells oval to rectangular with 
smooth margins. Peduncle laterally compressed to biconvex, 20-40 cm long, bearing 6-10 
spikes, each with 3 flowers; stigma centrally grooved, papillose, with 2 processes. Fruit 
broadly elliptic, 3-4 cm long, laterally compressed. 

Posidonia coriacea Cambridge & Kuo - Region X 
This is the most widely distributed species in the P. ostenfeldii group. Plants with 2-3 

leaves per shoot, blades up to 120 cm long and 2.5-7 mm wide, with 7-11 longitudinal veins; 
apex spatulate to rounded. Blade epidermal cells oval to rectangular with smooth margins. 
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Peduncle 25-40 cm long beating 3-4 spikes, each with 3 or 4 flowers; stigma double-crested, 
papillose. Fruits broadly elliptic, 3-4 cm long, laterally compressed. 

Family Cymodoceaceae N. Taylor 
Dioecious; marine perennial herbs with creeping, monopodially or sympodially branching 

rhizomes. Erect stems with an annular appearance (leaf scars) with a number of leaves at the top. 
Leaves distichous, with distinct sheath and blade, ligulate and auriculate; blade flat and linear or terete. 
Tannin cells numerous. Flowers solitary or in cymose infloreseenees, perianth absent or rarely 1-3 
bracts. Male flower subsessile or pedicellate, 2 anthers with filiform pollen. Female flowers with 2 
free, sessile carpels, each with 1 style; style not divided or with 2-3 filiform stigmata. Pollination 
hydrophilous. Fruit a 1-seeded nut, or viviparous reproduction. The family consists of 5 
morphologically very distinct genera. 

Genus Syringodium Kiitzing 
Rhizome creeping, herbaceous, monopodially branching, with at each node one or more branching 

roots and a short erect stem bearing 2-3 leaves. Leaf sheaths when shed leaving open circular scars on 
the short erect stems. Leaf blades subulate. Inflorescence cymose, flowers enclosed by a reduced leaf. 
Male flower stalked with 2 anthers attached at the same height on the stalk. Female flower with 2 free 
ovaries, each with a very short style which divides into 2 short stigmata. Fruit with a hard (stony) 
pericarp. The genus contains 2 closely related but geographically separated species. 

Syringodium isoetifolium (Ascherson) D a n d y  - Region VIII, IX, X 
Rhizomes with 1-3 little branched roots and an erect shoot bearing 2-3 round leaves at 

each node. Blade up to 30 cm long, 1-2 mm in diameter, with 7-10 (-15) peripheral veins, 
which have a considerably smaller diameter than the central vein. Fruit oblique ellipsoid, 3.5- 
4 mm long, 1.75-2 mm wide, 1.5 mm thick. 

SyringodiumfiliformeKfitzing- Region IV 
Rhizomes with 2-4 little branched roots and an erect shoot beating 2-3 round leaves at 

each node. Blade up to 30 cm long, 1-2 mm in diameter, with 2 peripheral veins, with the 
same diameter as the central vein. Fruit obliquely obovoid, 6-7 mm long, 3.5-5 mm wide, 1.5 
mm thick. 

Genus Halodule Endlinger 
Rhizome creeping, herbaceous, monopodially branching, with at each node one or more 

unbranched roots and a short erect stem bearing 1-4 leaves. Leaf sheath when shed leaving a circular 
scar on the erect stem. Leaf blade linear, with 3 longitudinal veins; apex variable in outline. Flowers 
solitary, terminal, enclosed by a leaf. Male flowers stalked with 2 anthers attached at different heights 
on the flower stalk (P2 H). Female flower consisting of 2 flee ovaries each with a long undivided 
style. Fruit with a hard (stony) pericarp. The genus has 7 very similar species distinguished largely 
by leaf tip morphology. 

Halodule beaudettei (den Hartog) den Hartog - Region I, IV 
Leaf blades 5-20 cm long, 0.5- 1.5 mm wide; apex tridentate, with a long sharp central 

tooth about 1-10 times as long as the lateral teeth. The reproductive morphology of  this 
species has not been formally described. The leaf apex morphology can be used to 
distinguish this species from H. wrightii in the Atlantic region. 

Halodule uninervis (Forssk~l) Ascherson  - Region VIII, IX 
Leaf blades up to 15 cm long and 0.25-3.5 (-5) mm wide; apex tridentate with a short  

central tooth and well-developed lateral teeth. Male flower on a stalk of  about 6-20 mm 
length, anther 2-3 mm with 0.25-0.5 mm in anther height difference. Female flower with a 
single style, 28-42 mm long. Fruit subglobose to ovoid, 2-2.5 mm by 1.75-2 mm. Two  
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distinct morphological forms can be recognized in this species: a wide-leaved and a narrow- 
leaved (less than 1 mm width) form which often occur in the same area. The wide-leaved 
form mainly grows in the marine environment, while the narrow-leaved form is found both in 
marine and brackish water. 

Halodule ciliata (den Hartog) den H a r t o g -  Region I 
Leaf blades 5-6 cm long and 0.5-1 mm wide. The most distinct morphological character of 

this species is the blade apex with a minute irregular median tooth, which is only slightly 
shorter than the lateral teeth and having a dentate to ciliate margin. 

Halodule wrightii Ascherson - Region III, IV, VI, VII, IX 
Leaf blades (2-) 12 (-22) cm long and (0.2-) 0.4 (-1.0) mm wide; blade apex with ' two 

short horn-like points', sometimes with 'three horn like points'; median tooth usually 
shorter than the lateral teeth; the latter with a triangular appearance having a more or less 
concave inner surface, sometimes with a few very small, irregular serrations. Male flower 
with a stalk about 2 cm long and anther 3.5-5 mm long, with ca. 0.5 mm difference in height of 
the two anthers. Female flower with a style up to 28 mm long. Fruits about 1.5 -2  mm in 
diameter. 

Halodule bermudensis den H a r t o g -  Region IV 
Leaf blades up to 25 cm long and 0.75-1.25 mm wide; apex with well developed lateral 

teeth with more or less convex inner surfaces and often with some secondary processes. 
There is no information on reproductive morphology. The species has been described from 
material collected from the Bermuda Islands; may be a relict (den Hartog 1964). 

Halodule pinifolia (Miki) den H a r t o g -  Region IX 
Blades 5-20 (-29) cm long and (0.3-) 0.6-1.25 (-1.5) mm wide; apex rounded with minute 

serrations and two poorly developed to non-existing lateral teeth. Male flower with a stalk 
about 10 mm long and anthers 2.5-3 mm long, with 0.5 mm difference in height of  the two 
anthers. Female flower with a single style, 13 mm long. Fruit ovoid, 2-2.5 mm in diameter. 
This species can be confused with narrow-leaved H. uninervis, but their blade apex 
morphology is different. 

Halodule emarginata den Hartog  - Region IV 
Leaf blades up to 11 cm long and 1.5 mm wide; apex notched or rounded, or slightly 

serrulate, lateral teeth inconspicuous or sometimes absent. Reproductive morphology 
unknown. 

Genus Cymodocea K6nig 
Rhizome creeping, herbaceous, monopodially branching, with at each node 1-5 or more branched 

roots and a short erect stem bearing 2-7 leaves. Leaf blades linear, with 7 to 17 longitudinal veins, 
margins smooth but spinulose or serrulate near the apex, apex rounded or sometimes notched. Leaf 
sheath when shed leaving a circular scar on the erect stem. Male flower stalked with two anthers 
attached at the same height on the stalk. Female flower sessile or shortly stalked, with two free 
ovaries, each with a short style dividing into 2 long stigmata. Fruit semicircular to elliptical in 
outline with a hard pericarp. The genus consists of four species. 

Cymodocea nodosa (Ucria) Ascherson - Region VI 
Rhizomes with at each node 1 strongly branched root and a short erect stem bearing 2-5 

leaves. Leaf sheath linear to slightly obconical, when shed leaving a closed circular scar on the 
erect stem. Blades up to 30 cm long and 2-4 mm wide, with 7-9 longitudinal veins; apex 
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rounded, sometimes slightly notched. Fruit semicircular, laterally compressed, 8 mm long, 6 
mm wide, 1.5 mm thick, dorsal side with 3 parallel ridges, beak apical, 1-2.5 mm long. 

Cymodocea rotundata Ehrenberg  & Hemprieh ex Aseherson - Region IX 
Rhizome with 1-3 irregularly branched roots at each node and a short erect stem bearing 

2-7 leaves. Blades linear, often somewhat falcate, up to 15 cm long, 2-4 mm wide, with 9-15 
longitudinal veins; apex obtusely rounded, sometimes slightly emarginate. Leaf sheath slightly 
obeonieal, becoming a scarious mass when shed leaving a closed circular sear on the erect 
stem. Fruits 1 or 2, sessile, semi-circular in outline, laterally compressed, 10 mm long, 6 mm 
wide, 1.5 mm thick, dorsal side with 3 parallel ridges, the median one with 6-8 acute teeth, 
ventral ridge with 3-4 teeth. 

Cymodocea serrulata OR. Brown) Ascherson - Region IX 
Rhizome with 2-3 sparsely branched roots at each node and a short erect stem bearing 2-5 

leaves. Leaf sheath broadly triangular, narrow at the base, when shed leaving an open circular 
scar on the erect stem. Blades linear to falcate, up to 15 cm long, 4-9 mm wide, with 13-17 
longitudinal veins, apex obtuse, serrate to dentate. Fruit elliptic in outline, laterally 
compressed, 7-9 mm long, 3.75-4.5 mm wide, 2 mm thick, dorsal side with 3 parallel, blunt 
ridges. This species usually grows together with C. rotundata, but can be distinguished from 
the latter species by having a triangular leaf sheath, when shed leaving open scars on the erect 
stem; the leaf blades of this species have also more longitudinal veins (13-17) and an obtuse 
serrated apex. 

Cymodocea angustata Ostenfeld - Region IX 
Rhizome with 1 unbranched root at each node and a short erect stem beating 2-3 leaves. 

Leaf sheath slightly obconical, when shed leaving an open circular scar on the erect stem. 
Blades linear, up to 60 cm long, 3-6 mm wide, tapering toward the apex, with 9-13 
longitudinal veins; apex obtuse, serrate, serratures sometimes bifurcate. Fruit subcircular in 
outline, laterally compressed, 6 mm long. The male reproductive structures of this species are 
still unknown. 

Genus Amphibolis C. Agardh 
Rhizomes ligneous, sympodially branching, with at each node 1-2 wiry, profusely branched roots, 

and at irregular intervals some nodes produce long, wiry, much branched erect stems, bearing crown 
leaves at the end of branches (P1 I). Leaf sheath shed with blade, leaving numerous circular leaf scats 
on the erect stems. Leaf blades linear, with 8-21 longitudinal veins, apex bidentate. Flowers single, 
terminal, enclosed by several leaves. Male flower pedicellate with two anthers at the same height on 
the very short stalk. Female flower sessile with two free evades, each with a short style dividing into 
3 long stigmata and with pericarpic lobes at the base of the ovary. Viviparous seedlings with comb- 
like structures developing from the pericarpic lobes, acting as 'grappling apparatus' (P2 J). The genus 
consists of two species. 

Amphibolis antarctica (Labillardiere) Sonder et Ascherson - Region X 
Rhizome with 1, rarely 2, branched roots at each node. Erect stem up to 1.5 m long, with 

6-10 leaves at the end of the stem. Leaf sheath margins overlapping at the base only. Blade 
20-30 (-50) mm long, (2-) 3.5-6 (-10) mm wide, usually twisted (turned) about 180 ~ in the 
distal half; apex truncate or semicircular with 2 acute lateral teeth. Female flower with 
pericarpic lobes in two whorls, each with 4 lobes. Seedling combs of pericarpic lobes with 
13-18 bristles in each broad lobe and 7-11 bristles in each narrow lobe. 
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Amphibolis griffithii (Black) den Hartog - Region X 
Rhizome with 1, rarely 2, branched roots at each node. Erect stems up to 1 m long, with 

(3-) 4-5 leaves at the end of  the branches. Leaf sheath margins overlapping at their entire 
length. Blade (30-) 50-100 mm long, (2-) 3-7 mm wide, usually not twisted (turned) in the 
distal half; apex deeply notched with 2 obtuse lateral teeth. Female flower with 4 pericarpic 
lobes in one whorl. Seedling combs with 18-26 bristles in each broad lobe and 11-15 bristles 
in each narrow lobe. 

Genus Thalassodendron den Hartog 
Rhizome robust, woody, sympodially branching, with 1 or more robust, woody, little branched 

roots at the nodes preceding the erect stem bearing nodes. Erect stems long, wiry, little branched, 
developing from every fourth node, and bearing crown leaves. Leaf sheaths shed with blade leaving 
numerous circular leaf scars on the erect stem. Leaf blades linear, fiat, with 13-27 longitudinal veins; 
margin and apex denticulate. Flowers single, terminal and enclosed by several bracts. Male flower 
pedicellate with two anthers at the same height on the stalk (t'2 I). Female flower sessile with two free 
ovaries, each with a short style and 2 stigmata (P2 K). Viviparous reproduction. The genus consists of 
2 species. 

Thalassodendron pachyrhizum den Hartog- Region X 
Rhizome robust, with 2 thick, hard woody roots (black when dry) at every fourth node. 

Erect stem little branched, up to 20 crn long developing from the nodes following the root 
bearing nodes. Leaf blades linear, falcate, up to 30 cm long, 6-14 turn wide, with 13-19 
longitudinal veins, apex rounded, serrated. Male flower with 4-6 alternating bracts, anthers up 
to 20 mm long, with a pointed appendage, and a slightly bifurcate tip. Female flower with 
ovary 2 mm long, style 1 rnm long, stigmas 20 turn long. False fruit 5.5-7 cm long. Viviparous 
reproduction. 

Thalassodendron ciliatum (Forssk~l) den Hartog- Region VIII, IX 
The species has robust rhizome with 1-5 brownish, woody, much branched roots at every 

fourth rhizome node. Erect stem little branched, up to 65 ern long at nodes after root beating 
nodes. Leaf blades linear, falcate, up to 15 crn long, 6-13 mm wide with 17-27 longitudinal 
veins, margin with teeth, apex rounded, more or less emarginate. Male flower with 4-6 
alternating bracts, anthers up to 6-7 mm long. Female flower with ovary 2 mm long, style 4 
nun long, stigmata 20 rnrn long. False fruit 3.5-5 cm long. Viviparous reproduction. 

Family Hydrocharitaceae Jussieu 
Monoecious or dioecious, annual or perennial aquatic herbs. Leaves without a ligule. Tannin cells 

present or absent. Stomata present or absent. Flowers unisexual, enclosed within a spathe of 2 bracts. 
Perianth in one or two whorls of 3 free segments. Male flower with anthers sessile or on slender 
filaments. Pollen grains globose to ellipsoid. Female flowers usually with a long hypanthium. Ovary 
inferior, compound; tmilocular, ovules numerous. Fruits fleshy, usually indehiscent. 

Genus Enhalus L.C. Richard 
Dioecious. Rhizome creeping, coarse, unbranched or sparsely monopodially branched; intemodes 

very short. Roots coarse, unbranched. Leaves distichously arranged, sheathing at the base. Male 
inflorescence with a short peduncle, and a two-leaved spathe, containing numerous small flowers which 
break off just before flowering, opening at the water surface. Sepals 3, petals 3, stamens 3, pollen 
spherical. Female inflorescence with a long peduncle, and a two-leaved spathe, containing one large 
flower (P2 A). Sepals 3, petals 3, ovary rostrate, composed of 6 carpels, styles 6, forked from the base. 
Fruit ovoid (P2 B). The genus contains one species. 
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Enhalus acoroides (L.f.) Royle - Region IX 
Robust dioecious species. Rhizome covered with black long persistent fibrous strands of 

decayed leaves and numerous, cord-like, fleshy, thick roots. Leaf blades 30-150 crn long, 
1.25-1.75 cm wide, margins slightly rolled, with up to 30 longitudinal veins forming a 
separate adaxial and abaxial system, apex rounded. Male peduncle 5-10 cm long, submerged, 
pedicel 3-12 mm, sepals white, oblong, 2 mm long, petals white, ovate, 1.75 mm long, 
stamens white, 1.5-1.75 mm long, pollen grains 175 lam in diameter. Female peduncle 40-50 
cm long, often longer, coiled and contracted after anthesis. Sepals oblong, petals white, 
oblong-linear, 4-5 cm long. Ovary densely set with long fi'inge-like hairs, style branches 
subulate 10-12 mm, densely covered with linear papillae. Fruit ovoid, 5-7 cm long, green, 
with many black, erect appendages, apex acuminate. Seeds 1-1.5 cm, germinating immediately 
after release. 

Genus Thalassia Banks e x  K6nig 
Dioecious. Rhizome creeping, with numerous relatively short intemodes, and one scale (or scale 

leaf) at each node, at irregular intervals ranging from 6 to 12 nodes one or more unbranched roots and a 
short erect stem bearing 2-6 leaves. Leaves linear, sometimes curved, with 9-17 longitudinal veins; 
apex rounded with very fine serrulations. Tannin cells present, stomata absent. Male flower with a 
short pedicel, 3 perianth segments and 3-12 light yellowish stamens, spherical pollen grains in chains. 
Female flower with 3 perianth segments, 6-8 styles each divided into two long stigmata. Fruit 
globose, echinate, the fleshy pedcarp bursting into irregular valves to release a few pyriform seeds. 
Seeds with membranous testa, germinating immediately. The genus consists of two closely related, 
but geographically separated species. 

Thalassia hemprichii (Ehrenberg) Ascherson - Region IX 
Leaf blades 10-40 (-100) cm long, 4-11 mm wide, with 10-17 longitudinal veins. Male 

peduncle 3 cm long; pedicel 2-3 cm long; tepals 7-8 mm long; stamens 3-12, anthers oblong, 
occasionally forked, 7-11 mm long. Female flower with 6 styles each with 2 stigmata 10-15 
mm long. Fruit globose, roughly echinate, 2-2.5 cm long, 1.75-3.25 mm wide, bursting open 
into 8-20 irregular valves; beak 1-2 mm. 

Thalassia testudinum Banks ex Kiinig- Region IV 
Leaf blades 10-60 cm long, 4-12 turn wide, with 9-15 longitudinal veins. Male peduncle 3- 

7.5 cm long; pedicel 1.25-2.5 cm long; tepals 10-12 mm long; stamens 9, anthers oblong, 8-9 
rnm long. Female peduncle 3-4 era, with 7-8 styles, 1.5-2.5 mm long; stigmata 10-13 mm long. 
Fruit ellipsoid to globose, roughly echinate, 1.5-2 cm long, 2-2.5 rnm wide, bursting open into 
5-8 irregular valves; beak 4-7 ram. 

Genus Halophila Thouars 
Relatively small, fragile, monoecious or dioecious plants. Rhizome with long intemodes, bearing 

2 scales with a lateral shoot and one unbranched root at each node. Leaves either in pairs with long 
petioles, or distichously arranged along an upright shoot, or as pseudo-whorls at the top of lateral 
shoots. Leaf blades ovate, elliptic, lanceolate or linear in shape with a mid vein and intramarginal 
veins connected by cross veins. Inflorescence, solitary, covered by two spathal bracts. Male flower 
pedicellate, tepals 3, stamens 3 anthers sessile (P2 C), pollen grains ellipsoid in chains. Female flower 
sessile, styles 3-6 (P2 D), fruits ellipsoid to globose (P2 E) containing several to numerous globose 
seeds.- The genus contains at least 13 described species, arranged within 5 sections, widely distributed 
in tropical and warm temperate seas. 



50 Kuo and den Hartog 

Halophila section Halophila 
Monoecious or dioecious minute to robust plants with extremely short erect lateral shoots, with 2 
scales at the base and a pair of petiolate leaves at the top. Petioles usually longer or as long as the leaf 
blades. Cross veins present. Margins smooth or serrate, surface naked or hairy. Female flowers with 3- 
6 styles. The morphologically most diverse group in the genus Halophila; currently, nine species 
belong in this section. 

Halophila minor (Zollinger) den Har tog-  Region IX 
Dioecious. Leaf blades ovate, 6-12 mm long, 3.5-6 mm wide with (4-) 7-12 occasionally 

branched cross veins, space between intramarginal veins and blade margin narrow. Male 
flowers with tepals 1.5 mm long, anthers 2.5-3.5 mm long. Female flowers with 3 styles, 8-20 
mm long. Fruits 2-3.5 mm in diameter. 

Halophila ovata Gaudichaud - Region IX 
Dioecious. Leaf blades ovate, 8-13 mm long, 4-8 mm wide, with 4-8 rarely branched cross 

veins, space between intramarginal veins and blade margin wide. Male flowers with tepals 3.5 
mm long, anthers 1.5-2.5 mm long. Female flowers with 3 styles, 6-12 mm long. Fruits 2-4 
mm in diameter. 

Halophila australis Doty & Stone - Region X 
A dioecious species with rhizome internodes up to 8 cm long. Petiole up to 10 cm long. 

Blade elliptic to linear-lanceolate, narrowed towards the base, up to 7 cm long and 15 mm 
wide, with 14-16 (-20) often branched cross veins on either side of the midrib. Male flowers 
form at the rhizome nodes, with tepals 0.5-0.7 mm long. Female flowers borne on the nodes 
of an erect extended lateral shoot 5-15 cm long, with numerous nodes. Female flower with 6 
styles 6-15 mm long. Fruits ovoid, 9-11 mm in diameter. 

Halophila ovalis (R. Brown) Hookerf .  - Region I, VIII, IX, X 
Dioecious. Rhizome intemodes and petiole up to 10 cm long. Leaf blade varies in shape 

from oblong-elliptic, spatulate, obovate, to ovate, rarely linear, 10-40 mm long, 5-20 mm 
wide, with 10-28 often branched cross veins at either side of the midrib. Male flowers with 
tepals 3-5 (-6) ram, anthers 1.5-2.5 mm long. Female flowers with 3 styles, 10-40 mm long. 
Fruits 3-6 mm in diameter. Seeds subglobose. This species is the most common seagrass in 
the tropical and subtropical regions of the Indo-West Pacific and inhabits various 
environments, resulting in considerable morphological variation. 

1. Halophila ovalis ssp. ramamurthiana Ravikumar & Ganesan 
The subspecies is restricted to brackish water systems along the Coromandel 

Coast, South East India, and it often occurs with typical H. ovalis. This subspecies 
has an oblong blade 1-3.5 mm long, with 7-16 rarely branching cross veins at each side 
of the mid vein, while typical H. ovalis from this coastal area has obovate to oblong- 
elliptic blades with 12-25, often branching cross veins. According to Ramamurthy et 
al. (1992) flower and fruit morphology of this subspecies are in the lower end of the 
measurement range of that of typical H. ovalis from the same area. 
2. Halophila ovalis ssp. bullosa (Setchell) den Hartog 

The subspecies is characterised by leaf blades having oiten a bullate appearance, 
10-22 mm long, 4-10 mm wide, with 8-15 ascending cross veins at each side of the 
midrib. Female flower with 3 styles, 10 mm long. Samoa, Tonga and Fiji Islands. 
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3. HalophUa ovalis ssp. l inearis (den Hartog)  den Hartog 
Plants with narrow leaf blades, 15-30 mm long and 0.8-4 mm wide, gradually 

merging into the petiole, 10-16 ascending cross veins at each side of the midrib. Male 
flower with tepals 2.5-3 mm long. Female flower with 3 styles, 10-15 mm long. 
Inhaca Island, Mozambique. 

Halophila hawaiiana Dory & Stone - Region IX 
Dioecious. Rhizome intemodes to 6 cm long, petioles up to 35 mm long. Blades distinctly 

spoon-like, 2-3 cm long, 2.5-6 mm wide, with 6-10 rarely branched cross veins on each side 
of the mid rib. Male flower with tepals, 3.5 mm long. Female flower with 3 styles, 4-6 mm 
long. Fruits ovoid, 4 by 3.5 mm. Seeds ovoid, 0.6 mm in diameter. 

Halophilajohnsonii Eiseman - Region IV 
Dioecious. Distinct spamlate leaf blade 5-25 mm long, 1-4 mm wide, with 5-8 unbranched 

cross veins on each side of the mid-fib. Female flower with 3 styles, 4-6 mm long. Male 
flowers and seeds not known. Found only in east Florida; classified as a 'threatened species'. 

Halophila stipulacea (Forssk~l) Ascherson - Region VI, IX 
Dioecious. Robust species with large elliptic or obovate transparent scales, 12-17 mm 

long, 6-10 mm wide, folded at the rhizome nodes covering the short petioles. Blades linear to 
oblong, elliptic, cartilaginous to membranous; surface glabrous, papillose or with minute hairs, 
occasionally bullate, up to 60 mm long, 10 mm wide, with 10-40 branched cross veins; margin 
serrulate. Male flower with tepals 3-4 mm long, anthers 2-3.5 mm long. Female flower with 3 
styles 20-25 mm long. Fruits ellipsoid 3-4 mm long. The most distinctive characteristic is a 
pair of large persistent, transparent scales coveting the short petioles. 

Halophila decipiens Ostenfeld - Region I, IV, VI, IX, X 
Monoecious. Thin elongated rhizomes. Scales transparent, hairy outside. Petiole 3-15 cm 

long. Leaf blades oblong-elliptic, 10-25 mm long, 3-6 mm wide, with 6-9 unbranched cross 
veins, surfaces usually with hairs on both sides or only on the ventral side, rarely glabrous; 
margins serrulate. Male and female flowers on the same floral axis covered by a spathe. Male 
flower with tepals 1.5 mm long, anthers 1 mm long. Female flower with 3 styles 1.5-2.5 mm 
long. Fruit broadly ellipsoid, 1.5 mm long and 1 mm wide. Seeds ovoid, 0.2-0.4 mm in 
diameter. 

Halophila capricorni Larkum - Region IX 
Rhizomes robust. Leaf blades oblong-elliptic, 15-30 mm long and 5-9 mm wide, with 9-14 

unbranched cross veins, surfaces usually with coarse hairs on both sides or on the ventral side 
only, rarely glabrous; margins serrulate. Male and female flowers borne on different floral axes 
of the same plant. Male flower with tepals 3.5-4.1 mm long, anthers 2.5-3.1 mm long. Female 
flower with 3 styles 15-25 mm long. Fruit broadly ellipsoid, 2.5-5 mm in diameter. Seeds 
ovoid, 0.5-0.6 mm in diameter. H. capricorni is usually more robust than H. decipiens, with 
larger leaf blades with 9-14 cross veins, compared with only 6-9 cross veins in H. decipiens. 
H. capricorni is a bisexual species; the most unique character of this species is that male and 
female flowers are produced on different floral shoots of the same plant while in H. decipiens, 
both male and female flowers are formed on the same floral shoot. 
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Haiophila section Microhalophila Ascherson 
Delicate, minute, monoecious plants with 2 scales at the base of erect lateral shoots, which bear a pseudo- 
whorl of 4-10 leaves at the top. Blades without cross veins, surface naked, margins smooth or slightly 
serrulate. Male and female flowers form on different floral shoots of the same plant. 

Halophila beccarii Ascherson - Region IX 
Thin rhizomes with 2 scales covering the base of the erect stem beating a group of  4-10 

leaves at the top. Blades lanceolate, up to 13 mm long, 1-2 mm wide, with no cross veins, 
apex pointed. Female flowers with 2 styles, 10-15 mm long. Fruits ellipsoid to ovoid, 4-5 mm 
by 1.2 mm. Seeds globose, 1.2 by 1 mm. The lack of cross veins is a unique character among 
Halophila. The species is usually associated with mangrove communities and often exposed 
at low tide. 

Halophila section Spinulosae Ostenfeld 
Dioecious plants with 2 scales at the base of the much elongated erect lateral shoots bearing up to 20 
pairs of distichously arranged leaves, blades folded over near the base at one side, no petioles; cross 
veins present, surface naked, margins serrulate. 

Halophila spinulosa (It. Brown) Ascherson - Region IX 
Wiry rhizomes and long, stiff erect lateral shoots, with up to 50 nodes (leaf scars), the 

distal 10-20 nodes with 2 (occasionally 3) opposite, oblong leaves. Blades 10-26 mm long, 2- 
5 mm wide, folded over near the base at one side, with 4-5 unbranched cross veins. Male 
flower with tepals 3-4 mm long, anthers 1.5 mm long. Female flower with 3-5 styles 10-12 
mm long. Fruit ovoid, 4-6 mm long, compressed. 

Halophila section Tricostatae Greenway 
Fragile, annual, dioecious plants with 2 scales at the base of the much elongated herbaceous erect 
lateral shoots. Up to 20 nodes bearing 2 or 3 leaves at each node. Blades oblong, mid and 
intramarginal veins conspicuous, cross veins present, surface naked, margins serrulate. 

Halophila tricostata G r e e n w a y -  Region IX 
Dioecious, annual, with fleshy, fragile monopodially branched rhizomes with an 

unbranched root and an unbranched herbaceous erect stem at each node. Erect stems with 2 
leaves at the first 2 to 3 basal nodes and a rosette of 3 leaves and a male or female flower at 
the remaining nodes. Blade oblong, up to 12 mm long and 2-4 mm wide, with 3 cross veins. 
Male flowers with anthers 3 mm long. Female flowers with 5-6 styles, 9 mm long. Fruits 
ovoid, 4 mm long. Seeds ovoid, 0.3-0.5 mm, testa with fine projections, not reticulate. 

Halophila section Americanae Ostenfeld 
Perennial, dioecious plants with 2 scales at the base and 2 scales about half way up the erect lateral 
shoots, and bearing at the top a pseudo-whorl of 4-8 leaves. Blades ovate to oblong, cross veins 
present, surface naked, margins serrulate. 

Halophila engelmanni Ascherson - Region IV 
Dioecious. Rhizome with erect lateral shoots 20-40 mm long, with a pseudo-whorl of  2-4 

pairs of leaves at the top. Petioles extremely short. Leaf blade oblong or linear-oblong, 10-30 
mm long, 3-6 mm wide, with 6-8 cross veins; apex acute to apieulate. Male flower with tepals 
4 mm long, anthers 4 mm long. Female flower with 3 styles up to 30 mm long. Fruits globose 
to subglobose, 3-4 mm in diameter. Seeds subspherical, 1 mm in diameter. 

Halophila baillonii Ascherson - Region IV 
Dioecious. Thin, fragile rhizomes, erect lateral shoots 6-40 mm long, with a pseudo-whorl 

of 2-3 pairs of leaves at the top. Petioles 2-5 mm long. Blades oblong, ovate, elliptical to 
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lanceolate, 5-22 mm long, 2-8 mm wide, with 3-8 unbranched cross veins on each side of the 
pronounced midrib; apex obtuse. Male flower with tepals 4 mm long, anthers 4 mm long. 
Female flower with 2-5 styles 10-30 mm long. Fruit globular, 2-3 mm in diameter. Seeds 
subspherical. This species differs from H. engelmanni by having leaves with a distinct petiole 
and an oblong, ovate or elliptic to lanceolate blade, with 3-8 cross veins and a rounded apex. 

Discussion 

Seagrasses are aquatic plants which have generally fewer morphological and anatomical 
features for species identification than terrestrial flowering plants (Tomlinson 1982, Kuo and 
MeComb 1998). Thus, the use of a microscope sometimes is essential for accurate species 
identification in smaller seagrass species, e.g., Zostera subgen. Zosterella (blade tips), 
Halodule (blade tips), and Halophila (venation), because the morphological characters for 
identification are minute. Furthermore, hand section is required for the distinction between 
the two Syringodium species and also for the separation of vegetative material of 
Heterozostera and Zostera subgen. Zosterella. It is of course always necessary to use also 
reproductive characters, if these are available. At present, species identification depends 
mainly on morphological characters, both vegetative as well as reproductive. Other techniques 
that may aid in the identification of species are electron microscopy, isozyme analysis, 
physiology, biochemistry and molecular genetics (Phillips 1992). 

The keys and brief descriptions presented in this chapter are by no means perfect. We 
recognize that some species have a vast geographic distribution and occupy different niches; 
this may result in considerable morphological variation, and some of these variations, when 
studied more closely, may turn out to be separate taxa. For this reason, researchers are 
encouraged to document different morphological characters, as has been done, for example, by 
Creed (1999) for Halodule populations from southern Brazil and by Japar Sidik et al. (1999, 
2000) and Muta Harah et al. (2000) for Halodule and Halophila from Malaysia. Information 
on habitat, ecology and reproductive biology should also be carefully documented whenever 
possible. Furthermore, seagrasses from a wide geographic range and habitat should be 
deposited in the International Seagrass Herbarium in the Museum of Natural History, 
Smithsonian Institution, Washington, DC 20560-0166, USA, for future taxonomic studies. It 
should be stressed that it is very important to archive not only 'dry' but also 'wet' 
specimens because seagrasses grow in aquatic conditions and some important morphological 
characters cannot be visualized or become unreliable when the plants are dried. Preparations 
for herbarium collections are described in detail in Chapter 4. 

Classification of the various seagrasses in the taxonomic system, and even more their 
phylogeny, will continue to be debated for many years to come. The definition of seagrasses 
at the species level is far from satisfactory in certain genera, and can cause difficulties in 
arriving at a correct identification. Thus, researchers should be careful in citing and/or 
interpreting the published literature which may contain incorrect species names. For example, 
Zostera marina occurs under various types of environmental conditions and even has annual 
and perennial morphs, resulting in the existence of a number of different morphological 
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varieties, den Hartog (1970a, 1972a) considered all these different morphs as the same 
species, Z. marina. Backman (1991) distinguished along the Pacific coast of North America 
five different varieties of Z. marina; he described these formally. In spite of that there is no 
indication that his typical variety is identical with the material named by Linnaeus (1753) as 
Z. marina. However, Phillips and Willey-Echeverria (1990) proposed that the wide leaf 
morph of Z. marina from the Pacific coast of America should be considered as Z. asiatica. 
Whether these different morphs represent different varieties of the same species or contain 
different taxa, requires further critical investigation with all available techniques on a 
worldwide scale. Furthermore, the distinction of some members of Zostera subgen. Zosterella 
should be more precisely defined. For example, Robertson (1984) recognized two ecotypes of 
Z. muelleri from southeastern Australia and Turner et al. (1996) questioned the species status 
of Z. novazelandica Setchell. There is also a lot of controversy about the delineation of the 
species of Halodule, and also in this case the material should be critically studied with all 
means available nowadays. It is also desirable to have better diagnoses for the Halophila 
species, particularly for those of the section Halophila. For example, Halophila ovalis has a 
vast geographic distribution, growing under a wide range of environmental conditions, and 
thus shows considerable morphological variations, den Hartog (1970a) considered H. ovalis 
as a 'collective species' in which a number of closely allied taxa are united. Tomlinson (1982) 
expressed the view that there are apparently sufficient microscopic features in the vegetative 
anatomy to allow a clear separation of taxa in Halophila. 

All chromosomal studies on seagrasses indicate that chromosome numbers may be 
different between genera and families, but that the basic numbers are similar among the 
different species within the same genus (den Hartog et al. 1979, 1987, Kuo et al. 1990b, 
Uchiyama 1993, Kuo 2001). However, the genus Zostera has diploid and tetraploid species, 
and Cymodocea nodosa has diploid and tetraploid populations. Further, there is the 
suspicion of polyploidy in the genus Halodule. 

By using electron microscopy, McMillan distinguished the fruits and seeds of the two 
Syringodium species, which have a very similar vegetative morphology (McMillan and Bragg 
1987, Bragg and McMillan 1987) and Kuo and Cambridge separated the Australian Posidonia 
species (Cambridge and Kuo 1979,Kuo and Cambridge 1984), and also the Phyllispadix 
species (Kuo et al. 1989, 1990a, Kuo and Stewart 1995). 

McMiUan and his colleagues (McMillan 1980, 1982, 1983, 1986, McMiUan and Bridges, 
1982, McMillan and Phillips 1981, McMillan and Smith 1982, McMillan and Williams 1980, 
McMillan et al. 1980a, b, Zapata and McMiUan 1979) applied isozyme analysis and other 
biochemical methods to investigate seagrass taxonomy, particularly in relation to geographic 
distribution and leaf morphological variations. Isozyme analysis easily separated the species 
of Syringodium, Halodule and Thalassia collected from different oceans, despite the 
similarity of their morphological characters. On the other hand, these methods did not always 
distinguish morphologically well defined species in certain genera including Zostera, 
Posidonia, Halophila and Halodule, even when geographically widely separated. 

In spite of being in an early stage, the recently developed molecular genetic technology 
has contributed to a better understanding of population genetics in seagrasses, including the 
level of clonal patchiness and gene-flow within and between seagrass meadows of species 
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with a wide geographic distribution, and/or different habitat conditions. This technology also 
presents a useful tool to establish the phylogenetir relationships among seagrass families and 
genera, as well as with other aquatic plant families (Laushman 1993, Alberte et al. 1994, 
Proeaeeini and Mazzella 1996, Williams and Davis 1996, Jewett-Smith et al. 1997, Wayeott 
and Sampson 1997, Wayeott et al. 1997, Proeaceini and Wayeott 1998, Proeaeeini et al. 1999, 
Reuseh et al. 1999). For detailed molecular genetic methods, readers should consult Chapter 
6. It remains to be seen whether the method can be used for accurate species identification, 
because those "invisible" genetic differences often do not reflect "visible" morphological 
characters. Similar to the isozyme studies of McMillan (1991), the molecular method has 
distinguished species which are geographically widely separated but morphologically very 
similar (Syringodium and Thalassia species; Les et al. 1997, Waycott and Les 1996, 2000). 
Current methods have not distinguished different species in the Posidonia ostenfeldii group 
(Campey et al. 2000) or in the genus Halophila with such species as H. johnsonii, H. 
hawaiiana, and H. ovalis from a wide geographic range (Waycott personal communication 
2000). There is a need to use genetics as a tool to distinguish species and identify what field 
characteristics can be utilized with confidence. As the technology continues to be improved, 
it may be possible in the future to distinguish morphologically similar species and/or 
polymorphism more precisely using molecular genetics. Regardless different opinions on 
seagrass species, it should be noted that molecular 'identification' should always be 
accompanied by 'reliable visual' morphological characters, otherwise, the technique will be no 
aid to serve practical applications in seagrass species identification. 

Based on current knowledge of seagrass species and their distribution in the world, two 
main 'evolutionary groups' of seagrasses can be recognized. For example, Enhalus, Thalassia, 
Syringodium, Cymodocea, Amphibolis and Thalassodendron all have shown very little 
speciation in the course of time. On the other hand, Zostera, Halodule, Halophila, and also 
Posidonia to some extent, have shown greater morphological variation and shown adaptation 
to a wider range of environmental conditions. These findings suggest that it is very possible 
that certain species may be able to evolve continuously. This speculation requires future 
molecular studies with more sophisticated and accurate technologies. Furthermore, it should 
be noted that it is very probable that the evolution and speciation in seagrasses may not be 
restricted to morphological and genetical modifications, but involves also physiological, 
biochemical and other biological properties. For this reason, in order to further understand the 
'species' and to have a more 'accurate species definition' in seagrasses, we should continue to 
explore other adaptational characters from a physiological and biochemical perspective apart 
from morphological and genetic characters. 
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Chapter 3 

Reproduction and phenology in seagrasses 

Diana I. Walker, Birgit Olesen, Ronald C. Phillips 

I ~  Chapter Objectives 

To review the status of our knowledge of the reproductive biology, reproductive success, 
and the timing and frequency of flowering and seed production in seagrasses. 

EEl Introduction 

As marine angiosperms, one of the defining features of seagrasses is their ability to 
reproduce submerged in the marine environment. Studies of seagrass reproduction and 
phenology are important, as they help us determine the contribution of reproduction to the 
population dynamics of different seagrasses. Quantification of flowering, fruiting and seed 
production is essential in understanding dispersal and recruitment characteristics of different 
seagrass species, especially for seagrasses such as Zostera where seed production is critical 
to seagrass r processes. Such observations of reproduction allow us to detail 
seagrass demography and effects on recruitment, allowing the modelling of seagrass 
population structure. Determining flower:rag frequency, sex ratios and reproductive success 
also allows the mating system of plants to be determined (Wayeott and Sampson 1997), 
enhancing our tmderstanding of their genetic structure. Reproductive biology may also be 
critical in the re-establishment of declining seagrass populations and in targeting the best 
species for use in revegetation (Orth et al. 1994). 

Our understanding of seagrass phenology is still relatively poor. For some species, the 
flowers have never been completely described because of the difficulty in locating the 
relati~tely infrequently produced flowers. For example, Cymodocea angustata, an endemic 
species to north-western Australia first described in 1916, has never been recorded with male 
flowers (McMillan et al. 1983). The extreme patchiness of flowers and fruits makes 
quantification of the extent of flowering very difficult (Kuo and Kirkman 1992). Even for 
widespread and much-studied species such as Zostera marina which flowers frequently 
(Phillips and Backman 1983, Orth and Moore 1983, Olesen 1999), there are considerable 
variations in the spatial and temporal extent of flowering and successful seed production. 
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The southern hemisphere species of Zosteraceae, and of other families, have not been studied 
phenologically. Hence the necessity to quantify the extent of reproduction for seagrasses. 

Phenology is defined as the study of the timing of recurring biological events, the causes 
of their timing with regard to biotic and abiotic forces, and the interrelation among phases of 
the same or different species (Leith 1974). Phenological responses of seagrasses result from 
the interaction of the structural/functional components of the plants with the environment 
(Phillips and McRoy 1990). Differences in the presence or absence of phenological events or 
in timing of these events in a particular species over a latitudinal or local ecological gradient 
reflect differences in the adaptational responses or perhaps ectopic structure of the species. 

Summaries of phenological studies in the literature reveal that seagrasses of some regions 
such as North America have been well studied. Large gaps exist in our detailed knowledge of 
reproduction in many other regions of the world (Table 3-1). 

Table 3-1: Status of knowledge of seagrass phenology, by region. 

Region 

I North Pacific (Japan to Baja) 

II Chile 
IH North Atlantic (North Carolina to Spain) 
IV Caribbean (Including Brazil) 
V Southwest Atlantic (South America) 

VI Mediterranean (Including Black Sea and NW Africa) 
VI/ Southeast Atlantic (West Africa) 
VIII South Africa 

IX Indo-Pacific (East Africa, South Asia to E Pacific) 
X Southern Australia and New Zealand 

,, 

Status of seagrass 
phenological knowledge 

"' Good (NI Americai . . . . .  
Fair (Asian coast) 
None 
Good 
Good-poor 
None 
Good 
Fair 
Fair 
Fair 
Fair 

How to identify flowers/fruits/seeds for various species or species groups 

Seagrasses are highly specialised marine flowering plants adapted to nearshore 
environments. Although there are relatively few species of seagrasses globally, these plants 
have evolved from several lineages of land plants, resulting in differing reproductive strategies 
and capacities. 

Seagrasses are not a monophyletic group of plants; they are not even true grasses 
(Poaceae). Rather, "seagrass" is a functional grouping referring to marine flowering plants 
living entirely submersed and sharing numerous convergent morphological and physiological 
characteristics (Larkum and den Hartog 1989). Recent evolutionary studies using DNA 
sequences of the chloroplast genome have revealed that the present seagrass diversity 
probably arose from three separate evolutionary events (Waycott and Les 1996). Thus, 
convergence of various characteristics of seagrasses has occurred within and between these 
three groupings (Cymodoceaceae complex, Zosteraceae, Hydrocharitaceae). There are 
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common morphological and physiological characters within families but phylogenetic 
differences do not necessarily apply to their reproductive patterns. 

Seagrasses can exhibit separate male and female plants (dioecious), or have both sexes on 
the same plant (monoecious). For example, the Posidoniaceae are exclusively monoecious, 
the Hydrocharitaceae and Zosteraceae have both monoecious and dioecious species and the 
Cymodoceaceae are exclusively dioecious. Overall, about 75% of all seagrass species are 
dioecious (Waycott and Les 1996). 

Floral parts include petals, sepals, stamens and pistils. The flower structure is usually 
simple, with a reduced perianth (Kuo and McComb 1989), but with considerable variation 
between species. Flowers are usually solitary and terminal on erect shoots or their branches. 
Flowers and fruits of seagrasses are usually small and inconspicuous (Figure 3-1) and so are 
often not collected. They often have a restricted flowering period, which makes the 
quantification of the process quite difficult. 

Reproductive structures should be identified with reference to published descriptions of 
the relevant species. Den Hartog (1970) provides a good overview of the species known at 
that time, but there have been subsequent additions to the literature (Cambridge and Kuo 
1979, Kuo and Cambridge 1984, Greenway 1979, Larkum 1995). Research by Professor 
John Kuo has provided detailed anatomy of some Indo-West Pacific species (Kuo et al. 
1990, 1991, 1993)which provides insights into the phenology, but this work was largely 
structural in its emphasis. 

Where congeneric pairs of species occur in the Caribbean and the Indo-West Pacific, such 
as in the genera Thalassia, Halodule and Syringodium, these species have been more 
extensively studied in the Caribbean. Detailed phenological accounts from the Caribbean 
may be used to provide an indication of both the reproductive structures and the relative 
timing of the flowering process. 

Some seagrasses have been reported to form a seed bank in the sediments, for example, 
for Zostera marina (Orth and Moore 1983, Halodule wrightii, Syringodium filiforme, Ruppia 
maritima (McMillan 1985), and Halophila engelmanni (McMillan 1986). Recent 
publications have found no seed bank for Zostera. Other seagrasses such as species of 
Posidonia have seeds that have already germinated before they are released from the fruit 
(Kuo and McComb 1989), whereas species of Amphibolis and Thalassodendron have 
viviparous seedlings. Other members of the Cymodoceaceae such as Cymodocea, do produce 
seeds and can delay germination (McMillan 1983, see Chapter 6). 

The production of large banks of small seeds in smaller faster growing seagrasses 
contrasts with the production of large already germinated seeds (or seedlings) in the larger 
slower growing seagrasses. This is of significance to dispersal and recruitment of seagrasses, 
but data are really only available for Zostera marina. The assessment of seagrass phenology 
requires not only quantification of flowering but also of reproductive success. 

EEl Flowering Incidences and Phenology 

The extent and timing of flowering in seagrasses worldwide is variable, between species, 
and between locations. This makes generalisations difficult. In tropical regions, seagrass 
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flowering is a year-round phenomenon but with variations in intensity related to location. In 
temperate regions, flowering often occurs in spring, but the timing of the whole reproductive 
cycle varies with both species and location. We have summarised flowering incidences and 
phenology, where available, for the same geographic areas described in Chapter 1. 

Region L" North Pacific (Japan to Baja) 
The majority of flowering and phenological information for seagrasses is only available 

from the Pacific coast of the US (Table 3-2). Most information is available for Zostera 
marina and its phenology is described here at length (Table 3-3). Recent publications record 
flowering in Halophila decipiens on both sides of the Pacific (McMillan and Soong 1989, 
Kuo et al. 1995) 

Zostera marina is monoecious, with male and female flowers borne on inflorescences at 
the end of branches on specialised generative shoots (Setchell 1920). Generative shoots 
develop from vegetative ones and differ from these by being erect, sympodial branched 
shoots with limited life span as they decay following flowering and seed production. The 
branches of generative shoots are alternately arranged along the main axis and are composed 
of one or more rhipidia, which may develop several inflorescences. These consist of a 
modified leaf sheath (spathe) enclosing a flattened axes (spadix) on which male and female 
flowers are alternately arranged in two longitudinal rows. For further details on the structure 
and development of the flowering parts of Z. marina see de Cock (1980). 

Table 3-2: Timing of phenophases of flowering in Zostera marina, Puget Sound, Washington, USA 
(Phillips et al. 1983a,b). 

Month 

March to July 
July to October 
Mid-August to October 

Event Water 
Temperature 

February 

'Possible plmtointJuction of flowers' 6.5~ to 7.8~ 
Reproductive stalks 6.5~ to 13.5~ 

13.5~ to 10.0~ Seed production 
Seed dispersal 

New root, rhizome and leaf growth 
atier winter period 

July Growth spurt of vegetative leaves 10~ to 13.5 ~ 
November End of summer growth period; 11 ~ to 10~ 

summer leaves dehiscing 
Seed germination 7.5~ to 13.5~ April to July 

(predominantly, but some all year) 
Throughout summer Seedling growth: from seed 
. . . . . . . . . .  germination .............. 

Following fertilisation of the female flowers, a one-seeded fruit develops that matures and 
is released one to two months after anthesis (de Cock 1980). Throughout the flowering 
season, infloreseences are formed in a definite order and develop progressively from the base 
of the flowering shoot towards the tip. Similarly, seed ripening may progress acropetally 
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and therefore the flowering and fruiting period of individual reproductive shoots may extend 
over several months (de Cock 1981a,b). Moreover, new generative shoots may appear 
continuously during the flowering season and accordingly, the length of the flowering season 
may vary between 2 and 9 months (Table 3-2). Accurate quantification of flower and fruit 
production within eelgrass stands can only be achieved by periodically counting the number 
of reproductive structures over a certain area or by following individual shoots over time. 

Zostera marina populations have high potential seed production. In populations growing 
within a broad range of latitudes (29 ~ 65 ~ N) flowering shoots had an average of 8.2 
inflorescences per shoot (range 1.4-20.0 inflorescences per shoot), 8.6 seeds per 
inflorescence (range 3.9-19 seeds per inflorescence) and a total of 60 seeds per generative 
shoot (range 11-204 seeds per shoot) (Olesen 1999). The density of flowering shoots within 
perennial Z. marina populations is highly variable both within and among geographic sites 
but for 50 % of all populations flowering shoots constituted 8% (range 0-91%) of all shoots 
and the potential production of seeds was 6200 m "2 (range 295-3700 m "2) (Olesen 1999). Z. 
marina populations adopting an annual growth strategy have an even higher seed production 
per ground area (24460 seeds m "2) as most shoots produce seeds. This potential high seed 
production implies that generative reproduction is essential for Z. marina colonisation 
processes. Because eelgrass seeds sink upon release from the flowering shoots and thus have 
limited dispersal range (Orth et al. 1994), the proportion of seeds retained within the seed- 
producing vegetation is expected to be high. Such accumulation of seeds provides a potential 
source for maintenance of existing vegetation through fast recovery following severe biomass 
reductions. Long-distance dispersal probably relies on rafting generative shoots or shoot 
fragments. This is a common mechanism in Z. marina and allows widespread dispersal of Z. 
marina seeds. Hence, considering the potential high seed production in Z. marina 
populations, colonisation of areas distant from seed producing plants is likely to be restricted 
by the limited dispersal range. 

Phenology o f  Flowering 
In the 1970s, a series of 14 phenophases were assessed for Zostera marina to determine 

which might be statistically correlated with day length or water temperature in their 
appearance (Phillips 1976, Phillips et al. 1983a). Monthly collections of plants were made at 
each of three stations along the Pacific coast of North America and three along the Atlantic 
coast. Of the 14 phenophases analysed, three could be statistically correlated: initial 
appearance of visible floral buds, initial appearance of anthesis, and initial appearance of 
visible fruits. The dates of these phenophases along with site, latitude, and water 
temperature and salinity were evaluated with a series of computer programs. Latitude, 
ocean, and site were designated as predictors, and phenophase date, temperature and salinity 
as criteria (variables to be predicted, Phillips et al. 1983a). It was found that flowering was 
later in the Atlantic than in the Pacific at the same latitude. Most of the seeds collected in 
New York germinated in autumn, three to four months after their release (Churchill 1983). In 
Puget Sound, Washington (Pacific coast), most of the seeds released germinated in spring to 
early summer (Phillips and Backman 1983). 



SPECIES 

Zostera 
marina 

m 

Zostera 
asiatica 
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Table 3-3. Phenology of seagrasses in Region I, North Pacific. 

LOCATION PHENOPHASE DATE AUTHOR/S 

odawa Bay, Japaal Flowering Apdl-'June ' Ai0i (1983) 
Bahia Kino, Seed germination Oct-  early Nov Phillips and Backman 
Mexico (Ptmta Seedlings Dec-  Jan (1983) 
chueca, all plants Active veg growth Jan-  Mar " 
annual) Flowering Mar- Apr " 

Seeds May 
Shoot attachment May - Jun 
Seed germination Nov - Jan 

San Diego, 
California 

Puget Sound, 
Washington 

Flowering Mar-  May Meling-Lopez and 
Seeds Apr - May Ibarra-Obando (1999) 
Shoot detachment Apr -  July 

Visible floral buds 
and growth of 
flowering shoots 

Feb Phillips et al. (1983) 

Visible seeds Apr (1974) " 
Jul (1977) " 

Visible floral buds 
and growth of 
flowering shoots 
Anthesis 
Visible seeds 
Seed production 

Mar-  July 

Apr -Jun 
May-  Jul 
Jul - Oct 

Phillips et al (1983b) 

t !  

i !  

t t  

Seed dispersal 
Seed germination 

Floral shoot 
detachment 

mid-Aug-Oct 
Apr-  Jul (some 
all year) 
Late Aug - Oct 

Phillips (1984) 
Kentula (1983) 

Phillips et al (1983a,b) 

Izembek Lagoon, 
Alaska 

Tomales Bay to" 
Santa Monica, 
California 

Visible floral buds 
Anthesis 
Visible seeds 

Flower appearance 
-5m (MLLW; site l) 
-5m to-12m 
(MLLW; site 2) 
-12m to -17m 
(MLLW) 

Seed production 
-5m (MLLW) 
-12m to-17m 
(MLLW) 

, _ _ 

Apr -  Jun 
Jun-  Jul 
Jul - Aug 

. . . . . . .  J 

Mar 

May 

Aug 

May to Jun 

mid-Sept and 
Oct 

Phillips et al (1983b) 

Philiips and Echevema 
(1980) 

11 

t l  
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SPECIES 

-Zostera 
japonica 

Phyllospadix 
scouleri 

Phyllospadix 
serrulatus 

Table 3-3 (continued). Phenology of seagrasses in Region I, North Pacific. 

LOCATION PHENOPHASE 
. . . . . .  

British Columbia, Vegetative-growth 
Canada 

Seed germination 

Flower appearance 

' California 

Oregon 
Washington 

Canada 

Alaska 

Oregon 
Washington 

Flowers 
Seeds 
Seeds 
Flowers 
Seeds 
Germinating seeds 
Seedlings 

Flowers 
Seeds 

Seeds 

Seeds 
Flowers 
Seeds 

DATE AUTHOR/S 

Apr to Jan ' Hamson'ii982) - 
(max in Aug) 
Mid-Mar to Aug " 
(max Apr-May) 
Jul to Dec " 
(max in Aug) 
May - Sep den Hartog (]'970) 
Oct " 
Jun - Oct Phillips (1979) 
J u n -  Aug " 
Oct " 
Mar " 
A p r -  Jun " 

M a y -  Aug 
Aug 

Aug 

Aug 
A p r -  Jun 
June - Oct 

Phillips (1979) 
l |  

t !  

Phyllospadix 

Alaska Flowers Jun 
Seeds Aug 
Seedlings May 

California Flowers May - Nov den Hartog (1970) 
torreyi 

Oregon 

Washington 

Canada 

Mexico 
(Baja California) 

Seeds 

Flowers 
Seeds 

May - Oct 

Aug Phillips (1979) 
Aug " 

Flowers Jul 

Phyllospadix 
iwatensis and 

P. japonicus 

Horay Jima, Iwate 
Prefecture, Japan 

Flowers Aug 
Seeds Jul 

Flowering shoots 

Fruits 

Apr- Sep 

Jul - Oct 

den Hartog (1970) 

' Kuo et al. (1'990) 
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Phyllospadix 
Species of Phyllospadix attach directly to rock on high-energy coastlines. The only 

exception observed is the presence of a large subtidal meadow (-1.5 m to -6 m mean lower 
low water) of Phyllospadix serrulatus in northern Puget Sound, Washington, on a deep clay 
substratum (Phillips 1979). 

Phyllospadix flowers are contained within spathes on separate male and female plants. 
Multiple inflorescences are borne within each spathe. The fertilised flowers give rise to 
fruits with seeds about 3ram long. Flowers of both Phyllospadix scouleri and Phyllospadix 
serrulatus appear in April, while fruits appear in June and are released in September. 
Germinating seeds occur from April to July. Vegetative growth of all three species occurs all 
year, except for the subtidal population of P. serrulatus. There does not appear to be a peak 
in leaf production or biomass at any one time of the year. 

Region II: Chile 
No flowering recorded. 

Region III: North Atlantic (North Carolina to Spain) 
Atlantic Coast of North America: 

Zostera marina (eelgrass) 
In contrast to the findings of Phillips (1976), Thayer et al. (1984) reported approximately 

the same progression of dates of flowering in Zostera marina on the Atlantic coast of North 
America as reported on the Pacific coast (Phillips et al. 1983a). Silberhorn et al. (1983) 
found that all stages in the phenological sequence occurred at approximately similar 
temperatures on the Atlantic coast, but, due to latitudinal differences in temperature, each 
stage occurs progressively later as moving from south to north. 

The length of time over which the rise in water temperature occurs also influences the 
duration of each phase in the reproductive cycle (Thayer et al. 1984). Silberhorn et al. (1983) 
noted the average number of spathes per shoot increased from Virginia to New York. 
Although temperature appears to be critical for all phases of the flowering process, 
interacting factors, such as nutrient stress (Churchill and Riner 1978, de Cock 1981a), 
irradiance (de Cock 1981b, Phillips et al. 1983b, Silberhom et al. 1983), and genotypic 
variation (Phillips 1983a, b) may also influence the timing and characteristics of the flowering 
process (Thayer et al. 1984). 

On the Atlantic coast (Table 3-4), the entire flowering process requires approximately 
30-60 days, and is longest in more northerly latitudes. Seeds are released between May and 
August, and may germinate as early as August or September and continues through winter 
and spring (Thayer et al. 1984, Taylor 1957, Orth and Moore 1983, Churchill 1983, Phillips 
and Backman 1983, Robertson and Mann 1984). 
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Table 3-4 Records of seagrass flowering and fruiting from Region III, North Atlantic. 

SPECIES LOCATION PHENOPHASE DATE 

Z o s t e r a  . . . .  aeaufort,'North Visible floral buds Feb-  Mar 
mar ina  Carolina Jan 

Virginia 

New York 

Anthesis Apr 
Feb 

Visible seeds May 
Mature seeds Apr 
Seed dispersal May - Aug 
Seed germination Aug-spring 

Visible floral buds Jan 
Anthesis Febr 
Mature seeds May 

Visible floral buds Jan 
Anthesis May 
Mature seeds Jun 

AUTHOR/S 

Phillips et al.(1983b) 
Thayer et al.(1984) 
Phillips et al.(1983b) 
Thayer et al. (1984) 
Phillips et al.(1983b) 
Thayer et al. (1984) 

tl 

Thayer et al. (1984) 
t! 

l !  

Rhode Island Visible floral buds 
Anthesis 
Visible seeds 

Apr-  May 
Apr-  Jun 
Jun 

Nova Scotia, 
Canada 

France, 49~ 

The Netherlands, 
51~ 

Visible floral buds 

Anthesis 

Visible seeds 

Flowering 

Flowering 

May-  Jun 
Apr 
May-  Jul 
Jun 
Jun-  Aug 
Jul 

May-Aug 

Jul-Sep 

Phillips et al. (1983b) 
Thayer et al. (1984) 
Phillips et al. (1983b) 
Thayer et al. (1984) 
Phillips et al. (1983b) 
Thayer et al. (1984) 

Jaeobs & Pierson (1981 ) 

de Cock (1981) 

Lake Flowering 
Grevelingen, NL Fruits, seeds 

Jun-Oct 
Jun-Oct 

van Lent & Verschuure (1994) 
i!  

Zos t e ra  
no l t i i  

Veerse Meer, NL Flowering 

Zandkreek, NL 

Vellerup Vig, 
Denmark 

Limfjorden, DK 

Oresund, DK 

Zandkreek, the 
Netherlands 

Flowering 
Fruiting 
Fruiting 

Flowering 

Flowering 

Flowering 

Flowering 

Jun-Oct 

Annual 
Jun-Oct 
Jul-Oct 

Apr-Jul 

Mar-Aug 

Apr-Dec 

Jun-Sep 

van Lent, & Verschuure (1994) 

van Lent & Verschuure (1994) 

Buia & Mazzella (1991) 

Sand-Jensen(1975) 

Olesen & Sand-Jensen (1994) 

Wium-Andersen & Borum 1984 

Vermaat & Verhagen (1996) 
Hootsmans et al. (1987) 
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Region IV- The Caribbean (Including Brazil) 
This region has a high diversity of seagrasses combined with some detailed phenology 

studies (Table 3-5). The species include Thalassia testudinum, Syringodiumfiliforme, 
Halodule wrightii, Halophila engelmanni, Halophila decipiens, and Ruppia maritima. 

Table 3-5. Records of seagrass flowering and fruiting from Region IV, Caribbean. 

SPECIES LOCATION 

Thalassia U.S. Virgin 
testudinum Islands 

PHENOPHASE DATE AUTHOR/S 

~fisible floral buds Apr - May ~ Phiilips et al. (198 i) 
Anthesis May " 
Visible seeds M a y -  Jun " 

Florida Visible floral buds Jan-  Jun Phillips et al.(1981) 
Flowering stalks mid Apr-Sep Moffler et al. (1981) 
Anthesis May - Jun Grey & Moffler (1978) 
Visible seeds Jun -  Jul Orpurt & Boral (1964) 
Seeds Jun Phillips et al. (1981) 
Seedlings A u g -  Sep Phillips et al (1981) 
Visible floral buds Apr - May Zieman (1982) 
Anthesis May - Jun Lewis & Phillips (1980) 

Syringodium 
filiforme 

Texas 

U.S. Virgin 
Islands 

Visible seeds Jun - Jul Phillips et al. (1981) 

Fiowers April ...... Johnson & Williams (1982) 
Seeds May " 

Florida Flowers May Lewis et al (1985) 
Zimmermann &Livingston (1976) 

Flowers Feb Lewis, R.R. (pers. com.) 

Halodule 
wrightii 

Halophila 
engelmanni 

'~,~tophaa 
decipiens 

U.S. Virgin 
Islands 

Florida 

Texas 

Texas 

Florida 

Florida 

'Florida ........ 

Flowers Mar -  Apr Johnson & Williams (1982) 
Seeds Apr " 

Flowers Jun Moffler & Durako 
(pers. com. 1982) 

Flowers M a y -  Jul Phillips et al (1974) 
Seeds Jul " 

Flowers Apr- mid-Jun McMilian i1976) L 

Male flowers Jun Short & Cambridge (1984) 

Seeds Jun Taylor (1928) 

FMwers Jul ' Taylor (1928) - 
Flowers Year-round den Hartog (1970) 

(peak Jan-Apt) 

Ruppia 
maritima 

Florida 

Seeds Jul Taylor (1928) 

Flowers Feb - Jul . . . . .  Phillips (1960)  
Seeds M a y -  Jul " 
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Thalassia testudinum (turtle grass) 
Field and reproductive physiology studies conducted under controlled conditions 

suggested that flowering in this species is related to the temperature progressions that follow 
winter minima (Phillips et al. 1981). Phenological analyses using five phenophases 
(minimum vegetative biomass, maximum vegetative biomass, initial appearance of visible 
floral buds, initial anthesis, initial appearance of fruits) did not show significant site 
differences that were related to latitude for any of these, but indicated that flowering may be 
nearly synchronous in Texas, Florida, and St. Croix (U.S. Virgin Islands, Phillips et al. 1981). 
There was much less latitudinal site variation in these sites as compared to those studied in 
eelgrass, for example, St. Croix 18~ Florida 30~ Texas 28 ~ (Phillips et al. 1981). 
Statistical analyses of one phenophase, the initial appearance of visible floral buds, and the 
temperatures antecedent to this phenophase, indicated that flowering in St. Croix is preceded 
by a significantly higher temperature progression than that in Florida or in Texas. The 
combined field and laboratory studies indicated that temperature responses for St. Croix 
plants were probably genotypicaUy different from those of Florida and Texas (Phillips et al. 
1981). 

Region V: Southwest  Atlantic (South America) 
No flowering recorded. 

Table 3-6 Reported phenology of the seagrass species in Region VI, Mediterranean. 

Species Location Latitude Flowering Fruits/  Reference 
~ seeds 

Posidonia ' Island of Ischia, Italy ' 40 Sep-? Dec-Apr Buia & Mazzella (1991)' 
oceanica (shallow) 

Island oflschia, Italy 40 Nov-? Feb-Jun Buia & MazzeUa (1991) 
(deep) 

Calvi Bay, Corsica 42 Oct-Jan Bay (1984) 

Cymodocea 25 Mar-Jul 
nodosa 

Zostera 
marina 

"Zostera 
noltii 

Can~ Islands 

Island of Ischia, Italy 
Cala Jonquet, Spain 
Antibes,Golfe Juan, 
France 
Trieste, Italy 

Cala Jonquet, Spain 
Venice lagoon, Italy 
Thau lagoon, France 

Venice lagoon, Italy 
Cala Jonquet, Spain 
Island of lschia, Italy 
Thau lagoon, France 
Thau lagoon, France 
Golfe Juan, France 
Lagoon of Venice, It. 

40 Apr-? 
42 Jun 
43 May-Jun 

45 Apr-May 

42 
45 
43 

45 
42 
40 
43 
43 
43 
45 

May-Jun 
Mar-May 
Feb-Jun 

iVlay-Oet 
May-Jun 
Jun-Aug 
Apr-Jul 
Mar-Apr 
May-Aug 
Aug 

Apr 

Jul-Aug 

June 

Aug 

Jun 

Reyes et al. (1995) 

Buia & Mazzella (1991) 
Marb~ et al. (1996) 
Caye & Meinesz (1985) 

Caye & Meinesz (1985) 

Marb~t et al. (1996) 
Sfriso & Ghetti (1998) 
Laugier et al. (1999) 

Curiel et all (1996) 
Marbh et al. (1996) 
Buia & Mazzella (1991) 
Laugier et al. (1999) 
Laugier et al. (1999) 
Loques et al. (1988) 
Sfriso & Ghetti (1998) 
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Region VI: Mediterranean (Including Black Sea and NW Africa) 
The Mediterranean is dominated by Posidonia oceanica. Posidonia has hermaphrodite 

flowers on an inflorescence spike (den Hartog 1970). The seeds develop as monocarpic fruits 
(Table 3-6). Posidonia oceanica has low flowering frequencies and sets few seeds (Buia and 
Mazzella 1991). 

Cymodocea nodosa has been recorded flowering frequently in the Mediterranean, usually 
in spring, with fruits and seeds produced in summer. 

Region VII: Southeast Atlantic (West Africa) 
No flowering recorded 

Region VIII: South African 
No flowering recorded 

Region IX: Indo-Pacific (East Africa and South Asia to Eastern Pacific) 
Lewmanomont et al. (1996) reported the occurrences of seagrasses in Thailand, with any 

incidences of flowering, including those for Syringodium isoetifolium, Halophila ovalis, 
Halophila decipiens, Thalassia testudinum and Enhalus acoroides. There were no flowers or 
fruits reported for Halodule pinifolia, Halodule uninervis, Cymodocea rotundata, Cymodocea 
serrulata or Halophila minor. All published literature accounts of seagrasses in this region 
are summarised in Table 3-7. 

Table 3-7. Reported seagrass phenology in Region IX, IndoPacific. 

Species . . . . .  Location Lati-tude Flowenng "Fruits/ . . . .  Refe~ce 
~ seeds 

Ha~lophila Gulf of Thaiiand and 7-12 01~ Oct ~ " O c t  Lewmanon 
beccarii Adaman Sea, Thailand 

nalophila 
capricorni 

Halophila " Southern India ' --8-'9 ~ 
decipiens 

Lomont et al. i 1996) 

Coral Seal Australia . . . .  23 '~ 30' Sep-]-'an Sep-Jan Larkum (1995) 

Parthasarathy et al. (19'88) 

Gulf Of Thailand and 7-12 ~ Apr 
Adaman Sea, Thailand 

Apr Lewmanomont et al. (1996) 

n lophil  

South Sulawesi 5 Aug -Nov Aug -Nov Verheij and Erftemeijer (1993) 

"Tropics" "all year" "all year" Den Hartog (1970) 
ovalis 

M toph t  
tricostata 

Halodule 
uninervis 

South Sulawesi 

Gulf Of Thailand and 
Adman Sea, Thailand 

Fitzroy island, " 
Queensland 

Papua New Guinea 

5 Aug-Dec Aug-Dec 

7-12 ~ Jan-May Jan-May 

.... i6 ~ 56' Sep-Oct ' Dec-Jan 
germination 

. . . . . .  in May-Ju n 
9 Jun-Dec Year round 

Verheij and Erfiemeijer (1993) 

Lewmanomont et al. (1996) 

Kuo et al. i 1993) . . . . .  

Brouns (1985) 
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Table 3-7 (continued). Reported seagrass phenology in Region IX, IndoPacific 

-Species Location " Latit@e Flowering Fruit/seed Reference . . . . .  
Thalassodendron Papua"New Guinea" 9 Oct . . . . . . . .  ]3ro'uns (1985') 
pachyrhizum 

_ 

Zostera 
capricorni 

acoroides 

�9 Moreton Bay, " 27 ~ 35' sept-Apr Sep-~kpr Conacher et ai. (i994) 
Queensland 

Nortlaem Australia 10-12 ... . .  Conacher  

Gulf Of Thailand and 
Adaman Sea, Thailand 

Johore Malaysia 

7-12 ~ Almost all Almost all Lewanamont et al. (1996) 
year year 

1 ~ Mar-Jun Mar onward Ethirmarmsingam (1996) 
(all year) (all year) 

South Sulawesi 5 All year 

Lombok-Indonesia 9 Jun-Oct 

II 

All year 

Jun-Oct 

Verheij and Erftemeiyer (1993) 

Kiswara (1996) 

Cymodocea 
angustata 

C. serrulata 

C. rotundata 

Thalassia 
hemprichii 

Papua New Guinea 9 

Nortla'-west Australia 16 

Year round Year round 
Peak Peak- 
pollination Apr-Aug 
Mar-Aug 

Papua New Guinea 9 

Papua New Guinea 9 

Lombok-lndonesia 9 

Brouns and Heijs (1985, 
1986) 

McMilian et ai. (1982) 

Mar-Jul Year round Brouns (1987) 

Year round 

Sep-Oct 

Nov 

Mar, Jun, 
Jul,Sep- 
Dec 

South Sulawesi 5 Nov 

Green Island, Qld, 
Australia 

Gulf of Thailand and 
Adaman Sea, Thailand 

16 

7-12 ~ not found 

Feb-May 
and Aug- 
Dec 

Jul 

almost all 
year 

Sep-Oct 
Feb-May 
and Aug- 
Dec 

Lombok-Indonesia 9 

South Sulawesi 5 

Kiswara 1996 

Verheij and Erttemeiyer 1993 

Kuo et al. 1991 

Lewanamont et al. 1996 

Kiswara 1996 

Verheij and Erltemeijer 1993 

Syringodium 
isoetifolium 

Papua New Guinea 9 

,~danaan Sea, Thai. 7-9 ~ 

South Sulawesi 5 

Papua New Guinea 9 

Ruppia maritima Gulf of Thailand and 7-12 
. . . . . .  Adarr~. an Sea~ Thai!and . . . . . .  

Jun- Jan May- Feb 

Jan- Mar 

Aug- Dee Aug- Dec 

Aug - May All year 

All year All year 

Brouns 1985 

Lewanamont et al. 1996 ..... 

Verheij and Erttemeijer 1993 

Brouns and Heijs 1985 

Lewanamont et al. 1996 
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Region X: South Australia 
In contrast to Posidonia oceanica, Posidonia australis flowers frequently and produces 

large numbers of seeds (Figure 3-1). Flowers of P. australis are held above the canopy 
whereas those ofP. sinuosa are below the canopy (Cambridge and Kuo 1979). Members of 
the ostenfeldii group of Posidonia also produce flowers and fruit (Orth 1999). Despite the 
extent of seagrass studies particularly in Australia, much of this work has been focussed on 
distribution, biomass and productivity. Many observations of flowering are anecdotal, and 
the literature often does not contain the detailed sequence of flowering (Table 3-8). 

Table 3-8 Reported seagrass phenology in Region X, South Australia. 

Species .... Location Latitude Flowering Fruits/ Reference 
~ seeds 

Halophila "Tropics" ' ' All year 
ovalis 

All year ' Den Hartog (1970) 

Swan River, WA 32 Nov-Jan J a n - A p r  Hillman et al. (1995) 

Dongara, WA 31 ~ 

Heterozostera Western Australia 3} 
to~manica 

Posidonia - ' Western Australia 28-34 

' Amphibolis 
antarctica and 

A, griffithii 

Southern'Australia 26-38 

Thalassodendron Whitfords, WA " 32 
pachyrhizum 

Syringodium ....... Rottne'st i'"sland, '"32 .... 
isoetifolium WA 

Summer summer Kuo and Kirkman (1992) 

Initiation - McComb et al. (1981) 
Aug 
Anthesis 
Nov 
IndueedApr- N0V-Feb" Cambridge and Kuo (i979), 
May Kuo and Cambridge (1984), 
Anthesis Sep Hocking et al. (1980) 

InducedMay June ...... Verduin and Wall~er (in 
Anthesis Oct press), Smith and Walker (in 

prep) 

Feb-Apr Apr-Jun .... Kuo and Kirkmar~ (1987) 
Released 
Oct-Jan 

Dec-Mar " All year " Waiker (pers'. obs.) . . . . .  

Ruppia Wilson Inlet, veA 35 - Dec . . . . . .  Variable - Carruthers 1998 
megacarpa peaks in 

Aug-Oct . . . . . . . . . . . .  

I !~  Methods 

Preliminary indications of flowering may be obtained from aboveground biomass 
sampling (Chapter 7), and this may provide an adequate representation of flowering 
incidence in species such as Zostera, where flowering is abundant, and sampling frequent in 
space and time. Other species are more difficult to sample for their detailed phenology as the 
incidence of flowering is much lower. 

Detailed phenology sampling requires either random shoot collection, usually of at least 
100 shoots over a 100 m 2 area, at frequent intervals dependent on the timing of the 
reproductive cycle, but at least weekly. Alternatively, if flowering incidence is higher, or once 



74 Walker, Olesen and Phillips 

the detailed timing has been established, densities of  flowers can be established by counting 
the number of  inflorescences relative to number of shoots within a quadrat (we suggest at 
least 20 cm x 20 cm) along a transect. This can be carried out on a grid system (Waycott 
1995). For example a large 10m by 10m grid system is established with cross connections to 
produce lm x lm divisions. Within this fixed location, quadrat samples can be taken. 

Intertidal collections are obviously easier than subtidal collections but the difficulty of  
examining shoots in the field while plants are fiat on the sediment surface may make it harder 
to see small flowers. 

Conclusion 

The extent and timing of  flowering in seagrasses worldwide is particularly variable, both 
between species, and between locations. This makes generalisations across the world's 
oceans less than useful. In general, flowering in the tropics is a year round phenomenon but 
with variations in intensity related to location. In temperate regions, flowering often occurs 
in spring, but the timing of  the whole reproductive cycle varies particularly with both species 
and location. What clearly emerges is that many aspects of  seagrass reproduction require 
much more detailed investigation. In particular, more research is needed into: 

�9 Triggering of flowering, especially environmental triggers and physiological cues 
�9 Relationships between flowering and depth 
�9 Predation of flowers, fruits and seeds 
�9 Success of  pollination 
�9 Buoyancy and dispersal 
�9 Seed banks where present 
�9 Recruitment biology ofseagrasses 
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Chapter 4 

Standards for seagrass collection, identification and 
sample design 

David M. Burdick, Gary A. Kendrick 

I ~  C h a p t e r  Object ive 

To present both established and relatively new techniques to assess the condition of 
seagrass beds. To review study design frameworks to further basic as well as applied 
research. The methods described provide the basis for a standardized approach that will 
enable information from around the globe to be compared and analyzed. 

O v e r v i e w  

Biological collections and measurements have been undertaken throughout history. The 
amount of information about natural seagrass ecosystems is increasing rapidly; advances in 
technology for collecting, recording and storing information have occurred at the same time as 
human impacts to seagrass beds have increased worldwide. This chapter is designed to make 
you as a seagrass researcher stop and think before launching into a field or laboratory research 
program. 

A wide range of sampling, record keeping and statistical design issues are addressed. 
First, we describe methods for field collections, voucher specimens, and photographic 
records, fundamental to ecological interpretations as well as management. Next, sampling 
approaches are presented to complement the question and research program; we continue 
with representative sampling and experimental design. We introduce the concept of pilot 
studies and measurement of statistical precision to determine sample size. Sampling designs 
are presented with a focus on those that are capable of determining the effect of disturbance 
on marine benthic communities. We do this to demonstrate the need for logic in clearly 
stating a research question as well as the underlying assumptions. 
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Field Collections 

4.3.1 Objective 
To present guidelines for collecting representative samples of seagrass habitats. Field 

collections form the substance of any investigation. 

4.3.2 Description 
Field collections may range from simple observations made along a beach to detailed 

underwater sampling programs that could include physiological measurements to large-scale 
surveys utilizing remote sensing. Defining the exact location of the collection is important, 
and relies on maps or geographic positioning systems (GPS). In addition, collections often 
include environmental parameters such as water temperature, salinity, water depth, current, 
etc. that help establish conditions at the time of the effort. 

Specimens that document existing conditions serve as vouchers, and in the case of new 
taxa, serve as type specimens. Collections may include all aspects of the environment or be 
limited to narrow groups of species (e.g., seagrasses), depending upon the goals of the study. 
Our focus will include seagrasses and other species in the seagrass ecosystem, including plant 
and animal epiphytes on seagrasses and associated macroalgae. 

Not only do collections serve as baseline data, they may provide the only information 
characterizing a habitat or establishing the existence or condition of a species in an area. 
Archived specimens also provide important clues about the ecology of the species and region. 
For example, once the necrotic patches on eelgrass caused by the wasting disease were 
characterized in the 1980s, herbarium collections of this species provided an important look 
back into the historical distribution of the disease (den Hartog 1989). 

a. Representative sampling 
Although specific goals and resources for a particular project will determine the sampling 

program, some general guidelines follow. Collections must be carefully labeled and 
accompanied by a permanent notebook that includes all the information associated with the 
sample. A portion of the collection is pressed and dried for preservation in a herbarium. 
Some of the labeling information will be included on the herbarium sheet for the sample, other 
portions may be transferred to a permanent book indexed to the sample and stored in the 
herbarium. 

If a particular species of seagrass is the focus of a study with the goal of determining its 
distribution in a region, collections from as many sites as practicable are sought. The entire 
plant (Figure 4-1) should be collected or, if clonal, a portion that includes all organs (leaves, 
roots, rhizomes, reproductive portions) in as many developmental stages as possible (buds, 
flowers, seeds). Seasonal changes in distribution for non-perennial species or at species range 
limits may be warranted. 
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Studies that examine a seagrass community response to environmental factors should 
include many sites where the response is expressed, including epiphytes or free-living plant 
associates Collections that include the entire range of such responses are more likely to 
improve our understanding of seagrass ecology Seasonal changes in environmental factors 
indicate seasonal sampling is necessary Seasonal factors that may be important to the 
distribution or form of seagrasses include temperature, salinity, water transparency, nutrient 
levels, the presence and abundance of epiphytes, and the abundance and activity of grazers 

Figure 4-1 The parts of a seagrass plant labeled on a drawing of 
Cymodocea serrulata Drawing by Ruth Berry (Queensland DPI) 

If a characterization of the entire plant community within the seagrass meadows is desired 
for an area, then each seagrass species and its associates are collected Seagrass may be 
preserved individually, or as found in nature (seagrass with algal and animal epiphytes 
attached) Field guides and taxonomic keys describing seagrasses (Chapter 2) and algae for 
the region are useful and are often required for correct identification In addition to a written 
description, a record of the interrelationships of the organisms as they exist within the 
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meadow can be made underwater using a still or video camera. A discussion of the uses and 
limitations of underwater photography is given by George (1980). Such images can be 
digitized and stored inexpensively and kept as an important component of the collection 
(Section 4.4.3b). Environmental variability and rapid advances in imaging technology 
preclude definition of a specific protocol at present. 

Ecological studies to assess environmental impacts to seagrass species or habitats are 
often undertaken. However, they must be designed carefully and often entail sampling 
diverse metrics to estimate the health of species and the entire meadow community. Some 
examples of impacts are given by Thayer et al. (1975) and Phillips (1984). Sampling design 
issues and metrics for such studies are addressed later in this chapter. 

b. Identification 
Identification of seagrasses and their associated plants and animals can sometimes be 

performed in the field, but new species can be encountered and samples are often required to 
provide a type specimen. A multitude of floras (Frodin 1984), invertebrate lists and field 
guides exist for specific regions, but the wide variety of plants and animals inhabiting seagrass 
beds can make identification difficult. There are two major texts that describe seagrass 
species worldwide (den Hartog 1970, Phillips and Mefiez 1988). In addition, several World 
Wide Web sites have global and regional taxonomic information: 

http://www.botany.hawaii.edu/seagrass 
http ://possum.murdoch.edu.au/--seagrass/waseagr.htm 

http://www.state.fl.us/gfc/psm/habitat/grassid.htm 
http://www.ibss.iuf.net~lacksea/species/flora/seagrass/seagrass.html 

http://www.seagrass.unh.edu 

L ~  Creating a Permanent Record 

4.4.1 Introduction 
All studies must be based on physical evidence, and the value of archived records to 

future workers cannot be known today. If stored properly, specimens, images and data sets 
with clear, complete documentation will provide a record that not only supports published 
reports, but increases in value over time. 

4.4.2 Objective 
To describe methods for creating permanent records of seagrasses and related data. 

4.4.3 Description 

a. Preservation and storage of plant samples in a herbarium 

Few readily available references are devoted to describing the methods for creating a 
permanent record of plant specimens for a herbarium archive (Smith 1971, Keiser 1974, 
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Robertson 1980). However, many texts that are more general include sections on collection 
methods, with some texts specific to marine botany (Taylor 1957, Dawes 1981). The general 
idea is to fix and dry the specimen before it can change or decompose. 

Most seagrasses may be pressed fresh, without chemical preservation. The sample is 
rinsed in fresh water (requiring only several seconds) and blotted dry on newsprint or blotter 
paper before pressing. Some delicate species (e.g., Halophila tricostata) are damaged by 
blotting or collapse in fresh water, and may be pressed directly from salt water. A portion of 
any algae associated with the seagrass may be fixed in a 3% formaldehyde solution overnight 
prior to rinsing and pressing as described in Taylor (1957) and Dawes (1981). 

Press the plants using white paper and newsprint between blotters that are separated by 
ventilation boards. Label the sheet enclosing the specimen so it corresponds with the 
information in the field notebook. The ventilation boards are simply corrugated cardboard 
sheets, cut to the size of the press, that facilitate drying by allowing air movement through 
the press. Blotters should be changed daily; heat or fans can also accelerate drying. Once 
dry, place and affix the specimen on herbarium paper (high rag content) using plastic adhesive 
(white glue or herbarium paste) or acid-free tape. Some sources recommend funaigation of the 
dried, pressed specimens so they are not attacked by fungus or insects. A container larger 
than the press will expose many specimens to the fumigant (napthalene as mothballs is 
commonly used) as they are sealed within the container ovemight (Smith 1971). Place as 
complete a notation as possible in the lower comer of the mounting paper (Figure 4-2). 

Figure 4-2. Example of a herbarium mounted specimen: 
Halophila spinulosa from Queensland, Australia. 

Herbarium sheet should contain as much of the following 
information as possible: 

Species name, including author(s) 
Common name(s) 
Collection site 

(local place name, latitude and longitude to seconds) 
Collection date 
Collector and contact information 
Identifier and contact information 
Gross morphological measurements 

(leaf length, width, number of spathes and seeds, etc.) 
Ancillary information: 

(associated species, sediment char~teristics, etc.) 
Cross reference to associated records (e.g., digital images) 

In addition to the pressed specimen, anatomists and taxonomists prefer a portion of the 
specimen be preserved in 3% formaldehyde or gluteraldehyde in seawater for seagrass and 
algae samples, or 70% ethyl alcohol for animals, and sealed in a jar for long-term storage 
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(Abbott and Dawson 1978). Other types of permanent collections may be valuable; the most 
common include thin sections and dried plant material. Thin sections of specimens are 
mounted on slides as described by Wilce and Sears (1998) and Dawes (1981). These authors 
indicate media must be added periodically to prevent desiccation of the samples. Seagrasses 
may be cleaned, separated into organs (leaves, reproductive portions, roots and rhizomes), 
dried (<50 ~ C), and stored with a desiccant for later analyses, such as nutrient and elemental 
composition (Brix et al. 1983, Short 1990, Chapter 20), or DNA analyses (Bird 1998, 
Chapter 6). 

Locating a permanent, safe place where samples may be stored and retrieved conveniently 
is an important consideration. The Smithsonian Institution has a permanent site for 
preserving and archiving voucher seagrass specimens. Properly prepared and documented 
vouchers which are type specimens, or which document the seagrass species assemblage of an 
area, may be sent to the International Seagrass Herbarium at the Museum of Natural History, 
Smithsonian Institution, Washington, DC 20560-0166, USA. Other herbaria are listed in the 
Index Herbariorum (Holmgren et al. 1990) as well as at the following web sites: 

http://www.helsinki.fi/kmus/botmus.html 
http ://www.nybg. org/bsci/ih/ih.html 

b. Photographic and digital records 
For most purposes, a well-preserved specimen is preferred over an image. With the 

actual specimen in hand, confidence increases in both the correct taxonomic naming of the 
specimen and measurements taken from the specimen. However, there are times when an 
image may be more useful than a specimen. The specimen may change in appearance (color, 
size) over time, or parts may be lost (seeds). For example, curling of the distal margins of 
leaves may introduce uncertainty to leaf width measurements. Certainly, a photographic 
record may be more available to a greater number of researchers. 

Photographs of specimens as well as environments may now be created in digital format 
as still images or video sequences, and preserved on disk. An excellent example is provided 
by Morris et al. (2000) who document transects of seagrass beds containing seven species, 
including Halophilajohnsonii in the Indian River Lagoon, Florida using video as part of their 
monitoring program (Virnstein and Morris 1996). Upon return from the field, images of the 
specimen can be taken and stored using digital or film camera, digital scanner, or color 
photocopier. All photographic records can be digitized and should be linked to preserved 
specimens stored in a herbarium. With access to a server for the World Wide Web, these 
images can be made available the world over (e.g., http://www.fiu.edu/~seagrass). Larger 
educational and research institutions may have a computer system dedicated to sharing 
archived images. 

! ~  Sampling Questions and Approaches 

4.5.1 Objective 
To present a variety of sampling approaches, depending upon the goal of the project and 

the questions to be addressed. 
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4.5.2 Description 

a. What are the types of  questions most likely driving a sampling effort? 
New information about seagrasses is sought from both applied science (management) 

and basic science perspectives. Management questions tend to focus on baseline studies and 
impacts to beds that range from a minor perturbation to major disturbance and that stem 
directly (oil pollution) and indirectly (invasive, competing species) from human activities 
(Table 4-1). Any projects involved with habitat restoration also require assessment for 
management. In contrast, basic science questions include phytogeography, all levels of 
ecology, and other biological disciplines from systematics to evolution. 

Table 4-1. Types of questions driving field research activities. 
. . . . . . . . . . . . . . . . . .  

MANAGEMENT INQUIRIES 

Baseline studies 
General survey of distributions and habitats 
Habitat creation, restoration, enhancement 
Seagrass health 

Impacts 
Physical, mechanical damage 
Shading 
Hydrology 
Oil pollution 
Excess Nutrients 
Biological 
Disease 
Invasive species 

SCIENCE INQUIRIES 

Phytogeography 
Ecology 

Landscape 
Ecosystem 
Community 
Population 
Physiological 

Biology 
Developmental 
Systematic 
Molecular 
Biochemical 
Evo!utionary . . . . .  

b. What types of  approaches are best suited to such questions? 
There are a limited number of approaches and scales to sampling seagrass beds, since these 

habitats are usually sub-tidal and can extend beyond the range of SCUBA. Sampling 
approaches range from simple collections along the drift line of beaches to SCUBA collections 
at specifically assigned plots, video recording along permanent transects, and satellite imaging. 
Table 4-2 links four major sampling approaches with different types of collections needed for 
seagrass investigations and with chapter locations further describing these collections. The 
remainder of this chapter will focus on sampling designs and issues that are most clearly 
associated with underwater surveys designed to address management inquiries. However, the 
points can be adapted and applied to the approaches listed under Science Inquiries in Table 4-1. 

[ ] ~  Sampling Design Issues 

4.6.1 Objective 
To present sampling designs adequate to describe the ecosystem with levels of accuracy 

and precision useful for science and management. 
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4.6.2 Descr ipt ion 
Sample design pertains to the choice of where and when to sample. In contrast, 

experimental design pertains to the selection and arrangement of treatments (Section 4.7). 
Sample design choices are made to describe the ecosystem with levels of accuracy and 
precision so that knowledge may be gained. Hypotheses may be developed and tested 
regarding patterns or responses to specific impacts (Underwood 1991, Osenberg and Schmitt 
1996). Alternatively, confidence intervals may be established to estimate effects and guide 
decision-making (Stewart-Oaten 1996). Pilot studies are employed to inform and guide 
sampling design decisions. 

Table 4-2. Sampling approaches and the types of collections. 

APPROACH' COLLECTIONS CHAPTER 
PLANT COLLECTIONS Type specimens This Chapter, Chapter 2 

UNDERWATER SURVEYS 

PHOTOGRAPHY 

Developmental condition Chapter 3 
Morphological condition This Chapter 
Plant material " 

Percentage of cover 
Abundance 
Density of shoots or plants 
Morphology 
Reproductive condition 
Production: biomass, C uptake 
Associated algae: epiphytic algae 

macroalgae 
Animal populations/grazing 
Decomposition 
Environmental variables 

Seagrass species 
Habit and structure of beds 
Seagrass habitat documentation 

Chapter 7 
tl  

It  

Chapters 6 and 7 
Chapters 3 and 6 
Chapters 7 and 8 
Chapter 10 
Chapter 11 
Chapters 12, 13, 14 and 15 
Chapter 16 
Chapters 17, 18, 19 and 20 

This Chapter 
tt  

This Chapter, Chapter 5 

REMOTE SENSING Extent of habitat Chapter 5 

a. Pilot studies 
Pilot studies are small quantitative assessments of the efficacy of the methods to be 

employed in a larger experimental or mensurative study. Pilot studies identify gradients and 
patchiness and address the shape and area of sampling units, the number of replicate samples 
and the variables to be sampled. Although pilot studies are rarely published separately from 
the main study, they establish the ability of the study to address the underlying biological 
questions. In this section, we address the value of pilot studies for improving statistical 
precision and power to detect change in seagrass systems. Further readings can be found in 
Andrew and Mapstone (1987), Kirkman (1996), Underwood (1997) and Short et al. (2000). 

b. What information should be collected? 
Clearly, the types of information that need to be collected depend upon the sampling 

question, but are also limited by the approach to the question. Hence, the types of 
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collections are addressed by chapter according to approach (Table 4-2). Since every variable 
of potential interest cannot be measured, a set of conditions and organisms, indicators of 
ecosystem health or impacts, must be selected. When selecting from several competing 
indicators, error relative to effect size provides a useful consideration (Short et al. 2000). 
Alternatives to harvesting, including non-destructive techniques to estimate important 
indicators such as aboveground biomass, should be considered; several estimation methods are 
discussed in Chapter 7. Most often, investigations will benefit from more than one type of 
information. For example, a survey to detect changes in an entire seagrass community could 
include this combination of approaches: plant collections for herbaria; a photographic record 
of the beds; and a quantitative underwater survey of the relative abundance of each seagrass 
species present. Monitoring programs also must consider different sampling scales in 
selecting methodologies; an excellent review is given by Vimstein (2000). 

c. H o w  are gradients incorporated into sampling? 
The distribution of seagrasses is largely influenced by environmental gradients in depth, 

light availability, water clarity, temperature, current speed, salinity, etc. Given that 
seagrasses are often found in estuaries and shallow coastal areas where gradients are steep, 
studies should include the variability in seagrasses associated with major gradients through 
sample design or by collecting ancillary environmental information. For example, if 
production in a seagrass community is being assessed and production varies with depth, 
sample collection could include a similar number of replicates at each of three depths 
(Chapter 7), referred to as stratified sampling. In this case, sampling is stratified by depth. 
Alternatively, the depth relative to mean water level could be measured at each sample 
location, providing a regression variable (covariable). Similar adjustments can be made to 
sampling designs to account for temporal (e.g., seasonal) variation. 

d. How is patchiness addressed? 
Dramatic variability can occur in seagrass habitats often without apparent environmental 

gradients. Choices in sampling may be made to exclude or include the variability or to 
specifically examine the patchiness. For example, if standing crop of a seagrass 
community needs to be determined and a preliminary examination of the survey area shows 
dense beds interspersed with bare patches, different sampling design alternatives yield 
different information. Underwater assessments using harvesting or estimation often avoid 
bare patches and results are presented in terms of standing crop within beds (excluding 
spatial variability). By adding aerial photography to the design, the areas of dense beds and 
bare patches can be quantified. Now the standing crop results can also represent the area as a 
whole, multiplying the mean standing crop by the ratio of bare patch area to meadow area, 
assuming bare patches have zero standing crop (specific examination of patchiness). 
Another way to deal with patchiness is to adjust the sample size to include it, and then ignore 
the patchiness when selecting sampling sites. For instance, if the sampling unit is 5 to 10 fold 
larger in area than the average patch size (or 2 to 3 fold longer than average patch length), the 
measurement of mean standing crop will reflect the variability without losing precision 
(including spatial variability). If the spatial variation (patchiness) is hopelessly larger than 
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the typical size of sampling gear (5 m 2 patches to be sampled using 0 25 m 2 gear), then sub- 
sampling is appropriate Instead of harvesting one 25 m 2 plot as a sample, place the 0 25 m 2 
gear in the center of the selected site and sample Then repeat sampling with the outer edge 
of the sampling flame exactly 2 8 m (the radius of a 25 m 2 circle) from the center at each 
cardinal compass heading (Figure 4-3) These five harvested areas are sub-samples of the 25 
m 2 area, and are averaged to produce one replicate, accounting for the patch size, yet limiting 
the sampling to a total of 1 25 m 2 

Some data collection efforts will include species number or diversity of seagrass, 
associated algae or faunal components A preliminary study using species area curves or 
sample adequacy graphs is recommended to determine sample plot size and number (Kent 
and Coker 1986) An area of seagrass is selected that is characteristic of the site and the 
minimum plot size desired is used to collect a sample (e g,  0 25 m 2) A similar plot 
immediately adjacent to the initial sample is censused, followed by an adjacent area twice the 
size of the first, then twice the size of the last Sampling is continued until the sample area 
becomes too unwieldy (e g,  16 m 2) For a species area curve, plot the total number of 
species by the area of each plot plus the area of all the preceding plots The curve will rise 
steeply and then begin to level off at larger plot sizes Specie area curves work well for 
seagrasses due to the small number of total species, but an upper limit (90% of species) will 
have to be chosen for surveys of associated algae or fauna The proper plot size and number 
of replicates to characterize the species richness or diversity of a site can then be determined 
given the level of precision required for the study This procedure may need to be repeated if 
sites vary widely in character (e g ,  substratum changes from mud to coral reef) 

Figure 4-3 Sampling design strategy to include large scale spatial variability in seagrass beds 
(patchiness) resulting in five sub-samples that are averaged to yield one replicate sample 

e. Prec i s ion  
Scientists strive to improve the accuracy of their measures used to estimate actual, 

true values, by reducing bias and improving precision (the closeness of repeated 
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measures to the same quantity). To show a difference of a specified magnitude, 
selection of the optimum physical size of a sample (above), as well as selection of the 
sample size (number of replicate samples), are important considerations. Generally, 
most statistical techniques for determining the optimum number of samples require 
some prior knowledge of the expected minimum detectable difference (MDD) 
between treatments. Bros and Cowell (1987) designed a method for determining 
MDD using differences in precision of the mean standard error (SE) for a range of 
sample sizes. The mean standard error is determined from multiple random draws 
from a large pool of quadrats. This method has limitations in that it initially requires a 
large number of samples for the random draws, but its strength is that no prior 
knowledge is required of t~e potential treatment effects. 

f. Statistical Power 
An altemative to improving precision, shown above, is to assess a priori the 

power of the planned statistical design, although this requires knowledge of the 
expected effect size. In the context of interpreting an experiment, a Type I error, the 
chance of reporting an effect when none actually exists, is nominally limited to 0.05, 
or 5%, by scientists, and is recognized as a. Limiting errors of commission with tz 
has worked well for basic research, but errors of omission can be just as important for 
decision making by natural resource managers (Underwood 1997). A Type II error is 
made when it is concluded that no influence of treatments has occurred, even though 
one has; the probability of this error occurring is determined by B. Scientists can 
control errors of omission through power analysis. The power of a statistical test is 
defined as 1 - 13. That is, power is the probability of rejecting the null hypothesis 
when it is false and should be rejected. High power (close to 1) corresponds with a 
low risk of a Type II error, and low power (close to 0) corresponds to a high risk. 
Fairweather (1991) clearly described Type I and II errors in relation to environmental 
disturbances in a decision matrix (Table 4-3). The way to reduce both types of errors 
simultaneously is to increase the sample size (Underwood 1997). 

Table 4-3. Statistical outcomes in relation to detecting environmental disturbance through 
a hypothesis-testing approach. From Fairweather (I991) and Toil and Shea (1983). 

State of DISTURBANCE 

environment NONE 

Predictions or conclusions of study 

DISTURBANCE NONE 

Correct (l-m) Type II error (B) 

Type I error (tx) Correct (l-B) 

The difference between the null hypothesis and the specified alternative hypothesis is 
termed effect size, the magnitude of the effect that researchers wish to detect (Cohen 1977, 
Toft and Shea 1983, Underwood 1997). For example, a new outfall is proposed in a seagrass 
habitat, supporting an estimated density of 100 shoots m -2. The outfall discharge may cause 
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Example of Determining MDD 
An example is presented on how to establish the minimum detectable difference (MDD) for % 

cover of seagrass using the method of Bros and Cowell (1987). Percent cover of seagrass was 
determined from 50 quadrats, 0.04 m 2 in size, selected randomly from a transect through a patchy 
seagrass meadow. For sample sizes of 2, 4, 6, 8, 10, 20, 30, 40 and 50 quadrats, 10 random draws 
from the 50 quadrats were made. For each random draw, the standard error (SE) was determined. The 
mean SE from the 10 random draws was then calculated and plotted (Figure 4-4). The plot shows that 
for between 2 and 20 replicate ( uadrats, the range of SE decreases dramatically. 
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Figure 4-4: Maximum, minimum and mean SE of  % cover for a range of  sample sizes from 2 to 50. 
Standard errors were determined from 10 random assortments of the original 50 quadrats for each 
sample size. 

�9 The minimum detectable difference (at the 5% level of significance with 80% power) is based upon 
differences in precision of the mean SE for each sample number. Using the degrees of freedom at a 
particular sample number, critical t-values were selected from t-value tables for both 0.05 (a set at 5%) 
and 0.20 03 set at 80% power), using 2-tailed tests. These t-values are entered into the following 
formula in order to determine the minimum detectable difference: 

MDD(%) = [(0.20 critical t-value + 0.05 critical t-value) x mean SE for sample size] x V2. 

The optimal sample size is chosen from an acceptable minimum detectable difference in mean % cover 
between transects and the cost of sampling. For the example, twenty quadrats from each transect 
would give a minimum detectable difference between transects of 25% seagrass cover (Figure 4-5). 
Choice between the sensitivity gained versus the time and overall cost of the sampling remains with 
the researcher. 
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Figure 4-5 Change in Minimum Detectable Difference with increase in the number of replicate 
quadrats taken from a single 50 m long transect through a patchy seagrass meadow. The time required 
for sampling and analysis increases constantly creating a trade.offbetween sample number and cost. 
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a change in seagrass shoot density. Based upon previous studies, the predicted change in 
seagrass density is estimated at approximately 10% (i.e., a decrease in density to 90 shoots 
m -2) during the first three months of discharge. However, the polluters claim that there will 
be no detectable disturbance to the seagrass. So their null hypothesis states, after three 
months, H0: shoot density = 100. The alternative hypothesis, based upon previous studies, 
specifies that after three months there will be a minimum difference of 10 shoots m "z, HA: 
shoot density <90. This is the effect size (Underwood 1997). The larger the difference you 
try to detect or the stronger the effect of a disturbance, the more easily it can be detected and 
the greater the power in a given test (Toft and Shea 1983). 

Power analysis has been used to design sampling for seagrasses (Heidelbaugh and Nelson 
1996) and soft bottom micro-benthos (Kendrick et al. 1996). Heidelbaugh and Nelson (1996) 
sampled above-ground and below-ground biomass, density and % cover of Halodule wrightii 
in cores and quadrats. They examined the minimum number of replicates needed for such a 
study, at powers of 0.75 and 0.90, for detection of 10% or 50% differences in means (effect 
size), with a-0.05 (Type I error). The number of replicates needed to detect a given 
difference in the seagrass cover was lowest for density and highest for below ground biomass. 

Statistical power has recently been touted as synonymous with scientific rigor. It is not, 
and unless carefully used can result in inappropriate designs for descriptive and experimental 
studies. The power of the test is heavily influenced by sample variance, and thus, minimum 
detectable difference. Statistical software is available that supports power analysis (Lenth 
1987, http://www.stat.uiowa.edu/-rlenth/Power/). 

An alternative to statistical power analysis that has much support among statisticians is 
the use of confidence intervals, for example the 90% confidence interval (Stewart-Oaten 
1996). The outcome of a significance test is the dichotomous decision whether or not to 
reject the null hypothesis. Often the null hypothesis is not rejected, a statement of no effect, 
which leaves us with very little information. Most scientists are interested in the size of the 
effect, which is best interpreted using confidence intervals (see Kendrick et al. 1996 as an 
example). Therefore, even when the effect is notconsidered statistically significant, the data 
can provide useful information when interpreted using confidence intervals. 

g. When and where should sampling be performed? 
Assuming a sampling size and effort level have been chosen that address precision and 

power based upon the variability of the study subject and area, the selection of sample sites 
needs to be made. There are real trade-offs and much controversy regarding the use of 
permanent sampling stations or transects versus random, unmarked locations (Green 1979, 
Stewart-Oaten et al. 1986, Underwood 1992). With the advent of sub-meter location 
accuracy for GPS, re-sampling at permanent stations is becoming less difficult. That is, 
installation of permanent markers that impact plants, animals, and human activities, and that 
may degrade over time, is no longer essential for establishing permanent plots. 

Random sampling ensures independence among sample replicates in space and time. 
However, a sampling effort that dictates samples are collected in a random fashion over time 
requires a re-randomization process for each sampling period and needs to explicitly account 
for strong gradients. Therefore, random designs often include strata to ensure that an equal 



92 Burdiek and Kendrick 

number of samples are collected in each category of a gradient. Alternatively no strata are 
used, but a variable describing the gradient is collected and that source of variation is removed 
through the use of a covariable when analyzing the data. 

With permanent plot designs, samples taken at the same sites over time are unlikely to be 
considered true replicates; the data must be analyzed as a repeated measures design (Lanyon 
and Marsh 1995). Further, if plots along transects are to be considered replicates, they need 
to be spaced randomly or distant enough so that adjacent plots are practically independent of 
one another (i.e., conditions at one plot have no bearing on conditions at an adjacent plot). 
An auto or serial correlation test can determine whether samples within transects can be 
considered independent (Stewart-Oaten et al. 1992). Permanent plots can provide powerful 
data for assessing change over time (Bence et al. 1996). For example, photosynthetic rate at 
time two minus rate at time one yields a variable c3 that estimates the rate change independent 
of spatial environmental gradients (if these gradients are stable over time). Permanent plots 
can be set up to sample over the full range of an environmental gradient or at a specific level 
to avoid its effect on the variable(s) of interest (See Box, below). 

When sampling along transects, some scientists believe that no more than one replicate 
can be obtained from each transect and consider multiple plots to be sub-samples. In this 
case, the data from multiple plots are averaged prior to statistical analysis. An important and 
common exception is where transects are established perpendicular to a gradient which is 
used as a block in analysis of variance. When considered as one replicate, transects need not 
be sampled with plots. Specific widths may be sampled along the entire length of each 
transect, called a belt transect. The sample unit is actually a long narrow plot, and if sample 
size is to be equal, transects need tO be the same lengths. Alternatively, belt transects 
established along gradients can be subdivided into equal portions to account for the influence 
of the gradient. Similar to using plots, belt transects can yield species and abundance data for 
plants as well as fauna, such as crustaceans and fish. Another popular method utilizing 
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transects to characterize the plant community is the line intercept method. Here, each 
species that physically crosses or touches the transect line is counted to produce 
presence/absence data. Kirkman (1985) and Kirkman and Kirkman (2000) have used fixed 
line transects to monitor up to 17 years of seagrass dynamics in a meadow near Perth, 
Western Australia. 

h. Presentation of  data 
There are two goals to bear in mind when presenting data. The first goal is to show the 

actual data. Tables, graphs and other figures that combine images and numbers all can be used 
to give the reader a sense of the type, quantity and "face value" of the data collected. The 
second goal is presentation of interpreted information, often supported by statistical 
analysis, that may show patterns or differences in the data or the size and range of an effect. 
The best presentations show a combination of visual images, numbers and statistical results 
(Tufte 1983), though a table without images is often appropriate. Data are generally reduced 
to show central tendency and variability. Central tendency is most often accomplished with 
the mean, though the median can be useful on occasion. Variability is often presented as the 
standard deviation or the standard error. The standard deviation is a measure of the spread 
of the sample distribution. It is independent of the sample size (number of replicates) and is 
useful for visually comparing means. The standard error is a measure of confidence that the 
sample mean approaches the mean of the population from which the sample was taken. The 
standard error decreases as a function of the square root of the sample size. Variability can 
also be shown using the range of values, confidence intervals, or interquartile range. As 
indicated earlier, confidence intervals provide the most useful information for those who wish 
to use the data for resource management. Different measures of variability are appropriate 
under different circumstances, but carefully prepared documents allow calculation of standard 
deviation from the standard error and vice versa. 

Although most often relegated to the writtentext, evaluations of the major assumptions 
of parametric tests associated with the data (normal distribution of data and homogeneity of 
error variance), are important tools to identify errors as well as patterns. Numerical counts of 
species often fail these tests and if simple transformations are not helpful, non-parametric 
analysis can be employed to show statistical significance. However, a well-designed graph is 
often sufficient to make an important point without reliance on statistical tests. 

Sampling Designs 

4.7.1 Objective 
To describe sampling designs for baseline surveys and descriptive studies that set out to 

characterize conditions and explore patterns in seagrass meadows. Detection of change 
within, or differences between, seagrass beds is usually performed in a parametric statistical 
framework using least squares analysis (ANOVA or Regression), and this framework is the 
basis for the experimental designs that follow. Where the assumptions of parametric tests are 
violated, there are non-parametric alternatives, and the data can often be analyzed using least 
squares analysis following transformation or ranking (Conover and Iman 1981). 
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4.7.2 Description 

a. Baseline Surveys - Designs for  Inductive Science 
Baseline surveys describe characteristics of seagrass meadows and environmental 

conditions at a particular time and place. Choices regarding sub-sampling, sample size, and 
the number of replicates need to be defined and supported in the sampling plan, as discussed 
earlier. Such surveys are extremely valuable, but their value is usually known only after the 
data are needed for a specific purpose. For others researchers, the existence of data describing 
a seagrass meadow with certain, specific characteristics can help them explore patterns in the 
data and formulate ideas regarding the nature of these systems (induction). To provide 
quantitative data on the natural temporal variability of seagrass populations, a critical need 
for detecting change, baseline studies must be collected on more than one occasion (Ward and 
Jacoby 1992, Kirkman 1996). 

b. Finding Patterns in Time and Space - Exploratory Approaches 
Pilot studies and those designed to provide baseline data often serve the additional 

interest of identifying patterns in seagrass beds. Cyclical variation in seagrass distributions 
has been studied at a range of spatial scales using semivariance (Fonseca 1996) or multifractal 
analysis (Manzanera and Romero 2000). Species associates may be patterned in ecological 
communities, and these species patterns may be arranged in space in response to gradients in 
the substratum, such as depth or percentage organic matter. Multivariate analyses such as 
discriminate analysis, clustering algorithms, or ordination techniques may be valuable to 
identify and present patterns (Kent and Coker 1986). For example, using multi-dimensional 
scaling for definition and contrast, the infaunal community associated with seagrass beds 
created as mitigation was shown to develop over time (Davis 1999). 

Analysis to determine temporal trends can begin with graphic representation of data (time 
on the x-axis) and may range from diurnal to seasonal and longer cycles. Spectral analysis, 
which finds peaks in the variability of the data that is explained by cycles of different lengths, 
is a powerful tool to determine temporal patterns. A form of spectral analysis was used by 
Duarte et al. (1994) to historically reconstruct the age of seagrass shoots from intemodes 
(Chapter 8). They removed intra-annual and broad decadal differences in intemode lengths 
through regression analysis. The residuals that remained demonstrate a sinusoidal pattern 
where peaks represent annual growth (Duarte et al. 1994). 

c. Detection o f  Variation in Time and Space - Designs for  Deductive Science 
Much seagrass research examines change in seagrass physiology, function and distribution 

associated with an environmental disturbance. Such studies need to be capable of separating 
variation imposed by the disturbance under study from any natural spatial or temporal 
variability (Fairweather 1991). For studies of disturbance, general linear models, including 
ANOVA and regression, provide the main framework for experimental designs, statistical 
tests and estimates of parameters. Regression is used to examine variation related to impact 
gradients in time and space, whereas ANOVA is used to compare impact to no impact 
conditions (i.e., categories). However, both approaches are examined together in this section 
since they are based upon identical calculations (i.e., linear statistical models). 
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An important consideration for the following section on designs is that the scientific 
question concerns one impacted site. The more true replicates taken at that site and the 
control site, the more likely an impact will be detectable. Furthermore, conclusions or 
inferences must be limited to that site alone. However, many studies are performed to learn 
about the structure and functions of seagrass beds in general, or for a specific region. In these 
cases, the results are intended to apply more broadly than one impact to a specific bed, and 
several sites must be chosen to represent the many sites potentially available for inclusion in 
the study. Thus, the resources available for data collection need to be appropriated carefully. 
For example, it is usually desirable to sample the same number of replicates at each site 
(balanced design). The selection of the number and locations of replicates and the number of 
sites is best informed by pilot studies that characterize variability within and between sites. 

Linear Statistical Models - From the toTest to Beyond BA CIPS 
In order to detect disturbance, the primary aims should be to: 

1) Estimate the state of the system prior to disturbance. (This is problematic when 
evaluating an area with chronic long-term history of disturbance.) 

2) Estimate the state of the system as it exists in a disturbed condition. 
3) Estimate the uncertainty associated with the difference between estimates 1 and 2 

(Osenberg and Schmitt 1996). 
The most common parametric designs used to measure impacts to marine biota by 

anthropogenic disturbances are presented in Figure 4-7. 

Control-Impact (C-I) design 
This is the most common method used to infer a disturbance has occurred. It compares 

the impacted area with a control or reference site that is far enough away from the potential 
disturbance to be unaffected, yet close enough to experience similar environmental conditions. 
Because no two sites can ever be exactly alike, the control site should reflect at least the 
potential to support all ecosystem functions the impacted site did prior to disturbance. If 
one treats the impact as an experiment, reference sites (natural areas without impacts) can be 
thought of as control sites (areas not receiving an experimental treatment). Sampling is 
conducted similarly at both Impact and Control sites, with replicate samples taken. Sample 
locations within sites are usually selected randomly, with covariables or stratification to 
account for strong environmental gradients. Disturbance is detected if the statistical 
variability between sites is greater than variability of the replicates within the sites. The C-I 
design reflects a limited sampling opportunity in that long before any sampling can be 
conducted, a site has already been deemed as impacted, for example where a known 
disturbance has occurred (Underwood 1991). 

Before-After (B-A) design 
Similar to the C-I design is the Before-After (B-A) design, which avoids problems caused 

by natural spatial variation between a control and an impact site by sampling the same site 
before and after a disturbance (Osenberg and Schmitt 1996). The B-A design is widely used 
where information has already been collected in baseline surveys prior to the disturbance. 
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Although it controls for spatial variation, natural temporal variation is confounded with 
potential effects of impacts. B-A studies were conducted by Larkum and West (1990) to 
monitor long-term changes in seagrass meadows in Botany Bay, Australia. Aerial 
photography and field surveys revealed that Posidonia australis had undergone a steady 
decline over 40 years concomitant with residential and industrial development in the 
catchment (watershed). However, Zostera capricorni was found to have increased in 
abundance, colonizing many sites previously occupied by P. australis. The changes in these 
species distributions were coincident with development, but cannot be ascribed to a cause 
and effect relationship. Larkum and West (1990) state that "care must be taken not to 
confuse man-induced effects with natural cyclic events." By sampling along a gradient of 
disturbance, Short and Burdick (1996) were able to demonstrate that impacts to Zostera 
marina distribution over time were due to residential development (with the disturbance 
identified as nutrient input). In this case, the problem of temporal variability was excluded 
by stratifying sampling along the impact gradient. The confounding sources of spatial and 
temporal variability associated with both C-I and B-A designs, respectively, can be overcome 
through combining both methods into a BACI design (Smith et al 1993). 
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Figure 4-7. Schematic representation of sampling designs: Control-Impact (C-I), Before-After (B-A), Before- 
After-Control-Impact (BACI), Before-After-Control-Impact Paired Series (BACIPS), Beyond BACI, and 
Repeated BACI (BACIR). Each of the four large boxes represents a seagrass site in a specific location, or in 
Beyond BACI and BACIR designs, a collection of sites. 
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Before-After-Control-Impact (BA CI) design 
In a BACI design, a control site and an impact site are sampled once before and once after 

a disturbance (Green 1979). Detection of disturbance depends not upon either of the main 
effects (time and location) being significant, but upon the significance of their interaction. 
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Although this design solves the major confounding issues as described above, Osenberg and 
Schmitt (1996) warn that conditions at one site could change over time without affecting the 
other sites and unrelated to the disturbance, thus leading to erroneous conclusions. Their 
observation underscores the importance of including multiple sites. 

Before-After-Control-Impact Paired Series (BA CIPS) design 
Stewart-Oaten et al. (1986) proposed collecting data in a time series to overcome the 

limitation of the BACI design. Differences between Control and Impact areas are calculated 
before the disturbance and again following disturbance. Since the pairs are nested within the 
collection dates, ANOVA must use a repeated measures protocol. Stewart-Oaten and 
colleagues (1992) have continued to modify BACIPS designs. Their latest modified design is 
based upon use of the Control site as a predictor or 'covariate' of the Impact site. This 
approach uses predictive functions to estimate the expected value at the Impact site, given 
the Control values for both the Before and After periods. The difference in the expected 
values is used to estimate the effect of the disturbance. 

Beyond BA C! design 
Here the use of multiple Control and Impact areas incorporates greater natural spatial 

variability (Figure 4-7), which can broaden the interpretation of results. Beyond BACI can 
detect a greater variety of disturbances than the BACIPS design described above (Underwood 
1991). Underwood (1992) modelled press disturbances (permanent shifts of the environment 
to altered states) and pulse disturbances (discrete events where conditions retum to pre- 
disturbance levels)of  different sizes. An extreme pulse disturbance, which reduced 
population abundances by 50% and 100%, was modelled. In both cases, the disturbance as 
modelled produced a significant interaction between sampling times and the difference 
between impact and control sites. There was no interaction among times of sampling and 
locations before the disturbance. There was also no interaction among control locations and 
time of sampling after the pulse disturbance was applied. Underwood (1992) concluded that 
the changes observed in the 'impacted' site were not matched by any change in controls. The 
'impacted' sites clearly exhibited a different pattern from that recorded at these sites before 
disturbance began. Underwood (1991, 1992) and Stewart-Oaten et al. (1986, 1992) recognize 
that these designs are not flawless (e.g., serial correlation) and agree upon the benefits of 
multiple control sites. 

Repeated BA CI (BA CIR) des ign 
Similar to BACI, the BACIR design includes repeated sampling before and after a 

disturbance. The rationale behind the design is that multiple sampling over time gives an 
indication of the temporal variability in the population (Underwood 1991), avoiding 
identification of natural temporal perturbations as impacts. Long and colleagues examined the 
effect of maintenance dredging of shipping channels in Australia on seagrass beds in 1996. 
Grids overlaying the dredged and control areas produced 78 impact and 39 control sampling 
locations, and a random selection of these locations were sampled once prior to and twice 
following dredging. They demonstrated that distribution ofZostera capricorni and Halophila 
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ovalis were reduced during the period of study in both control and impact areas, attributing 
losses at both sites to larger scale changes in hydrology (Long et al. 1996). 

~]~ Discussion 

Our environmental analyses of changes in seagrass systems from direct and indirect 
human perturbations of shallow marine ecosystems must improve if we are to be able to 
provide credible evidence of change. Physical evidence of current and changing conditions is 
critical to support ecological interpretations and management of seagrass habitats. As our 
ability to communicate increases, so does the ease of data storage and transfer. Resources on 
the internet are expanding. On the other hand, costs of physical storage of archived samples 
increases over time. It is the responsibility of all researchers to stress and promote the 
archival capability of their associated institutions as well as the ability to share stored data. 

Statistical analyses have become more rigorous and often require careful design choices 
involving several spatial scales and approaches to data collection. "What size of sampling 
unit?" and "how many sampling units?" are fundamental questions. We give a simple 
example of how to determine both the size and number of sampling units from estimates of 
precision. We also discuss the use of power and the need to have a priori knowledge of the 
effect size we expect to measure prior to the sampling. We also have provided an alternative 
for all those who do not want to use statistical power, in the form o f  confidence intervals. 
Confidence intervals allow us to go beyond stating whether or not there has been a 
statistically significant effect by estimating the size of the effect. 

Monitoring and interpretation of data on a global scale require a standardized approach. 
Since there are so many locations that require sampling, the specific sampling plan needs to 
be both general and simple. Simplifying the research question is one way to keep sampling 
simpler. We have stressed the value of stratified sampling along permanent transects, which 
does just this. Sampling plans to investigate specific impacts can be more intense, detailed 
and cover a variety of scales and approaches. We have presented a particular series of 
sampling designs to show, in a logical sequence, the evolution of designs to detect the effect 
of disturbance on a marine community. The confounding influences of changes in 
distributions of organisms in space and time reduced the ability of Before-After and Control- 
Impact designs to clearly demonstrate a disturbance had occurred. A clear, logical exposition 
of these confounding factors and underlying assumptions then led to the more complex 
Before-After-Control-Impact designs, and have culminated in designs that can address 
different types of variability and disturbances (Beyond BACI and BACIR designs). 
Sampling issues and designs are presented to demonstrate the care that needs to be taken from 
the time a seagrass researcher states the research question to the implementation of sampling. 
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Chapter 5 

Methods for mapping seagrass distribution 

Len J. McKenzie, Mark A. Finkbeiner, Hugh Kirkman 

!~1 Chapter Objective 

To describe techniques for the mapping of intertidal and subtidal seagrass meadows at 
different scales and accuracy. 

I ~  Overview 

The traditional function of a map is to the show physical features on part of the earth's 
surface. By incorporating additional geographically related information however, maps can be 
used to portray much more than simple geography. 

Accurate information on seagrass distribution is vital as a prerequisite to managing 
seagrass resources. The type of questions asked by managers determines the sampling design 
for surveys of seagrass habitats. Coastal managers may require maps at large scales to help 
select Marine and Estuarine Protected Areas (MEPAs) or highlight vulnerable areas to an oil 
spill, etc. Alternatively, they may require maps at finer scales to assist with coastal 
development decisions, such as where to put marinas, harbours, effluent outfalls, exploratory 
mining and mariculture developments, etc. Maps at several different scales may also be 
required to assist with monitoring the health status of seagrass habitats. The importance of 
having well defined questions before trying to answer them with mapping cannot be over- 
emphasised. 

Informed management decisions need maps containing information on the characteristics of 
seagrass resources (such as species composition, abundance, type of meadow) and not be 
limited to presence/absence distribution. The methods for determining seagrass characteristics 
are covered in other chapters, but should be considered when choosing and implementing a 
mapping strategy. 

Seagrass resources can be mapped using a range of approaches from in situ observation to 
remote sensing. The choice of technique is scale and site dependent, and may include a range 
of approaches. There will be variations in sampling design and methodology to accommodate 
differences between tropical and temperate seagrass biology. Earlier standards for seagrass 
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mapping, e.g., Phillips and McRoy (1990) and Walker (1989) are being superseded as 
improvements in navigation and remote sensing technology and sampling design lead to more 
efficient and precise methods for mapping. Recent published descriptions of methods for 
mapping coastal seagrasses include English et al. (1994), Coles et al. (1995), Dobson et al. 
(1995), Kirkman (1996), Lee Long et al. (1996c), Short and Burdick (1996). 

Initial mapping surveys may also provide the baseline information for monitoring 
programs. Such mapping surveys may be at various levels of detail, accuracy, and expense. 
In some cases, intensive data collection may be needed so that an initial estimate of spatial 
variability is available for developing a monitoring program with a predetermined ability to 
detect a level of change. GIS basemaps provide a quick, precise, drafting and mapping tool, 
and provide the best data presentation, analysis, interpretation and storage systems. 

Satellite and aerial imagery are useful for mapping dense seagrass meadows in the clear 
waters of temperate regions, but in the tropics they are ineffective for detecting seagrasses of 
low biomass (or low canopy height) and/or in turbid water. Turbid, low visibility waters 
require different data collection and data protocols to those of clear-water regions. 
Differences in approaches between temperate and tropical areas may also be necessary 
because of differences in seagrass species and habitat types. 

The intent of this chapter is to describe considerations that must be made when mapping 
seagrasses and to present the most commonly used methods. We do not provide a recipe 
book of the full range of mapping methods. Issues of scale and accuracy are explained while 
the sources of error and the kinds of ground truth required and their method of acquisition are 
detailed. Modern techniques using global positioning systems (GPS) and the use of 
underwater video are explained. Satellite imagery and its uses are described and conventional 
aerial photography is discussed and the advantages and disadvantages listed. Underwater 
mapping is an evolving science, and particularly in water over about 3 m in depth, has many 
problems that are not found in terrestrial mapping. 

Pre-mapping Considerations 

5.3.1 Spatial resolution (scale) 
The selection of an appropriate scale is critical for mapping. First, the reason for the 

mapping needs to be clearly defined, as it is important in selecting an observation/mapping 
scale. Often, the reason for mapping requires approaches at multiple scales. The question of 
how much seagrass is present would require different approaches depending on whether the 
question was relative to a region (macro-scale: tens of kilometres), locality (meso-scale: tens 
of metres to kilometres) or to a specific site (fine-scale: metres to tens of metres). 

The next consideration is that scale includes aspects both of extent and resolution. In both 
broad and large (macro) scale approaches, information from a low-resolution remote sensor or 
widely distributed field verification may be sufficient. The intensity of sampling will be low 
(low resolution), with a statistical sampling design that allows the results to be extrapolated 
from a few observations to the extent of the study area. For finer scale examinations of 
seagrass meadows, the sampling intensity required can be high with greater precision 
providing smaller levels of detectable change (high resolution). 
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Scale may determine the overall approach to sampling intensity and influences what is 
possible with a limited set of financial and human resources. The financial, technical, and 
human resources available to conduct the study is a consideration. The scale of the approach 
depends on the scale of the question; see Virnstein (2000) for a more detailed discussion. 

5.3.2 Accuracy 
Determining the level of detail required mapping an area also depends on the level of 

accuracy required for the final map product. Errors that can occur in the field directly 
influence the quality of the data. It is important to document these. GPS is a quick method 
for position fixing during mapping and reduces point errors to <3m in most cases. It is 
important for the observer to be as close as possible to the GPS aerial receiver to minimise 
position fix error. Working from small boats under conditions of strong wind and current can 
make this difficult. 

It is essential for the valid interpretation of a map that the estimates of error and reliability 
are documented and travel with each map, measure of seagrass areal extent, and other seagrass 
parameter estimates. 

5.3.3 Choosing a Survey/Mapping Strategy 
The selection of a mapping scale represents a compromise between two components. One 

is the maximum amount of detail required to capture the necessary information about a 
resource. The other is the logistical resource available to capture that level of detail over a 
given area. 

Once the question for mapping is well defined, the scale and type of imagery can be 
chosen. Table 5-1 is a decision tree for beginning a mapping process. For maps of fish habitat 
type, oil spill contingency plans, choosing Marine Environment Protected Areas, general 
coastal management, extent of seagrass as an absence or presence map, a scale of 1:250,000 
may be suitable and this can be obtained from satellite imagery. More precise maps for these 
purposes require aerial photos but these will need to be digitised and rectified to be accurate 
at a scale of 1" 10,000. A finer scale than this is required if events such as annual changes in 
seagrass cover are to be monitored. Of course, large changes in seagrass cover can be detected 
at greater scales, but by the time they are seen it will usually be too late for management to 
initiate action. 

Data Capture 

To map the extent of seagrass meadows requires methods that are used on terrestrial 
vegetation with allowances for the difficulties of working through water. Some of these 
difficulties are: 

�9 At a depth greater than 2-3 m mainly blue light penetrates. 
�9 All light is attenuated to different degrees through water. 
�9 Light is refracted through water. 
�9 For ground truthing, there are difficulties in working underwater, and 
�9 Sun reflection and angle must be taken into account 
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The mapping of  seagrass areas generally involves at some stage the interpretation of 
remotely sensed data, whether from an aircraft or satellite, and then interpreting the images 
onto hardcopy or computer, coupled with field (in situ) assessment to provide "ground 
truth". 

We recommend using aerial photography, in situ observation (ground truthing, diver/video 
observations) and GIS to determine the location and extent and coverage pattern o f  seagrass 
meadows. These are essentially the same methods currently used by the National Oceanic 
and Atmospheric Administration (NOAA) Coastal Change Analysis Program (C-CAP) to 
monitor change in terrestrial land cover and nearshore benthic resources within coastal 
environments of  the United States (see http://www.csc.noaa.gov/crs/ccap_index.html). 

Table 5-1. A decision tree. The data capture methods used to map the distribution of seagrass 
meadows vary according to the information required and the spatial extent. 

What is the size of the region or locality to be mapped 
Less than 1 hectare 1 
1 hectare to 1 km 2 2 
lkm 2 to 100 km 2 3 
greater than 100 km 2 4 

1. Fine/Micro-scale (Scale 1:100 lcm-- lm) 
Intertidal 
Shallow subtidal (<10m) 
Deepwater (> 10m) 

2. Meso-scale (Scale 1:10,000 1 cm = 100m) 
Intertidal 

Shallow subtidal (<10m) 
Deepwater (> 10m) 

3. Macro-scale (Scale 1:250,000 I cm = 250 m) 
Intertidal 
Shallow subtidal (<10m) 
Deepwater (> 10m) 

aerial photos, in situ observer 
in situ diver, benthic grab 
SCUBA, real time towed video camera 

aerial photos, in situ observer, digital 
multispectral video 

in situ diver, benthic grab 
SCUBA, real time towed video camera 

aerial photos, satellite 
satellite & real time towed video camera 
real time towed video camera 

4. Broad-scale (Scale 1"1,000,000 Icm = 10 kin) 
Intertidal satellite, aerial photography 
Shallow subtidal (<10m) satellite, aerial photography & real time towed 

video camera 
Deepwater (> 10m) real time towed video camera 

5.4.1 Remote Assessment 

Introduction 
Remote sensing refers to capturing images of  the extent of seagrass from various airborne 

or satellite platforms in forms such as photos or digital data. Remote sensing is not always 
effective or possible (Hyland et al. 1989, Long et al. 1994). Kirkman (1996) discusses 
mapping from satellite and airborne scanners and explains the various uses for mapping at 
different scales. 
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Two of the most popular satellite remote sensing data sources currently in use are Landsat 
Thematic Mapper (TM) and SPOT (Le Syst6me Pour l'Observation de la Terre). The T M 
sensor is sensitive to blue wavelength light (band 1) that is valuable for its ability to travel 
through the water column. The SPOT pan sensor collects data in the green and red parts of 
the spectrum. Satellite imagery has however been limited for mapping seagrasses, as the large 
pixel sizes (10-30m in the case of Landsat TM and SPOT imagery) cannot detect small 
meadows. These small meadows may become identifiable as the resolution of satellite 
imagery is improved. 

Projects considering the use of satellite acquired images are generally broad- or macro- 
scaled (an individual Landsat TM scene covers an area over 34,000 km 2, whereas the SPOT 
pan sensor has a smaller scene size of 60 km 2) and nationally funded; purchasing and 
analysing multiple images from Landsat TM or SPOT can be prohibitively expensive as they 
are distributed at cost of acquisition. 

There are examples of the successfulness of macro-scale aquatic mapping using satellite 
remote sensing data; see Dreyser (1993) and Jagtap et al. (1994). However, Thomas et al. 
(1999) have been critical of the application of remote sensing to seagrass mapping. 

Other remote sources that have been shown to have promise for seagrass mapping 
projects include airborne scanners and Digital Multispectral Video (DMSV). Airborne 
scanners cover a range of spectral bands with high resolution (1 m) (Kirkrnan 1996) and 
digital multispectral video (DMSV) consists of one or more video cameras usually linked to a 
computer so that operators can see the images in real time. Airborne scanners can also be 
expensive and although the DMSV technique takes frames much like an aerial photograph, the 
lenses are not as precise and free of aberrations as those for aerial photos. The format is not 
as easy to handle as the 22 x 22 cm aerial photographs in analog state. 

A lesser known and under used source of remote sensing data are Earth looking 
photographs taken by astronauts from low orbit. NASA photographs taken from low Earth 
orbit can provide information relevant to mapping seagrasses at a variety of scales. The data 
source is now more accessible due to improvements in digitising technology, Intemet file 
transfer, and availability of image processing software. Orbital photographs from the late 
1960's to the present are available at a single searchable location on the Intemet 
(http://eol.jsc.nasa.gov/sseop/). As these photographs are in the public domain, they are 
available at cost of reproduction. The photographs however, are much more variable in angle 
and scale than the automated data. If needed, they can be georeferenced by the user. The 
preferred remote data capture method we recommend however, is aerial photography. 

Aerial Photography- the Preferred Method 
Aerial photography can be conducted at a variety of scales and in a range of formats (e.g., 

colour, black and white and infra-red) and has become the most common source for seagrass 
mapping studies (e.g., Kelly 1980, Kennedy 1996, Lehmann et al. 1997, Stores et al. 1992). 

The spatial resolution in most aerial photography is extremely high and is usually more 
than sufficient to capture even small features. The National Oceanic and Atmospheric 
Administration's (NOAA) Coastal Change Analysis Program (C-CAP) recommends aerial 
photography to map seagrass on a nation-wide basis in the U.S. (Dobson et al. 1995). 
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Runs of aerial photos can be commissioned for a particular purpose but are often readily 
available through various government agencies and commercial contractors. Photography 
should be acquired when the plane is as vertically above the target as is possible. The best 
photos are obtained using specifically equipped aircraft, which fly at a steady altitude 
(approximately 1800m is used to capture 1:12,000 aerial photos), with the camera centered 
within the under-fuselage on a level platform to ensure the image is a vertical perspective. The 
scale of the imagery can be adjusted to suit the requirement and geographic extent of a given 
study area and chosen when aerial photo runs are commissioned. Flightlines should be 
planned with reference to aeronautical and nautical charts to include all areas known to have 
seagrass. 

NOAA recommends Aerocolor 2445 colour-negative film, Aerocolor 2448 colour-reversal 
film and Aerographic 2405 black and white negative film in that order of priority. 
Conventional colour film is typically filtered to remove the effects of haze. Each standard 9 x 
9 inch (22cm) aerial photograph overlaps with its neighbour by 60% which allows 
stereoscopic interpretation, facilitates interpretation from the most central part of the 
photograph and compensates for loss of coverage due to sunlight. Sidelap of 30% ensures 
contiguous coverage by flight lines. 

Some knowledge of the study area is useful before the imagery is acquired. Types and 
location of benthic features that may be confused with seagrass, turbidity, haze, daily 
patterns of wind speed and direction and progression of sun angle through the day should all 
be known and considered before the flight. The final decision as to whether to photograph 
should be based on the pilot's appraisal of target conditions. 

The advantages of aerial photography are: 
�9 High spatial resolution 
�9 Spatial resolution (as determined by the scale) can be selected based on individual 

project objectives. 
�9 Flexible acquisition- A project can be planned to specifically capture imagery at the 

most optimal time of day and under the best environmental conditions. 
�9 Low technology information extraction- Seagrass maps can be made from aerial 

prints or diapositives with little technical hardware or software resources, but it is 
not appropriate, in most cases, to attempt to map from aerial photos without first 
digitising and rectifying them. 

�9 Stereometry can greatly enhance mapping (Sheppard et al. 1995). 

Some disadvantages of this type of remote sensing are: 
�9 Cost- The fine spatial resolution provided by the photographs comes at the cost of 

obtaining a large number of frames. 
�9 It is produced in an analogue format and must be scanned if any computer 

enhancement, image processing or rectifying is anticipated. 
�9 Distortion- The nature of the camera lens and position, roll, yawl and tilt of the 

plane introduces some distortion into the imagery that is removed by rectifying. 
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Mapping aquatic systems solely from aerial photographs is vulnerable to several sources 
of error. Bruce (1997) divides these into environmental error (indirectly manifested as 
interpreter error) and data capture error. The error minimisation begins with being able to 
interpret the patterns on the image. 

Assuming that clouds and atmospheric effects are not a problem, there remain water 
column effects and habitat characteristics that should be considered during the project 
planning stage to produce imagery of the highest quality that will facilitate correct 
interpretation. The following environmental variables should be considered: 

�9 Turbidity plumes- To avoid problems with turbidity, imagery should be acquired 
only when no recent rain events or strong winds have occurred. 

�9 Sea surface conditions- Low or no wind conditions are optimal to imaging 
submerged features; we recommend only acquiring imagery when winds are below 
10 knots (16 km/h). 

�9 Sun reflection-to minimise sun glint on aerial images, the aircraft mission should 
only be scheduled when sun elevation is between 30 and 42 degrees above the 
horizon. 

�9 Seasonal changes- Seagrasses often undergo significant changes in standing crop over 
a growing season. When comparisons are being made or will be made any aerial 
mission or satellite, image capture should be scheduled during the same seasons. 
Care must be taken, however, to avoid confusion brought on by the growth of algae 
either as epiphytes on the seagrass or as phytoplankton in the water. 

�9 Tidal stage- Aerial missions for shallow seagrass, where tides are greater than 1 m, 
should be scheduled within _.+2 hours of the lowest tide. 

Trouble Shooting and Hints 
The dark signature that seagrasses typically produce in aerial photographs can be confused 

with anoxic sediments, algal accumulations, deeper water, rocky outcrops, coral reefs and 
shellfish assemblages etc. To minimise confusion with these features, the interpreter needs all 
available reference information about the study site prior to beginning the mapping. Ground 
truth data are essential 

Interpreter error can be introduced when multiple individuals interpret the same imagery 
and produce differing map products or where the same individual makes a second 
interpretation of the same imagery. Congalton (1993) found that interpreter error introduced 
up to 41% of the thematic error observed in a three-class forest type map. Some 
interpretation error will always exist in remote sensing. Ways to minimise it are to have one 
individual do as much of the work as possible. A high level of training and extensive time in 
the field will also minimise this type of error. When it is necessary to use multiple analysts, 
photointerpretion keys and a classification system with well-defined and observable 
boundaries will do much to ensure interpretation consistency. A review process that allows 
crosschecks between analysts will also help. The difficulty in interpreting underwater 
signatures means that in most cases spectral differences cannot be used. Blue wavelengths are 
the only ones that will penetrate water more than about 2 m for practical purposes. 
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5.4.2 Ground Truthing 

Introduction 
Any seagrass mapping should have a well-designed ground sampling/verification process 

incorporated as part of the project. The purposes of the field (in situ) observation are to: 
�9 Evaluate image signatures in the initial review of the remotely sensed data. 
�9 Examine areas where the imagery does not provide information about the bottom, 

such as in areas of heavy turbidity. 
�9 Produce reference information for the later accuracy assessment. 

Ground truthing is essential, as it is difficult to distinguish reefs, algae and deep holes from 
dense meadows. There are a number of methods for ground truthing, including underwater 
towing, bounce free-dives, benthic grabs and bathyscopes (Kirkman 1990). The method is 
also dependent on the type of environment. Regardless of method, the first and most 
important parameter to measure is position. Today this can be accomplished relatively easily 
by using a GPS. 

Global Positioning Systems 
The GPS is a small handheld unit which allows accurate positioning by using satellite 

transmissions to determine its position on the earth's surface. When a GPS records a position 
it is called a fix or waypoint (Table 5-2). Most GPS store waypoints in their memory so that 
the unit can be used to navigate back to that point. Accurate positioning is invaluable for 
ground truthing mapped sites and for verifying interpretation of remotely sensed images. To 
ground truth a remotely sensed image, first the image must be rectified into the real world 
(assigned positional coordinates) using ground control point information collected using the 
GPS. 

Ground control points are features on the ground for which an accurate geographical 
position can be determined and that are easily distinguished on aerial imagery. Good control 
points are not likely to change position over time, and include jetties, street comers, bridge 
abutments, and emergent rocks. Poor ground control points are features such as curves in 
shorelines, fiver shores, or submerged features, also channel markers, buoys, and floats that 
change position with the tide. The distribution of ground control points is determined by the 
analyst and specifically chosen to meet project needs, however the even distribution of 
control points throughout the study area is also important. 

Once the aerial photograph (or other remotely sensed image) is rectified onto the earth's 
surface, a GPS can be used to navigate to a feature in the field to confirm the characteristics of 
that feature. 

One source of error in the use of GPS for field verification of seagrass and other submerged 
habitats is the offset and positional uncertainty between the receiver, necessarily at the 
surface, and the actual habitat to be observed on the bottom. Usually this offset is not large; 
however, in deeper water and in spatially heterogeneous environments this may be a factor. 
Simple geometric calculations can be made to compensate for this offset. (NOS/NMFS 1999). 

The advent of inexpensive yet accurate GPS integrated into a Geographic Information 
System has increased accuracy of ground truthing and provides a more cost-effective and 
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accurate approach to seagrass mapping at a relatively small scale (such as an estuary). By 
georeferencing seagrass meadow boundaries and their attributes using GPS, boundaries can be 
measured with accuracy (+1-5 m) with confidence. 

Because much modem mapping relies on GPS for source information, low quality or 
poorly documented GPS measurements can affect the quality of  later positional accuracy. 
Typical GPS collection software has routines that address these issues. 

In the case of submerged features, positional inaccuracy can result from the refraction of 
light rays through the water column, a phenomenon is dependent on the depth of  the feature, 
and its position in the image. For most seagrass mapping however, the refractory effect 
should not be more than a few meters when shallow seagrass meadows are mapped. 

Table 5-2. Operation chart for global positioning systems. 

Turn GPS unit on 

Give GPS time to track sufficient satellites 
and download almanac (/f necessary) 

1, 
Check GPS settings 
�9 Units 
�9 Datum 
�9 Altitude 
�9 True or magnetic north 

To record a position either mark waypoint or, if boundary mapping, 
set waypoint mark to Stream/Poll 

Either record positions directly onto data-sheet 
or download to computer via cable 

Trouble Shooting and Hints- Using a GPS 
�9 When fixing a position it is important to give the GPS antenna a clear signal of  the 

sky. A GPS needs to receive signals from a number of satellites (usually more the 4) 
to take an accurate fix. When using a GPS in mountainous coastal areas, signals from 
some the satellites may be blocked or unclear. 

�9 It is important to give the GPS sufficient time to position fLx. If yOU are moving 
when the position is fixed, it may add error. The less movement, the greater the 
accuracy. Give the GPS at least 5-10 seconds to position fix. 

�9 Some GPS units are quite accurate when moving; these have the ability to "stream" 
or "poll". These can be useful when boundary mapping. If the GPS does not 
"stream" then the operator will need to take a waypoint every few metres. 
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�9 Ensure the GPS units are known to the user, as it is often common to misread 
decimal minutes as minutes and seconds (e.g., 14 ~ 36.44' is not the same as 14 ~ 36' 
44"). 

�9 When using a GPS for the first time or in a new region (world zone), ensure the 
almanac is set correctly. Most GPSs today will detect that they are in a new region 
and will automatically download the new almanac, which takes approximately 15 
minutes. 

�9 When position fixing a subtidal ground truth site with a GPS, it is important for the 
observer to be as close as possible to the GPS antenna to minimise position fix 
error. In small boats under conditions of strong wind or current this can be difficult. 

�9 When downloading the data, check the GPS settings and take note of the datum 
(fixed starting point). GPS record your location on the earth's surface using a 
reference point or datum. The datum establishes your positions in latitude/longitude 
coordinates relative to e.g., WGS (World Geodetic System) or an alternative such as 
AGD (Australian Geodetic Datum). You can choose which datum (AGD or WGS) 
your GPS screen shows. Both are equally correct. However, if you are trying to 
find coordinates from a map which are recorded as AGD, and your GPS is 
following WGS, there could be up to 160 m discrepancy. 

�9 When purchasing a GPS, consider not only the accuracy of the unit, but also its 
robustness. Field conditions can be demanding on equipment, and often water 
resistant units may be better. 

Mapping an Intertidal Meadow 

Necessary Material and Equipment 
�9 GPS or hand held compass 
�9 Standard 50cm x 50cm quadrat 
�9 Datasheets 

Intertidal Field Assessment 
Determine the extent of the study area, whether it is a region or specific locality. If 

mapping can be conducted at low tide when the seagrass meadow is exposed, the boundaries 
of meadows can be mapped by walking around the perimeter of each meadow with single 
position fixes recorded every 10 seconds (GPS set to "Stream" or "Poll"). To survey an area 
quickly, it is possible to work from a hovercraft or helicopter. 

Alternatively, an area can be mapped using a grid pattern or a combination of transects and 
spots. When mapping a region of relatively homogenous coastline between 10 and 100 km 
long, we recommend that transects should be no further than 500-1000 m apart. For regions 
between 1 and 10 km, we recommend transects 100-500 m apart and for localities less than 
1 km, we recommend 50-100 m apart. However, number of transects may change depending 
on the complexity of the regional coastline; i.e., more complex, then more transects required. 
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Observations need to be taken at regular intervals (usually 50 to 100 m) along transects. 
The location of each observation is referred to a site, and the intervals they are taken at may 
vary depending on the topography. As the distribution of seagrass is depth dependent 
(depth limits vary between regions and localities due to water clarity), we advise that 
representative sites be sampled within each depth category (we have used 0.5 m to 10 m 
intervals depending on topography). In some cases the sampling may need to be stratified 
(the number of sites greater in some depth categories than others) when the probability of 
finding seagrass varies between strata. 

When ground truthing a site, there are a variety of techniques that can be used depending 
on resources available and water depth (free dives, remote video, etc.). First the position of a 
site must be recorded, preferably using a GPS. Otherwise use a handheld compass to 
determine the beating, with reference to at least 2 permanent landmarks or marker established 
as reference points. A site can vary in size depending on the extent of the region being 
mapped. In most cases a site can be defined as are area encompassing a 5 m radius. Only one 
observation (sample) is necessary at a ground truth site; we recommend replicate samples 
spread within the site (possibly 3 observations) to ensure the site is well represented. 

Observations recorded at a site should ideally include some measure of abundance (at least 
a visual estimate of biomass or % cover) and species composition. Also record the depth of 
each site (this can be later converted to depth below mean sea level) and other characteristics 
such as a description of the sediment type (e.g., shell grit, rock, gravel, coarse sand, sand, free 
sand or mud). 

To map an area of approximately 100 ha, we recommend a grid pattern of transects 
approximately 50 m apart. Then ground truthing every 50 m along the transect from its 
origin to the meadow boundary. 

Mapping Shallow-subtidal (<10 m) Meadows 

Necessary Material and Equipment 
�9 Small boat, with outboard motor and safety equipment 
�9 GPS or hand held compass 
�9 Bathyscope or standard 50 cm x 50 cm quadrat 
�9 Benthic grab (e.g., van Veen) 
�9 Datasheets 
�9 Suitable free-diving (snorkelling) equipment 

Shallow Field Assessment 
If water clarity and seagrass abundance is high, then the boundaries of meadows can be 

mapped from a boat driven slowly (1-2 kts) around the perimeter of each meadow with single 
position fixes recorded every 4 seconds (GPS set to "Stream"). A bathyscope can be used to 
assist in identification of the presence of continuous or sparse meadows and the 
determination of deep edge meadows. Abundance or cover estimated can also be visually 
assessed. 
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If the water clarity is low, and/or the seagrass abundance low and highly variable, then a 
different strategy is employed. An area can be mapped ideally using a grid pattern or a 
combination of transects and spots, in the same manner as when mapping an intertidal 
meadow (e.g., Lee Long et al. 1993). 

The most commonly used and simplest ground truth method is in situ observation through 
bounce dives or snorkelling. The diver signals the type of habitat to a crew in a boat. Any 
direct observation of the bottom is limited by the amount of time a person can spend 
snorkelling or their field of view when in the water. The ground truthing of maps prepared 
from aerial photography or satellite can be done by bounce dives, i.e., the diver swims to the 
bottom, or as deep as is required to recognise the seagrass, presence or absence or species. If 
nothing is growing on the bottom the diver can turn back without having to go to the full 
depth of the bottom. Bounce dives are useful for obtaining a vegetation or sediment sample. 

In an exercise to map the southern part of Australia, we used a traced laminated map from 
satellite imagery, which was prepared earlier with eastings and northings grid lines on it. 
Areas of uncertainty, representative areas and checks were plotted and bounce dives carried 
out at these places by navigating to them with GPS. 

Where depth, poor visibility or lack of dive time prohibits diver estimates, a small benthic 
grab or dredge is a useful tool for determining the bottom type. A simple dredge that can be 
pulled by hand consists of a small Bruce anchor with a net fitted to its shaft and blades. This 
is pulled along the bottom usually at the drift speed of the boat. The operator can feel when 
it has contacted the bottom and should allow about 15 seconds to obtain a sample. This 
dredge can be used in boats from small inflatables to ocean going research vessels. Benthic 
grabs can also be used to sample the sea floor and samples of sediment can also be obtained. 
Long et al. (1994) tested the use/efficacy of a modified "orange-peer' grab in different 
sediment and vegetation types, and reported acceptable results. 

Mapping Deep-water (>lOre) Meadows 

Necessary Material and Equipment 
�9 Large boat 
�9 Underwater video camera (video recorder) and sled 
�9 GPS, compass or Radar 
�9 Depth measuring equipment (e.g., depth sounder) 
�9 Benthic grab (e.g., van Veen) 
�9 Datasheets 

Deep Field Assessment 
A deep-water area can be mapped ideally using a grid pattern or a combination of 

transects and spots, much in the same manner as when mapping an intertidal or shallow 
subtidal meadow. However, the sites will be generally further apart and the replication at a 
site will be significantly reduced. When ground truthing a site, there are a variety of 



Chapter 5: Seagrass Mapping 113 

techniques that can be used depending on resources available and water depth (SCUBA, 
benthic grab, remote camera/video, etc.). 
SCUBA can be used to conduct in situ assessment of deep-water sites. However, SCUBA 
can be restrictive due to the number of sites that can be assessed in a day, and the restrictions 
imposed by diving at depth. Safety should be foremost when conducting in situ assessment 
using SCUBA, paying particular attention to tidal regimes, turbidity, sea-state, dangerous 
marine animals and other human activities and impacts. Local knowledge of the above factors 
must always be sought. We strongly recommend that diving policies be developed by each 
organisation and national safety standards be met. 

Due to the restrictions of working at depth, virtually all deep-water mapping is conducted 
remotely. One remote method uses active acoustic sensors that characterise the sea-floor by 
transmitting a pulse of sound energy downward into the water column and then collecting the 
return echoes for analysis. The advantages of using acoustic energy over visual or other 
mediums lies in the fact that sound travels underwater without appreciable attenuation 
relative to optical methods in the sea. Acoustic signals are less affected than light by 
turbidity or depth. The major disadvantages with acoustic survey techniques are that 
different seagrass communities can appear similar in habitat structure. Detailed information 
on seagrasses (such as general seagrass health, epiphyte cover, canopy height, dugong feeding 
trails, fruiting and flowering), and fine scale changes in community structure, are not recorded 
in an acoustic survey and still require observation and sampling by divers or video. Acoustic 
surveys require specialised sensors and technical expertise to interpret, and are considered 
beyond the scope of this chapter. For more information, we recommended Lee Long et al. 
(1998) and Urick (1983). 

The other common method is real time towed video camera. Underwater video is a 
widely used tool for seagrass mapping (Coles et al. 2000, Lee Long et al. 1996a, Norris et al. 
1997). Towed video technology is used as a direct mapping tool and for ground truth of 
remotely sensed images. Underwater video provides a record of seagrass presence and 
abundance, the species of seagrass and the nature of the non-vegetated bottom. The system 
is useful in deepwater environments where SCUBA diving is restricted and in localities where 
dangerous marine animals are a significant threat. 

An underwater video camera housed within a sled can be towed from a small boat along a 
section of the seafloor. If possible, real time cameras (an image is transmitted directly to the 
surface) and video should be used, allowing observations to be made real time, and also 
waming the camera operator of any impending dangerous obstacles. Video tows are often set 
up to cross habitat boundaries so that the trends and changes between the habitats are 
captured. The images transmitted from the cameras can be recorded to magnetic digital media, 
such as DVCam tapes. Encoding instruments can put a co-ordinate stamp from a GPS unit 
directly on the video tape, greatly assisting later comparison with rectified map data and 
supports subsequent change detection across the same area. Once converted to a digital 
format, the video data is suitable for storing with other digital map data and more 
sophisticated analysis of individual video frames can be accomplished. 
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! ~  Creating the Map 

5.5.1 Introduction 
The simplest way to map the distribution of seagrasses is to trace features from aerial 

photography, using the ground truth data as a guide. Alternatively, draw the meadows on a 
paper marine chart from the GPS positions of the ground truth sites. The problem with this 
type of mapping however is that the final map is in a format that does not allow 
manipulation and transformation. The layout of a paper map is permanent, which makes it 
difficult for future seagrass mapping studies to be compared, queried and analysed. If 
resources are available, we recommend that the data be transferred to a digital format and a 
Geographic Information System be used. 

5.5.2 Geographic Information Systems (GIS) 
GIS are software systems of highly accurate digital maps that can be overlaid to reveal 

relationships that might not be detected on traditional paper maps. Digitally stored 
cartographic databases can be altered much quicker than hard copies and shared data can be 
standardised. The key element of a GIS is the separation of differing data sets into thematic 
layers. GIS software provides the functions and tools needed to store, analyse, and display 
geographic information. Although there are many applications on the market that can display 
geographic data, true GIS applications must have the following components: 

�9 tools for the input and manipulation of spatial data 
�9 a database management system (DBMS) 
�9 tools that support geographic query, analysis, and visualisation. 

Two of the most common GIS packages are Arclnfo | (including ArcView | and 
Maplnfo | Mapping seagrass meadows with a GIS can help to identify emergent patterns or 
relationships in geographically referenced data. For further reading on the application of GIS 
to aquatic botany, see Lehmann and Lachavanne (1997). 

GIS provide three distinct functions; data capture, manipulation and modelling. Data is 
put into the GIS in a digitised format that can be produced by scanning an image (such as a 
paper-based map or aerial photograph) and is used to reproduce a raster bitmap of the 
original. Raster images are stored as bitmaps of pixel values. Raster maps can be 
automatically converted into a vector form by detecting features displayed in the scanned 
original (typically by colour value), and converting these points into vector data. 

Creating the Basemap and Importing Captured Data 
The first task is to scan the aerial photographs typically using a flat-bed scanner (a 

resolution of 300 dpi is usually sufficient) to produce a digital raster image. Once scanned, 
aerial photographs can be pasted together in most standard image/drawing packages to create 
larger images. Ensure the final image includes some topographic features spread over the 
entire image: such as major or minor roads, coastlines, buildings, jetties or piers. If the ground 
truthing included determining the position fixes of such topographic features, then these can 
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be used as ground control points. Using ground control points, the digital images are fixed or 
rectified in space. Maximum spread of ground control points over an image will result in a 
more accurate rectification. This image now becomes the basemap for the GIS layers. 
Seagrass areas can be mapped directly from raster images using image analysis programs (e.g., 
Optimas | and ENVI | or the user can trace (digitise) the boundary. Alternatively, the 
boundary can be determined by importing the ground truthed sites and using contour 
mapping programs (e.g., Surfer | and S-Plus| We recommend importing the seagrass 
position data (ground truthed sites) from the database in which it has been entered (e.g., 
MicroSoft | Access) and overlaying it on a basemap derived from a scanned and rectified 
aerial photograph. Once imported, it can be linked in overlapping layers to form a mosaic 
coveting the whole region or locality. 

Boundary Determination 
Boundaries of meadows can be determined based on the positions of survey sites and the 

presence of seagrass, coupled with depth contours and other information from aerial 
photograph interpretation. Errors that to be considered when interpreting GIS maps include 
those associated with digitising and rectifying the aerial photograph onto the basemap and 
those associated with GPS fLxes for survey sites. In certain cases seagrass meadows form 
very distinct edges that remain consistent over many growing seasons. However, in other 
cases the seagrass tends to grade from dense continuous cover to no cover over a continuum 
that includes small patches and shoots of decreasing density. Boundary edges in patchy beds 
derived from aerial imagery or direct observation are vulnerable to interpreter variation. 

Sometimes, it can be assumed that light limits the deeper edge of seagrass beds; in this 
case, bathymetric measures can map this boundary. The light limiting depth to most 
seagrasses is usually the Secchi disc depth (Dennison and Kirkman, 1996). 

Given the uncertainty in identifying meadow edges, it is suggested that each mapping 
effort include its own determination as to what it considers seagrass habitat based on the 
purpose of the mapping As long as the logic is clearly described and the results are 
repeatable, the data should be suitable for baseline characterisation or change detection. Using 
the GIS, meadow boundaries can be assigned a "quality" value based on the type and range of 
mapping information available for each area and determined by the distance between survey 
sites and GPS position fixing error. These meadow boundary "errors" can be used to estimate 
the likely range of area for each meadow mapped (Lee Long et al. 1996b, McKenzie et al. 
1996, 1998). 

5.5.3 Map Accuracy 
The expected accuracy of the map product gives some level of confidence in using the data. 
Inaccurate maps may result in poor management decisions (Bruce et al. 1997). Mapping 
accuracy can be divided into the two general classes of thematic and spatial accuracy. 
Thematic accuracy is a determination of the correctness of the features identified on the map 
product, covering whether a patch of seagrass was correctly labelled as seagrass in the map or 
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whether it was incorrectly labelled as algae or some other feature. Spatial accuracy is a 
measure of the positional correctness of boundaries and features in a map product. For 
seagrass mapping, high levels of both thematic and spatial accuracy are critical. 

With the advent of GPS, spatial accuracy has greatly improved. However, care must be 
taken not to enlarge a map beyond its stated scale and try to make decisions from this 
artificially enlarged map. The need for rectification has been emphasised throughout this 
chapter and estimates of accuracy should be given with each mapping project. At sea, 
control points are difficult to find for rectification purposes; spatial errors increase in 
magnitude the further the site of interest is from controls. 

The accuracy of a map also needs to consider temporal effects. Rarely are maps 
generated at a time close to the date at which field accuracy assessment occurs, making 
assessment of the thematic or spatial accuracy of a map more difficult. Temporal effects 
are particularly noticeable when seagrass beds undergo large seasonal changes. 

5.5.4 Data Visualisation and Output 
If the data contains information of greater resolution than presence or absence, it can be 

used to in digital elevation modcUing programs (such as Surfer | and S-plus| Digital 
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elevation models can be created with information such as seagrass abundance, water depth, 
etc. 

Detailed data capture information can enable maps to be constructed from more 
features than simply presence and absence. Maps of different seagrass communities or 
habits for example, can be constructed by using information such as seagrass species 
composition, seagrass abundance, sediment type and other associated flora and fauna. 

The final map can be presented on screen and in hard copy. The final maps need a dear 
legend describing the features highlighted, a scale, and a source. The maps are best 
accompanied by any caveats on data reliability, e.g., changes in data quality during 
sampling because of physical changes such as sea state. This is important when data is 
loaded into a GIS that is used by managers. GIS data also requires a date. Original 
(master) copies of final GIS maps are usually stored in two places: the source laboratory 
and a regional or central archive. Always attach a metadata file or script to each map, and 
include the correct form of citation to be used for acknowledging the data source. 

5.5.5 Metadata 
Metadata is information about the data and not to be confused with a summary of the 

data. Metadata describes data source, data reliability, conditions of use, limits on 
interpretation and date, and usually includes the correct form of citation to be used for 
acknowledging the data source. It holds information about the quality of the data. The 
project metadata for all spatial data should have some statement about the accuracy of a 
map product. The Australian New Zealand Land Information Council has a very useful 
guide for metadata (http://www.anzlic.org.au/). 

Discussion 

The use of the GPS has facilitated the production of precisely geo-referenced images 
that can be incorporated into GIS database for analysis of seagrass distribution and 
characteristics. The incorporation of GPS and GIS technologies has lead to the 
development of spatial database systems for seagrass that can be queried, updated, 
manipulated and analysed, something previously inconceivable. The use of GIS 
technologies, involving the quantitative expression of spatially consistent data, provides 
advanced analytical capabilities and the ability to address complex systems in entirely 
different new ways. 

The majority of previous seagrass mapping studies using GIS were .conducted using 
solely a raster format interpreted using remote sensing and photogrammetry techniques, 
with pixel size varying from 15-30m. The accuracy of many of these studies is 
questionable, due to the limited or non-existent ground truthing. In many studies 
uncorrected GPS readings were used to record features and their attributes (Lehmann et al. 
1997), leading to the publication of numerous studies with high uncertainties in GIS 
outputs, due to the uncertainties in the data input. Stoms et al. (1992) suggested that the 
usefulness of GIS technologies is limited by data availability and quality rather than by 
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technical obstacles. Quality of the output is affected by the accuracy associated with the 
spatial resolution of the source data. 

Although we tend to think of visual displays from GIS databases as the digital 
equivalent of map-making, there are significant differences and opportunities that exist. 
The spatial database is structured in a format allowing future seagrass mapping studies to 
be compared, queried and analysed. The layout of a paper map is permanent, but visual 
displays in the GIS can be manipulated and transformed in a free form and zoomable 
display. 

The use of GIS in seagrass mapping has resulted in significant improvements in 
monitoring seagrass resources and their respective management. GIS has enabled relatively 
accurate comparisons of historical and current spatial studies. For example Udy et al. 
(1999) examined the historical changes in the distribution of seagrass meadows using aerial 
photographs, ground truthing and GIS, and reported seagrass expansion in the back-reef 
area NW of Green Island (Australia) from 1.1 +0.3 ha in 1959 to 22.5 +1.7 ha in 1994. 
Future comparisons will be conducted with relative ease, as the historical information is 
archived in a suitable format. 

One of the largest programs integrating GIS and maps of seagrass resources is NOAA 
Coastal-Change Analysis Program. The project is a cooperative state and federal effort to 
map benthic resources throughout the coastal regions of the United States. The primary 
goal is to establish an ongoing and consistent national database of coastal benthic data that 
document changes and trends over time. The focus of the benthic habitat mapping project 
is on living resources in the near-shore estuarine and marine environments such as seagrass 
meadows, coral reefs, hard bottom areas, shellfish beds, and algal communities. The 
geographic scope extends from the limit of tidal influence seaward to the state 
jurisdictional line 3 miles offshore. C-CAP digital map products are used in a variety of 
ways. One of the most important is change detection. By comparing maps of the same 
areas taken on different dates, alterations from man-made and natural occurrences are 
readily apparent. Such analysis also helps scientists and coastal resource managers draw 
correlations between changes in upland environments and nearshore aquatic habitats. 
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Chapter 6 

Methods for assessing seagrass seed ecology 
and population genetics 

Graeme J. Inglis, Michelle Waycott 

I~1 Chapter Objective 

To describe basic approaches for sampling the seed resources and genetic characteristics 
of seagrass populations. 

Overview 

Ecological populations result from processes that affect the birth, growth, survival and 
interaction of genetic individuals (genets). In seagrasses and other flowering plants, the 
recruitment of new genets occurs through the production and germination of seeds. Seeds 
variously provide a means by which plants disperse to new locations, recover from 
catastrophic disturbances, or survive unfavourable periods for growth. They are, therefore, 
an important demographic stage in plant populations. Study of the recruitment and survival 
of genets in seagrass populations is complicated by the difficulty in distinguishing one genet 
from another. The clonal growth aspect of seagrasses means that a meadow could be 
comprised of just a single, large individual or many smaller, intermingled genets. Knowledge 
of the number and distribution of genets is important for understanding the pattern of 
flowering and seed production. For example, seed production may vary greatly among 
separate meadows of the same species, as well as within meadows, because differences in the 
size and spatial arrangement of genets affect rates of pollination and genetic exchange (Figure 
6-1). Interspecific differences in reproductive effort can also have a basis in local population 
structure, as species with potentially long-lived plants (e.g., Posidonia) are likely to form 
larger genets and might be expected to invest fewer resources into annual seed production 
than shorter-lived species (e.g., Halophila). For these reasons, studies of the genetic structure 
of seagrass meadows and their reproductive ecology are intimately linked. By relating the 
genetic composition of meadows to their reproductive behaviour we may begin to determine 
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the effective size and spatial extent of  seagrass populations and the processes by which they 
are established and maintained. In this chapter we review some of  the methods that can be 
applied to study the seed ecology and genetic structure of seagrass meadows. 
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Figure 6-1. An example of the effect of population structure on the potential effectiveness of sexual 
reproduction in a dioecious seagrass. (a) Three genets grow in 'clumps' separate from other genets-two 
are female, one is male. The reproductive zone of interaction will be greatest where a male and female 
genet are physically closest. (b) Two genets grow some distance apart forming a dead zone or barrier to 
reproduction. (c) Four genets grow intermingled and the capacity for reproductive interactions between 
male and female are high. 

Seed ecology 

6.3.1 Introduction 
Seagrasses produce a range of  seed types that vary in size, longevity and dispersal ability 

(Table 6-1). These characteristics have an important influence on the distribution of seeds in 
time and space, and the methods used to study them. The large fleshy seeds of  Posidonia, 
Enhalus and Thalassia, and the viviparous seedlings of Amphibolis and Thalassodendron 
germinate without a distinct dormancy period and do not form persistent seed banks in the 
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sediment. In the remaining species, seed dormancy can range from a few weeks to >4 years 
(McMillan 1991). Seeds that persist in the sediment for >12 months ( 'persistent' seed 
banks) accumulate over more than one reproductive season so that the seed bank can contain 
seeds of variable age and physiological condition. 

Table 6-1. General characteristics of the seeds and breeding systems of different seagrass genera 
(adapted from Kuo and Kirkman 1996, Inglis 2000a). 

Class 

I. Species which produce 
viviparous seedlings 

Genus Breeding system seed size Seed bank 
, , (ram) .......... type ,,, 

Amph'ibolis 'Dioecious 80-100 None 
Thalassodendron Dioecious 35-50 None 

II Seeds with membranous Posidonia 
coverings and indistinct Enhalus 
dormancy Thalassia 

Bisexual 8-20 None 
Dioecious 10-15 None 
Dioecious 8-10 None 

1~I Seeds with hard 
coverings and distinct 
dormancy 

Halodule Dioecious 2-3 Persistent 
Cymodocea Dioecious 7-10 Persistent 
Syringodium Dioecious 4-8 Persistent 
Zostera Monoecious 2-4 Transient 
Heterozostera Monoecious 3-4 Transient 
Phyllospadix Dioecious 9-11 Transient 
Halophila Dioecious (10 spp.), 0.2-1 Persistent 

Monoecious (2 spp.) 

6.3.2 Objective 
To describe general methods to estimate seed production, the size of the seed bank, seed 

viability and germination. 

6.3.3 Necessary Materials and Equipment 

Field Equipment 
�9 Shovel or trowel 
�9 Diver-controlled suction-lift (subtidal meadows only) 
�9 SCUBA equipment (subtidal meadows only) 
�9 Corers with end-caps 
�9 Field sieves 
�9 Permeable sample bags (made from fine mesh, calico or burlap) 
�9 Measuring tapes (50 m or 100 m) 
�9 Quadrat (divided into smaller grids to allow sub-sampling) 
�9 Labelled plastic bags 
�9 Slate or waterproof paper, pencils 
�9 Portable Global Positioning System (GPS) 

Laboratory Equipment 
�9 Sieves (several mesh sizes) 
�9 Sorting trays 
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�9 Dissecting microscope or hand lens 
�9 Sterile petri dishes 
�9 Tetrazolium salt 
�9 Sterilised or artificial seawater 
�9 Planting trays or pots 
�9 Commercial seed-raising mix 
�9 Aerated aquaria 
�9 Controlled environment cabinets 

6.3.4 Methods for Estimating Seed Production 
Flowering and seed set occur irregularly in many seagrass populations. This variability 

can be attributed to a number of factors, including environmental conditions, the relative 
allocation of resources to sexual versus vegetative production, and, in dioecious or self- 
incompatible species, the distribution of genets and rates of pollen exchange. Knowledge of 
the size and proximity of compatible genets is, therefore, useful in explaining patterns of 
flowering and in planning studies of seed abundance (Section 6.3.5). When it is not possible 
to collect detailed genetic information, mapping the distribution of male and female flowers 
can sometimes be used as a proxy of genet distributions for dioecious species (e.g~, Terrados 
1993, Inglis 2000b). 

To estimate total seed production it is necessary to measure variation in the abundance of 
different sexual structures that contain the seeds. These vary according to the floral 
architecture of the plant. For example, in the case of Zostera, the total number of seeds is the 
product of the numbers of fertile fruits per spadix, the number of spadices per reproductive 
shoot, and the number of reproductive shoots per genet (or, more usually, per sampling unit). 
Zostera fruits contain just a single seed, but members of the Hydrocharitaceae (Halophila, 
Thalassia, and Enhalus) produce between 3 to 60 seeds per fruit, depending upon the 
species (Inglis 2000a). For this latter group it is also necessary to count the number of seeds 
per fruit, since not all ova will be successfully fertilised. 

In most seagrass genera, male and female flowers are borne on erect shoots or peduncles 
that can be counted visually within a quadrat or along a transect using the methods that are 
applied to estimate densities of vegetative shoots (Chapter 7). A sample of the sexual shoots 
in each sampling unit is harvested at the shoot base and returned to the laboratory in sealed 
plastic bags for dissection. For species of Halodule, Cymodocea, and some Halophila, which 
have sessile ovaries located at the base of the shoot, it is necessary to excavate the entire 
sampling unit, or a sub-sample of it, to recover and count the buried fruit. 

In the laboratory, wash and sieve the plant samples to remove any remaining sediment 
and detritus. In each sample, count and record the number of each structural unit of the plant 
(e.g., flowering shoots, spadices per shoot, fruits per spadix, etc.). It is not necessary to 
count every seed, fruit, inflorescence and reproductive shoot within each sampling unit. 
Smaller units (e.g., spadices and fruits) can be counted within a sub-sample of the 
reproductive shoots. Small fruits and inflorescences are dissected using a microscope or hand- 
lens. A stain can be used to determine the proportion of seeds that is viable (Section 6.3.6). 
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Sampling Design and Analysis 
Best estimates of seed abundance will be obtained when greatest effort is allocated to 

counting the floral structures that exhibit the largest variation in abundance. For example, if 
there is large variation in the number of viable fruits per spadix, but the number of spadices 
per flowering shoot is relatively consistent, then estimates will be improved by counting 
fruits in a greater number of spadices on each shoot, rather than by sampling more shoots. 
Andrew and Mapstone (1987) describe procedures for deciding upon the optimal allocation 
of sampling effort in hierarchical sampling designs, where individual units, such as 
reproductive shoots, are sub-sampled. 

The choice of how to express seed production depends upon the research question. 
Where the objective is to assess the reproductive effort of the plants, some measure of the 
energetic resources that the plant expends on seed production (e.g., carbon or nutrient 
expenditure) is required. Reproductive effort is commonly expressed in units of area (e.g., 
number of flowering shoots per m 2) or biomass (e.g., the weight per unit area of 
vegetative:sexual shoots), but for population studies it is more appropriately measured on a 
per genet basis. This is often very difficult to do. 

6.3.5 Methods for Estimating the Size of the Seed Bank 
Samples from soil seed banks are obtained by removing a standardised volume of 

sediment from the meadows which contains the seeds. In intertidal environments samples 
are extracted at low tide by digging out quadrats to a consistent depth or by using a corer. 
Most viable seeds will be found in the top 10 to 20 cm of sediment, so it is usually not 
necessary to sample deeper than this. Best results will be achieved if the corer is pushed into 
the sediment to a fixed depth and then capped with an air-tight seal before being extracted, as 
the resultant vacuum helps to retain the moist sediment within the core (Chapter 12). 

Subtidal sediments are more difficult to sample as both seeds and sediments may be 
washed away when they are disturbed. Because of this, procedures which minimise 
disturbance (e.g., core samples which can be capped at each end), or capture the disturbed 
sediment (e.g., use of a small, diver-controlled suction dredge or "air-lift") are preferred over 
digging. Because it is important for a consistent volume of sediment to be sampled, air-lift 
samples should be taken from within a box-quadrat or similar sampling unit that can be 
pushed into the sediment to indicate a standard depth. 

To avoid taking large amounts of sediment back to the laboratory, the samples are 
washed in the field through sieves or permeable sample bags that have a mesh-size small 
enough to retain the seeds, but which are large enough to allow unwanted material to pass 
through. Extraction and enumeration of seeds from within the sediment samples can be very 
time-consuming, so the more efficient this preliminary washing is, the more time will be 
saved in the laboratory. A stack of two sieves, one with a mesh larger than the seeds and one 
smaller, is useful, as the larger sieve can be used to remove coarse shell grit and detritus, 
allowing the seeds to be retained on the smaller screen below. 

Two general approaches are possible for counting seeds retained in the samples: direct 
counts or enumeration of germinated seedlings (Gross 1990). Direct counts are made by 
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washing the extracted samples through screens or sieves that allow the seeds to be separated 
further from sediment and detritus. Alternatively, separation can be achieved by floating the 
seeds from the sediment using an appropriate solute (Gross 1990). Recovered material is 
then examined visually using a hand lens or dissecting microscope to determine the number of 
seeds present. The choice of sieve size or solute concentration is critical for the efficiency of 
this technique and should be matched to the appropriate size or specific density of the seeds 
under study. 

Germination methods for counting seeds estimate only the number of seeds that is ready 
to germinate. Sediment containing the seeds is placed in controlled environmental conditions 
that are designed to induce germination. Depending on the species, this can be as simple as 
spreading the moistened samples onto planting trays and exposing them to appropriate light 
and temperature conditions, or it can involve more complex pre-conditioning by temperature 
stratification, and the use of commercial fertilisers and plant hormones (Bewley and Black 
1994). Estimates of the germinable seed reserve are then obtained by monitoring the number 
of seedlings that emerge at regular intervals. 

Trouble Shooting Hints 
The choice of method for counting seeds depends upon their size and the ease with which 

dormancy can be broken (Gross 1990). Direct counts potentially overestimate the abundance 
of germinable seeds in the sediment by including those that appear intact, but which are no 
longer capable of germinating (Gross 1990). This bias can at least be estimated if indirect 
methods are used to determine the viability of a proportion of the recovered seeds (e.g., by 
tetrazolium stain, Section 6.3.6). Conversely, germination methods potentially underestimate 
the number of viable seeds in the sample, as only a proportion of the dormant seeds may 
germinate during the observation period. 

Most seagrasses produce relatively large seeds that are amenable to direct enumeration. 
This usually requires fewer resources per sample than germination methods and, therefore, a 
larger number of samples can be processed faster. For population studies, this ultimately 
means better descriptions of the abundance and distributions of seeds. Germination methods 
will be most appropriate for very small seeds of Halophila species that are easily missed 
using direct visual observation. Existing studies suggest that Halophila seeds germinate 
readily when exposed to light (McMillan 1988). Sampling techniques that use a combination 
of direct counts and germination are likely to produce the most comprehensive assessments 
of seed abundance for these small seeds. 

Sampling Design and Analysis 
Obtaining good estimates of the numbers of seeds present in seed banks is difficult. Seem 

distributions are usually highly aggregated in both space and time and, as a result, sampling 
distributions for seed banks are usually strongly skewed, with many samples likely to 
contain no seeds (Figure 6-2). Therefore estimates of seed density obtained from small 
sample sizes (n < 10) will usually be very imprecise. Careful consideration is needed to 
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decide upon an appropriate methodology, size of sampling unit, and distribution of sampling 
effort to obtain good results. Well-designed pilot studies are the best way to make these 
choices. General procedures for estimating the optimal number and size of sampling unit are 
given in Andrew and Mapstone (1987) and Chapter 4. Where seeds are likely to be rare 
(<0.1 seed per sample unit), the objective may simply be to detect their presence in a 
meadow. Green and Young (1993) describe useful techniques for estimating the sample sizes 
needed in these circumstances. 
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Figure 6-2. Examples of the considerations for sampling seed banks. (a) Sampling distribution of 
Halodule uninervis seeds from over 1000 cores (volume = 196 cm 3) taken from a single meadow. 
More than 10% ofthe cores contained no seeds, whilst 12% had between 30 to 85 seeds per core. Co 
and c) Pilot studies were used to determine the number of core samples of three different sizes that 
would be required, on average, to estimate the abundance of H. uninervis seeds with sampling 
precision (S.E./mean) of 0.1 (circles) and 0.2 (squares). Larger cores provided no real advantage in 
reducing sample variability, and the considerably shorter processing time needed for the smaller core 
sizes allowed a greater number of samples to be taken, thus potentially increasing precision. 

A general rule-of-thumb for seed bank studies is that a large number of small samples is 
preferable to a small number of large samples (Gross 1990, Figure 6-2). Small samples are 
usually quicker to process, less likely to do long-term damage in sensitive meadows, and will 
provide better estimates of seed abundance because more samples can be taken in the same 
amount of time. 

6.3.6 Methods to Determine the Proportion of a Seed Sample that is Viable 
Any sample of seeds will have a proportion that is not viable because of age, microbial 

decay or inbreeding depression. The most widely used method to determine seed viability is 
a simple staining technique using tetrazolium chloride solution. Tetrazolium salts reacts with 
hydrogen atoms released during cellular respiration and stain riving portions of the embryo 
red. Procedures for tetrazolium staining are well-established for terrestrial plants (Bewley 
and Black 1994), but only a handful of studies have tested the stains for seagrass seeds. 
Consistent results have been achieved for Zostera (Conacher et al. 1994) and Halodule (Inglis 
unpubl, data) seeds by removing the external fruit and seed coats from the embryo and 
soaking the seeds in 0.5% tetrazolium solution for 24 hrs at room temperature (25-28~ 
The numbers of seeds with stained embryos are then counted. It is important to replicate the 
staining in at least three separate batches of 25 or more seeds to ensure that the procedures 
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are reliable and repeatable. Care is needed when removing the fruit and seed coats as it is very 
easy to damage the living embryo. 

6.3.7 Methods for Measuring Germination 
Germination of a seed occurs when dormancy is broken. The most consistent indication 

of this occurs when the cotyledon axis emerges and begins to extend from the seed (Bewley 
and Black 1994). Swelling of the seed and rupture of the fruit or seed coats precede 
germination, but are not sufficient signs that it has occurred, since they may also be 
symptoms of osmotic shock or microbial infection. In population studies, germination is 
usually measured as a proportion (or %) of the total number of seeds in a sample that show 
extension of the cotyledon within a given observation period. The length of this observation 
period is critical, since the seeds of some species may remain viable for many years 
(McMillan 1991). Plots of the cumulative proportion of germinated seeds in a sample over 
time are usually sigmoidal in shape. A small proportion of seeds germinates initially, 
followed by the bulk of the sample, and then a protracted period occurs in which the few 
remaining seeds take considerably longer to break dormancy. Different measures of 
germination are based on the shape of the cumulative germination curve and may be used to 
distinguish between different types of seed banks. These measures include the asymptotic 
value of the curve (total germination %), the mean rate of germination, and the time taken to 
reach 50%, 75% or 100% of the asymptote value (an indicator of variance in the germination 
rate, Janssen 1973). The research question should ultimately dictate the most appropriate 
measure for any particular study, however, a useful integrated measure of germination rate is 
the Mean Time to Germination (MTR) which is measured as: 

M T R  = ~,(n.  d)/N 

where n is the number of seeds germinated between observation intervals, d is the incubation 
period in days at the time of observation, and N is the total number of seeds in the sample 
that germinated (Brenchley and Probert 1998). 

Orth et al. (2000) and Inglis (2000a) reviewed the variety of methods that have been 
tested to break dormancy of seagrass seeds in vitro. However, as these authors point out, 
greater understanding of the processes that influence seed persistence and germination in 
natural populations will be obtained using field experiments. The simplest of these involve 
sowing seeds directly into different environments and monitoring germination, or burying 
seeds in mesh bags or other suitable containers that prevent predation or secondary dispersal. 

I~1 Population genetics 
6.4.1 Introduction 

A genet is all the separate units (ramets) that are derived from a single seed via vegetative 
growth, fragmentation or asexual 'seed' production (Cook 1985). Growth form in all 
seagrasses is dominated by vegetative extension of the underground rhizome (Marba and 
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different species of seagrass have differing capacities to form large genets. Knowledge of the 
spatial arrangement and size of genets is fundamental to understanding many aspects of the 
demography of seagrasses. For example, the spatial distribution of genets may be used to 
determine the age and growth strategies of individuals within a population (Procaccini and 
Mazella 1998, Reusch et al. 1999a, Waycott 1995). Few attempts have been made to 
determine the age of seagrass clones (Reusch et al. 1999b). The spatial distribution of genets 
reflects past recruitment events of both ramets and seed and can aid the ecologist in 
understanding the dynamics of populations (Ruckelshaus 1998, Waycott 1998, 2000a, 
Reusch et al. 1999c, Reusch 2000). 

The spatial distribution of genets within populations also affects a wide array of 
ecological and genetic parameters including seed production, mating system, gene flow and 
genetic diversity (Figure 6-1). Pollination success limits the ability of seagrass plants to 
produce seed, so that determining the route by which pollen arrives at stigmas is of 
considerable value (Cox and Knox 1989, Cox 1993, Ackerman 1995, 1997). Analysis of these 
parameters should be undertaken in light of the spatial arrangement of genets, and particular 
care taken in sampling for each type of these different analyses. Many reviews exist on the 
range of genetic markers and the types of questions that can be asked with them (Avise 1994, 
Mueller and Wolfenbarger 1999, Ouborg et al. 1999, Reusch 2000). 

Methods for sampling three of the more informative parameters (the pattern of mating 
events [mating systems], the dispersal of genetic information between populations [gene 
flow] and the level of genetic variability within and between populations [population genetic 
diversity]) require different sampling strategies and approaches to analysis. 

Characterisation of seagrass meadows starts with an assessment of their population 
structure, that is, the spatial distribution of genets within a meadow. Assessment of 
population structure might then be followed by an assessment of the mating system which is 
the frequency and method of pollen transfer between individuals (outcrossing) as opposed to 
within individuals (selling) (Clegg 1980, Ritland 1983). The mating system can only be 
directly tested in a few species as over 75% of seagrass species are dioecious (separate 
sexes), so that few are capable of self pollination (Table 6-1, Waycott and Les 1996). It is, 
however, possible to determine the distance, direction and frequency of pollen movement 
within populations of dioecious seagrass species if mating analysis is coupled with free scale 
mapping of genets. 

6.4.2 Objective 
To describe methods to investigate evolutionary relationships among seagrasses and to 

determine the population genetic structure in seagrass meadows and seagrass mating systems. 

6.4.3 Necessary Materials and Equipment 

Collection 
�9 Plastic bags (one per sample to be taken) 
�9 Hand trowel or other digging implement 
�9 Coarse sieve to remove sediment from samples 



132 Inglis and Waycott 

�9 Measuring tape/s (10 - 50 m long) 
�9 Cooler box 
�9 Where necessary, equipment for SCUBA diving 

Preservation 
�9 Vials, sealable 50-250 ml 
�9 Dessicant, silica gel e.g. Sigma-Aldrich Cat# 85344 

or florist drying gel such as 'Petalast' or 'Everlast' 
�9 Blotting paper 
�9 Tissue 
�9 Sharp blade 

DNA extraction 
�9 Mortar and pestle 
�9 Acid washed sand 
�9 Chemicals for extraction (see 6.4.4) 
�9 Electrophoresis equipment 

DNA analysis 
�9 Access to DNA analysis laboratory 

6.4.4 Sampling Seagrass for Genetic Analysis 

Sampling Design 

Phylogenetic analysis 
Phylogenetic analysis based on DNA sequence data can provide valuable insights into the 

relationships between different species. To date, most published studies have attempted to 
unravel relationships between genera (Les et al. 1997, Waycott and Les 2000), with only one 
recent study attempting to differentiate between species, namely Halophila (Waycott et al. 
in press). To determine differences between species, samples representatives of clearly 
identifiable taxa (den Hartog 1970, Chapter 2) as well as unusual variations from these forms. 
To determine the evolutionary relationships between species, genus or family groups it is 
important to collect a voucher specimen. Identify these carefully using the most recent 
taxonomic keys and lodged at a recognised herbarium so that other researchers can confirm 
their identity (Chapter 4). Where possible, phylogenetic analysis is ideally conducted on 
specimens obtained from different areas within the geographic range of the species. At each 
location, specimens are collected using randomised sampling and, where unusual 
morphological forms are found, they are analysed alongside more typical material. We 
strongly recommended that phylogenetic analyses also be conducted alongside closely related 
species or genera that can be used as outgroups (Les et al. 1997). 

DNA sequence data can also be used to determine relationships among populations of the 
same seagrass species within a def'med geographic area (i.e., phylogeographic variation within 
a species, Avise 1998, Schaal et al. 1998). The sampling design should include populations 
that are relatively close to each other, and others that are separated by comparatively large 
distances within the geographic range. In each population, multiple samples (genets) should 
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be collected randomly. Results can then be related to environmental variables that may affect 
levels and patterns of gene flow (Procaccini et al. 2000) and to the diversification of the 
species under study (Waycott et al. in press). 

Population genetic structure 
There are several considerations before collecting samples to determine the spatial 

distribution of genets within a population. In particular, the dispersion of samples will be 
influenced by the species and general type of meadow at the study site. For patch-forming 
seagrasses, such as Halophila species, or in patchy meadows of Zostera and other larger 
species, samples must be taken from more than one patch. As separate patches may be 
different genets, it is important to sample as many patches as possible. In our experience, at 
least five samples per patch are needed to detect common genotypes. If the study species 
forms continuous meadows, samples should be taken from within a grid that represents a 
reasonable proportion of the total area of the meadow. The size of the grid will vary with 
meadow size and/or the species under study. In our experience, a grid of at least 10 m by 10 
m will be necessary to sample more than one genet of most species. 

The most useful starting point is a sampling grid of at least 35-50 points over a minimum 
area of 10 m by 10 m. By sampling at fixed points on the grid a comparison can be made 
between several spatial scales of distance between samples. Also, sub-sampling more 
intensively within one grid cell (e.g., every 20 era) allows comparison between samples that 
are separated by distances between 20 cm and up to 10 m (Waycott 1995, Ruckelshaus 
1998). 

An alternative approach is to sample at random points within the meadow and to take an 
accurate reading (by GPS or direct measurement) of the geographic location of each sample. 
Random sampling will allow analysis of the relationships between genotypes and also allows 
for the possibility of spatial autocorrelation analysis of genotype data, but usually requires 
sampling a greater density of points (Waycott 1995, Reusch et al. 1999a,c, Reuseh 2000, 
Procaccini et al. 2001 for alternative approaches). 

Seagrass mating systems 
Samples collected for mating system analysis must also be tested to determine if they are 

from the same individual due to the possibility of clonality of maternal plants (Reusch 2000). 
Sample size will depend upon the number of progeny (seeds) that can be obtained per 
maternal plant at the same location (Clegg 1980, Ritland 1983, Ritland 2000). Because most 
seagrasses are dioecious (Table 6-1), it is not possible to compare the frequency of 
outcrossing versus selling, as all seed produced by dioecious species will be outcrossed (i.e., 
pollen derived from a different genet to the maternally derived ovules). However, it is 
possible that in dioecious species genets in close proximity to one another may be highly 
related. Theoretical and analytical tools are poorly developed to handle this type of data. 

Collections of seeds should be made randomly in a population, although spatially- 
referenced samples may aid in interpreting the results (see above). Preferably, 25-50 seeds 
should be analysed per maternal plant and at least 5 maternal plants per location. If fewer 



134 Inglis and Waycott 

seeds are obtained per maternal plant, a total sample size in the order of 100 seeds is 
recommended. 

Collecting the Sample for DNA Extraction 
There are five considerations and steps to collecting the sample once the sampling design 

has been decided upon. 
1. Different species need different collection protocols and the protocol has to be 

established (see notes below). 
2. As a minimum, collection gear consists of: a cooler box, plastic bags and a small 

excavating implement (a trowel). 
3. The sample is excavated gently to avoid bruising the meristems, as this will result in 

degraded DNA and poor extraction yields. 
4. After excavation, samples are kept as cool as possible until they can be placed in 

drying agent. Typically samples are transported in a plastic bag with very little sea 
water and kept in the shade or a cooler-box. Samples must not be frozen as this 
damages the cells and will result in degraded DNA. 

5. At the laboratory, samples are kept as dry as possible in a drying agent (e.g., silica 
gel). 

Acronyms Glossary 
AFLP amplified fragment length polymorphism (Vos et al. 1995) 
CTAB cetyldimethylethylammonium bromide (e.g. Sigma-Aldrich catalogue number C5335) 
DNA deoxyribonucleic acid 
PVP-360 polyvinylpyrrolidone molecular weight 360,000 

(e.g. Sigrna-Aldrich catalogue number PVP-360) 
PVP-40 polyvinyipyrrolidone molecular weight 40,000 

(e.g. Sigma-Aldrich catalogue number PVP-40) 
RAPD random amplified polymorphic DNA (Williams et al. 1990) 
SDS sodium dodecyl sulfate syn. lauryl sulfate, sodium salt 

(e.g.Sigma-Aldrieh catalogue number L4509) 
S S R simple sequence repeat 
TRIS tris[hydroxtmethyl]aminomethane (e.g. Sigma-Aldrich catalogue number T1503) 

Notes on Collecting 
It is possible to sample large taxa with robust, strap-like leaves (e.g., Thalassia, 

Posidonia, Enhalus, and some Zostera and Cymodocea) non-destructively by taking leaf 
punches of around 1 cm diameter (Procaccini pers. com.). A leaf punch of this size should 
yield 100-200 ng DNA, which is sufficient for DNA sequencing and, perhaps, DNA 
fingerprinting (AFLPs). However, for most techniques described above, greater quantities of 
DNA are required. To sample Thalassia, Posidonia, Enhalus, or Cymodocea a single shoot 
may be taken, including the leaf meristem at the base of the sheath, accomplished by 
removing the sediment from around the shoot, and cutting below the base of the sheath. In 
other species, particularly small Halodule, Halophila and Zostera taxa, it will be necessary to 
uncover and remove short pieces of rhizome with 2-3 shoot meristems or more depending 
upon the application (Figure 6-3a-c). To excavate samples from these species, sediment 
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around the rhizome can be carefully removed while the plants are still covered with water, by 
'fanning' the sediment surface to expose the rhizome. Connected shoots can then be 
identified and removed still connected. It is advisable that only one of these samples be 
placed in each bag. If time is limiting a small clump might be removed and sorted back in the 
laboratory and the best connected set of shoots can then be used for DNA extraction. 

Figure 6-3. (a) Typical large strap leaved seagrass such as Thalassia, Posidonia or Cymodocea with 
meristem to be collected for DNA extraction inside the sheath (circled). (b) Section of rhizome to be 
collected (circled) with at least 3 shoots in species such as Halodule and Zostera and the meristem 
inside the sheath as for a. (c) Collections of Halophila with 3 meristems may require a set of rhizome 
branches to be collected. (d) Tissue drying in silica gel filled vials. 

Once removed from the sediment, any extraneous material is rinsed from the plant, and 
the tissue 'snap-dried' using one of a variety of drying agents to remove moisture and 
preserve the DNA. The easiest to use is silica gel dessicant (e.g., Sigma-Aldrich Cat# 85344 
or florist drying gel such as 'Petalast' or 'Everlast'), which can be stored dry in sealed vials 
(typically 50-200 ml) until it is needed. At least 5 times the volume of drying gel:tissue 
should be used (Figure 6-3d). The drying agent needs to be changed after the first 24-48 
hours depending on how wet the plant sample was at collection and the ratio of tissue to 
drying agent. The most common problem for DNA extraction is that drying does not occur 
rapidly, resulting in degraded DNA. 

Other useful drying agents such as alcohol (80-100%) or saturated CTAB/salt solution 
(Storchova et al. 2000) may also be used with good results. Alternatives include extraction of 
DNA from fresh samples (usually less than 1-2 days after harvesting), or freezing the fresh 
sample in liquid nitrogen or at-80~ Once completely dry the samples are stable at room 
temperature for months to years, provided they are kept dry with fresh drying agent 
regularly. 

6.4.5 Genetic Techniques 

DNA Extraction 
Many protocols are available to extract DNA from plant tissue (reviewed by Ausubel et 

al. 1994). A general purpose DNA extraction that, so far, has been used successfully on all 
seagrass genera is described below. 
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Approximately 100-500 mg of dried basal leaf tissue (previously covered by sheath) or 
shoot meristems, are ground in a mortar and pestle with acid-washed sand and 4-5X volume 
to weight of tissue of SDS grinding buffer similar to Huff et al. (1993) but with 1% SDS, 1% 
PVP-40 and 1% PVP-360. The ground tissue in buffer is then placed in a 1.5 ml centrifuge 
tube and 5M potassium acetate added to make up 10% of the buffer volume and then mixed 
well. The mixture is then heated at 65~ for 45 minutes and placed on ice for 10 minutes. 
Cell debris is precipitated by centrifugation (3 minutes at -~13,000 rpm in a microcentrifuge) 
and the clear, aqueous supernatant removed to another tube. The DNA solution is then 
extracted in an equal volume of isoamylalcohol:chloroform (1:24). After mixing well and 
centrifuging at 12,000 rpm for 3 minutes, the top, aqueous layer is then separated into a clean 
tube and the DNA precipitated in 2 volumes of ice cold ethanol and 0.1 volume 2.5M sodium 
acetate. In some species (e.g., Thalassia spp. and Posidonia spp.) DNA is better 
precipitated from the supematant by adding an equal volume of isopropanol and placing at - 
20~ for at least 1 hour or overnight. The DNA is collected as a pellet by centrifugation (5 
minutes at -~13,000 rpm in a microcentrifuge), washed once in 500 ~tl 70% ethanol (the tube 
is shaken, the pellet dislodged from the bottom of the tube and then centrifuged to re-pellet) 
and then the alcohol poured off and excess alcohol removed from the pellet by air-drying. If 
no precipitate forms within 5 minutes after addition of isopropanol, samples may be placed 
in the freezer for several hours. Samples can then be microcentrifuged for 1 minute at 12,000 
rpm and excess alcohol carefully poured off. They are then washed in 70% ethanol (as above) 
and the excess alcohol removed from the pellet by air or vacuum drying. The final DNA is 
resuspended in 50-200 lal tris-buffer. The DNA quality and approximate concentration can 
then be assessed by agarose gel electrophoresis. If very clean DNA is required, a glassmilk 
cleanup procedure can be followed (e.g., UltraClean TM by MoBio, for alternative protocols 
Procaccini et al. 1996, Reusch et al. 1999c). 

Choosing the Most Appropriate Genetic Technique 
Different techniques are available to generate genetic data and to relate these to ecological 

processes (for reviews see Bachmann 1994, Reusch 2000). Analysis of allozymes (or 
isoenzymes) is widely used. This technique utilises electrophoretically-determined 
differences in the size and charge of proteins when run through an inert matrix. To analyse 
allozymes, samples must be collected in a manner that maintains the activity of enzymes, 
usually by snap freezing the tissue in liquid nitrogen within minutes (maximum several 
hours) of being removed from the meadow. This is inherently very difficult in seagrasses due 
to the difficulty of obtaining and carrying liquid nitrogen in the field. In addition, many 
seagrasses have been found to be allozymically invariable and therefore this technique may be 
of limited value (Les 1988, Waycott 2000b). We have not discussed the use of allozymes 
further in this chapter because of their limited utility across a wide species range in 
seagrasses. 

Alternative techniques are DNA fingerprinting markers, such as AFLPs (Vos et al. 1995, 
Mueller and Wolfenbarger 1999), minisatellites (Nybom 1994) or RAPDs (Williams et al. 
1990), which generate large numbers of DNA fragments that are separated 
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electrophoretically. An increasing number of seagrass studies are using these different 
techniques (e.g., AFLPS, Waycott and Barnes in press; minisatellites, Alberte et al. 1994; and 
RAPDS, Waycott 1995, 1998, Procaccini and Mazella 1996, Kirsten et al. 1998). 
Unfortunately, most of these are dominant markers (i.e., one cannot distinguish between a 
dominant homozygote (AA) or heterozygote (Aa), see Williams et al. 1990, Bachmann 1994) 
so that careful interpretation of results is necessary. However, the generation of most 
dominant fingerprinting markers requires no additional genetic information about the genome; 
they are essentially random views of the genetic relatedness of the genome, making them 
accessible to anyone with access to a DNA laboratory. The preferred genetic marker for 
population studies is microsatellites or simple sequence repeat (SSR) markers (Queller et al. 
1993, Jarne and Lagoda 1996, Reusch 2000). These markers are co-dominant. That is, both 
alleles at each locus are visible (AA is distinct from Aa and aa) in each individual. This 
allows high value genotypic data to be collected (Queller et al. 1993). In addition, these 
markers are sufficiently polymorphic, due to their high rate of length variation (the loss or 
gain of single repeats is common at replication), to identify individual genets when a number 
of separate microsatellite loci are run consecutively (Procaccini and Mazzella 1998, Reusch 
et al. 1999c,d). DNA sequences are considerably less sensitive markers than microsateUites 
or SSRs and are more appropriate for answering questions about species boundaries, 
evolutionary trends and higher level phylogeny (Les et al. 1997, Waycott and Les 2000). 

Discussion 

The pattern of recruitment of new genets in space and time has profound implications for 
the demography of seagrass meadows and, over the long term, for the evolution of different 
life history strategies. Because it occurs infrequently in many seagrass populations, genet 
recruitment has been an elusive subject for study. The genetic typing techniques that we 
have described in this chapter offer some exciting new possibilities for understanding 
contemporary and historical patterns of recruitment in seagrass populations and, therefore, 
the processes by which meadows are established and maintained. Rates of recruitment by 
different species, and in different local populations, will ultimately be determined by a 
combination of seed availability (incorporating seed production, viability, distribution and 
abundance) and the spatial and temporal distribution of conditions that are favourable for 
seedling establishment (Eriksson and Ehrlrn 1992). Comparatively few studies have 
investigated these aspects of seagrass life histories. Research that combines genetic typing 
and studies of seed ecology, therefore, is likely to provide great insights into the processes 
that control the long-term dynamics of seagrass meadows. Such integration is necessary if we 
are to understand the ability of seagrass populations to respond to a range of natural and 
anthropogenic stresses. At a very fundamental level, genetic tools will also help us unravel 
the complex systematic relationships within this group and, therefore, the true global range of 
species and genetic diversity of seagrasses that we should seek to protect. 
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Chapter 7 

M e t h o d s  for  the  m e a s u r e m e n t  of s e a g r a s s  a b u n d a n c e  
and  d e p t h  d i s t r i b u t i o n  

Carlos M. Duarte, Hugh Kirkman 

I ~ 1  Chapter Objective 

To introduce simple and robust methods to quantify seagrass abundance in the presence 
or absence of clear environmental gradients. The chapter provides suitable descriptors of 
seagrass abundance and describes approaches to quantify this at the appropriate scales. 

I~] Overview 

The structural role of seagrass depends largely on the amount of material it develops 
above and below ground. The estimation of seagrass abundance provides critical descriptors 
correlating to the role of seagrasses in ecosystem function (Duarte 1989). We describe simple 
procedures to determine seagrass abundance along environmental gradients and in meadows 
where gradients are not of concern. The methods presented evaluate seagrass leaf cover, 
biomass, shoot density, and canopy height. To determine the depth patterns of seagrass leaf 
cover, a transect method, involving the determination of seagrass cover at random positions 
along replicated transects, is described. 

Seagrass biomass is best obtained seasonally for any baseline study, using different 
approaches, depending on the resources available. The aboveground biomass of seagrass 
meadows may be estimated by taking or measuring, at random, a suitable number of quadrats 
of an adequate size. The determination of meadow biomass requires knowledge of the cover 
and approximate dimensions of the seagrass meadow, and the selection of two or more sites 
in this area where the random quadrats are measured or harvested. Whenever the area is too 
large to allow adequate coverage through direct biomass harvesting or when harvesting is 
restricted, a relationship between biomass and a ranked estimate of biomass can be 
determined by developing a regression equation from a small number of destructive samples. 
All of the above- and belowground plant material within the quadrats must be efficiently 
collected, cleaned of debris and epiphytes, dried and weighed to quantify biomass. Stratified 
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approaches, using quadrats of different sizes, may be needed for multi-species meadows 
where shoot densities and/or patchiness differ among species. 

The application of the methods described below should be treated with caution, first 
because the size and number of samples suggested here may not be appropriate for some 
seagrass beds and second, because the time frame to determine real changes brought about b y 
human disturbance may take 5-10 years. Due to the natural spatial and temporal variability 
of seagrass meadows, these methods may not always answer management questions. Many 
of the methods described below are destructive to seagrass meadows so that if they are 
carried out in marine protected areas a permit from the relevant authorities must be obtained 
beforehand and priority given to less destructive methods. 

I ~ 1  Sampling Along a Gradient -- Stratified 

7.3.1 Introduction 
Seagrass meadows often occur in heterogeneous environments, where environmental 

variability is arranged along clearly perceived gradients, such as salinity and turbidity in 
estuaries, depth along slopes, or gradients of exposure. Many of these gradients involve 
changes in the growth conditions for seagrasses, which may affect their abundance. In the 
presence of such gradients, this information should be used to allocate the effort required to 
determine seagrass abundance. Assessments along a gradient provide a more accurate 
estimation of seagrass abundance, at a lower effort, than if the abundance had to be estimated 
from a random sampling program, such as required in the absence of clearly def'med 
environmental gradients. The allocation of effort in sampling programs along environmental 
gradients is termed "stratified sampling" (Green 1979) and can be used to derive information 
on seagrass abundance using any of the descriptors below (Sections 7.5 and 7.6). We describe 
stratified sampling using depth as an example. 

Seagrass abundance typically shows a parabolic pattern with increasing depth, with low 
abundance towards its shallow limit, increasing to maximal abundance at intermediate depths, 
and declining exponentially thereafter (Duarte 1991). This well known pattem of distribution 
can be used to stratify sampling effort in programs aimed at quantifying seagrass abundance 
along coastal areas ranging widely in depth. 

7.3.2 Objective 
To determine the patterns of seagrass abundance along a gradient using a depth gradient as 

the example. 

7.3.3 Necessary Materials and Equipment 
�9 Small boat with standard safety equipment 
�9 Underwater viewer for clear waters 
�9 Calibrated echosounder and/or weighted measuring line (marked at 5 cm intervals) 
�9 Dive personnel and equipment, if deep subtidal 
�9 25 rn transect line 
�9 Waterproof paper and clipboard or dive slate and writing instrument 
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�9 Random number generator (table, calculator or computer) 
�9 If available, Global Positioning System (GPS), compass, bathymetric chart for the 

area, recent aerial photographs, and underwater video or still camera 
�9 Tide table (if significant tides) 
�9 Weight with attached buoys 

7.3.4 Methods 
To determine the patterns of seagrass abundance over a gradient of water depth, a transect 

method is recommended. The transect is a preferred stratified design for sampling along a 
gradient. The number of transects is determined by having some prior knowledge of the 
seagrass meadow and its extent. If a map is available for the seagrass meadow of interest, the 
transects can be placed on the map and marked in the field using GPS. The shoreward origin 
of the transects, which run perpendicular to shore, are determined using random numbers 
along the known coastal extent of the seagrass meadow. Subdivide the depth range of the 
seagrass meadow into appropriate depth intervals sufficient to obtain a reliable representation 
of the seagrass depth distribution. For example, for a steeply sloping bed with a depth range 
of 2-3 m, depth intervals of 0.5 m may be suitable. For a gently sloping bed with a depth 
range of 30 m, 3 m depth intervals may be a useful guideline. At each depth interval, 
determine the seagrass abundance by assessing it at random positions along a 25 m transect 
parallel to the shore. The number of samples depends on natural variation of the seagrass 
meadow and should be calculated beforehand (Kirkman 1996). 

If tides are significant in the area, record the time at which the different depth estimates 
were made, and convert all of the depth measurements to mean sea level (MSL) using the tide 
table. If a tidal gauge is available nearby, correct the depth measurements, if necessary, for 
barometric deviations from MSL, which may exceed 50 cm in some areas. 

If no map is available and the distribution of the seagrass meadow is not known, some 
idea of its size may be obtained from aerial photos or a rough map made by using a view box 
from a boat and recording the extent along the coast of the seagrass bed. The depth limit of 
the seagrass meadow usually runs along a bathymetric contour and can be determined by 
diving, viewing from a boat in clear waters or using a video camera and some form of depth 
sounder. Note that, as a general rule, the deep limit of seagrass is at Secchi disc depth 
(Dennison and Kirkman 1996). An exception to this is in the deep waters of the Great Barrier 
Reef where seagrass grows as much as twice Secchi depth and more (R. Coles, pers. com.). 

7.3.5 Sample and Data Collection 
Mark the shoreward position of each transect with two poles visible from the offshore 

end of the transects. The two poles are set apart on a line perpendicular to the coast and used 
as line-of-sight. 

At each transect position, navigate or swim off the shore, following a compass bearing or 
using the line-of-site poles, perpendicular to shore, to reach the seagrass bed. 

Once on site, drop the weight with the buoy at the selected depth contour to mark the 
station and extend a 25 m sampling transect, parallel to shore, unless the slope is negligible 
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(i.e., < 0.5 m in 25 m), in which case, the transect can be extended at a predetermined random 
bearing from the marker. 

Determine seagrass cover (Section 7.5) or abundance (Section 7.6) in quadrats (minimum 
of 3) positioned randomly (use a random number generator to predetermine the positions) 
along the 25 m sampling transect. 

Repeat for each sampling transect at the predetermined depth intervals and move on to 
the next line-of-sight transect across the seagrass bed. 

The data recorded for the stratified sampling includes date and time, transect description, 
quadrat size, number of replicates, GPS location, tide condition and water depth. 

Sampling Randomly within a Meadow - Non-Stratified 

7.4.1 Introduction 
What is the question that will be answered by taking seagrass samples? The 

interpretation of the results of a sampling program will be only as clear as the statement of 
the objectives of the study. As Green (1979) points out, the time for statistical advice is 
when the program is being designed, not after the data are in hand and one is wondering what 
to do with them. Most importantly, it should be decided, before sampling begins, whether 
sampling is intended to determine one time seagrass abundance throughout an entire meadow 
or whether seasonal, monthly or yearly changes in abundance are required. One-time, 
intensive sampling can provide a baseline, but is often too costly to be repeated. 
Additionally, when measuring patchiness, each randomly determined position of the quadrat 
is sampled for seagrass leaf cover, and bare areas (or blowouts) are taken into consideration. 
Many more quadrats are required to measure a patchy bed than a homogeneous one. For 
measuring the change in biomass through time (the usual requirement when biomass is 
measured), the bare areas are ignored and the qua&at re-thrown if it lands on a bare area. 
Decisions on the effects of impacts can be made by combining data on abundance with the 
spatial characteristics of the meadow, recorded by mapping changes in the edges of seagrass 
areas and documented using permanent transects. 

7.4.2 Objective 
To determine the representative seagrass abundance of a meadow. 

7.4.3 Necessary Materials and Equipment 
�9 Small boat with standard safety equipment 
�9 Dive personnel and equipment, if deep subtidal 
�9 Waterproof paper and clipboard or dive slate and writing instrument 
�9 Random number generator (table, calculator or computer) 
�9 If available, global positioning system (GPS), compass, bathymetric chart for the area, 

recent aerial photographs, and underwater video or still camera 
�9 Tide table (if significant tides) 
�9 Weight with attached buoys 
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7.4.4 Methods 
The area and approximate dimensions of the seagrass meadow for which the abundance 

data are required should be determined. To avoid pseudo-replication, three to six sampling 
sites (or more) in this area are then chosen as representative of the whole area. (A "site" is 
defined here as the part of the meadow where random samples are taken.) More than one site 
in each meadow allows within-meadow variation to be determined. Within each site at least 
three replicate quadrats (subsamples which can be averaged to determine a replicate 
representative of the meadow) are taken at random by a swimmer going in a random direction 
and for a random distance and throwing the quadrat, without bias, on the meadow. If the 
meadow is small enough to be considered a single site, then random samples (true meadow 
replicates) thrown throughout the meadow will provide an estimate of the biomass. 

Quadrat number and size must be determined before sampling. The aim of random 
sampling is to estimate the real biomass of the meadow and to reduce the variance of the 
samples as much as possible to the intrinsic variance of the meadow. It must be decided at 
what level the extra precision does not warrant the extra expense of taking more quadrats. 
Downing and Anderson (1985) recommend using small quadrat samplers with many 
replications. To determine how many will give an acceptable variance, a suite of quadrats is 
taken and their coefficients of variation (CV) compared (see minimum detectable difference 
and test of power in Chapter 4). The number chosen is that which gives the smallest CV for 
an acceptable cost benefit. For example, take 16 quadrats, calculate the means and CVs for 
randomly selected sample sizes of 4, 6, 8, 10, 12 and 16. From these, choose the number of 
quadrats that can be taken within the budgeted time and money giving a representative mean 
with the lowest CV. Measuring biomass within a quadrat is described in Section 7.6. 

Quadrat size can be determined in a similar fashion (see minimum detectable difference 
and test of power in Chapter 4). For example, take eight quadrats of 0.01 m 2, 0.0625 m 2 and 
0.25 m 2 and calculate the CV for each, choosing the smallest size that retains a representative 
mean and an acceptably low CV, although as a general rule, for biomass and density 
determinations the quadrat size can be adjusted to the seagrass density. 

Once a meadow for sampling is selected, locate the site(s) for sampling, choose the 
number of replicates (as above), obtain and record a GPS location, tide condition and water 
depth, and proceed to collect seagrass cover estimates (Section 7.5) or sample for seagrass 
biomass, density, and canopy height (Section 7.6). The data recorded from the random 
sampling includes date, time, site description, quadrat size, number of replicates, GPS 
location, tide condition and water depth. 

Estimating Seagrass Leaf Cover 

7.5.1 Introduction 
Many ways have been used to assess percent cover of seagrass leaves. However, some 

produce biased results that can give an inaccurate or non-quantitative estimate of cover. For 
example, a commonly used method (after Fonseca et al. 1990, also see Fonseca et al. 1998) 
substantially overestimates abundance at low shoot density. Cover estimates with ranking 
categories (e.g., Braun-Blanquet, Chapter 4) yield results that are not completely quantitative. 
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Alternatively, direct estimates at the appropriate scale can provide reasonable quantitative 
measures of cover. 

7.5.2 Objective 
To estimate seagrass cover within a sampling quadrat. 

7.5.3 Necessary Materials and Equipment 
. quadrat 1 m 2 (divided into four 0.5 m x 0.5 m squares) for patchy or mixed species 

meadows 
. quadrat 0.25 m 2 for continuous uniform meadows 

7.5.4 Methods 
When the sampling site is located and a sampling design is selected (Sections 7.3 and 7.4), 

if the meadow has a variable mix of seagrass species or the meadow is patchy (patches 
smaller than twice the length of the quadrat, or <2m), use the subdivided quadrat. Looking 
straight down on each qua&at, estimate the cover of seagrass leaves for each square on a 0- 
100% scale and record. To standardise the estimates of seagrass cover use an existing guide, 
or alternatively, photograph representative quadrats from 1 to 100% and make a photo- 
calibration guide for the site to be surveyed. If a camera, video camera or digital camera is 
available, the site can be photographed vertically, and the seagrass cover can be estimated in 
the laboratory, thereby minimizing bottom time whenever diving is required (a reference ruler 
must be included to estimate the area of the frames filmed or the camera can be placed at a 
focal length where the qua&at fits the photo frame). The seagrass cover for each replicate 
sample equals the average percent cover of the 4 subdivided squares within each quadrat. 

A variation on the method is recommended for continuous uniform meadows having one 
species or an even mix of species, or when the patches are large (i.e., when the seagrass patch 
length is greater than twice the quadrat length). The quadrat size can be altered in some cases, 
for instance when measuring cover in meadows with patch sizes close to 2 m. Or in uniform 
meadows, four smaller non-divided quadrats (0.25 m 2) may be randomly distributed (Chapter 
4). For each quadrat, estimate the cover on a 0-100% scale and record. 

I ~  Quantitative Sampling for Shoot Density, Canopy Height and Biomass 

7.6.1 Introduction 
Seagrasses are clonal plants, and their populations are, therefore, composed of a series of 

similar elements (ramets) which form the meadow (Hemminga and Duarte 2000). Shoots are 
the basic units, with their associated belowground material, and the evaluation of the 
numerical abundance of these elements is, therefore, a basic tool to describe seagrass 
abundance. Hence, shoot density is a key parameter included in any monitoring program or 
assessment of meadow health. Whereas the shoot density portrays the abundance of seagrass 
building blocks, this descriptor does not suffice to characterise their structural role in the 
ecosystem, including the habitat and refuge they offer to animals. For this purpose, the 
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canopy height, defined as the height above the bottom of 80% of the seagrass shoots, is an 
adequate descriptor. Canopy height is also directly comparable among species, whereas 
shoot density does not provide an adequate comparison among species, because populations 
of small seagrass species tend to be denser than those of large ones (Duarte and Kalff 1987). 
Hence, shoot height and density need to be considered in concert in order to compare seagrass 
abundance among populations of different species. 

Seagrass species vary considerably in size (leaf length, biomass) and in distribution. 
Distribution may be patchy, dense, or sparse and variations between these. Sample size and 
number of replicates, therefore, cannot be the same for all species or questions; see Chapter 4 
for power analysis. 

The aboveground biomass of seagrass meadows may be estimated by taking, at random, a 
suitable number of quadrats of a size that will best estimate the biomass of the meadow 
within predetermined boundaries. Biomass, in this case, is the weight of aboveground plant 
material in a given area, usually per square meter. If the meadow is changed in some way, the 
change will likely be reflected by a change in biomass. It is recommended that biomass be 
obtained seasonally for any baseline study. Measurements are best carried out for at least 
three years, as the between-year variation is often.as large as the seasonal changes within a 
year. The mean biomass usually has a low coefficient of variation (<20%), which makes it a 
useful measure for monitoring. Mean biomass will respond to perturbation quickly and in a 
sufficient amount to be quickly detected statistically. 

The sampling method for estimating biomass should be chosen on the basis of: (1) the 
size of the area to be assessed; (2) accuracy required; (3) time and money available for the 
assessment; (4) structure of the vegetation complex; and (5) vegetation components of 
interest (Catchpole and Wheeler 1992). To reduce the amount of destructive sampling, one 
can use a folio of photographs or video images of quadrats of known biomass to estimate the 
biomass visually. The photographs have been found to reduce the differences in estimates 
between observers (Kirkman 1978, adapted from Haydock and Shaw 1975). The use of 
visual techniques to assess the biomass of seagrass meadows has been described by Mellors 
(1991) and are detailed below in Section 7.6.4 

7.6.2 Objective 
To describe the assessment of seagrass biomass, shoot density, and canopy height. 

7.6.3 Necessary Materials and Equipment 
�9 Ruler or, for large seagrasses, measuring tape with fishing weight at end 
�9 Biomass sampler-  metal, plexiglass or PVC corer (see photos in Chapter 12) or 

square quadrat with sides at least 10 crn deep 
�9 Buckets of diameter slightly larger than corer 
�9 Large insulated box for storing samples 
�9 Plastic storage bags (with date, site identification code and sample number written on 

bag in permanent ink) 
�9 Sampling quadrat; square frame for the anticipated shoot density of the seagrass lacing 

sampled (estimation guide): 
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- less than 300 shoots m "2, 0.5 m x 0.5 m square frame (0.25 m 2) 
- 300-3000 shoots m "2, 0.25 m x 0.25 m square frame (0.0625 m 2) 
- greater than 3000 shoots m "2, 0.1 m x 0.1 m square frame (0.01 m 2) 

�9 Small ( 5 -  10 cm diameter, 30 - 40 cm long) core samplers for belowground biomass 
sampling 

�9 Scissors 
�9 Narrow-blade saw or knife 
�9 Table of random numbers 
�9 Waterproof paper and clipboard or dive slate and writing instrument 
�9 Weighted mesh diving bag 
�9 Drying oven (60 ~ C), aluminium foil, paper bags or other containers for seagrass 

sample 
�9 Balance (resolution at least 0.1 g) 
�9 Dessicator 

7.6.4 Methods 

Measuring Short Shoot Density 
Short shoot density is measured in the field within quadrats or determined from biomass 

samples. Looking straight down on each quadrat, count the total number of shoots of each 
species rooted within the square and record. Flowering parts are separated and counted. In 
the case of seagrasses with stems, such as Amphibolis, Thalassodendron and Heterozostera, 
the number of primary stems is recorded. For these species, the number of leaf bundles is 
also counted for density. An adequate quadrat size contains about 100 - 200 shoots of the 
major species. Quadrat number and size will depend upon the species, density and cost 
benefit of having a low CV. In very sparse meadows, rather than quadrat sampling, seagrass 
shoots are counted along 1 0  - 25 m transects (counting all of the shoots present within 1 m of 
the transect line). 

Measuring Canopy Height 
At an identified seagrass sampling location, grab a large handful of rooted plants. Without 

uprooting, extend the leaves to their maximum height, and ignoring the tallest 20% of leaves, 
measure from the sediment to the height of the top of the remaining 4/5 of this bundle (80% 
of the leaves). 

Canopy height may also be measured on leaves collected as biomass samples (below). 
The method to choose the number of shoot lengths to measure in each quadrat is the same as 
that for biomass (i.e., determine the number of measurements for each quadrat that yields a 
representative mean and a low coefficient of variation). Measure the longest leaves of the 
necessary number of shoots using the ruler or tape measure. Determine the mean of these leaf 
lengths and their standard deviation. To obtain a comparable representation of the field- 
determined canopy height measure, multiply the mean by 80%. 
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Sample Collection for Biomass Measurement Based on Harvesting 
Biomass samples of above- and belowground plant parts are collected ttsing quadrats 

made of some inflexible material that can be pushed into the substratum at least 15 cm or 
positioned so that the rhizomes can be cut with a saw or knife around the inside of the frame. 
The quadrat is usually square and can be pushed into the substrate for stability, but circular 
quadrats or corers are also used, because they minimise edge effects. The edge effect in a 
square quadrat is only 1.1 times that of a circular quadrat of the same area (Catchpole and 
Wheeler 1992). For some species, it is important to go deeper than 10 cm to collect root and 
rhizome biomass. Consideration of the damage to the bed should be made when collecting 
belowground biomass. To collect the plant parts, the quadrat is placed over the randomly 
selected area, and all plant parts that originate from outside the quadrat are placed outside the 
frame, while those that originate from inside are placed inside it. The contents of the quadrat 
or corer are then removed, first cutting off the aboveground parts then scooping out or cutting 
with a small saw, the belowground parts. All plant material is bagged underwater at the time 
of collection. If the sampler is a corer, after pushing it into the substrate, place the watertight 
plug over the top and withdraw the corer (see Chapter 12, Figure 12-1). Cap the corer to seal 
it and retrieve it, bringing it to the sea surface and placing it in a bucket from where the cap is 
removed and the core can be washed of all sediment and then bagged. Alternatively, the 
belowground biomass samples may be placed in a mesh bag and washed free of sediments 
under water. 

Sampling schemes that take account of patchiness, or presence or absence of species, are 
used either to increase precision by stratified sampling or to collect information on 
proportions of species (Chapter 4). These schemes require accurate mapping of the seagrass 
meadow (see Chapter 5). 

Multi-species meadows and large seagrasses like Posidonia spp. or Enhalus acoroides 
will require larger samplers. Assuming that the extent of the meadow is known and the 
meadow is visually homogeneous, once the number of samples and the quadrat size is 
determined, the quadrats can be placed at random throughout the meadow. If the meadow is 
heterogeneous, stratified random sampling should be used. 

Processing biomass samples 
1. After sampling, the following laboratory procedures determine above- and belowground 

biomass: 
2. At the laboratory, clean both above- and belowground samples of any remaining 

sediment, debris and dead tissues by rinsing the samples with seawater. Sort the material 
by species and into above- and belowground material; sometimes rhizomes and roots are 
separated. 

3. If samples cannot be processed immediately, rinse sample with low-salinity water and 
store in a cool dark area. 

4. Plant samples are scraped free of epiphytes using a razor blade or glass microscope slide. 
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5. Place clean samples in aluminium boats or envelopes and insert in drying ovens overnight 
at 60 ~ C (or for sufficient time as to obtain constant weight of dried samples). If nutrient 
(organic C and N) analyses are to be conducted be sure not to dry at >60 ~ C. 

6. Transfer dried samples to the dessicator, and then, when the samples are cool, weigh on a 
balance. 

Visual Estimation of Biomass without Plant Collection 
Visual estimates of biomass (Kirkman 1978, Mellors 1991) require the determination of a 

set of standard ranks which can be reference quadrats left in place while sampling is occurring 
or photographs of seagrass quadrats. These standard ranks are a set of quadrats chosen to 
represent the range of above ground biomass encountered at a site, which are then used to 
estimate biomass at numerous sites in the meadow. Multiple observers ranking the same 
quadrats will improve biomass estimates and decrease the variance. 

Making standards for a reference scale: Creating the ranks is undertaken by placing a 
quadrat in the seagrass meadow on a spot which has been visually determined to have the 
highest biomass (referred to as "standard rank 5") then another quadrat over a spot considered 
to l~ve the lowest biomass (referred to as "standard rank 1"). Using this approach, a quadrat is 
then'placed on a spot considered as mid-way between standard ranks 5 and 1 (referred to as 
"standard rank 3"), and similarly reference quadrats for standard ranks 2 and 4 are set up. Each 
quadrat is photographed so they can be referred to during future sampling. 

For field observations of biomass: using these standard ranks, observers sample the 
seagrass meadow, dropping a quadrat and recording a visual estimate to the nearest 0.1 rank, 
interpolating between the standard ranks where required. After completion of biomass estimates 
according to the sampling plan, visual estimates of all observers must be calibrated. 

Establishing a biomass calibration: calibration is usually made by each observer 
independently ranking a set of quadrats (10 is enough for a suitable regression equation) that 
cover the range of biomasses observed. Every observer can rank the same quadrats, but should 
not discuss estimates with other observers. These quadrats are then harvested and above ground 
biomass measured in g dry weight m 2. Leaves can be clipped in the field for large leafed 
species, and entire plants harvested for small species (often necessary to avoid losing the 
leaves), and above ground biomass measured in the laboratory (Section 7.6). 

Regressing the estimations: a linear regression equation is then constructed to create a 
comparison between the calibration ranks (for each observer) and measured biomass to enable 
conversion of each observer's field ranks to an estimated biomass. 

There are many variations of this technique that can be adapted to a particular situation. 
However the essential theme is the same; that of being able to rapidly collect a large number of 
estimates from a wide range of the meadow with minimal destructive sampling and laboratory 
processing time. The methods are quite complex (particularly where there are multiple species 
and zonations) and require a good understanding of the trade-off between precision and 
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accuracy. See the following for details of the method (Kirkman 1978, 1996, Mellors 1991, 
English et al. 1997). 

The standard ranks (and photographs) are best determined for the time of peak seasonal 
biomass, to insure that subsequent maximum biomass values used to establish the ranks fall 
within the range of the measured biomass values used to establish the regression. A set of 
standard ranks can be used in different locations, provided species mix and biomass range is 
similar. If, over time, there are changes at a site that exceed the range of standard ranks it would 
be best to repeat the ranking and calibration procedure. 

7.6.5 Data Processing and Analysis 
Calculate shoot density by averaging, from the replicate quadrat counts, the number of 

shoots per square meter. 
Calculate canopy height by averaging the shoot heights for the replicate samples. 
Calculate measured biomass (g dry wt m "2) by dividing the dry weight of the sample by 

the surface area of the substrate from which it was collected. Calculate mean and standard 
error from replicated samples. 

Estimate biomass fi'om the average values for the replicate samples determined from the 
regression equation and expressed as g dry wt m "2. 

7.6.5 Trouble Shooting and Hints 
In multi-species meadows, a combination of the approaches (core sampler or 

unsubdivided quadrat sampling for the most abundant species, subdivided quadrat sampling 
for sparser species, and transect sampling for rare species) may be necessary due to a wide 
density range between the species present. Since the sparsest species are sometimes the 
largest ones, e.g., Enhalus acoroides in South East Asia, they may still represent a significant 
component of the community biomass and should not be neglected. The biomass of these 
large species is best quantified by first measuring the weight per shoot. 

For sturdy plants, such as Posidonia oceanica and Enhalus acoroides, use of a narrow- 
bladed saw may be necessary to cut the rhizomes around the sample quadrat, retrieving both 
aboveground and attached belowground material together. 

One diver should hold the bag and clipboard (with waterproof paper for recording), while 
the other places the quadrat, counts, measures and cuts the shoots. Putting a small amount of 
air in the plastic bags facilitates getting the seagrass samples into the plastic bag. 

Use a mesh bag to store the samples in their individual plastic bags underwater so that the 
divers do not have to surface and return to the boat after every sample. 

If a drying oven is not available, measure fresh weight of samples after removing excess 
water using a salad spinner, or dry excess water with newspaper. Assume dry weight to be 
10 % of fresh weight to obtain estimates of dry weight. Verify this conversion factor for the 
species and population examined because wet weight is more variable than dry weight. 

If working in a remote location without electricity, bring along a herbarium press and 
newspaper. Insert the samples in the herbarium press with several layers of newspaper in 
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between and air dry. On arrival at the laboratory, place the samples in a drying oven and 
process as indicated above. 

The belowground biomass of large, sturdy plants is best calculated by first determining 
the weight per shoot (by dividing the weight of the plant material by the number of shoots 
attached to it), and then scaling back to m "2, i.e., units of g dry weight m 2, by multiplying by 
the shoot density. 

For visual estimation of biomass, some practice is required in order to successfully 
establish the standard ranks needed to provide estimates of biomass that correlate well with 
the measured biomass values. In general, a correlation coefficient of 0.80 or greater is 
recommended. Repeated determinations of the standard rank regression should give improved 
correlation. If repeated attempts are unsuccessful, we suggest creating ranks for particular 
species assemblages or for different physical environments (e.g., intertidal or subtidal). More 
than 1 set of standard ranks may have to be used within the same survey. For example 1 set 
may be used for low abundance meadows (e.g., Halophila) and another set for high abundance 
meadows (e.g., Zostera) as this allowsgreater accuracy for biomass estimates. Usually, an 
observer can estimate fairly consistently to 1 decimal place without difficulty (i.e., rank on a 
scale from 1.0 to 5.0) 

7.6.7 Discussion 
The methods described above are designed to provide a uniform collection of data on 

many, if not all, species of seagrass from most environmental conditions. The methods 
include a standardized assessment of seagrass coverage and a mechanism for collection of 
above-and belowground vegetation samples that are selected randomly within any identified 
site or along a transect. It must be reiterated here that sampling seagrass requires a specific 
research question before it is commenced. The methods described here can be tailor made to 
answer those questions. For rigorous statistical analysis and detection of natural variation, 
tests and adaptations of these methods must be made. Ideally, monitoring should be carried 
out for 5-10 years to determine natural variation in seagrass properties. However, long term 
monitoring is not always feasible so a seagrass parameter that has a low natural variability 
should be chosen in order to detect significant change over a shorter time period. 

A relationship between biomass and an easily measured regressor variable, such as 
visually estimated leaf cover, or the density of shoots in a monospecific seagrass meadow, 
has been used to determine biomass using a small number of destructive samples. The 
variable may be measured systematically or at random points on a transect line. Many 
measurements of the regressor variable are taken and then the regression equation is used to 
estimate the average biomass of an area. Using regressions has the advantage that, once a 
regression equation is determined, it can be used to relate biomass to easily measured 
variables on similar sites. However, it is difficult to get good correlations with most variables, 
and the assumption that the regression equation is valid for a new site should be checked 
(Catchpole and Wheeler 1992). Estimating seagrass biomass using non-destructive methods 
was described and used by Kirkman (1978) and by Mellors (1991) and is recommended here 
as a practical alternative to the destructive measurement of seagrass biomass. 



Chapter 7: Measuring Seagrass Abundance 153 

References 
Catchpole, WR, CJ Wheeler. 1992. Estimating plant biomass: a review of techniques. Australian J. Ecol. 17: 

121-131. 
Dennison, WC, H Kirkman. 1996. Seagrass survival model, pp. 341-344. In: J Kuo, RC Phillips, DI Walker, 

H Kirkman (eds.) Seagrass Biology, Proceedings of an International Workshop, Rottnest Island, Western 
Australia, 25-29 January 1996. Faculty of Sciences, The University of Western Australia. 

Downing, JA, MR Anderson. 1985. Estimating the standing biomass of aquatic macrophytes. Canadian J. 
Fish. Aquat. Sci. 42:1860-1869. 

Duarte, CM. 1989. Temporal biomass variability and production/biomass relationships of seagrass 
communities. Mar. Ecol. Frog. Ser. 51: 269-276. 

Duarte, CM. 1991. Seagrass depth limits. Aquat. Bot. 40: 363-377. 
Duarte, CM, J Kalff. 1987. Weight-density relationships in submerged macrophytes: the importance of light 

and plant geometry. Oecologia 72:612-617. 
English, S, C Wilkinson, V Baker. (eds.) 1994. Survey Manual for Tropical Marine Resources. ASEAN- 

Australia marine science project: living coastal resources. Australian Institute of Marine Science, 
Townsville. 39 pp. 

Fonseca, MS, WJ Kenworthy, DR Colby, KA Rittmaster, GW Thayer. 1990. Comparisons of fauna among 
natural and transplanted eelgrass Zostera marina meadows: Criteria for mitigation. Mar. Ecol. Prog. Ser. 
65:251-264. 

Fonseca, MS, WJ Kenworthy, GW Thayer. 1998. Guidelines for mitigation and restoration of seagrass in the 
United States and adjacent waters. NOAAINMFS Coastal Ocean Program, Decision Analysis Series. 
<http://shrimp.bea.nmfs.gov/digital.html>. 

Green, RH. 1979. Sampling Design and Statistical Methods for Environmental Biologists. New York: John 
Wiley & Sons. 257 pp. 

Haydock, KP, NH Shaw. 1975. The comparative yield method of estimating dry matter yield of pasture. 
Australian J. Experimental Agriculture and Animal Husbandry 15: 663-670. 

Hemminga, M, CM Duartc. 2000. Seagrass Ecology. Cambridge Univ. Press, Cambridge. 298 pp. 
Kirkman, H. 1978. Decline of scagrass in northern areas of Moreton Bay, Queensland. Aquat. Bot. 5: 63-76. 
Kirkman, H. 1996. Baseline and monitoring methods for scagrass meadows. J. Environ. Mgmnt. 47: 191-201. 
Mcllors, JE. 1991. An evaluation of a rapid visual technique for estimating scagrass biomass. Aquat. 

Bot. 42: 67-73. 

C. M. Duarte, Instituto Mediterraneo de Estudios Avanzados, CSIC-Univ. Illes Balears, C~ 
Miquel Marques 21, 07190 Esporles, (Islas Baleares), SPAIN <cduarte@uib.es> 

H. Kirlonan, East Asian Seas Regional Coordinating Unit, 10 th Floor UN ESCAP Building, 
Rajdamnern Avenue, Bangkok 10200, THAILAND <kirkman.unescap@un.org> 



This Page Intentionally Left Blank



Global Seagrass Research Methods 
F.T. Short and R.G. Coles (editors) 
�9 2001 Elsevier Science B.V. All rights reserved. 

Chapter 8 

Methods for the measurement of seagrass 
growth and production 

Frederick 7". Short, Carlos M. Duarte 

!~1 Chapter Objective 

To provide methods for measuring growth of any seagrass species throughout the world. 
Leaf and rhizome marking are recommended for measurements of direct short term growth 
rates and reconstructive methods are presented for estimating past growth patterns and rates. 

Overview 

The measurement of growth in seagrasses can be addressed at different levels of 
organization: the shoot (leaves with associated root and rhizome), the whole plant, or the 
population level. Growth is best measured by two methods: directly, by marking leaves, 
rhizomes and shoots, and indirectly, by reconstructing past growth from plant anatomical 
patterns. This chapter proposes a new way of directly measuring seagrass growth that is 
designed to encompass both new tissue production (the primary component of previous 
growth measures) and the maturation of all growing tissues in the plant. Direct measurements 
of whole plant seagrass growth for most species are achieved by marking leaves and/or 
rhizomes and measuring tissue morphology, in addition to determining the plastochrone 
interval (time period between production of consecutive new plant parts and used in growth 
calculation). Indirect measurement of plant growth history, encapsulated in old horizontal 
rhizomes, stems (vertical rhizome) or sheaths, is made by estimating past plastochrone 
intervals and reconstructing the growth pattern of the plant. 

Creating methods for measuring seagrass growth is difficult because seagrasses are a 
functional grouping of marine flowering plants which converged to have similar morphological 
and physiological characteristics (Chapter 3). Here we present some functional groupings to 
use in measuring growth. We identify two types of seagrass growth strategy: a leaf-replacing 
form, in which strap-like leaves are continuously generated and lost within a leaf cluster, and 
a non-leaf-replacing form, in which a fLxed number of leaves are generated in independent leaf 
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clusters. Additionally we divide these types into two groups based on growth pattern, i.e., 
having single (mono-meristematic) or double (di-meristematic) growth areas. 

In this chapter, we present a method based on the plastochrone interval for measuring 
growth in relation to seagrass growth forms. For the two leaf-replacing forms, leaf growth is 
measured by punching through the leaves within the leaf sheath, while for the two non-leaf- 
replacing forms, leaf growth is measured by marking the youngest leaf by clipping it at an 
angle or as part of the process of rhizome tagging. Rhizome and root growth can best be 
obtained from leaf marking in the mono-meristematic forms, while in the di-meristematic 
forms, rhizome growth is measured by tagging the rhizome at a known spot relative to the 
growing rhizome meristem. 

Direct growth measurements require fewer assumptions than those based on 
reconstructive techniques and are favored whenever possible. When direct measurements, 
which require repeated visits and considerable effort over time, are not possible, for instance 
in remote populations or in year-round assessments, reconstructive techniques are 
recommended. Indirect growth measurement methods involve collecting lengths of rhizome 
with attached stems and leaves and reconstructing the growth interval and pattern of the 
plants by counting the number of leaf scars laid down on the stem or rhizome. Reconstructive 
analyses can also be used to derive estimates of shoot mortality and recruitment in the 
population. 

Direct Seagrass Growth Measurement Methods: Leaf & Rhizome Marking 

8.3.1 Introduction 
Growth of seagrass shoots and rhizomes has been measured using marking techniques 

since the early 1970s (Patfiquin 1973, Zieman 1974, Sand-Jensen 1975). Marking was first 
developed by Odum (] 957) to measure the growth of freshwater plants similar in structure to 
seagrasses. The seagrass marking methods that emerged from these early studies are based on 
marking the leaf or shoot (bundle of leaves) at a fixed reference height, relocating the marks at 
a later time, and measuring the weight of new leaf material produced during the interval. 
These methods were developed for the strap-bladed seagrasses that continuously produce 
new leaf tissue at a basal leaf meristem. The leaf marking technique was found to be useful 
for measuring the time interval between appearance of successive leaves, known as the 
plastochrone interval (Patriquin 1973). Additionally, it was found that marking techniques 
could be used to determine rhizome and root growth, thereby allowing estimation of the leaf, 
rhizome and root production of seagrass in a stand (Jacobs 1979, Dennison 1990b). 
Estimates of growth derived from marking differ from physiological estimates of production 
in that the latter can be the basis for determining the gross production or photosynthetic 
activity of the plants (Chapter 9), whereas the net production measured using marking (or 
reconstruction, Section 8.5) techniques equals the gross production minus respiratory and 
excretory losses. 

The original methods for marking seagrass leaves involved stapling leaves at a fixed height 
above the bottom identified by a metal reference frame (Thalassia tesmdinum, Zieman 1974), 
or marking leaves with a permanent marking pen at a fixed distance above the sheath of an 
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older leaf (Zostera marina, Sand-Jensen 1975). Many authors have developed variations of 
these methods (Zieman and Wetzel 1980, Kentula and Mclntire 1986, Short 1987, Dennison 
1990a, P6rez et al. 1991, Ibarra-Obando and Boudouresque 1994). The most widely accepted 
variation is the use of a pin or syringe needle to mark a shoot, followed by weighing the leaf 
tissue between the original mark (scar) on the older, non-growing leaf and the mark on 
growing leaves; the original mark on the old leaf is used as a reference point. Several 
refinements have been described for Z. marina. These include calculating rates of leaf loss 
from the shoot (or leaf export, Kentula and Mclnt~.cre 1986) and assessing error due to leaf 
growth below the initial mark (Ibarra-Obando and Boudouresque 1994). Measuring the 
length of new leaf tissue and converting to leaf weight with a length-to-weight ratio was 
introduced as a nondestructive method for determining biomass production (Short 1987). 

Leaf marking methods have been applied to many other seagrass species, such as 
Cymodocea nodosa (Perez et al. 1991, Reyes et al. 1995, Peduzzi and Vukovic 1990), 
Enhalus acoroides (Johnstone 1979, Brouns and Heijs 1986, Vermaat et al. 1995), Posidonia 
oceanica (Bay 1984), Syringodium isoetifolium (Vermaat et al. 1995), Thalassia hemprichii 
(Brouns 1985, Vermaat et al. 1995), Amphibolis antarctica (Walker and McComb 1988), 
Halophila stipulacea (Wahbeh 1984), and Halophila ovalis (Hillman et al. 1995, Vermaat et 
al. 1995). The wide application of leaf marking methods raises a number of issues relating to 
the growth forms of various seagrasses (Short and Short 2000). Additionally, there are 
questions about conventional leaf marking techniques. Comparison of leaf marking methods 
for Zostera marina has indicated that direct weight measurements of new (immature) tissue 
can introduce significant errors in leaf growth (Gaeckle and Short 2001). We recommend a 
method here that is appropriate for most seagrass species and that more fully captures leaf or 
whole-plant growth than previously described methods. 

Rhizomes and roots constitute a significant portion of seagrass plants, and measurement 
of their growth poses special considerations. Rhizome marking has been used as a method for 
determining rhizome growth and plastochrone interval (Dennison 1990b). Root growth has 
generally not been measured; seagrass roots range from free to coarse and woody, and can be 
up to a meter in length. Measurements of root growth are, however, important as part of 
plant production; a method is suggested below. 

Most seagrass growth studies have focused on species with strap-like leaves that are 
continuously generated within a leaf cluster; we refer to these as "leaf replacing" species. 
Alternatively, some seagrasses generate leaves in independent clusters in which leaves are 
neither shed nor replaced; we refer to these as "non-leaf-replacing" species. For the following 
analysis of growth, these two growth strategies are each further subdivided into a "mono- 
meristematic" form, in which leaf and rhizome tissue is produced at a combined leaf/rhizome 
meristem area, and a "di-meristematic" form, in which leaf and rhizome tissue is produced at 
separate meristem areas. Based on these categories, we divide all species of seagrass into four 
forms (Short and Short 2000): the "mono-meristematie leaf-replacing form" that continually 
produces leaf tissue at a combined basal leaf/rhizome meristem area where the apical leaf 
cluster moves as the seagrass grows (Genera include Zostera, Phyllospadix, Posidonia); the 
"di-meristematic leaf-replacing form" that continuously produces leaf tissue at a fixed basal 
leaf meristem and produces rhizome at a separate meristem area (Genera include Thalassia, 
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Cymodocea); "mono-meristematic non-leaf-replacing form" that produces both new leaves 
and rhizome from a single meristem, as new shoots are produced (most of the Genera 
Halophila); and the "di-meristematic non-leaf-replacing form" that produces a new leaf cluster 
and a rhizome node at a combined meristem area on the end of the rhizome and also produces 
new leaves at a leaf meristem on an aboveground stem (a few species of the Genera 
Halophila). It should be noted that these growth form categories are different than 
Tomlinson's (1974) mono- and dimorphic seagrass species, which are based on the type of 
leaves produced (foliar or scale). 

For the two leaf-replacing forms, leaves are marked by punching through the leaves within 
the leaf sheath, while for the two non-leaf-replacing forms, leaves are marked for measuring 
by clipping off part of the leaf or plants are marked for measurement by rhizome tagging. 
Clipping to mark a leaf, as described here, is distinct from "leaf clipping" methods that 
remove all leaf material from a known area and check for regrowth (Hauxwell et al. 2001). In 
all cases, marking enables one to differentiate existing tissue at the time of marking from 
leaves or other plant parts produced after the mark is made. In the two di-meristematic 
forms, rhizomes are marked by tagging the rhizome at a known spot relative to the growing 
rhizome meristem; new growth beyond the mark is measured after a time interval. 

Seagrasses grow by the iteration and expansion of shoots, consisting of rhizome and stem 
segments (horizontal and vertical, respectively) with their associated leaves and roots (Figure 
8-1). Leaves and roots produce sears on the rhizomes and stems after excision, so that the 
total number of leaves and roots produced within a rhizome fragment over some time period 
can be calculated from the enumeration of the attached roots and leaves, plus the scars left 
behind. Estimates of the number of leaves or rhizome/stem segments produced over time can 
be obtained by determining the leaf or rhizome plastochrone interval. The plastochrone 
interval is obtained using marking techniques (above) or it too can, for some species, be 
inferred from clues based on seasonal growth patterns. Estimates of growth based on 
reconstructive methods employ knowledge of the mean weight of fully developed shoots and 
shoot density to derive estimates of the mean annual net production of stands of many 
seagrass species from only one or a few visits. The direct growth measurements we describe 
here, like the reconstructive method (but unlike the more usual marking methods), are based 
on the incremental production of plant parts and the plastoehrone interval. However, direct 
measurements of seagrass growth are based on a measured plastochrone interval, while 
indirect reconstruction of past plant growth is necessarily based on estimation of past 
plastochrone intervals. 

The "plastochrone method" for directly measuring seagrass growth described here takes 
advantage of the growth strategy of all seagrass species, which is to produce incremental new 
plant parts while at the same time, young tissue is maturing. Newly produced leaf tissue on a 
seagrass shoot is immature and flaccid, with a lower weight-to-length ratio than mature leaves. 
Measuring shoot growth or areal production using the weight of newly produced tissue 
underestimates these parameters (Gaeckle and Short 2001). It is this maturation of young 
tissue that is not fully represented by most previous growth measurement methods (Gaeckle 
and Short 2001). 
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Figure 8-1. Rhizome fragments and shoots of the four seagrass growth forms (Short and Short 2000). The 
meristem area(s) of growth (MI and M2 if applicable) is indicated on each form (a-d). 

Seagrass Growth Forms 
The four seagrass growth forms require different marking methods to acquire an adequate 

measurement of growth and plastochrone interval. 

Mono-meristematic leaf-replacing form (Figure 8-1a) continually produces leaf tissue at a 
combined basal leaf/rhizome meristem area. Shoots are terminal or lateral on the rhizome. 
Leaves are produced in the center of a leaf bundle, held together by the protective sheath 
portion of older leaves, which are shed and replaced by the new leaves. A rhizome segment 
(node plus intemode) is produced with every new leaf. Rhizome elongation from intemode 
lengthening causes the shoot to migrate as it grows. New lateral shoots are produced on 
altemate sides of the rhizome and grow away from the rhizome of the terminal shoot. 
(Genera include Zostera, Phyllospadix, Enhalus, Heterozostera and Posidonia) 

Di-meristematic leaf-replacing form (Figure 8- lb) continually produces leaf and stem tissue 
at the basal leaf meristem area; rhizome and new shoots are produced at a separate rhizome 
meristem area. Shoots produce new leaves and shed old ones with the creation of a vertical 
stem, elevating the leaf meristem area above the horizontal rhizome (only slightly in some 
species). New rhizome is produced at a growing tip of the rhizome, where new shoots are 
initiated at intervals. 
(Genera include Thalassia, Amphibolis, Cymodocea, Syringodium, Thalassodendron) 
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Mono-meristematic non-leaf-replacing form (Figure 8-1c) produces a new leaf cluster and a 
rhizome segment at a combined meristem on the end of the rhizome. Shoots on the rhizome 
are fully formed as they emerge at the growing tip (combined meristem). New shoots expand 
and fully develop as the shoot ages, but no new leaves are produced, nor are leaves 
systematically shed. New rhizome is produced at the growing tip simultaneously with the 
production of a new shoot. (Most Halophila spp.) 

Di-meristematic non-leaf-replacing form (Figure 8-1d) produces a new leaf cluster and a 
rhizome segment at a combined meristem area on the end of the rhizome and produces new 
leaves at a leaf meristem area on an aboveground stem. New shoot development on the 
rhizome is the same as for the mono-meristematic non-leaf-replacing form, above. However, 
additional leaf production occurs at the tip of the leaf cluster throughout the life of the shoot. 
These new leaves are typically an addition to the existing leaf cluster and not a replacement 
for shed leaves. (Species include Halophila tricostata and Halophila spinulosa) 

8.3.2 Objective 
To describe a method (the plastochrone method) for determining the growth of seagrass 

by directly measuring the expansion of vegetative tissue on individual shoots over time, 
taking into account various seagrass morphological growth forms. 

8.3.3 Necessary Materials and Equipment 
�9 Small boat with standard safety equipment (for subtidal collection) 
�9 Dive personnel and equipment, if deep subtidal 
�9 Large insulated box for storing samples 
�9 Plastic storage bags (with date, site identification code and sample number written on 

bag in permanent ink) 
�9 Sampling quadrat; square frame (subdivided appropriately for the anticipated shoot 

density of the seagrass being sampled)- Chapter 7. 
�9 A method to identify each station for resampling seagrass growth: wire or plastic 

quadrat, stake or screw anchor, a pole stuck into the bottom, or a GPS position 
�9 Syringe needle or pin for leaf marking 
�9 plastic coated wire for rhizome tags 
�9 Scissors, meter stick, calipers 
�9 Waterproof paper and clipboard or dive slate and writing instrument 
�9 Weighted mesh diving bag 
�9 Weighing scale (precision 0.001 or 0.0001 g, depending on size of the species 

investigated) 
�9 Drying oven and material (aluminum foil) 

8.3.4 Plastochrone Method 
Direct growth measurements using the plastochrone method are accomplished by marking 

a part or parts of the seagrass shoot and measuring the time interval for appearance of new 
plant parts to determine the plastochrone interval (P, see Hint 1). Also, mature plant parts 
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(leaf, rhizome, stem or root) are measured. Then growth is calculated by dividing the size or 
weight of the mature plant part by P. Both measurements, mature plant part(s) and P, are 
best made on the same plants over the same time interval (Hint 2). We propose the 
plastochrone method as an easier and more complete measure of growth than previous growth 
measurement methods. We believe it is applicable to all seagrass growth forms and species, 
based on our work on Zostera marina (Gaeckle and Short 2001) and data for Thalassia 
hemprichii from Brouns (1985) and for Enhalus acoroides from Brouns and Heijs (1986). 
The method remains to be evaluated for other seagrass species. 

Table 8-1. Average reported plastochrone intervals for leaves, horizontal rhizome 
segments, and shoots of various seagrass species (data from Hemminga and Duarte 2000). 

. . . .  Species ...... PL (d) Pn (d) Ps (d)" 
"Mono-me~istematic' Leaf-replacing . . . . . . . . . . . . . .  

Enhalus acoroides 35.6 35.6 
Heterozostera tasmanica 22.6 12.8 
Posidonia angustifolia 73.6 53.3 
Posidonia australis 54.4 47.9 
Posidonia oceanica 50.7 47.8 213.0 
Posidonia sinuosa 124.2 124.6 
Zostera marina 15.3 15.3 42.30 

Di-meristematic Leaf-replacing 
Amphibolis antarctica 11.9 48.3 52.7 
Cymodocea nodosa 31.7 28.2 22.9 
Cymodocea rotundata 11.4 9.4 10.0 
Cymodocea serrulata 12.7 12.7 21.2 
Halodule uninervis 9.6 8.6 7.9 
Halodule wrightii 16.5 5.9 
Syringodium isoetifolium 33.2 6.0 7.7 
Thalassodendron ciliatum 7.9 11.8 
Thalassia hemprichii 10.9 6.8 38.5 
Thalassia testudinum 21.9 7.4 24.7 

Mono-meristematic Non-leaf-replacing 
Halophila decipiens 4.5 
Halophila hawaiiana 2.1 4.2 
Halophila ovalis 2.2 3.3 2.2 

For growth measurement methods, three of the seagrass plastochrone intervals are useful, 
each the time interval for emergence of a particular plant part. These are: the leaf 
plastochrone interval (PL), the rhizome segment (and accompanying root tissue) plastochrone 
interval (PR), and the shoot plastochrone interval (Ps). For the mono-meristematic forms, PL 
is coincident with PR, but Ps may be different than either of these. For di-meristematic forms, 
PR is coincident with Ps, and PL is always shorter than both (Table 8-1). The application of 
the plastochrone method to measure seagrass growth requires some modifications depending 
on which of the seagrass growth forms is being measured; below, we describe the 
methodology for measuring mature tissue and determining the plastochrone interval (P) of the 
four growth forms so that the plastochrone method can be applied. 
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Measuring Mature Plant Parts for the Plastochrone Method 
Calculating the growth of seagrass leaves, rhizomes, roots and new shoots by the 

plastochrone method requires basic plant measurements of each marked shoot to obtain the 
sizes of mature plant parts (leaf, rhizome segment, roots and stem; see Hint 3) which will be 
used in calculating the growth of each replicate shoot. 

�9 leaf weight (mg dry wt) is determined by measuring the weight of the epiphyte-free 
youngest mature seagrass leaf (broken or grazed leaf tips should not be used; see Hint 4) 
with its attached sheath after cleaning, rinsing in freshwater and drying for 24 hr at 60 ~ C. 

�9 rhizome weight (rag dry wt) is determined by measuring the weight of a mature (fully 
expanded) horizontal rhizome segment (intemode and associated node) after cleaning, 
rinsing in freshwater and drying for 24 hr at 60 ~ C. 

�9 root weight (mg dry wt) is determined by measuring the weight of all roots attached to a 
single rhizome node on a mature (fully expanded) rhizome segment after cleaning, rinsing 
in freshwater and drying for 24 hr at 60 ~ C. 

�9 stem weight (mg dry wt) is a the dry weight of a fully expanded stem segment (vertical 
rhizome) after cleaning, rinsing in freshwater and drying for 24 hr at 60 ~ C. 

�9 leaf length (era) is measured from the leaf meristem to the tip of the youngest fully 
mature seagrass leaf (broken or grazed leaf tips should not be used; see Hint 4). The 
youngest mature (fully grown, often the third youngest) intact (with leaf tip) leaf is 
removed from the bundle and the leaf length (including the sheath) is measured from leaf 
tip to the base (the meristem) where it attaches to the rhizome or stem. 

�9 rhizome length (era) is the length of a mature (fully expanded) rhizome segment, or 
intemode and one associated node. (In Zostera marina, the 4th segment back from the 
meristem is usually a good choice.) 

The Plastochrone Interval in Various Forms 
�9 In the mono-meristematic leaf-replacing form, the growth of leaves, rhizomes, and roots is 

best measured when the plastochrone interval for leaves (and therefore also for rhizome 
segments, since PL = PR) is determined by the leaf marking method (Figure 8-2a) and 
shoot morphology is measured as described above (Hint 3). New shoot production and 
Ps in some species can be measured by leaf marking (e.g., Zostera marina). 

�9 In the mono-meristematic non-leaf-replacing form, the growth of leaves, rhizomes, and 
roots is measured in the same way as for the leaf-replacing form, except that the 
plastochrone interval is determined by clipping the tip of the youngest shoot on the 
rhizome (Figure 8-2c) or by rhizome tagging. In this form, shoot production (and Ps) are 
equivalent to production of rhizome segments (and PR), as well as equivalent to PL, for 
either leaf pairs or multiple leaves (i.e., leaves in this form occur in pairs or clusters). 

�9 In the di-meristematic leaf-replacing form, the plant must be marked in two areas (one for 
each meristem area). First, leaf marking is done (Figure 8-2b) and production of new 
leaves (with stems and adventitious roots) measured on the existing shoots by measuring 
PL for the first meristem area (Hint 5). Second, the rhizome is tagged at the second 
meristem area (Hint 6), and the time interval between development of new rhizome 
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segments and shoots along the rhizome is determined, providing a measure of the 
plastochrone interval for horizontal rhizome (PR)- The PR is equal to the plastochrone 
interval for new shoots (Ps), and the additional leaf tissue produced in the new shoot 
must be added to leaf growth. 

Figure 8-2. Recommended marking methods for the four seagrass growth forms. 

In the di-meristematic non-leaf-replacing form, the plant must also be marked in two areas 
(one for each meristem area). First, the top leaf on the youngest shoot on a rhizome is 
marked by clipping (Figure 8-2d) to determine the new leaf and vertical stem production 
on existing shoots over time and the PL. Second, the rhizome is tagged (Hint 6), and the 
time interval between development of new rhizome segments and new shoots along the 
rhizome is determined, providing a measure of the plastochrone interval for horizontal 
rhizome (PR). The PR is equal to the plastochrone interval for new shoots (Ps), and the 
additional leaf tissue produced in the new shoot must be added to leaf growth. 

Plastochrone Interval from Leaf Marking 
Leaf marking is accomplished by making a pin hole through the sheath to create a scar on 

the leaf tissue (leaf replacing forms) or by clipping the youngest leaf tip (non-leaf-replacing 
forms) to indicate the tissue present at the time of marking so that the new leaf, rhizome, and 
root production over time can be identified (Figure 8-2). 

In the leaf-replacing forms (e.g., Zostera and Thalassia), the shoots are marked in the 
lower part of the outer leaf sheath (particularly important in plants with a long sheath). (Hint 
7). After a noted time period (Hint 2), which must exceed the leaf plastochrone interval (PL), 
the marked shoots with root and rhizome are collected and the new leaves counted (Figure 8- 
3). To do this, the pin holes (scars) in the leaves are located and the number of new leaves 
(unmarked young leaves higher than the original scar) is counted. To determine PL, the time 
since marking in days is divided by the number of new leaves. To determine the Ps, the time 
since marking in days is divided by the number of new shoots. 



Figure 8-3. Leaf marking to determine the leaf plastoehrone interval, PL, on Zostera marina. 

In the non-leaf-replacing forms (e.g., all Halophila), the shoots are marked by clipping the 
end of the leaf blade on the youngest shoot (or leaf pair) at a radical angle that can be 
identified after the leaf has aged (Figure 2c, d). After a noted time period (Hint 2), which 
must exceed the leaf plastochrone interval (PL), the marked shoots with new shoots (or leaf 
pairs), roots and rhizomes are collected (Figure 1). All new shoots (or leaf pairs) that have 
appeared on the rhizome beyond the clipped leaf are counted. For the mono-meristematic 
non-leaf replacing forms, to determine PL, the time interval since clipping in days is divided 
by the number of new leaves (each leaf pair counts as two leaves). Then Ps = 2PL = PR. For 
the di-meristematic non-leaf replacing form, to determine PL, the time interval since clipping 
in days is also divided by the number of new leaves (each leaf of the multiple leaves (n) 
appearing on a new shoot counts as a leaf; number varies with species). Then Ps = n(PL)= PR. 

To determine the leaf plastoehrone interval: 
new leaf production (# leaves �9 shoot "~) is the count of new leaves produced since the 
original mark (i.e., leaves without leaf scars from pinning or beyond the clipped leaf) 
during the marking period 
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�9 leaf plastoehrone interval, PL (days) is the number of days since marking divided by 
new leaf production and is the time interval between initiation of new leaves on a shoot 

�9 In addition, shoot production (shoots day l )  is the count of new shoots produced since 
leaf marking 

Figure 8-4. Seagrass rhizome fragments for three growth forms showing how tagging is used to 
mark the rhizome (a) at the start of the growth study and (b) showing the new growth that has 
appeared after one plastochrone interval (PR=I). The meristem area(s) of growth (Mi, and M2 if 
applicable) is indicated on each form. 

Plastochrone Interral from Rhizome Marking 
Rhizome tagging is not recommended for determining the plastochrone interval, but in the 

di-meristematic forms that have an apical rhizome meristem, tagging the rhizome is the only 
available method for determining PR and Ps in these species (Hint 6). Rhizome marldng is 
accomplished by wrapping a piece of wire or other tagging device around the rhizome, or the 
stem in some species, to determine the rhizome plastochrone interval (PR) (Figure 8-4). In all 
seagrass forms, the plant is tagged as closely behind the rhizome (or stem) meristem as 
possible (Figure 8-4). To successfully tag the rhizome, sediments must be carefully 
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excavated to expose the rhizome and to locate the rhizome meristem. This may be difficult in 
seagrass species with deep rhizomes, but there is no practical alternative. The tag is carefully 
secured around the rhizome, tightly enough to stay in place, but not too tightly to damage the 
tissue. After tagging, the rhizomes are re-buried to avoid physiological response to exposure. 

After an identified time interval (2-6 weeks, depending on the season and species), which 
must exceed the rhizome plastochrone interval (PR, Table 8-1), the tagged rhizome is 
excavated, including the new rhizome (beyond the tag) and at least three rhizome segments 
(each segment equals an intemode plus one node) behind the tag. The rhizome segments and 
the new shoots produced since tagging are counted. 

To determine the rhizome and shoot plastochrone intervals: 
�9 nodes produced (nodes �9 growing tip "l day "l) is the count of new rhizome segments 

found on the rhizome between the node ahead of the tag and the youngest node. 
�9 rhizome plastochrone interval, PR (days) is the time interval between production 

of new rhizome segments, measured as the number of days since marking divided by 
the number of rhizome segments produced. 

�9 shoot production (shoots day l )  is the number of new shoots produced since rhizome 
tagging. 

Growth Calculations 
Calculation of growth is based on the measurement of mature plant parts (above) and the 

appropriate plastochrone interval. 

�9 leaf growth (g dry wt shoof I day l)  is the leaf weight divided by PL 
�9 rhizome growth (g dry wt .  growing tip l day 1) is the rhizome weight divided by PR 

Additional calculations: 
�9 stem growth (g dry wt shoot 1 day l )  is the stem weight divided by PL 
�9 leaf elongation (cm shoot "l day "1) is leaf length divided by PL 
�9 root growth (g dry wt �9 growing tip 1 day l )  is the root weight divided by PR 
�9 rhizome elongation (cm. growing tip l day "l) is the rhizome length divided by PR 
�9 shoot plastoehrone interval, Ps (days) is calculated as the inverse of shoot 

production 

Areal Net Production 
The net production of seagrass on an areal basis (g dry wt m "2 day "l) is determined by the 

same method, except all shoots in a unit area (qua&at) are marked, and the PL (or PR) and the 
weight of mature plant parts are measured for each shoot in the quadrat. For leaves and 
stems, areal net production is determined by dividing the sum of mature leaf weights or stem 
weights by the mean PL for the quadrat (Jacobs 1979). Mean areal production for rhizomes 
or roots is measured by dividing the sum of weight or length of the mature rhizome segments 
or roots (one segment per shoot) from the quadrat by the mean PR. In mixed species stands, 
areal production is calculated separately for each species in the quadrat and then summed. 
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�9 areal leaf growth (g dry wt m "2 day "l) equals leaf growth (g dry wt shoot "1 day "1) 
summed for all shoots per quadrat. A similar calculation is made for stem, rhizome, 
and roots. 

�9 whole plant growth (g dry wt m -2 day "l) is calculated as the sum of areal leaf, stem, 
rhizome, and root growth. 

Sampling Protocol 
1. Select a station for growth measurements (Chapter 4); areas with broken or grazed leaf tips 

should be avoided (Hint 4). 
2. Place an anchor or stake in the seagrass bed to mark the location. Obtain GPS coordinates for 

the site. 
3. Mark seagrass shoots and/or rhizomes for every replicate in the sample and note the day and 

time in a field notebook, along with additional sample station data (Chapter 4). 
4. After a sufficient time interval for new leaf or rhizome growth (more than one plastochrone 

interval), return to the spot, collect the marked plants with new growth, place replicates in 
individual bags and transport in cool, dark conditions to the laboratory for analysis. Process 
immediately as the plants continue to grow after collection, even in the dark. 

8.3.5 Trouble Shooting and Hints 
1. The plastochrone interval is the basis of this growth measurement method and is 

symbolized here by the letter "P", almost always used in conjunction with the plant part 
for which growth is being assessed, i.e., PL for the leaf plastochrone interval, PR for the 
plastochrone interval of rhizomes or roots, which are produced synchronously, and Ps 
indicating the time interval for production of new shoots. Plastochrone interval is not 
designated by the initials "PI" because of the conflict with this acronym's use for 
photosynthesis irradiance curves and because in the plastochrone literature, PI has been 
used for the term "plastochrone index." 

2. The time needed for shoot growth studies depends upon the species of seagrass being 
investigated and the season. However, for accurate shoot growth measurements, the time 
over which growth is measured must exceed the plastochrone interval. If no information 
is available, a pilot study is recommended to determine the plastochrone interval, or 
known plastochrone intervals for the species investigated (Table 8-1) can be used to 
design sampling schedules. 

3. For the purpose of the plastochrone method, mature plant parts are defined as portions 
of the seagrass shoot that are fully expanded. For various seagrass species, an assessment 
must be made to determine a mechanism for quickly identifying what constitutes a mature 
plant part. For example, in Zostera marina, in Maine, USA (Gaeckle and Short 2001) 
and in France (Jacobs 1979), the third leaf on a shoot and the fourth rhizome segment 
were consistently fully expanded, and therefore represent mature plant parts. 

4. In making leaf morphology measurements, if the leaf tip of the youngest mature leaf is 
missing as a result of breakage or grazing, the calculated leaf length and weight may be 
underestimated. However, if plants are continually grazed to a smaller size, 
measurements of grazed leaves should be used, but it is important to distinguish leaf tip 
breakage due to collection and transport versus in situ leaf damage 
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5. We do not recommend using rhizome tagging for determination of PL because there 
appears to be error introduced in rhizome tagging due to inaccuracies in placing the tag on 
the existing rhizome segment and determining the number of nodes produced over time. 
Rhizome tagging can be used for long term measurements Of PL and, in the di-meristematic 
forms, is the only method we know for obtaining measurements of horizontal rhizome 
expansion (and PR). 

6. To decrease the variance of PR, tags for replicate measurements should be attached to 
growing tips that are close to the same developmental stage. In both di-meristematic 
forms, the tag is placed directly behind the new growing tip of the rhizome (rhizome 
meristem) if there is sufficient rhizome present (Figure 8-4b and d); otherwise, it is placed 
behind the youngest developing shoot. 

7. Punching within the sheath prevents the loss of the punch mark when old leaves are shed. 
Marking above the sheath as previously recommended (Zieman 1974, Dennison 1990a), 
results in underestimation of growth and of the PL (Gaeckle and Short 2001). Leaf 
marking should be done low on the sheath whenever possible. The error resulting from 
marking near the top of the sheath is usually small for most species, except in long-leafed 
seagrasses where the sheath length can exceed 0.5 m. The magnitude of error in this 
underestimation of PL is always less than the time for the leaf to grow the length of the 
sheath. 

8.3.6 Discussion 
Seagrass growth is not easy to measure because it is difficult to capture all aspects of 

plant expansion and maturation. The challenge of assessing growth becomes more 
complicated as one deals with the many seagrass species and their different growth strategies. 
No single, one-time measurement will provide a direct evaluation of growth. The process of 
marking plants and assessing growth over time formed the basis of the original Zieman (1974) 
method and its variations (Sand-Jensen 1975, Jacobs 1979, Short 1987, Dennison 1990a) and 
remains the most widely applied technique for measuring seagrass growth. Throughout its 
development and use, leaf marking for assessment of seagrass growth has had acknowledged 
limitations (B6dhomme et al. 1983, Kentula and McIntire 1986, lbarra-Obando and 
Boudouresque 1994), discussed in detail in Gaeckle and Short (2001). The major concern 
regarding these earlier leaf marking methods is that they routinely miss part of the growth 
that occurs within the plant, both new growth below the mark and the overall maturation of 
plant tissue (Gaeclde and Short 2001). 

To develop a method that not only captures as fully as possible the growth of the plant 
but also works comparably for all seagrass species, we have looked at how different 
seagrasses grow and delineated four growth form categories (Short and Short 2000). The four 
growth forms are used to separate the seagrass species based on their growth habit and to 
identify how and where they need to be marked to assess the full growth of the plant. At the 
same time, we formulated a growth measurement method that is easier to conduct, requiring 
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less field and laboratory work. The plastochrone method presented above takes advantage of 
the timing of incremental growth expressed by all seagrass species, the plastochrone interval 
(Patriquin 1973), and utilizes the realization that as the plants grow, they must effectively 
produce an entire mature leaf for every plastochrone interval. The method assumes that the 
plants are in steady state in terms of their number of leaves, which is true over short time 
intervals for most of the year, except in temperate species when rapid seasonal changes may 
occur. The conceptual difference between the plastochrone method and the previous leaf 
marking methods is that here marking is used to determine the plastochrone interval and not 
to demarcate the new vs. old leaf tissue for weighing. The plastochrone method captures 
nearly all of the growth of new leaf tissue as well as leaf maturation by utilizing a mature leaf 
as the increment of growth. 

Methods for Estimating Population Change 

8.4.1 Introduction 
Seagrass populations constantly recruit new shoots through the continuous division of 

the rhizome meristems (Tomlinson 1974), which results in highly dynamic meadows. This 
vegetative reproduction may go undectected in a meadow in steady state, where shoot 
recruitment balances shoot mortality (Duarte et al. 1994). Density counts may often fail to  
detect these dynamics, unless shoot recruitment and mortality differs greatly. Yet, even a 
moderate imbalance between these two processes can result in increases or decreases of shoot 
density over time (Duarte and Sand-Jensen 1990). Hence, the capacity to detect trends and 
changes in the dynamics of seagrasses is an essential component of monitoring programs. 
Unfortunately, the method described here is limited to fairly large seagrass species, as 
marking individual shoots of small, fragile species is not possible (Hint 1). 

8.4.2 Objective 
To determine the net change of seagrass populations (i.e., the rate of change in the number 

of shoots per unit time) by measuring shoot recruitment vs. mortality, that is, the fate of the 
shoots present in the population and the rate of recruitment of new shoots to the population. 

8.4.3 Necessary Materials and Equipment 
�9 Small boat with standard safety equipment (for subtidal studies) 
�9 Dive personnel and equipment, if deep subtidal 
�9 A method to identify each station for resampling seagrass growth: wire or plastic 

quadrat, stake or screw anchor, a pole stuck into the bottom, or a GPS position 
�9 Wire or clip to mark individual seagrass short shoots and/or rhizomes 
�9 Waterproof paper and clipboard or dive slate and writing instrument 
�9 Materials (poles, iron pegs, rope) to delineate the boundaries of the permanent 

quadrats. 
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8.4.4 Methods 
Place 5-10 large quadrats (or replicates) within the studied population (Chapter 4 and 

Hint 2), each sufficiently large to have at least 100 shoots, and mark the quadrat boundaries 
so they can be easily found. Mark shoots around the bases using plastic cable ties or other 
suitable material, and count all of the shoots present in each of the quadrats. Revisit the 
quadrats every 2-4 months, depending on the rate of change experienced by the population. 
More frequent visits are required for populations with rapid mortality or recruitment. Count 
the number of marked shoots. Tag with a different color, and count, the new unmarked 
shoots in the quadrats. If possible, record whether these are seedlings (i.e., detached from 
neighboring plants)or shoots derived from clonal growth (i.e., attached to neighboring plants 
by rhizomes). Continue the study for a minimum of 1 year. 

8.4.5 Data Processing and Analysis 
Calculate, for each visit, the recruitment (R, day l )  and mortality (M, day l )  rates of the 

population, using the exponential equations (Duarte et al. 1994): 

R= (ln (N~ +N"')- ln N~ 
t 

M _  N0 - (N0-N,o, ,))  
t 

where No is the number of shoots present at the beginning of each observation period, N,ew is 
the number of new, unmarked shoots that appeared during the observation period, t is the 
duration of the observation period in days, and Ntost is the number of previously marked 
shoots missing at the end of the observation period. The estimated R and M represent the 
fractional instantaneous recruitment and mortality rates of the population, respectively. R 
and M are highly seasonal for many, mostly temperate, species, with a period of strong 
recruitment early in the growth season and a period of intense mortality after the primary 
growth season. Hence, the balance between R and M is only indicative of the population 
dynamics of the stand investigated if calculated at a minimum for annual time scales. The net 
population change is the difference between the recruitment and mortality rates. Negative net 
annual population change (R < M) indicates populations undergoing at least transient decline, 
whereas positive net population change (R > M) indicates thickening stands (Duarte et al. 
1994). 

More comprehensive estimates of population dynamics can be obtained by also following 
the flower, fruit and seed production of the population. Such detailed information is 
amenable to the development of matrix population growth models. For the development and 
application of these models, the interested reader is referred to Caswell (1989). 

8.4.6 Trouble Shooting and Hints 
1. Shoots of small species are difficult to mark and tend to be short-lived, rendering the 

applicability of the techniques described above difficult. In such cases, an alternative 
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approximation may be to mark all rhizome apices inside the plot to be able to estimate 
shoot recruitment directly from observations in consecutive visits, and then calculate 
shoot mortality as the difference between the net rate of change in shoot density between 
visits and shoot recruitment. 

2. Some expectations as to the probable rate of shoot turnover are important in deciding 
what the size of the quadrats will be. For instance, a shoot mortality rate of 5% year, 
such as that possible for long-lived species (Marb~ et al. 1996, Hemminga and Duarte 
2000), implies that, in order to detect a minimum, on average, of 10 shoots lost in a 
sampling interval, there should be a total of about 600 shoots marked, if the plots are 
visited every 4 months, and twice as many marked if sampled every two months. Plots 
too small will not contain enough shoots to allow statistical precision in the elucidation of 
shoot flow, and plots too large will take too long to recount in consecutive visits. 

8.4.7 Discussion 
The methods described above are time and labor intensive, but essential to monitor the 

status of seagrass meadows, particularly to detect early signs of meadow regression. 
Monitoring strategies based on cover or density estimation will, because of the considerable 
error associated with these estimates, only allow identification of a tendency towards 
regression once the meadow has undergone extensive change, which may be too late to 
successfully implement corrective measures. Despite the clear value of this method, is has 
not been used in any published seagrass monitoring program we are aware of, probably 
because it is too demanding in observational time to be accommodated in large-scale 
monitoring programs. As a result, the bulk of the information on seagrass shoot mortality 
and recruitment rates we are aware of (Hemminga and Duarte 2000) has been developed using 
indirect methods, particularly reconstructive techniques (Duarte et al. 1994), explained below. 

Indirect or Reconstructive Growth Estimates 

8.5.1 Introduction 
The reconstructive method of estimating seagrass growth is based on a detailed 

understanding of the growth pattern of the species investigated and the position of 
attachment scars along the rhizome. This method has been used for a broad range of plant 
types, including seagrasses, palms, and mangroves (Duarte et al. 1994, Duarte et al. 1999). It 
has been used for over 25 years to estimate seagrass growth (Patriquin 1973, Duarte et al. 
1994), but has not been evaluated for all seagrass growth forms or species. Indeed, the 
method is most suitable for species with long-lived shoots, which maintain rhizomes and 
shoots over years, and its application to examine the growth of species with short-lived 
shoots is either challenging or simply impossible. 

In the absence of direct estimates or when an adequate number of visits over the course of 
a year cannot be achieved (e.g., in isolated or distant stands), the presence of seasonal 
patterns of rhizome growth and/or phenological events (e.g., flowering) can be used in some 
species to derive a rough estimate of growth history, averaged over one or several years and 
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based on estimates of the plastochrone interval (Duarte et al. 1994) using reconstructive 
methods. Such reconstructive growth assessments have been used successfully in species of 
the di-meristematic leaf-replacing form, such as Thalassia testudinum, Cymodocea nodosa, 
and Thalassodendron ciliatum, as well as in mono-meristematic leaf-replacing species with 
relatively long-lived rhizomes (>1 year), such as Zostera marina, Phyllospadix spp., 
Posidonia oceanica and Enhalus acoroides. 

The reconstructive techniques described here can be used to derive annual estimates of net 
production, as well as rhizome elongation and shoot age structure, from which tentative shoot 
mortality and recruitment estimates can be derived. Such estimates require knowledge of the 
average plastochrone interval (Section 8.3), which is used to calculate the age of different 
seagrass plant parts. The plastochrone interval varies throughout the year and is best 
estimated for use in growth reconstruction estimates by using leaf marking techniques at 
regular intervals over a full year to calculate the mean number of new leaves produced per 
shoot annually (Section 8.3). Alternatively, the mean annual duration, in days, of a 
plastochrone interval for estimating growth can also be identified from (1) the pattern of 
changes in the length of rhizome intervals, (2) the periodic changes in the thickness of leaf 
sheaths of species for which these remain attached to the rhizomes after the leaves are shed, 
(3) the frequency distribution of shoot age in seagrass populations, and (4) the time elapsed 
between consecutive flowering events. Knowledge of how to determine the mean annual leaf 
plastochrone interval is essential for the application of reconstructive techniques. Therefore, 
the application of these alternative methods are described in detail below. 

The use of these techniques to estimate the mean annual and yearly pattern of the 
plastochrone interval is a complementary aspect of the reconstruction techniques to estimate 
seagrass growth and production. For di-meristematic growth forms, the plastochrone 
interval, the density, and rate of production by the two types of rhizome meristems 
(horizontal and stems) must be determined. Seagrass roots occur on both vertical (stems) and 
horizontal rhizomes. The roots on the horizontal rhizomes appear in one or two bundles at 
regular intervals along the rhizome, at every node for mono-meristematic species and at the 
nodes bearing short shoots for di-meristematic species. 

The reconstructive techniques yield rough estimates when compared to growth measured 
directly using the techniques described in Section 8.3; it is preferable to use direct measures of 
growth whenever their application is possible. 

8.5.2 Objective 
To estimate, whenever direct measurements are not possible, the past growth and net 

annual production of seagrass stands and seagrass populations using the capacity to 
determine the age of seagrass material from the examination of growth marks on rhizomes 
coupled to morphometric measurements. For mixed-species seagrass stands, these methods 
must be applied individually to each of the species present, if the dynamics of the entire 
meadow are to be elucidated, otherwise the method will only provide insight into those 
components of the meadow examined. 
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8.5.3 Necessary Materials and Equipment 
�9 Small boat with standard safety equipment (for subtidal collection) 
�9 Dive personnel and equipment, if deep subtidal 
�9 Large insulated box for storing samples 
�9 Plastic storage bags (with date, site identification code and sample number written on 

bag in permanent ink) 
�9 Sampling quadrat; square frame (subdivided appropriately for the anticipated shoot 

density of the seagrass being sampled)- see Chapter 7. 
�9 Core sampler, aluminum or plastic (diameter 15 cm or greater). 
�9 Scissors 
�9 Waterproof paper and clipboard or dive slate and writing instrument 
�9 Weighted mesh diving bag. 
�9 Dissecting microscope with micrometer (for species with short rhizome segments), 

preferably coupled to a digitizing tablet or image analysis system (photo or video). 
�9 Weighing scale (precision 0.001 or 0.0001 g, depending on size of the species 

investigated). 
�9 Drying oven and aluminum foil. 

8.5.4 Methods 

Measurements Needed for Estimating Net Production 

A. Density of meristems 
Collect biomass samples to establish the density of seagrass meristems per area of bottom 

(Chapter 7). For mono-meristematic shoots, a simple shoot count will suffice. For di- 
meristematic species, discriminate between the number of meristems on stems and the 
number of meristems on horizontal rhizomes. 

B. Determination of weight-to-length ratios 
Collect a number of rhizome fragments that represent more than one year's growth of 

rhizome along with their attached shoots. At the laboratory, separate and count the fully- 
grown leaves (for many species, the number three leaf), including the sheaths, if present, from 
each shoot. (If you use this measurement, it assumes that it is representative of the leaf size 
at any time of year). Separate the rhizome fragments (both vertical and horizontal, for di- 
meristematic species), and count the number of segments in each (Figure 8-5). Wash the leaf 
and rhizome materials flee of debris and dry them separately to constant weight (about 24 
hrs. at 60 ~ C). Weigh them, avoiding rehydration of the material (use a dessicator to store 
them before weighing), and calculate the mean (• weight of a rhizome segment 
(representing an annual average) and the mean (• weight of a mature leaf (representing 
only the time of collection). Determine the weight-to-length ratio for the average mature leaf 
collected. Determine the weight-to-length ratio for an average rhizome segment. As a 
reconstructive growth measurement technique, these weight-to-length ratios (g dry wt cm "1) 
are used to convert length measurements to weight estimates, keeping in mind that the 
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rhizome estimate incorporates annual change whereas the leaf estimate is specific for the time 
of collection. 

C Growth calculations 

1. Estimation of seagrass shoot age: 
For di-meristematic species, carefully remove any remnants of leaf sheaths still attached 

to the shoots and count the number of leaf scars (i.e., nodes) along the vertical stem (Figure 
8-5) plus the number of standing leaves. The age of the shoot in units of number of 
plastochrone intervals, can be converted into chronological age by multiplying it by the 
average plastochrone interval, in days, which can be derived either from leaf marking 
techniques or using reconstructive techniques (see below). This estimate has an inherent 
error for plants under one year of age. For mono-meristematic leaf replacing species, shoot 
age cannot be determined. 

3mm 

Figure 8-5. A rhizome fragment of a di-meristematic seagrass species (Cymodocea serrulata) 
with attached shoots, stems (vertical rhizome) and roots. Drawing by Lih-Yuh Kuo. 

2. Estimation of horizontal rhizome elongation and rhizome plastochrone interval for di- 
meristematic species: 

Carefully excavate 10 to 20 rhizome fragments as long as possible taking care to avoid 
rupture of the rhizomes and attached shoots. If this is impossible due to the presence of a 
dense rhizome network, collect 3 - 6 cores (>15 cm diameter), depending on shoot density 



Chapter 8: Measurement of Seagrass Growth 175 

and sort out, after washing off the sediment, the rhizome fragments with 2 or more 
connected shoots. For each rhizome fragment, calculate the age of the different shoots 
present along the rhizome, as outlined above, and the length and number of horizontal 
rhizome segments in between them. Use linear regression analysis to fit the equations: 

Length (cm) = a + b .  Age difference (days) 

where b emerges as an estimate of the rhizome growth rate, with units em day "l, and, 

Number of internodes = a' + b' .  Age difference (days) 

where b' is an estimate of the plastochrone interval of the rhizome nodes (days segmentl), 
which in di-meristematic species differs from that of leaves on vertical shoots (Duarte and 
Sand-Jensen 1990). 

3. Estimation of horizontal rhizome elongation and rhizome plastochrone interval for mono- 
meristematic species: 

Collect rhizome fragments as outlined above; measure the length and dry weight of the 
fragments and the total number of rhizome segments in each fragment, and calculate, using 
either regression analysis or simple ratios, the mean (• SE) length and weight per rhizome 
segment. Calculate the rhizome elongation rate (cm day "l) as the ratio between the 
rhizome length per segment (node plus internode) and the plastochrone interval, which is 
the same for rhizome nodes and leaves for these species. 

4. Estimation of the growth rate of stems (vertical rhizomes) in di-meristematic shoots: 
Measure, to the nearest mm, the length of the stems of 50 -- 100 shoots, collected using 

the core sampler as described above, and spanning a wide range of ages (as indicated by a 
broad range in the length of their stems). Count the number of stem segments (plus 
number of standing leaves) on each (i.e., from the shoot insertion to the basal leaf 
meristem). Fit, using linear regression analysis, the equation: 

Stem length (cm) = a" + b". Number of stem segments 

where b" is an estimate of the mean intemodal length, with units of mm stem segment "I. 
Divide the parameter b" by the plastochrone interval (days stem segment "l) to obtain the 
vertical stem growth rate in mm day -1. 

5) Estimation of the growth rate of roots: 
Determine mean root biomass by carefully excavating rhizomes and shoots harvested 

with a core sampler, after drying all the root material collected to constant weight (Section 
8.3). Determine total root length for roots associated to both horizontal rhizomes and 
stems of a subsample of the plants (>30 shoots). Plot root biomass or length against 
shoot or rhizome age (i.e., the product of the number of plastochrone intervals developed 
since the rhizome material or shoot was formed and the mean plastochrone duration in 
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days) and determine the range of shoot age over which incremental growth occurs (i.e., 
where root length increases linearly with increasing shoot age) from visual inspection of 
the plot. Estimate root elongation or weight increment rate by fitting the regression 
equation: 

Root length (or weight) = a"' + b"'. Age (days) 

where the parameter b"' is an estimate of the mean root elongation rate (cm node day" ~) or 
weight increment rate (g dry wt �9 node day'1). 

For di-meristematie species, calculate the adventitious root length and biomass inserted on 
the stems of shoots of contrasting ages and then fit a regression equation between the root 
length or biomass and shoot age, as described above, to estimate the root growth rate per 
shoot (units, g dry wt �9 shoot 1 day'1). 

Methods for estimating the plastochrone interval 

1. Estimation from periodic changes in the length of rhizome intervals: 
For seagrasses with a seasonal pattern of changing rhizome intemode lengths, fred runners 

(or fragments) of rhizome extending into unvegetated patches in the seagrass meadow and 
excavate them from the apex to the oldest point possible. Use known data, if available, on 
intemodal lengths and plastochrone intervals of the species to estimate the minimum length of 
rhizome needed to contain a full year's growth. Collect at least 5 replicate runners. At the 
laboratory, wash the rhizomes free of detritus and sediment and remove any remnants of leaf 
sheaths. Then measure, to the nearest mm, the length of the rhizome fragments from the apex 
to the oldest portion retrieved. For di-meristematic species only, select the 10 oldest shoots 
present in the samples collected with the core sampler and measure, wash them flee of 
detritus and sediment, and remove any remnants of leaf sheaths. Then measure, under a 
dissecting microscope, preferably coupled to a digitizing tablet or an image analysis system, 
the length of the vertical stem segments from their apex (top attached to the leaves) to the 
oldest portion retrieved. 

Plot the sequence of intem'odal length for each fragment of rhizome measured (Figure 8-5) 
and determine visually the number of rhizome segments comprising a full annual cycle, as the 
number of rhizome segments between two consecutive minima or maxima. The plastochrone 
interval can be determined in this way only when the seagrass species in question 
demonstrates a clear pattern of seasonal change in rhizome intemode length. 

Whenever cyclical patterns may be hidden by the confounding presence of variability at 
other time scales, run a long-pass filter to retrieve the long-term, interannual patterns. 
Finding such patterns is an iterative procedure, where the estimates can be optimized by 
changing the number of rhizome segments produced annually assumed to calculate the low- 
pass and high-pass running averages to greater or lower values until optimal results are 
obtained. The average number of rhizome segments produced annually can also be derived 
using time-series statistical analyses, such as spectral analyses, periodograms, or semivarianee 
analyses, to calculate the dominant wavelength present in the optimized series. 
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2. Estimation by "'Lepidochronology" for Posidonia oceanica: 
The thickness of leaf sheaths of Posidonia oceanica, which remain attached to the 

rhizomes long after the leaves are shed, has been shown to exhibit periodic changes (Pergent 
1990). These periodic changes can be used to infer the number of leaves produced in a year, 
and from this, to infer the plastochrone interval, a technique termed "lepidoehronology" 
(Pergent 1990). The applicability of this method to other species is currently unknown. 

Measure the thickness of the leaf sheaths, from the apex of the vertical shoot to the base 
of the shoots, of the 10 oldest shoots in the sample under a dissecting microscope. Note that, 
consecutive sheaths are located at alternate positions along the shoot. The series of leaf- 
sheath thicknesses derived can then be analyzed as described above to remove short-term and 
long-term variability, and to highlight the interannual cycles from which the mean number of 
rhizome segments produced annually, and thereby the plastochrone interval, is derived. 

3. Estimation based on the age difference of shoot cohorts: 
Di-meristematic species with a distinct period of fast horizontal rhizome growth in the 

year (some temperate and many subtropical or tropical species, Duarte et al. 1994) do not 
produce shoots evenly throughout the year, but have a period of peak shoot recruitment. 
The method is only applicable to di-meristematic species. Fast horizontal rhizome growth 
results in the presence of cohorts in shoot age distributions (Duarte et al. 1994). The age 
difference, as number of rhizome intemodes, in between peaks of shoot recruitment, 
corresponds to an estimate of the number of intemodes produced annually, from which the 
average plastochrone interval (365/number of rhizome segments produced annually) can be 
derived. In some species or locations, two peaks of shoot recruitment occur per year, so 
caution is advised. 

Carefully wash the sample collected with the core, taking care to prevent the shoots from 
detaching from their insertion in the horizontal rhizome. Estimate the number of rhizome 
segments (+ number of standing leaves) each shoot produced over its life span, thereby 
obtaining an estimate of shoot age, in units of number of plastochrone intervals. The age of at 
least 200 shoots, preferably >500 shoots, must be determined to obtain reliable results. Plot 
the frequency distribution of shoot age to identify the presence of peaks (cohorts), and then 
determine the age difference (number of rhizome segments) in between them (Figure 8-5). 
The age differences, as number of rhizome segments, in between peaks corresponds to an 
estimate of the number of rhizome segments produced annually, from which the plastochrone 
interval (365/number of rhizome segments produced annually) can be derived. 

4. Estimation from consecutive flowering events: 
Flowering produces distinct scars along the stems or rhizomes of most di-meristematic 

species and some mono-meristematic species (e.g., Thalassia spp., Posidonia spp., 
Cymodocea spp., Halodule spp., Duarte et al. 1994, Duarte et al. 1997, Marbfi and Walker 
1999). The distribution of the number of internodes in between consecutive flowering marks 
in species with well-defined flowering seasons has been shown to correspond to multiples of 
the average number of leaves produced annually (Thalassia tesmdinum, Gallegos et al. 1992). 
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Examine the oldest shoots collected with the core for the presence of more than one 
flowering mark. Flower marks are identified as the scar (roughly circular in shape) left by the 
flower peduncle, located in one side of the stem, generally in areas of locally increased stem 
thickness. Determine the time interval in between flowering events, as the number of rhizome 
segments in between the flower scars. Once a number (10 or more) of these estimates has 
been derived, examine the resulting values and determine whether an approximate minimum 
common divisor can be established for the sequence, which would correspond to the 
minimum time interval, as the number of plastochrones, produced in between flowering 
events, which should correspond to the number of plastochrones produced in a year 
(Gallegos et al. 1992). 

Calculations for Indirect Estimation of Production 
�9 annual leaf production (g dry wt m 2 year "1) is the product of the annual average weight 

of a fully-grown leaf (g dry wt leaf l), the average number of leaves produced per shoot 
per year (365/annual average PL), and the mean annual shoot density (shoots m "2) 

�9 annual rhizome production (g dry wt m "2 year "l) is the product of the mean annual 
density of horizontal rhizome growing tips (growing tips m2), the mean annual dry 
weight per unit rhizome length (g dry wt cm'l), and the mean annual rhizome growth (cm 
yearl). 

�9 annual stem production (g dry wt m 2 yearl), for di-meristematic species is the product 
of the mean annual stem growth rate (mm stem l year'l), the mean annual weight of the 
stem segments (g dry wt mm'l), and the mean annual stem density (stems m2). 

�9 annual root production (g dry wt m "2 year "l) is the product of the mean annual root 
weight per rhizome node and the mean annual rhizome node density. For di-meristematic 
species add the root production on the stems, calculated as the product of the mean 
annual root weight per stem and the mean annual stem density. 

Population Dynamics 
Estimates of seagrass population dynamics derived from marking methods as described 

earlier (Section 8.3) provide direct estimates, requiring no assumptions, and should be, 
therefore, the method of choice whenever possible. However, the marking method involves 
substantial effort, which must be sustained over a period of at least a year if annual estimates 
of population growth are to be obtained. Such sustained effort cannot always be 
accomplished, leading to the need for indirect, if less robust, methods, such as the 
reconstructive methods described here. Indeed, the vast majority of estimates of seagrass 
population dynamics (mortality and recruitment rates) published to date have been based on 
reconstructive methods (Hemminga and Duarte 2000). Such estimates of population 
dynamics are based on the reconstruction of the age distribution of living stems and those of 
dead stems of populations of di-meristematic species. Stem mortality rates, averaged over 
the life span of the stem population, can be derived from the age distribution of dead stems. 
Stem recruitment rates for the year previous to sampling, can be derived from the age 
distribution of living stems (Duarte et al. 1994). 
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8.5.5 Trouble Shooting and Hints 
In species with seasonally-variable density (temperate species and many sub-tropical and 

tropical species), the estimate of shoot density and the size of fully-grown plant parts for the 
application of reconstructed production estimates must consider this seasonal variation, and 
mean annual values should be used. The reconstruction methods used to estimate the 
duration of a plastoehrone interval must be applied in combination, thereby allowing the 
assessment of the internal coherence between independent estimates derived from two or 
more of the approaches described above (Duarte et al. 1994). Significant discrepancies 
between estimates derived following different reconstructive approaches should be considered 
as indicative of failure to comply with their assumptions. In these cases, only direct 
estimates can be used. 

Conclusion 

Direct assessments of seagrass growth are recommended using marking methods and the 
determination of the plastochrone interval, while indirect reconstructive methods are 
recommended for evaluation of annual growth or long term cycles from the rhizome record. 
The marking technique is the approach of choice whenever repetitive visits to the meadow 
investigated are possible and whenever the different structures to be marked are accessible for 
marking purposes with tolerable disturbance. However, this is often not the case for species 
with deep-growing rhizomes, where reconstructive techniques are useful. The reconstruction 
approach is of limited use for species with short life spans or annuals, for which structures 
older than one year are scarce or non-existent. Application of reconstruction techniques to 
these populations would likely render biased estimates. In these instances, leaf or rhizome 
marking must be repeted over time to determine annual growth. 

References 
Bay, D. 1984. A field study of the growth dynamics and productivity of Posidonia oceanica in Calvi Bay, 

Corsica, France. Aquat. Bot. 20: 43-64. 
Brdhomme, AL, I Thdin, CF Boudouresque. 1983. Mesure de la production primaire des feuilles de 

Posidonia oceanica: modifications de la mrthode de Zieman. Bot. Mar. 26: 35-43. 
Brouns, JJW. 1985. A comparison of the annual production and biomass in three monospecific stands of the 

seagrass Thalassia hemprichii (Ehrenb.) Aschers. Aquat. Bot. 23:149-175. 
Brouns, JJW, FML Heijs. 1986. Production and biomass of the seagrass Enhalus acoroides (L.f.) Royle and 

its epiphytes. Aquat. Bot. 25: 21-45. 
Caswell, H. 1989. Matrix population models. Construction, analysis and interpretation. Sinauer. Sunderland. 
Cox, PA, PB Tomlinson. 1988. Pollination ecology of seagrass, Thalassia testudinum (Hydrocharitaceae), in 

St. Croix. Am. J. Bot. 75: 958-965. 
Dermison, WC. 1990a. Leaf production, pp. 77-79. In: RC Phillips, CP MeRoy (eds.) Seagrass Research 

Methods UNESCO, Paris. 
Dennison, WC. 1990b. Rhizome/root production, pp. 81-82. In: RC Phillips, CP MeRoy (eds.) Seagrass 

Research Methods UNESCO, Paris. 
Duarte, CM, K Sand-Jensen. 1990. Seagrass colonization: patch formation and patch growth in Cyrnodocea 

nodosa. Mar. Ecol. Prog. Ser. 65: 193-200. 
Duarte, CM, N Marb~, N Agawin, J Cebri/m, S ErLriquez, MD Fortes, ME Gallegos, M Merino, B Olesen, K 

Sand-Jensen, J Lift, J Vermaat. 1994. Reconstruction of seagrass dynamics: age determinations and 
associated tools for the seagrass ecologist. Mar. Ecol. Prog. Ser. 107:195-209. 



Chapter 8: Measurement of Seagrass Growth 181 

Duarte, CM, J Uri, NSR Agawin, MD Fortes, JE Vermaat, N Marb~. 1997. Flowering frequency of Philippine 
seagrasses. Bot. Mar. 40: 497-500. 

Duarte, CM, U Thampanya, J Terrados, O Geertz-Hansen, MD Fortes. 1999. The determination of the age and 
growth of SE Asian mangrove seedlings from intemodal counts. Mangroves and Salt Marshes 3:251- 
257. 

Gaeclde, JL, FT Short. 2001. A plastochrone method for measuring leaf growth in eelgrass, Zostera marina L. 
Bull. Mar. Sol. In press. 

Gallegos, ME, N Marb/t, M Merino, CM Duarte. 1992. Flowering of Thalassia testudinum Banks ex K6nig. 
in the Mexican Caribbean: Age-dependence and interarmual variability. Aquat. Bot. 43: 249-255. 

Hauxwell, J, J Cebd~m, JA Herrera-Silveira, RJ Ramirez, JA Zaldivar, N Gomez, N Aranda-Cirerol. 2001. 
Measuring production ofHalodule wrightii: additional evidence suggests clipping underestimates 
growth rate. Aquat. Bot. 69: 41-54. 

Hemminga, M, Duarte, CM. 2000. Seagrass Ecology. Cambridge Univ. Press, Cambridge. 298 pp. 
Hillman, K, AJ McComb, DI Walker. 1995. The distribution, biomass and primary production of the seagrass 

Halophila ovalis in the Swan/Canning Estuary, Western Australia. Aquat. Bot 51: 1-54. 
Ibarra-Obando, SE, CF Boudouresque. 1994. An improvement of the Zieman leaf marking technique for 

Zostera marina growth and production assessment. Aquat. Bot. 47: 293-302. 
Jacobs, RPWM. 1979. Distribution and aspects of the production and biomass of eelgrass, Zostera marina L., 

at Roscoff, France. Aquat. Bot. 7: 151-172. 
Johnstone, IM. 1979. Papua New Guinea seagrass and aspects of the biology and growth of Enhalus acoroides 

(L.f.) Royle. Aquat. Bot 7: 197-208. 
Kaldy, JE, KH Dunton. 2000. Above- and below-ground production, biomass and reproductive ecology of 

Thalassia testudinum (turtle grass) in a subtropical coastal lagoon. Mar. Ecol. Prog. Set. 193: 271-283. 
Kentula, ME, CD McIntire. 1986. The autecology and production dynamics of eelgrass (Zostera marina L.) in 

Netarts Bay, Oregon. Estuaries 9:188-199. 
Marb6, N, DI Walker. 1999. Growth, flowering and population dynamics of temperate Western Australian 

seagrasses. Mar. Ecol. Prog. Ser. 184:105-118. 
Marb~, N, ME Gallegos, M Merino, CM Duarte. 1994. Vertical growth of Thalassia testudinum: Seasonal 

and interarmual variability. Aquat. Bot. 47:1-11. 
Marbfi, N, J Debrian, S Enriquez, CM Duarte. 1996. Growth patterns of Western Mediterranean seagrasses: 

species-specific responses to seasonal forces. Mar. Ecol. Prog. Ser. 133:203-215. 
Odum, HT. 1957. Trophic structure and productivity of Silver Springs, Florida. Ecol. Monogr. 27:55-112. 
Patriquin, DG. 1973. Estimation of growth rate, production and age of the marine angiosperm Thalassia 

testudinum K6nig. Carib. J. Sci. 13: 111-123 
Peduzzi, P, A Vukovic. 1990. Primary production of Cymodocea nodosa in the Gulf of Trieste (Northern 

Adriatic Sea): a comparison of methods. Mar. Ecol. Prog. Ser. 64: 197-207. 
P6rez, M, J Romero, CM Duarte, K Sand-Jensen. 199 I. Phosphorus limitation of Cymodocea nodosa growth. 

Mar. Biol. 109: 129-133. 
Pergent, G. 1990. Lepidrochronological analysis of the seagrass Posidonia oceanica (L.) Delile: a standardized 

approach. Aquat. Bot. 37: 38-54. 
Ramirez-Garcia, P, A Lot, CM Duarte, J Terrados, N Agawin. 1998. Bathymetric distribution, biomass and 

growth dynamics of intertidal Phyllospadix scouleri and Phyllospadix torreyi in Baja California 
(M6xico). Mar. Ecol. Prog. Ser. 173: 13-23. 

Reyes, J, M Sanson, J Afonsocardllo. 1995. Distribution and reproductive phonology of the seagrass 
Cymodocea nodosa (Ucria) Ascherson in the Canary Islands. Aquat. Bot. 50:171-180. 

Sand-Jensen, J. 1975. Biomass, net production and growth dynamics in an eelgrass (Zostera marina L.) 
population in Vellerup Vig, Denmark. Ophelia 14:185-201. 

Short, FT. 1987. Effects of sediment nutrients on seagrasses: Literature review and mesocosm experiment. 
Aquat. Bot. 27:41-57. 

Short, FT, CA Short. 2000. Identifying seagrass growth forms for leaf and rhizome marking applications. 
Biol. Mar. Medit. 7: 131-134. 

Tomlinson, PB. 1974. Vegetative morphology and meristem dependence- foundation of productivity in 
seagrass. Aquaculture 4:107-130. 

Vermaat, JE, MD Fortes, N Agawin, CM Duarte, N Marbfi, J Uri. 1995. Meadow maintenance, growth, and 
productivity of a mixed Philippine seagrass bed. Mar. Ecol. Prog. Ser. 124: 215-255. 

Wahbeh, MI. 1984. The growth and production of the leaves of the seagrass Halophila stipulacea (Forsk.) 
Aschers. from Aqaba, Jordan. Aquat. Bot. 20:33-41. 



182 Short and Duarte 

Walker, DI, AJ MeComb. 1988. Seasonal variation in the production, biomass and nulriem status of 
Amphibolis antarctica (Labill.) Sonder ex Aschers. and Posidonia australis Hook. F. in Shark Bay, 
Western Australia. Aquat. Bot. 31: 259-275. 

Zieman, JC. 1974. Methods for the study of the growth and production of the turtle grass, Thalassia 
testudinum KSnig. Aquaculture 4:139-143. 

Zieman, JC, RG Wetzel. 1980. Productivity in seagrasses: methods and rates, pp. 87-116. In: RC Phillips, CP 
MeRoy (eds.) Handbook of Seagrass Biology: an ecosystem perspective. Garland STPM Press, New 
York. 

Jackson Estuarine Laboratory contribution no. 364 

F. T. Short, Department of Natural Resources, Jackson Esmarine Laboratory, University of 
New Hampshire, 85 Adams Point Rd, Durham, NH 03824, USA <fred.short@unh.edu> 

C. M. Duarte, Instituto Mediterraneo de Estudios Avanzados, CSIC-Univ. Illes Balears, C/ 
Miquel Marques 21, 07190 Esporles, (Islas Baleares), SPAIN <cduarte@uib.es> 



Global Seagrass Research Methods 
F.T. Short and R.G. Coles (editors) 
�9 2001 Elsevier Science B.V. All rights reserved. 

Chapter 9 

Measurements of photosynthetic rates 
in seagrasses 

Sven Beer, Mats Bj5rk, Rolf Gademann, Peter Ralph 

C h a p t e r  Object ive  

To measure the photosynthetic rates of seagrasses. 

I ~  O v e r v i e w  

Photosynthesis is the basis for plant growth. However, the quantitative relationship 
between these two processes can be assessed only if net gas exchange rates are measured 
integrally throughout the day, including those of non-photosynthetic tissues, and if night 
time respiration is taken into account as well. If all this is done, then there is usually a good 
agreement between the diel gas exchange rates and growth rates of healthy aquatic plants such 
as macroalgae and non-rooted angiosperms (Lipkin et al. 1986). Seagrasses, however, are 
rooted through an extensive root/rhizome system, and it is hard to measure diel gas exchange 
rates of intact plants in their natural environment. The altemative could be to measure the 
gas exchange of uprooted plants, but such measurements would be made under far from 
natural conditions. 

If a quantitative correlation between the rate of net diurnal photosynthesis plus nightly 
respiration and that of growth are so hard to obtain for seagrasses, what good, then, are 
photosynthetic measurements of this plant group? Firstly, the coupling between 
photosynthesis and growth implies that those factors that influence photosynthetic rates 
will usually influence growth rates too. Therefore, and because growth measurements can be 
cumbersome and time consuming, important information can be gained by photosynthetic 
measurements. For example, in the competition between different seagrass species, it is 
likely that those in which photosynthesis is less drastically affected by adverse conditions 
(e.g., low or extremely high irradiances) will be the ones to gain an advantage in a certain 
habitat. Secondly, photosynthetic measurements are an important tool in studying 
photosynthetic mechanisms of plants. In seagrasses, accurate measurements of 
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photosynthetic rates have been the basis for elucidating their inorganic carbon (Ci) utilisation 
pathways (e.g., Beer 1989, 1996, Schwarz et al. 2000). Thus, even if the quantitative 
assessment of growth or biomass from gas exchange may require further considerations, 
photosynthetic measurements are still an important tool in seagrass research. 

Methods for photosynthetic gas exchange measurements in seagrasses are similar to those 
devised for other aquatic macrophytes such as marine macroalgae (Strickland and Parsons 
1972, Littler and Littler 1985). This chapter will only refer to the principles of such 
measurements, and will highlight some matters that should be kept in mind when working 
with seagrasses specifically. An example of 02 exchange measurements will also be given. 
On the other hand, some recent methods of measuring photosynthetic rates not included in 
the older handbooks will be expanded upon here. Notable among those is a new way of 
estimating photosynthetic rates from chlorophyll fluorescence parameters, in situ, even 
under water, which may develop into a method of choice for quick, non-intrusive 
photosynthetic measurements of seagrasses in the future. 

There are several ways of measuring the photosynthetic rates of seagrasses. Until a few 
years ago, gas exchange measurements were used most frequently. In these, 02 
concentrations are measured by either electrodes or by Winkler titrations, and, because of 
practical considerations, mostly in the laboratory. However, even when applied in the field, 
these methods require incubations in enclosures ("bottle experiments"). In addition to 02, it 
is also possible to measure CO2 exchange, but this requires more sophisticated and expensive 
instrumentation, and is mainly applicable to seagrasses exposed to air. Another way of 
measuring CO2 uptake is by the use of laC, but we do not recommend the use of 
radioisotopes in situ. Therefore, the first part of this chapter will focus on measuring 02 
(rather than CO2) exchange as a measure of photosynthetic rates in seagrasses. 

One limitation in gas exchange measurements lies in the intrinsic need to enclose the 
leaves; the conditions in such enclosures invariably differ from those of the surrounding 
seawater in terms of water movement, irradiance etc. Therefore, a trend for using less 
"intrusive" methods has evolved. One such method is pulse amplitude modulated (PAM) 
fluorometry, in which the quenching of chlorophyll fluorescence by photosynthetic quantum 
yield is utilised. A few years ago, an underwater PAM fluorometer was marketed, and it has 
been developed successfully for measuring photosynthetic rates of submerged macrophytes. 
Although the device is expensive (ca. US$ 15,000), its recent "non-intrusive" in situ 
application for seagrasses is so promising that we focus on the use of PAM fluorometry in 
the second part of the chapter. 

I ~ ]  Gas Exchange Measurements 

9.3.1 Objective 
To introduce the reader to some principles of gas exchange as a measure of 

photosynthetic rates. To describe in detail 02 measurements. An example of such 
measurements (with simulated data) will be given for a simulated in situ experiment. 
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9.3.2 Introduction 
Photosynthetic rates are classically measured as rates of gas ( 0  2 or CO2) exchange. The 

term "gas exchange" correctly indicates that an overall budget of 02 and CO2 is measured, and 
there is no simple way to isolate the rates of 02 produced or CO2 used in photosynthesis 
from those involved in other cellular processes and reactions. In many cases, this is not a 
weakness. For example, the ecologist may want to know the diel net 02 or CO2 exchange 
rate of a leaf, a plant or a plant community so as to relate it to net growth. In other cases, 
however, the physiologist may want to know the specific response of the photosynthetic 
system to certain environmental parameters. Here, the calculation of gross photosynthetic 
02 evolution, or CO2 uptake, fixation and reduction, must involve assumptions regarding 
other metabolic processes in which 02 and CO2 exchange are also involved. Notable among 
those "other processes" is mitochondrial, or "dark", respiration (which, of course, occurs 
also in the light). Seagrasses, unlike algae, have extensive roots and rhizomes. Because these 
tissues are buffed underground, their rates of respiration cannot be recorded easily in situ. 
For more direct measurements of photosynthetic gas exchange rates only, there is the 
complicated option of using short-term exchange rates of O2 and/or CO2 labelled with stable 
isotopes, but this cannot be done in the field. The use of radioactivdy labelled CO2 (i.e., 
14CO 2 or HI4CO3) in situ is problematic for intact seagrasses from a contamination point of 
view. Radioisotope methods are usually used for phytoplankton (Falkowski and Raven 
1997). 

Since the O2/CO2 gas exchange ratio for both photosynthesis and respiration is close to 1, 
both gasses can be measured when estimating net or gross photosynthetic rates. Methods 
for measurements of photosynthesis using CO2 have not been included because it is hard to 
measure the concentration of dissolved CO2 due to the higher concentrations (in seawater 
several hundred times)of the ionic inorganic carbon forms HCO3" and CO32". Although it is 
possible to convert these latter carbon forms to CO2, the equipment for measuring this gas is 
expensive, and has been used mainly for emergent plants. Therefore, CO2 measurements will 
be mentioned only in passing, but the interested reader is referred to Leuchner and Rees 
(1993) and Leuchner et al. (1998) who describe the use of infrared gas analysis (IRGA) for in 
situ CO2 exchange measurements on emergent Zostera leaves. 

02 Exchange 
Measurements of 02 exchange are based on recording changes in 02 concentrations around 

the plants. There are several ways of measuring oxygen concentrations in water, but for 
seagrass photosynthesis this is usually done either by a) the use of 02 electrodes or b) 
chemical analysis. It is important to realise that any method that measures changes in oxygen 
concentration in the surrounding water measures the net result of 02 produced in 
photosynthesis and, concomitantly, 02 involved in other reactions. These include 
mitochondrial respiration, photorespiration (if present), the Mehler reaction and nitrate 
reduction (the latter of which is the only one, except for photosynthesis, where O2 is 
produced rather than consumed). While there are ways of separating out the O2 involvement 
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in all of these other cellular reactions, in practice most scientists find it appropriate to only 
correct rates of net photosynthesis for rates of mitochondrial respiration (or "dark 
respiration") when rates of true (or gross) photosynthesis are sought, since many seagrasses 
show only restricted rates of photorespiration (Beer 1989). 

02 exchange is measured by enclosing leaves, plants or small plant community areas into 
specified volumes of seawater and measuring changes in the seawater 02 concentration within 
the enclosures. The measurement will give an estimate of the net gas exchange that, if 
measured in the light, equals the net rate of photosynthesis. To evaluate the extent of gross 
photosynthesis (photosynthetic 02 evolution only), the 02 consumption in the dark is also 
measured (either before or after the incubations in light, or in parallel experimental set-ups), 
thus enabling net 02 exchange to be corrected for the rate of dark respiration. 

Since the 02 exchange method intrinsically involves enclosures (e.g., chambers or bottles), 
failure to provide adequate stirring within these enclosures may severely underestimate true, 
in situ, rates of 02 exchange because of the increased diffusion distance of solutes, e.g., Ci 
(Koch 1994), to the leaves. Also, if 02 electrodes are used, these are usually intended for 
aqueous measurement. This, and the fact that the initial (background) 02 concentration in air 
is several fold higher than in water, make 02 exchange measurements practical for submersed 
plants only (while emergent intertidal seagrasses have to be measured differently, e.g., by 
CO2 exchange). 

When measuring photosynthetic 02 exchange in the light, care should be taken not to let 
the enclosed seawater medium reach too high dissolved 02 concentrations because 1) bubbles 
can form which, even when small, can store large amounts of 02 and 2) photosynthesis can 
be adversely affected by 02 via photorespiration (Beer 1989). For these reasons, it is 
recommended not to allow the 02 concentration to increase above ca. 50% of air-equilibrium 
values. When measuring rates of dark respiration, it should be noted that such rates could be 
dependent on the light regime before starting the experiment, as seen in Ulva sp. (Beer et al. 
2000). The enhanced rates of dark respiration with increasing irradiance were measurable 
only directly after darkening the alga and, therefore, it is recommended that such 
measurements be done within as short a time as possible after exposing the seagrass plants to 
the dark. 

Prolonged incubation times in the light will usually also cause increases in the seawater 
pH, either because CO2 is withdrawn from the medium or, if HCO3" is utilised, because O H  
is "left behind" as HCO3" is dehydrated to CO2 (via H2CO3) before its utilisation. Changes 
in pH will affect the proportional concentrations between the different Ci forms (Johnson 
1982), and this will most certainly have effects on the photosynthetic rate of most 
seagrasses. Since most seagrasses show a higher affinity for CO2 than for HCO3" (Beer 
1989), increases in pH will cause decreased rates of photosynthesis as much of the dissolved 
CO2 is converted to HCO3". The pH of the medium might also affect physiological uptake 
processes, possibly including that of HCO3 (Bj/3rk et al. 1997), in a seagrass e.g., by 
affecting the electrochemical gradients and the proton flow across plasma membranes. It is 
therefore, again, recommended that incubation times be kept to a minimum and that the 
medium be changed as often as possible, but still allowed to accumulate 02 in a measurable 
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way. It is also recommended not to use buffers to stabilize pH during incubations as this 
may weaken pH gradients formed by the plant across the plasma membrane (Hellblom et al. 
2001). The preferred way to maintain stable pH values is to use short incubation times. 

Seagrasses have endogenous rhythms and their photosynthetic activity may be up- and 
down-regulated over the course of the day. Thus, photosynthetic rates measured in the 
morning may not reflect rates at the same irradiances in the afternoon. For a total gas 
exchange budget, rates should be measured during various parts of the day so as to either 
relate them to that time of the day or to integrate them diurnally. 

One other thing to keep in mind when measuring gas exchange rates in seagrasses is the 
presence of lacunae in the leaves. These gas spaces can act as either sinks or sources for O2 
under transient conditions of light and darkness. For example, if leaves are transferred from 
the dark to light, then the filling up of lacunae with 02 may delay the steady-state 
equilibrium flow of 02 out of the leaves. Under light to dark transitions, it may conversely 
take time till steady state respiration rates are obtained (but this may be countered by higher 
respiration rates just following high light periods, see above). This is important especially if 
short-term responses are sought after illuminating or darkening the plants, but does not 
concern measurements under steady state conditions. Photorespiration (if present, see Beer 
1989) can also be indicated by 02 measurements. Since the rate of photorespiration is 
enhanced by high O2 concentrations, an easy way of identifying the process is to observe if 
rates of photosynthetic 02 evolution decrease while the concentration of 02 in the seawater 
increases during an experimental period. Here, as in all chamber experiments, it should be 
ascertained that the increasing 02 concentrations do not cause increasing leakage of 02 out of 
the enclosures (which very seldom can be completely sealed). Similarly, it must be ensured 
that no bubbles form as 02 concentrations increase within the measuring chambers; again, 
such bubbles can store large amounts of 02, the dissolved concentration of which then 
diminishes, and this could be misinterpreted as a lower photosynthetic rate at high 02 
concentrations. One way of avoiding the formation of 02 bubbles during prolonged 
incubations is to reduce the starting concentration of oxygen in the seawater medium by 
sparging with N2 before sealing off the plants. However, this is usually cumbersome or 
impractical for field measurements. The 02 concentrations of the incubation media are 
typically measured using oxygen electrodes or Winkler titrations. 

02 electrodes: There are many makes of 02 electrodes, but the most common ones are all of 
the "Clark" type. The principle of these electrodes is to measure the flow of electrons 
derived from a ca. 0.8 V polarising voltage potential. This electron flow is caused by, and 
proportional to, the reduction of O2 to H202 as the former dissolves in an electrolyte after 
diffusing through a thin membrane at the tip of the electrode (Walker 1993). O2 electrode 
set-ups are usually intended for laboratory work, but there are commercially available 
electrodes for field use, and many researchers have also built their own systems. In some 
studies, 02 evolution has also been measured in situ with specially adapted underwater 
chambers (Dunton and Tomasko 1994, Herzka and Dunton 1997). Since 02 electrodes are 
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also sensitive to sulfide, care must be taken when using them near anaerobic sediments where 
sulfides are often present. O2 electrode readings are also strongly dependent on temperature,  
so care must be taken to keep the same temperature during measurements. An alternative to 
continuous 02 measurements  in situ is to measure the 02 concentration of  the enclosed water 
volume (or sub-samples thereof) before and after a certain incubation period, using an 02 
electrode system, e.g., on shore. I f  so, it must be ascertained that steady state 02 exchange is 
obtained during the measuring period. 

Chemical 02 determinations: Another way of  measuring 02 concentrations before and after 
incubations is by chemical analysis. The method of  choice is the "Winkler method", which 
involves the oxidation o f  manganese and a colour reaction with iodine. Any handbook of  
water/marine chemistry will give methods for Winkler titrations (e.g., Strickland and Parsons 
1972), as will handbooks on phycological methods (e.g., Littler and Littler 1985). Winkler 
titrations can be performed also for volumes smaller than those recommended by the 
handbooks (usually 300 ml seawater samples) provided that the reagents are used in 
proportionally smaller volumes too. 

Oxygen production example 
The objective of this simulated experiment was to estimate the photosynthetic 02 production of a 

seagrass mat, including its epiphytes and other minor biotic components (e.g., benthic bacteria), at 2 m 
depth under a certain mid-day irradiance. The enclosure, with a volume of 5 1, covered a 200 cm ~ area of the 
seagrass bed. The following results were obtained: 

Concentration Amount Gas exchange rate 
, (daM) (}tmol) ̂  ..... (mmol m "~ h "~) - 

Initial 02 in the light 285 1425 
Final 02 in the light 315 1575 
Net 02 exchange in the light 20 B 
Initial 02 in the dark 290 1450 
Final 05 in the dark 275 1375 
Net 02 exchange in the dark -10" 

30 c Gross photosynthetic 02 evolution 
ACalculated as: Concentration' volume (5 I) . . . . . . . . . . . . . .  
"Calculated as: (Final amount) - (Initial amount)/surface area (300 cm 2 = 0.03 m2)/time (15rain = 0.25 h) 
CCalculated as: [Gas exchange rate in the light (20)] - [Gas exchange rate in the dark (-10)] 

In conclusion, the results show that this seagrass bed had a net rate of gas exchange equalling 20 mmol 
02 m "2 s "~. Out of this, 30 mmol 02 m 2 s 1 was produced by photosynthesis while 10 mmol 02 m 2 s "~ was 
consumed by dark respiration. 

9 .3 .3  N e c e s s a r y  M a t e r i a l s  a n d  E q u i p m e n t  
�9 Enclosures (BOD bottles for excised leaves or the top part of  a glass desiccator for 

community  measurements) 
�9 SCUBA or snorkeling gear (for deep seagrasses) 
�9 1 ml syringes for withdrawing water samples 
�9 Black cloth 
�9 Clark-type 02 electrode set-up 
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9.3.4 Method 
Leaves or parts of entire plant communities are enclosed using the bottles or the top of 

the desiccator, respectively. In pre-experiments, determine that steady state 02 exchange 
continues for at least 15 min (during which time the original O2 concentration should increase 
by less than 50%). Also confirm that there is water movement within the enclosures by 
either putting beads in the bottles and turning them from time to time or by stirring with a 
small propeller, the shaft of which may be (snugly) fit through a hole in the stopper on top 
of the desiccator lid. Water samples (e.g., 1 ml) are extracted in the beginning and end of the 
incubations, and their O2 concentrations are either measured with a portable 02 electrode 
system on shore or by chemical means (see above). After the incubations in light, similar 
incubations are performed with darkened bottles or a darkened desiccator top (by covering it 
with a black cloth). 

9.3.5 Trouble Shooting and Hints 
l. Net photosynthetic rates are measured by the 02 gas exchange method, and gross rates 

must be estimated by correcting for (at least) mitochondrial (dark)respiration rates. 
However, the latter may also be affected by irradiance. 

2. The contribution of underground tissues is hard to estimate (without uprooting the 
plants). 

3. Because of the enclosures needed for 02 to accumulate/dissipate, several environmental 
factors (e.g., water flow and irradiance) will be different from those of in situ open 
systems. 

4. 02 exchange rates are practical to measure in liquid media only (i.e., not for emergent 
intertidal seagrasses). 

5. Do not allow for extensive 02 build-up within the enclosures (e.g., by leaving them in the 
light for too long) since this may cause the formation of gas bubbles (which can be large 
02 sinks), and since 02 can inhibit photosynthetic rates, e.g., via photorespiration. Note 
that warm waters saturate with 02 at much lower concentrations than do colder waters. 

5. Stir the medium during incubations so as to ascertain an adequate flux of nutrients and 
gasses to and from the plants. 

6. Minimise changes of pH of the medium, but do not use buffers; a better way is to limit 
experiments to short incubation times and change the medium frequently. 

7. Try to keep the temperature steady. A change in temperature will affect both the actual 
rate of photosynthesis and, even more, the readings of the oxygen electrode 

Which Method to Use? When choosing which gas exchange method to use, and which 
equipment to buy, the criteria to be taken into account should include where the 
measurements are to be done (laboratory or field), the type ecosystem to be measured 
(subtidal or intertidal during air exposure) and the budget available. In the field, 02 electrodes 
can be used for submerged seagrasses, and IRGA is the preferred method for seagrasses under 
emergent conditions (Leuchner and Rees 1993, Leuchner et al. 1998). (Although CO2 
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exchange methods have not been detailed here, they can be used also for measuring total 
inorganic carbon concentrations of seawater, but this involves the acidification of a small 
water sample and measuring the released CO2, e.g., Lipkin et al. 1986). Portable IRGA 
systems vary in price, but are generally expensive (>$10,000). 02 electrodes for laboratory 
use are less expensive, as are field electrodes. The least expensive, and yet very accurate, 
way of measuring 02 concentrations is the Winkler titration method; it requires only some 
simple chemical solutions and bottles, the latter of which need not be BOD bottles but can be 
smaller vials that can be closed off without introducing any air bubbles. 

I ~1  Chlorophyll Fluorescence as a Measure of Photosynthesis 

9.4.1 Objective 
To introduce the reader to the principles of pulse amplitude modulated (PAM) 

fluorometry as a way to measure quantum yields of photosystem II (PSII) and discuss the 
conversions of quantum yields to photosynthetic electron transport rates (ETRs). 

9.4.2 Introduction 
Chlorophyll fluorescence can be used to rapidly measure photosynthetic properties of 

plants. For example, it takes less than 1 s to measure the "effective quantum yield", which 
describes the proportion of photons absorbed by the plant's photosynthetic pigments that is 
used for photosynthetic electron transport. If most of the light is excluded (such that 
photosynthesis is virtually stopped), then the result of this measurement is termed the 
"maximum quantum yield", and describes the potential for PSII photochemistry; this 
parameter is often used as a stress indicator. By multiplying the effective quantum yield by 
the h-radiance, the relative ETR at the moment of measurement is derived. The application of 
the recently marketed "Diving-PAM" for quantum yield and ETR measurements in 
seagrasses is treated, and a simulated example of a rapid light curve (RLC) is given. What 
follows is the rationale behind such chlorophyll fluorescence measurements, and also 
examines to what degree the method can yield quantitative measures of photosynthetic rates 
for seagrasses. 

Chlorophyll Fluorescence and PAM Fluorometry 
As the energy of photons is converted into chemical energy in the photosynthetic 

process, some is lost as heat as well as fluorescence. Since the sum of energies used for 
photochemistry, heat generation and fluorescence equals that of the absorbed photons, and 
assuming that the light energy dissipated as heat is low and constant, it follows that the 
fluorescence yield decreases proportionally with increasing photochemical efficiency. This 
phenomenon, i.e., the "quenching" of fluorescence by photosynthetic electron transfer 
through the photosystems, can be utilised for measuring both photosynthetic efficiencies 
(i.e., quantum yields) and photosynthetic rates. 
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The fluorometry method of choice today for submerged macrophytes is P AM 
fluorometry (Schreiber et al. 1986, 1994). In this method, only that chlorophyll fluorescence 
caused by a pulsating beam of weak "measuring light" is recorded by the PAM fluorometer, 
and the quenching of that fluorescence can be used as a measure of how the actinic light 
affects the energy transfer efficiency. Since the Diving-PAM (see below) is the only 
fluorometer marketed today in which such measurements can be performed underwater, 
much of the further text refers to this specific instrument. 

The fluorescence signal caused by the pulsating measuring light is termed Fo if measured 
for dark-adapted plants; for the terminology of fluorescence parameters, see van Kooten and 
Snel (1990). Once Fo has been recorded, the fluorometer then exposes the leaf to a 0.5-1.0 s 
period of saturating light (emitted from a halogen bulb at >>2000 lamol photons m "2 s'l). 
During this saturating light period, all reaction centres become reduced (or "closed"), and the 
fluorescence yield of the measuring beam rises to a maximum value (termed Fm). From these 
two values, Fo and Fm, one can calculate the quantum yield of electron transfer in PSII (Y): 

Y = (Fm - Fo) / Fm = Fv / Fm 

This "maximum" or "potential quantum yield" is measured in dark-adapted plants where 
all PSII reaction centres are "open", thus yielding the lowest (Fo) fluorescence value. It is 
suggested that such measurements be performed following at least 10-15 min of dark 
adaptation so as to allow the photosystems to completely "relax". For over 70 terrestrial 
plants, the average Fv/Fm ratio was found to be 0.83 (Bjrrkman and Demmig 1987), whereas 
for healthy control plants of at least one seagrass (Halophila ovalis) it was found to be 0.73- 
0.75 (Ralph and Burchett 1995, Ralph 1999). 

Since Fv/Fm is sensitive to plant stress, this parameter has frequently been used to 
monitor impacts of environmental and anthropogenic stressors on seagrasses. The plant 
responses that have been measured include circadian rhythms and diel and diurnal patterns of 
midday down-regulation and photoinhibition (Ralph and Burchett 1995, Dawson and 
Dennison 1996, Ralph et al. 1998, Longstaff et al. 1999, Ralph 1999), temperature (Ralph 
1998a), osmotic stress (which influences the thylakoid membrane) and desiccation tolerance 
(Ralph 1998b, BjOrk et al. 2000), as well as toxicants such as heavy metals (Ralph and 
Burchett 1998a), petrochemicals (Ralph and Burchett 1998b) and herbicides (Ralph 2000). 

PAM Fluorometry for Photosynthetic Measurements in Seagrasses 
The same measurement of quantum yield as Fv/Fm, but performed under ambient light 

conditions, renders another parameter termed the "effective quantum yield". The 
fluorescence variables used are now defined as F and Fro' (rather than Fo and Fm as for the 
measurements in darkness): 

Y = (Fm' - F) / Fm' - AF / Fro' (Genty et al. 1989) 
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The higher the irradiance, the lower the value of Y as increasingly reduced PSII reaction 
centres cause increases in F and, often, also decreases in Fm' due to "non-photochemical" 
quenching (Genty et al. 1990). 

If the effective quantum yield is measured, as well as the irradiance, then it is possible to 
estimate the amount of electrons moving between the photosystems. The standard formula 
to measure the electron transport rate (ETR) is: 

ETR = Y �9 PAR �9 0.5 �9 0.84, 

where PAR (photosynthetically active radiation) is the incident irradiance as measured with a 
light sensor at the leaf surface, 0.5 is the result of an (assumed) equal distribution of photons 
absorbed by the two photosystems and 0.84 is the so-called "ETR factor" which describes 
the proportion of incident photons absorbed by the photosynthetic pigments, i.e. corrects 
for loss of light from the leaf surface to the actual photosystems (due to reflection, 
transmission and absorption by compounds other than the photosynthetic pigments). For a 
range of terrestrial leaves it was determined that this factor is 0.84 (BjSrkman and Demmig- 
Adams, 1994). For underwater measurements, the reflection from the thallus and leaf surface 
is negligible (Frost-Christensen and Sand-Jensen 1992, Beer et al. 1998). Therefore, the ETR 
factor approaches 1 and, if so, can be ignored in the previous equation. 

The ETR describes the ability of the photosystems to use the incident light, and is 
measured independently of the leaf thickness and the chlorophyll concentration. The ETR 
can be used to compare the photosynthetic efficiencies of different leaves and of different 
species. For example, it can be used to compare photosynthesis over a diurnal cycle between 
samples from deep and shallow locations and of different seagrass species (Ralph et al., 
1998). 

In addition to measuring ETR under natural light, the Diving-PAM can also be used to 
provide a range of artificial irradiances (by the internal halogen lamp) while the effective 
quantum yield is measured. Such measurements will assess the leaf's ability to cope with 
different light intensities. If these irradiances are short enough (e.g., 10 s each), they will not 
significantly change the state of the photochemistry. The result of such a set of 
measurements is called a rapid light curve (RLC, Figure 9-1). A RLC thus provides 
information on the capacity of the tissue to photosynthesise under a range of different light 
conditions, as affected by its previous light history. A recent example of how such RLCs 
obtained in situ can be used for basic photosynthetic carbon utilisation studies in seagrasses 
can be found in Schwarz et al. (2000). 

There have been a few investigations describing the relations between ETR and 
photosynthetic rates of seagrasses as measured with oxygen electrodes (Beer et al. 1998, 
Beer and BjSrk 2000). In order to find such relationships, the fluorescence data were 
corrected for the approximate proportion of incident quanta absorbed by the pigments of 
PSII. The previously given formula for ETR was thus "adjusted" by an' absorption factor 
(AF): 

ETR = Y �9 PAR �9 0.5 �9 ETR factor �9 AF 
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With the previous assumption that under water the ETR factor approaches 1, the equation 
becomes: 

ETR = Y �9 PAR �9 0.5 �9 AF 

The AF can be easily approximated even underwater by placing the leaf between the actinic 
light source and a quantum light sensor and measuring the light transmitted through the leaf 
according to: 

AF = (incident PAR - transmitted PAR) / incident PAR 

A positive correlation between ETR and 02 evolution (measured as net photosynthet ic  
02 evolution corrected for dark respiration) has been found for all seagrass species tested so 
far (Beer et al. 1998, Beer and Bj6rk 2000). While some of  these relationships are linear, in 
other cases the ratio between 02 evolution and ETR decreases at high irradiances, probably 
due to increasing rates of  02 consuming processes and/or effects of  non-photochemical 
quenching and state transitions. In some species, i.e. Cymodocea nodosa (Beer et al. 1998) 
and Halophila ovalis (Beer and Bj6rk 2000), the molar O2/ETR ratios were close to the 
expected value of  0.25 (4 mol electrons for reducing 1 mol CO2 or releasing 1 mol of  02 from 
water), indicating that the ETRs, including the AF values, were estimated adequately. 
Subsequent work, using marine macroalgae (Beer et al. 2000), confirmed the that thin-leaved 
aquatic plants are more likely to yield accurate ETRs when using PAM fluorometry than 
thicker-leaved ones because the AF value is more likely to be due to the photosynthet ic  
pigments only rather than to other light-absorbing cell components (Markager 1993). In 
other species, however,  the molar O2/ETR ratios were either greater than (Zostera marina, 
Beer et al. 1998, and Halodule wrightii, Beer and Bj6rk 2000) or less than (Halophila 
stipulacea, Beer et al. 1998) expected (possibly because of  inadequate AF determinations). 

Example of PAM photosynthesis measurements 
The objective of this simulated example was to investigate differences in photosynthetic 

responses to irradiance between a shallow and deep population of a tropical seagrass. 
The photosynthetic response to irradiance was measured as RLCs for ~lants growing at 1 m (at 

1500 ktmol photons m "2 s 1) and 10 m (at 300 ~trnol photons m "2 s ,  as measured with the 
instrument's quantum sensor) depth; it was assumed that incident PAR �9 AF represented absorbed 
PAR. AF was estimated by measuring on the shore the ambient irradiance under 10 mm of water 
in a beaker (1800 ttmol photons m "2 s q) and the irradiance when the quantum sensor was covered 
with leaves taken from the two depths. The average irradiances recorded when the sensor was 
covered with the leaves was 900 and 600 ~tmol photons m "2 s "t shallow and deep growing leaves, 
respectively. The resulting AF values were thus 0.4 and 0.6 for the two types of leaves. The 
Diving-PAM was taken to the growth sites, and the tip of the main optical fibre was held in 
position ca. 8 mm from the leaves via a "dark leaf clip". The PAR received by the measured leaf 
from the Diving-PAM's internal halogen light source was pre-determined ahead of the experiment 
by the "light calibration" function. The following protocol was obtained from two experimental 
RLCs, each comprising 1 measurement in darkness followed by 8 measurements at increasing 
irradiances every 10s (here edited to show only some of the registered parameters): 
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Example of PAM photosynthesis measurements(continued) 

MEM Time Depth PAR 1 y2 ETR 3 
n O .  

2o01 " lO:iO:lO 1 . . . . . . . .  o "~ 0.72 ' 0.0 
2002 10:10:20 1 15 0.65 2.0 
2003 10:10:30 1 45 0.53 4.8 
2004 10:10:40 1 90 0.78 14.0 
2005 1 O: 10:50 1 180 0.65 23.4 
2006 10:11:00 1 300 0.64 38.4 
2007 10:11" 10 1 500 0.5 50.0 
2008 10:11:20 1 700 0.43 60.2 
2009 10:11:30 1 1000 0.31 62.0 
2010 10:1"6:10 . . . .  16 . . . . . . .  0 0 . 7 5 '  0.0 ~- 
2011 10:16:20 10 15 0.44 2.0 
2012 10:16:30 10 45 0.47 6.3 
2013 10:16:40 10 90 0.38 10.3 
2014 10:16:50 10 180 0.24 13.0 
2015 10:17:00 10 300 0.2 18.0 
2016 10:17:10 lO 500 0.13 19.5 
2017 10:17:20 10 700 O.11 23.1 
2018 10:17:30 lO lO00 0.06 18.0 

. . . . . . . .  

tPAR is the irradiance at the leaf surface when irradiated by the Diving-PAM's internal halogen lamp 
2y is calculated as (Fm' - F) / Fro' (--- AF / Fm') 
3ETR is calculated as Y �9 PAR �9 0.5 �9 AF (0.4 for 1 m, and 0.6 for the 10 m, plants). 

To conclude this example, it can be seen (Figure 9-1) that the maximal ETR was ca. 3 times 
higher and the light saturation point was ca. two times higher, for the shallow growing plants 
than for the deeper growing ones. 
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Figure 9-1. RLC plot of photosynthetic response to irradiance 
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A unified way of quantifying PAM fluorometry for the measurement of photosynthetic 
rates in seagrasses still needs to be established. At this time, we suggest that either rather 
relative rates of ETR be measured by multiplying Y by PAR, 0.5 and 0.84, (a way presently 
favoured by P. Ralph and R. Gademan) or that rates be quantified by multiplying by AF 
(instead of 0.84, favoured by S. Beer and M. BjSrk). The latter quantification should be 
verified using other methods of photosynthetic measurements simultaneously (similar to 
what was done by Beer et al. 1998 and Beer and BjSrk 2000), while the former way is 
adequate for comparative purposes (see above). In either case, it is critically important to 
explicitly identify the constants used in calculating these photosynthetic rates. 

9.4.3 Necessary Materials and Equipment 
�9 Diving-PAM (Walz, Germany) 
�9 PAM accessories (various leaf clips according to the objects to be measured) 
�9 SCUBA equipment (for deep growing species) 
�9 Notebook or PC 

9.4.4 Method 
Quantum yields can be measured either in the dark (as Fv/Fm) or light (as AF/Fm') by 

"point measurements". Before this, the adequate settings must be programmed into the 
instrument, especially those concerning its sensitivity to the fluorescence of a certain plant. 
For dark-adapted plants, there is a convenient "dark leaf clip" available. The measurement is 
initiated by pressing the "start" button, and it takes less than 1 s. 

The photosynthetic response to irradiance can further be measured as RLCs using the 
instrument's intemal light source so as to generate a series of 8 irradiances. These must be 
pre-programmed into the instrument, and the RLC is initiated by pressing the "light curve" 
function. AF (if needed) can be estimated by measuring incident PAR by the quantum 
sensor of the instrument before and after it is covered by a plant leaf. 

Frequently, in situ "point measurements" will be done under various ambient irradiances 
(instead of, or in addition to, the RLCs for which the internal halogen lamp is used to 
irradiate the leaves). If so, then the main optical fibre may be held in place ca. 10 mm from 
the leaf surface by a "leaf distance clip". The quantum sensor is then positioned close to the 
leaf and perpendicular to the incident light. 

9.4.5 Data Processing 
After a series of measurements, the data are downloaded to a computer (via a supplied 

programme), and then transferred to a program such as Excel for further processing. Many 
parameters are saved for each measurement, including the time, temperature, water depth, 
incident PAR and fluorescence parameters such as F and Fm' (from which Y is calculated in a 
special column) and ETR (calculated as Y �9 PAR �9 0.5 �9 0.84, see above). If a RLC has been 
performed, then the stored PAR values for each irradiance are used for the ETR 
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determinations. Since irradiance is usually measured as lxmol photons m 2 s 1, the units of 
ETR will be l.tmol electrons m "2 s "1. 

9.4.6 Trouble Shooting and Hints 
1. No need to enclose the plants in chambers; photosynthetic rates can be measured under 

natural conditions of irradiance, water flow etc. 
2. Measurements are rapid (<1 s each); many replicate measurements can be performed. 
3. Only photosynthetic parameters are measured; a) no need to correct for respiration when 

gross rates are desired; b) this may be a limitation when net productivity is to be inferred 
from the measurements. 

4. PAM fluorometers are relatively expensive (the Diving-PAM with accessories is priced 
at ca. US$15,000). 

5. The method yields relative ETRs unless a valid AF value can be defmed. At present, 
calibrations should usually be performed against other forms of measurement (e.g., the O2 
method); this has so far been done for only a few species. 

6. When measuring RLCs, do not use prolonged irradiance periods from the internal halogen 
lamp since this will heat up, and eventually shut down, the Diving-PAM; 10-30 s per 
irradiance level may be sufficient. 

7. Hold the fibre steady during each ca. 1 s measurement; the distance between the fibre tip 
and the leaf is of no principal importance as long as the fluorescence signal is above a 
minimum (see the Diving-PAM's instruction booklet). 

9.4.7 Discussion 
In conclusion, PAM fluorometry, and the Diving-PAM in particular, is a powerful tool 

with applications for many aspects of seagrass research encompassing physiology, ecology 
and toxicology. The instrument is versatile, and this section has only covered some of  its 
fundamental applications. In cases where absolute rates of ETR can be determined (i.e., 
where a correct AF value can be established ), this method is preferable to the gas exchange 
ones for measuring photosynthetic rates because of its rapidity and non-intrusive in situ 
applications. 
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Chapter 10 
, 

Assessing biomass, assemblage structure and productivity 
of algal epiphytes on seagrasses 

Gary A. Kendrick, Paul S. Lavery 

Chapter Objective 
To present standard methods for the sampling, processing, and analysis of assemblage 

structure, biomass and productivity of algal epiphytes found growing on seagrasses. 

I ~ ~  Overview 
Epiphytes are a prominent component of most seagrass ecosystems. Seagrasses are the 

main "hard substratum" found in shallow sandy environments. A diversity of fungi, bacteria, 
micro- and macro-algae and sessile invertebrates utilise this substratum. Methods for 
measuring algae as epiphytes on the leaves of seagrasses are described in this chapter. 
Sampling of macroalgae in seagrass systems is further described in Chapter 11. Microalgae 
and bacteria are the initial colonisers of living seagrass leaves. They grow and rapidly 
reproduce, with cell doublings occurring over 1 to 3 days. They are also the primary food 
resource for grazers, and the distribution and age of assemblages of epiphytic microalgae 
influence grazer distributions. For most seagrasses, with the exception of Halophila spp., the 
leaf is produced in a "conveyor belt" with the oldest aged tissue at the top of leaves and the 
youngest near the basal meristem. Microalgae abundance and species composition are heavily 
influenced by the speed with which colonisation can occur on this moving conveyer belt of 
host tissue. In long lived seagrass species (e.g., Posidonia spp.), where leaf turnover is slow 
and leaves can remain attached to shoots for greater than 100 days, variability in microalgae 
distributions on a single leaf is common. In species with faster leaf turnover (e.g., Amphibolis 
spp., Cymodocea spp.), distribution of microalgae on leaves varies more among shoots and 
meadows than within shoots. Faster leaf turnovers limit the time for colonisation of 
epiphytes, therefore colonisation is more representative of the reproductive phenology of 
epiphytes in the general area at the time when the leaf was produced, not recruitment 
dynamics and succession on a single leaf or shoot. We will describe the main methods 
presently used for research into algal epiphytes on seagrasses. A small introduction to 
sampling design and sampling techniques will be followed by sections describing methods 
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used to determine the diversity and structure of epiphyte assemblages and the biomass and 
productivity of epiphytic algae. 

I ~ ~  Sampling 

10.3.1 Introduction 
Research is designed to address the question of interest. For example, a study of patterns 

of colonisation of seagrass leaves by epiphytes requires a focus on epiphyte distribution 
along individual leaves, or between leaves within shoots. For a broad survey of epiphyte 
loads within or among seagrass meadows, the minimum scale of interest is more likely to be 
quadrats placed randomly within meadows (Chapter 4). Previous studies of epiphytes on 
seagrasses and macroalgae have concentrated on: 

�9 Patterns of colonisation on seagrass leaves and stems (Bramwell and Woelkerling 
1984, Novak 1984, Harlin et al. 1985, Borowitzka et al. 1990) 

�9 Interactions between epiphytes and mesograzers (van Montfrans et al. 1984, 
Mazzella and Russo 1989, Mazzella et al. 1989, Jemakoff and Nielsen 1997, 1998). 

�9 Effect of epiphytes on seagrass productivity (Bulthuis and Woelkerling 1983, 
Cambridge et al. 1986, Silberstein et al. 1986, Short et al. 1995) 

�9 Biomass, productivity and trophic relations in seagrass meadows (Jacobs et al. 1983, 
Borum 1987) 

�9 Population dynamics (Willcocks 1982, Kendrick and Hawkes 1988) 
�9 Assemblage structure (May et al. 1978, Heijs 1985, Kendrick et al. 1988, Kendrick 

and Burt 1997, Vanderkliff and Lavery 2000). 

Artificial seagrass is a useful surrogate for natural seagrass leaves. The main advantage of 
artificial seagrass is the researcher can control the time for epiphyte colonisation. The algal 
assemblages that grow on artificial substrata are similar to epiphytic assemblages on seagrass 
leaves (Silberstein et al. 1986, Neverauskas 1987, Homer 1987, Lethbridge et al. 1988). 

10.3.2 Objective 
To describe methods of sampling and sampling design for epiphytic algae on seagrass 

leaves and artificial seagrasses. 

10.3.3 Necessary Materials and Equipment: Seagrass Leaves 
�9 Large insulated box for storing samples 
�9 Plastic sampling or storage bags (with date, site identification and sample number 

written on bag in permanent ink. As soon as the bags are returned to the boat a label 
on waterproof paper should be added to each bag.) 

�9 Divers mesh bags for placing plastic bags into underwater 
�9 Sampling quadrat: square quadrats either 0.2 x 0.2 m or 0.5 x 0.5 m in size 
�9 Scissors 
�9 Waterproof paper and clipboard or dive slate and pencil 
�9 Formalin 3-5% in seawater 
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10.3.4 Methods 
Either individual shoots or quadrats can be randomly sampled to study microalgal 

epiphytes on seagrasses. Random collection of individual shoots within a seagrass meadow is 
effective for describing patterns of epiphyte abundance on individual leaves. Random 
quadrats (either 0.2 x 0.2 or 0.5 x 0.5 rn in size) are more effective in determining the influence 
of epiphyte abundance or biomass on a seagrass meadow or differences among meadows. 
Sampling by quadrats also provides information on seagrass meadows that are important for 
interpreting results. Seagrass shoot density, leaf surface area and biomass of seagrasses can be 
determined. Epiphytes scraped from all leaves in a quadrat may also be bulked to give an 
estimate of epiphyte biomass per unit area of meadow. 

The steps in sampling epiphytes are: 
1. Using predetermined random numbers, the random location of the sampling unit (shoot or 

quadrat) within a meadow is determined. The random location can be determined either 
from a freed grid or radially from a fixed location. 

2. Once the shoot or quadrat is located, a plastic sampling bag is placed over the leaves and 
all shoots are trimmed of leaves by scissors. The plastic bag is sealed filled with seawater 
and placed into a mesh divers bag or storage container. Care should be taken not to 
remove epiphytes through rough handling of the bags. 

3. When collection is finished the sampling bags are placed on ice in an insulated box, until 
they are taken to the laboratory. 

4. In the laboratory, samples are either immediately processed, fixed in 3 - 5% formalin in 
filtered seawater, or frozen in a freezer for later processing. 

10.3.5 Necessary Materials and Equipment: Artificial Seagrass 
�9 Strips of polyethylene plastic (cut to the dimensions of the seagrass) 
�9 Base made of plastic coated steel mesh or plastic garden mesh 
�9 Staple gun (non-copper staples) or hot glue gun to attach strips to base 
�9 Steel tent pegs or weights to anchor unit to the substratum 
�9 Small sledge hammer to hammer pegs into sediment 

10.3.6 Methods 
The steps to make and deploy artificial seagrass are: 

1. Artificial seagrass shoots made of clear flexible polyethylene are cut to dimensions of the 
seagrass to be studied. For Posidonia species in Australia, the dimensions are 600 m m x  
10 mm x 300 l~m thick and each shoot consists of 2 leaves, one 400 mm and one 200 mm 
in length. 

2. The "leaves" are then threaded through and stapled to plastic coated wire grids with a gap 
equivalent to the density of natural stands. For Posidonia species we have used a grid 
150mm x 150mm in size with an aperture of 25 mm x 25 mm. 

3. Grids are fixed to the substratum using either long tent pegs or weights. They are usually 
randomly located and replicated at each location and time. 
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4. A labelled plastic tag with a contact person and phone number is also attached to each 
grid, reducing the potential of inadvertent removal and loss by inquisitive divers and 
swimmers. 

5. Grids are retrieved at~er a designated time interval. 
6. ARer being brought on board, grids are carefully placed in a labelled plastic bag containing 

seawater and kept on ice for transport to the laboratory. 
7. In the laboratory, grids are processed in trays of seawater to prevent desiccation. Plastic 

shoots are removed by slicing underneath each wire grid using a one-sided razor blade. 
Either a sub-sample of shoots is randomly selected for analysis of seagrass assemblages or 
all shoots are scraped for epiphyte biomass. 

10.3.7 Trouble Shooting and Hints 
For seagrass epiphytes we recommend either 0.2 x 0.2 m or 0.5 x 0.5 m quadrats. Smaller 

and larger quadrats have been used. For example, Heijs (1985) used 1 m 2 quadrats whereas 
Kendrick and Burt (1997) sampled 0.1 x 0.1 m quadrats. 

Epiphytes can occur highly localised on specific parts of the seagrass leaf surface, 
therefore we recommend a stratified random sampling strategy when sampling epiphytes 
within leaves, where outer and inner faces or edge and middle of leaves are either kept as 
separate strata, or combined into a single stratum. 

To study the colonisation of epiphytes, seagrass leaves should be divided into three to 
five sections, from the base to the apex (Ferreira and Seelingcr 1985, Novak 1984). The 
assemblage of epiphytic microalgae is then examined for each section using dissecting, light, or 
electron microscopy for identification of species. Biomass is sampled by scraping individual 
sections and drying and weighing, or analysing chlorophyll a concentrations of each section. 

10.3.8 Discussion 

Sampling within Leaves 
The outside and inside surfaces of leaves offer different habitats for colonisation of 

epiphytes in some seagrass species, but not others. For example, epiphytes preferred the 
inside surface of the leaves of the seagrass Posidonia sinuosa but there was no difference in 
epiphyte assemblages on either side of the leaves of Posidonia australis (Trautman and 
Borowitzka 1999), Amphibolis antarctica (Bramwell and Woelkerling 1984), or Thalassia 
hemprichii (Heijs 1985). On some seagrasses there is a difference in percent cover of 
epiphytic algae from the edge to the middle of the surface of a leaf. For example, epiphytes 
are found at greatest percent cover within 2 - 4 mm of the edges of leaves of P. australis 
(Trautman and Borowitzka 1999). 

There is a predictable pattern of colonisation by epiphytes from the basal sheath to the 
older tissues of the leaf tip in leaves of long-lived seagrasses. In relatively young tissues near 
the sheath of new leaves, a thin layer of bacteria and diatoms initially colonise the leaf 
surface. The cover and biomass of microalgal epiphytes increases towards the tip of the leaf, 
and macroalgae occur as epiphytes. This pattern has been described for epiphytes on 
Posidonia oceanica (Novak 1984, Buia et al. 1989, Mazzella et al. 1989). 
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Sampling Leaves within Meadows 
The number of seagrass shoots needed to statistically represent epiphytic assemblages is 

dependent on local environmental conditions, seagrass species and the epiphytic assemblage 
itself. A pilot study should be undertaken (Chapter 4), to determine replication through 
measuring the effect of increasing number of leaves sampled on cumulative number of 
epiphyte species (species area curves) (Clarke and Warwick 1994), mean values of species 
richness, abundance of specific taxa, total percent cover of epiphytes or density of 
epiphytes. For example, Kendrick et al. (1988) found 5 shoots of Amphibolis antarctica was 
a sufficient sample size as the cumulative frequency of epiphyte species had reached a 
plateau by that number of shoots (species-area curve). When determining biomass of 
epiphytes a choice of sample size can be made from the precision, minimum detectable 
difference, or power of analysis (Chapter 4). 

A review of previous epiphyte studies indicated between 5 and 15 shoots have been 
collected and analysed for epiphyte assemblages, depending on the seagrass leaf turnover rate. 
For example, Buia et al. (1989) and Mazzella et al. (1989) collected 5 shoots of the slow 
growing Posidonia oceanica, whereas Heijs (1985) collected ! 0 shoots of the faster growing 
Thalassia hemprichii and Reyes and Sanson (1997) collected 10 shoots of Cymodocea 
nodosa. Also, Bramwell and Woelkerling (1984) collected 15 shoots of Amphibolis antarctica 
and Cullinane et al. (1985) collected 15 shoots of Zostera marina, both species with high leaf 
turnover rates. 

Random Sampling of Quadrats within Seagrass Meadows 
Epiphytic assemblages are patchily distributed at less than 1 m 2 scales (Kendrick and 

Burt 1997, Jemakoff and Nielsen 1998, Vanderklift and Lavery 2000). Small scale patchiness 
needs to be considered when designing sampling programs. The number and size of quadrats 
required can be determined from appropriate pilot studies and how to design pilot studies is 
described in detail in Chapter 4. 

Artificial Seagrass 
The main assumptions and weaknesses with the use of artificial substrata are: the process 

of epiphyte colonisation is mainly driven by the physical structure of the seagrass; there are 
no specific interactions between epiphytes and host, and; there are no chemical or 
biophysical needs for the epiphyte to grow on the host. Also, our personal experience is that 
small changes in the materials used to construct artificial seagrass may significantly alter their 
performance. In an unpublished study we have found no significant epiphyte colonisation of 
plastic welding rod material after 9 months despite it being recommended by Lethbridge et al. 
(1988). Pilot tests of the material to be used are strongly recommended. Details of the 
construction of artificial seagrass grids are given in the references above. 



204 Kendrick and Lavery 

Describing Assemblages of Epiphytic Algae 

10.4.1 Introduction 
There is a large body of literature that describes diversity and abundance of epiphytic 

algae on seagrasses (summarised in: Borowitzka and Lethbridge 1989, Jemakoff et al. 1996). 
Seagrass epiphyte studies have been generally descriptive with many describing the spatial 
(May et al. 1978, Kendrick et al. 1988, Buia et al. 1989, Vanderklift and Lavery 2000), or 
seasonal (Jacobs et al. 1983, Heijs 1985, Mazzella et al. 1989, Kendrick and Burt 1997) 
patterns of epiphyte species richness, diversity and relative abundance. Other studies have 
focussed on the correlations between epiphyte assemblage structure and location on seagrass 
stems (Borowitzka et al. 1990) leaves (Cullinane et al. 1985, Trautman and Borowitzka 1999) 
or shoots (Novak 1984, Casola et al. 1987). 

Assemblages are typically described in terms of either the composition alone or the 
composition coupled with some measure of the relative contributions made by each species 
to the total assemblage. 

10.4.2 Objective 
To present a range of species association variables that are commonly used to summarise 

epiphyte assemblages. 

10.4.3 Necessary Materials and Equipment 
�9 Ventilated laboratory space (preferably a fume hood) 
�9 Flat sorting trays 
�9 Seawater 
�9 Formalin 3 - 5 % in seawater 
�9 Watch glasses or petri dishes 
�9 Glass or plastic sample vials 
�9 Slides and covers lips 
�9 Dissecting microscope (6x to 160x magnification) 
�9 Binocular microscope (100x to 750x magnification) 
�9 Taxonomic keys to micro- and macroalgae common to your region 
�9 Datasheets on water-resistant paper 

10.4.4 Methods 

Sampling of Leaves 
Field collection is described Section 10.3.4. 

1. In the laboratory, a quadrat sample is placed in a flat sorting tray and a representative 
sub-sample of leaves is taken. 

2. Subsampling of the quadrat sample is necessary as analysis is time consuming. To 
determine the size of the subsample, a pilot study (Chapter 4) should be conducted using 
species/number of leaves curves. We have found that between 3 and 5 leaves (Kendrick et 
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al. 1988, Kendrick and Burt 1997) is sufficient for temperate Australian seagrasses. We 
recommend that the oldest leaf from each of 3 to 5 shoot be sampled, as recent pilot 
studies in Western Australia indicated that similar numbers and abundances of epiphytic 
species are found between the whole shoot and the oldest leaf on that shoot (Vanderklitt 
and Lavery 2000). These leaves are then placed under a dissecting microscope and species 
recognised and their abundance determined. Sampling within or between leaves or shoots 
is described in detail in Section 10.3 above. 

3. Epiphytic algae are identified to species where possible. Some taxa may only be 
recognisable to the genus level. Epiphyte species identification utilises a combination of 
taxonomic keys ranging from bacteria to macroalgae. The appropriate references vary with 
the geographic location of the study. Researchers should use keys to macro- and micro- 
algae specific to their regions. Our experience, however, is that these are often limited in 
scope and we have found that texts from other regions can be useful in identifying to the 
level of genus. 

4. Wet voucher samples of each species are collected in glass or plastic vials and identifying 
taxonomic characteristics photographed, as a visual aid in identification. 

5. Species presence and abundances are recorded onto pre-designed data sheets that should 
be designed in the form of the final data array. 

Main Parameters to Describe Algal Epiphyte Assemblages 

Species presence 
The presence of a taxon on each leaf is recorded. 

Percent cover 
It is very difficult to estimate percent cover of individual species accurately as the species 

usually form a three dimensional layer over the seagrass leaf thus percent cover is not 
recommended. Relative abundance based on a range of cover values is more commonly used. 

Relative abundance 
Relative abundance of epiphytic taxa based on ranges of percent cover estimates is more 

commonly used as it is faster and more reproducible than estimating actual percent cover 
(Kendrick et al. 1988). Typically, a qualitative scale of categories is used. This scale was 
originally adapted for the study of epiphytes from the Braun-Blanquet scheme of phyto- 
sociology by Van Der Ben (1969). It is generally used in preference to numerical percent 
cover estimates of epiphytic algae, because it allows more samples to be analysed in a given 
time but gives similar results to percent cover (Done 1977). Since the same percentage cover 
range can be achieved in a number of very different vegetation patterns, the categories of 
cover are usually drawn up as ranges of shaded areas on a water-resistant piece of card that is 
consulted in the field when determining a percent cover category or abundance coefficient to 
each species. 
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Abundance coefficient Percent cover 
1 for epiphytes covering approximately' 1% 
2 " " " 5% (2-9%) 
3 " " " 20% (10-29%) 
4 " " " 40% (30-54%) 
5 " " " 70% (55-79%) 
6 " " " 90% (80-100%) 

Relative occurrence 
Relative occurrence is calculated from presence-data (Kendrick and Burt 1997). It is based 

on how often a single taxon occurs among a sample of leaves. Presence of a species on a leaf is 
scored as one and these scores are summed across the total number of leaves sampled to 
create relative occurrence for that species. 

Species richness 
Species richness is the total number of species recorded in a sample and varies depending 

on the size of the area sampled. Generally, species richness should be reserved for the total 
number of species at a location. 

Species diversity 
Generally we feel diversity indices are of limited value. They are difficult to compare as 

the same diversity value can be obtained from markedly different species associations. 
Shannon-Weiner diversity index (see Valiela 1995 for a good general summary) is the most 
widely used index, and is derived from the proportional contributions of all species to the 
assemblage of epiphytes. The proportional contribution of individual species to diversity 
can also be determined as evenness. The evenness of the different species is expressed as 
Pielou's J (Valiela 1995). 

Association measures 
There is a range of association measures presently used including similarity, dissimilarity, 

correlation, proximity and distance measures. The association measure that is most widely 
used in assemblage studies of epiphytes is the Bray-Curtis similarity coefficient (Bray and 
Curtis 1957) for continuous data and the Czekanowski measure for presence/absence data. 
The Bray-Curtis measure consistently performs well across different types of  data and is 
recommended for ratio data (Faith et al. 1987). The Bray-Curtis measure is: 

D : 100 1 -  E (D;k + DJk 

Where Dik is the value of the i 'h object (locations, times) and the k 'h attribute (epiphyte taxa). 
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10.4.5 Troubleshooting and Hints 
Relative abundance scales have been used in studies of epiphytes on Thalassia hemprichii 

from Papua New Guinea (Heijs 1985), on Amphibolis antarctica from Shark Bay, Western 
Australia (Kendrick et al. 1988), and on Zostera marina (Jacobs et al. 1983). The actual range 
in percent cover for each abundance coefficient has varied in different studies so care should 
be taken when comparing your results with reported literature. 

Care should be taken when comparing Shannon-Weiner diversity indices from published 
literature, as the logarithm used can be natural, base 10 or base 2 (Clarke and Warwick 1994). 

Association measures can be automatically calculated in computer packages like PATN 
and PRIMER (Section 10.5). 

10.4.6 Discussion 
Although the Shannon-Weiner diversity index has been the most used of any diversity 

index for characterising epiphyte assemblages, it is not the only index nor is it the most 
appropriate diversity index to use in many instances (Hurlbert 1971). We prefer Margalef's 
diversity index, derived using species richness S and N (total number or biomass of 
individuals summed for all S species, Magurran 1988), which is responsive to slight changes 
in species richness. Also the reciprocal of the Berger-Parker index, Noo is a good general index, 
because an increase in the value of the index equals an increase in diversity and a reduction in 
dominance (Magurran 1988). 

I ~  Statistical Analysis 

10.5.1 Introduction 
There is a wide range of multivariate statistical methods used in the analysis of epiphyte 

data. We will demonstrate the analysis of epiphyte assemblages using Multi-Dimensional 
Scaling (MDS) and Analysis of Similarities (ANOSIM). In the discussion we will introduce 
other methods. 

Non-metric multidimensional scaling (MDS) creates a graphical representation of the 
similarity of species assemblages between samples. MDS has recently been applied to 
assemblages of epiphytic algae found on Posidonia sinuosa (Kendrick and Burt 1997) and 
Posidonia coriacea (Vanderklift and Lavery 2000). Multi-dimensional scaling plots (MDS) 
can be correlated to richness of total taxa, higher taxonomic levels like Rhodophyta, 
Phaeophyta, Chlorophyta and Cyanophyta (Kendrick and Burt 1997) or individual genera 
and species (Vanderklift and Lavery 2000) using a principal axis correlation procedure (PCC) 
(Belbin 1993) or a SIMPER method (Clarke 1993). 

ANOSIM is a non-parametric multivariate technique similar to the univariate parametric 
Analysis of Variance (ANOVA). It is a permutation procedure that is applied to the (rank) 
similarity matrix underlying the ordination of samples (Clarke and Warwick 1994). It has 
been successfully used in one- and two-way crossed and nested designs to determine a 
significance for similarity-dissimilarities between grouped samples (Phillips et al. 1997). 
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ANOSIM is a statistical alternative to sca re r  plots of MDS scores, and as such is the 
preferred alternative in assessing the significance of  pattems in epiphyte abundance among 
locations and sampling times. 

10.5.2 Objective 
To analyse data on epiphyte assemblages, using non-parametric multivariate methods. 

10.5.3 Methods 
1. Input all assemblage data into a species x site array 
2. A similarity matrix of  sites is then produced using the Bray-Curtis similarity measure 

(Section 10.4). 
3. A two or three dimensional configuration of  samples is constructed using MDS,  where 

samples that are similar, are grouped clsser together than those that are different. The 
method utilises the ranked similarity matrix above and the number of dimensions are set a 
pr ior i .  

4. The same similarity matrix is also applied to Analysis of  Similarity (ANOSIM) where 
hypothesis, significant probabilities and groupings of samples are set a priori. 

The details of these methods are described in Clarke and Warwick (1994). 
_ 

Worked example (from Van Elven, Lavery and Kendrick pets. com.) 
An in-situ study of epiphyte recruitment onto artificial seagrass was to test the hypothesis that 

proximity to reef influenced the diversity of epiphyte assemblages. Artificial seagrass units were placed 
in three habitats defined by their proximity to reef; On Reef, Near Reef (seagrass meadow within 20m 
of reef) and Away from Reef (seagrass meadow at least 3km from reef). The experiment was replicated 
four times giving a total of twelve sites, with four units deployed at each site (n=48). A two factorial 
nested experimental design was used, the two factors being proximity to reef and site nested within 
proximity to reef. All epiphytic recruits onto the artificial seagrass were recorded and their abundance 
measured. 

A similarity matrix of sites was first produced using the Bray-Curtis similarity measure (Section 
10.2), using untransformed data. Then a two dimensional, non-metric MDS was constructed from the 
similarity matrix (Figure 10-1). Samples that were more similar appear closer together, while those 
that were more dissimilar are plotted further apart. 

A two-way nested ANOSIM was constructed to test for differences between habitats and between 
sites within habitats, using a significance level of 0.05. This tested two hypotheses: 

a) On Reef 
HB 

SC SC 
SC NC NcNC 

SC SWC NL, 

H BHB 
HB 

SWC 

There is no difference between sites within habitat; and 
There is no difference between habitats 

b) Near Reef 
SWC 

swc,WCswc .~ 
,c0wc",C .c. 

sc  

HB HB HB 

c) Away  from Reef 

5 2 
5 522  3 

12~ 3 3 
51 

Figure 10-1. Two-dimensional non-metric MDS ordination of artificial seagrass epiphyte assemblages 
(n=48). On reef (a), near reef (b), and away from reef (c) sites. Stress = 0.13. 
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The two-way nested ANOSIM, with 5':?75 permutati0ns, confirmed that thepattems of" difference .... 
visible in the ordination were significant from sites within habitats (P < 0.0001) and between habitats 
(P=0.002). Therefore, the null hypotheses of no significant differences in epiphytic assemblages 
recruiting on artificial seagrass between sites within habitat and between habitat were both rejected. 

Where differences were significant, pair-wise comparisons were performed to determine which 
habitats were different using the procedure available within the ANOSIM module (Table 10-1). This 
demonstrated that there was a statistically significant difference (P=0.05) between algal epiphyte 
assemblages juxtaposed to reefs versus those kilometers away, suggesting a major determinant of 
epiphyte assemblages is proximity to reefs and that recruitment of algal epiphytes is heavily 
influenced by the local pool of reproductive adults. 

Table 10-1. Results of ANOSIM pair-wise comparisons testing for differences in artificial seagrass 
epiphyte composition between each habitat. Away from Reef assemblages were significantly different 
to On Reef and Near Reef assemblages. Group 1 = Near Reef, Group 2 = On Reef, Group 3 = Away 

Groups Statistical "' Permutations: Signit~c~t P 
Used Value Possible Statistics 

(Used) 
i, 2 01000 " 35 (35) 15 0A29NS 
1, 3 0.927 35 (35) 1 0.029* 
2, 3 0.917 35 (35) 1 0.029* 

. . . .  NS = No significant difference (p > 0.05) 

from reef. 

* = Statistically significant (p < 0.05) 

10.5.4 Trouble Shooting and Hints 
Classification and ordination can easily be constructed using PATN (Belbin 1993) or 

PRIMER (Clarke and Warwick 1994) multivariate statistical packages, which are available 
commercially through the Australian Scientific Research Organisation CSIRO, and Plymouth 
Marine Laboratories in the UK, respectively. 

10.5.6 Discussion 
Other useful methods that have been used to interpret distribution and abundance of  

epiphyte assemblage are Principle Components Analysis, Canonical Correlation Analysis and 
Hierarchical Polythetic Agglomerative Clustering. Principal Components Analysis (PCA) can 
be used either to visualise or transform many variables into a reduced multivariate space or a 
reduced set of  variables. The PCA method is suitable for normally distributed data. Species 
abundance generally has non-normal and truncated distributions and is not suitable for this 
method. Therefore PCA has limited value in studies of  epiphytic assemblages, although it has 
been effectively used as a transformation of  demographic data from epiphyte populations 
(Kendriek and Hawkes 1988). Canonical correlation analysis (CCA) is a robust method for 
comparing biological with environmental variables (Matthew et al. 1994). Canonical variables 
are calculated to maximise the correlation between environmental and biological variables, and 
has recently been used to describe seagrass distributions in relation to salinity, temperature 
and other hydrological variables (Carruthers et al. 1999). Hierarchical Polythetic 



210 Kendrick and Lavery 

Agglomerative Clustering fuses the closest associated sites, times or species together to form 
groupings based on an association measure of all species distributions (polythetic). Studies 
that have used this form of clustering are Reyes and Sanson (1997) for epiphyte assemblages 
on Cymodocea nodosa, and Kendrick and Burt (1997) for epiphyte assemblages on Posidonia 
sinuosa. 

I ~ ~  Determining Epiphyte Biomass 

10.6.1 Introduction 
Algal epiphyte biomass has been estimated principally as a means of assessing the 

relative importance of algae in the trophic structure and nutrient pools of seagrass habitats, 
and to check for changes in biomass that may be related to eutrophication. Biomass can be 
directly measured as dry weight or ash free dry weight, or estimated from chlorophyll a 
concentration (Kendrick et al. 1996, Morin and Cattaneo 1992, Chapter 7), or biovolume 
(Morin and Cattaneo 1992). We recommend dry weight and ash free dry weight as the 
preferred methods to determine epiphyte biomass. 

Dry weight measurements provide an estimate of the total weight of epiphytic material 
(both micro and macroalgal) on a seagrass leaf or in an area of seagrass habitat, and include 
both organic and inorganic material. While washing can remove any extraneous inorganic 
material, the dry weight estimate will include calcium carbonate in calcifying epiphytes unless 
they are removed by chemical treatment (see Section 10.6.5). Ash free dry weight (AFDW) 
is used to provide an estimate of only the organic components of the epiphyte biomass. This 
can be particularly useful when estimates of the biologically active component of epiphyte 
biomass are required, as in physiological studies. In addition, the carbonate content can be 
measured to provide an estimate of either the amount of carbonate present for biogeochemical 
studies, or to provide an indication of how significant calcifying species are to the total 
epiphyte dry weight (Walker and Woelkering 1988). 

10.6.2 Objective 
To describe the methods for determining dry weight and ash free dry weight of epiphytes. 

10.6.3 Necessary Materials and Equipment 

For dry weight: 
�9 4 or 5 decimal place balance 
�9 Drying oven (60-90 ~ 
�9 Filtered water (of the same osmotic potential as the water the samples were collected 

from) for washing 
�9 Fine forceps 
�9 Sieves (if size classification of epiphytes is required) 
�9 Single edge razor blades 
�9 5% nitric or hydrochloric acid 
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�9 Containers suitable for drying material (combustion crucibles with lids if AFDW is to 
be determined) 

�9 Desiccator 

For AFDW, also: 
�9 Combustion furnace (up to 550 ~ C) 
�9 Tongues for handling hot crucibles 
�9 Analytical grade sucrose 

10.6.4 Method 
The methods used are essentially the same in most studies and involve physically 

removing the epiphytes and then drying and weighing. The removal is achieved either by 
picking/cutting (for larger epiphytes) or scraping epiphytes from the seagrass leaf. 

Washing 
Washing is often performed to remove loosely attached epiphytes, leaving the adhering 

epiphytes behind and to remove any loosely bound inorganic particles. Washing also 
removes salts from the epiphyte surface, removing a potential error in estimates of biomass, 
especially in very small samples. Washing is performed in a variety of ways, including 
vigorous manual agitation of the sample in a container (Cattanao et al. 1995) or by holding the 
material under a flowing water stream. Often this is done within a closed container so that 
the material that is detached by washing can be collected in sieves or onto filter paper, and 
included in the sample. Washing can be performed in either salt or freshwater. If the material 
is to be used for a purpose that could be compromised by lysis of cell membranes (e.g., 
taxonomy or histology), then water of a similar osmotic potential to that of the water body 
where the epiphyte was growing should be used. Epiphytes washed from the seagrass are 
filtered from the water onto combusted and pre-weighed GF/C filters. If only dry weight is 
to be determined CaCO3 is removed from samples through washing in 5% nitric or 
hydrochloric acid 

Scraping 
1. Larger epiphytes are removed from the leaves and stems of seagrasses by hand or with 

forceps. A razor blade is then used to remove remaining epiphytes by holding the blade at 
a right angle against the leaf or stem and dragging it along the length. This is best done in a 
tray as heavily entrusting coralline algae can be lost. It is also useful to have the leaf 
slightly moist. 

2. Some researchers have first washed the seagrass to remove loosely attached epiphytes 
and then scraped the remaining epiphytic material into a f'me sieve. The sieve size has 
been used to separate micro-epiphytes (which pass through a 2 mm sieve) from macro- 
epiphytes, which are retained in the sieve (as periphyton and epiphyton respectively in 
Jernakoff and Nielsen 1997, 1998). 
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Determining Dry Weight 
1. The drying procedure can be performed in any clean, pre-weighed container capable of 

withstanding the drying temperature to be used (60 to 80 ~ C). Typically these include 
ceramic weighing containers, aluminium cups and paper bags. However, if the sample is 
required for ash free dry weight (AFDW) determination, it is more efficient to use ceramic 
crucibles capable of withstanding 550 ~ C. 

2. The container should be clean (washed in acid and rinsed in deionised water if the 
epiphyte sample is to be used for nutrient analysis) and dry. When samples are to be 
processed for AFDW as well as dry weight the crucible should be pre-combusted at 
550~ 

3. Atter cooling in a desiccator the crucible weight is recorded (We). Weighing is best done 
on a 4 or 5 decimal place balance. 

4. Dry weight is determined by placing the sample in the pre-weighed container and drying 
in a drying oven at 60-80~ for 24 to 48 hours, a sufficient period for the weight to 
stabilise. 

5. Material is then removed from the oven and cooled in a desiccator before re-weighing 
(record the weight as Wd). 

Determining Ash Free Dry Weight 
1. The crucible (fi'om the dry weight determination, above) with the remaining sample is 

combusted in a furnace oven at 550 ~ C for at least 2 hours. Again, the sample should be 
removed from the oven and cooled in a desiccator before weighing (record as W550). 

2. In addition to burning organics, the combustion will also drive off water of hydration in 
hydrated mineral compounds, causing an over-estimation of the organic content (Mook & 
Hoskin 1982). 

3. To restore the water of hydration, water can be added back to the mineral that remains 
after ashing. The sample is then dried under the same conditions used to determine dry 
weight before analysis. A standard method for this is outlined by Franson (1995). 

4. As an internal reference, one or more crucibles with 1 gram of pure sucrose are combusted 
simultaneously to confirm complete combustion of organic matter. Weight of the crucible 
with the sucrose is recorded before (Wsuc) and after (Wsuc 550) combustion at 550 ~ C. 

Calculations 
The dry weight (DWT) is given by the difference between the weight of the crucible and 

sample atter drying (Wd, in grams) and the weight of the dry crucible (We, in grams): 

D WT = W d - W c (1) 

The ash ~ee dry weight (AFDW) is the difference between the combined weight of the 
sample and crucible after drying (Wd, in grams) and after combustion at 550 ~ C (Wss0, in 
grams). This difference must be adjusted for any incomplete combustion. 
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] 
J (2) A F D W  = ,  ,,{W" - ., | X - 

S 
where, S is the efficiency of combustion of the sucrose standard. This is given by 

S = S , -  $55o (3) 

and Si is the weight of sucrose in the crucible before combustion (Wsuc- We, in grams) and 
$550 is the weight of sucrose remaining in the crucible after combustion (W~ur - Wr in 
grams). 

10.6.5 Trouble Shooting and Hints 
If you are determining only dry weight we recommend that you first remove CaCO3. 

Place samples in a dilute solution of 5% nitric or hydrochloric acid until bubbles are no longer 
produced. Wash the epiphyte sample in distilled water to remove the acid before weighing. 

The temperature of combustion for ash free dry weight varies in the literature. For 
example, Klumpp et al. (1992) used 450~ for 8 hours. You can check the level of 
combustion with the glucose standard. 

10.6.6 Discussion 
Biomass data are generally interpreted with descriptive statistics, analysis of variance 

(ANOVA) or regression analyses. Zar (1984) gives a good general introduction to a wide 
range of univariate statistics. Underwood (1997)has written a very accessible book on the 
logic and use of ANOVA in experiments. 

Sometimes dry weight and ash free dry weight are not the most appropriate estimators of 
biomass. Morin and Cattaneo (1992) analysed the statistical power associated with biomass, 
chlorophyll a and biovolume methods for stream and lake epiphytes and periphyton in 
eastern Canada and found that their ability to detect change was limited and biomass 
estimates from ash free dry weight were the worst. They noted that there were very small 
and variable amounts of microalgae. A pilot study to assess the suitability of dry weight as an 
estimate should be performed prior to the main study (Chapter 4). In studies where the dry 
weight is not a good estimator of biomass then chlorophyll a is an alternative. Chlorophyll a 
and phaeophyton are usually determined using an acetone extraction method, described in 
Chapter 20. 

Another alternative to dry weight is biovolume but it has been rarely applied to 
epiphytes in marine systems. Biovolume is commonly used in epiphyte studies in streams 
and lakes (Morin and Cattaneo 1992). Biovolume is the number of cells of a target microalgae 
taxon multiplied by the volume of the cell. A freeware program (BIOVOL) for calculating the 
volume of cells has been developed (Kirschtel 1996). 
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Example calculation of biomass parameters 
Assuming the procedures described above were followed for a single sample of epiphytes, using a 

glucose standard to estimate the efficiency of the 550 ~ C combustion, the following hypothetical data 
set could be constructed: 

Sample Wt crucible Crucible + After drying After 550 
W, sample, Wd WSS0 

Epiphyte Sample 2.0000 3.5000 2.1500 2.0900 

Wsuc WsucSSo 
Glucose Std 2.0019 3.0019 2.0029 

, 

Calculating dry weight 
DWT - W d - W c 

Using equation (1) = 2.1500 - 2.0000 

= 0.1500 g 
Calculating AFDW 

From the glucose standards we calculate the efficiency of the combustion of  organic 
matter at 550~ using equation 2 as: 

S = S i - $550 
S.  ! 

- We)- - W e )  

(3.0019- 2.0019)- (2.0029- 2.0019) 
(3.0019- 2.0019) 

= 0.9990 (ie 99.9% efficiency) 

then from equation 2: 
1 

a ow = -  5o) • - 
S 

1 
= (2.1500- 2.0900) x 

0.9990 
= 0.0601 g 

I ~ ~  Epiphyte Productivity 

10.7.1 Introduction 
Most studies of  epiphyte productivity have attempted to determine the relative 

contribution o f  epiphytic algae to the total production of  the seagrass meadow, and the 
importance of  that production to higher trophic levels (Moriarty et al. 1990, Pollard and 
Kogure 1993, Klumpp et al. 1992). These studies have been driven by the widely accepted 
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concept that the epiphytic component of seagrass communities is at least as significant as the 
seagrasses themselves in terms of trophic flow, due to their productivity and high nutritional 
value which often sees them preferentially grazed (Kitting 1984, van Montfrans et al. 1984, 
Wangersky 1984). Other studies have focussed on understanding the influence of light on 
primary production (Cebri~in et al. 1999, Mazzella and Alberte 1986). 

Several methods have been used to estimate the productivity of microalgal epiphytes. 
Measuring changes in net biomass is not a useful approach as there are significant problems in 
estimating turnover (losses from death, abrasion and grazing) of epiphytes so that only net 
production can be estimated. More common in the literature are methods that measure rates 
of photosynthesis or other metabolic processes. Geider and Osborne (1992) review all the 
methods used to measure epiphyte production. In this chapter we focus on one of the 
commonly used methods, measurement of oxygen exchange, since the equipment need to 
perform these measurements is widely available and the constraints associated with them are 
well understood. The basis of the technique is to incubate the epiphytes (with or without the 
host seagrass) in a gas-tight system and monitor changes in dissolved oxygen concentration 
over time. Dark incubations are used to correct for respiration and allow estimates of gross 
production to be made. 

10.7.2 Objective 
To describe both light-dark bottle and continuous dissolved oxygen respirometry methods 

for determining epiphyte productivity. 

10.7.3 Necessary Materials and Equipment 

Light- Dark Bottle Technique 
�9 Incubation bottles (ideally glass or some other material that is optically neutral) 
�9 Material to exclude light from the 'dark bottles' (plastic, non-toxic paint, tape etc.) 
�9 Oxygen electrode and meter 
�9 Equipment for a Winkler titration 
�9 Balance 
�9 Drying oven 
�9 Crucibles 
�9 Furnace 
�9 Light source 
�9 Quantum photometer 
�9 Thermometer or thermistor 
�9 Water bath for temperature control (if not working in situ) 

Continuous Measurement of 02 Technique 
As for the L/D Bottles, but with the following changes or additions: 
�9 Glass, perspex or polycarbonate incubation chambers 
�9 Stirring device (submersible pump) 
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10.7.4 Methods 

Light - Dark Bottle Technique 
1. Calibrate the oxygen electrode according to manufacturer's instructions before 

commencing experimentation. Ideally, the calibration will be against a Winkler titration 
measure of dissolved oxygen for a series of water samples. Consult APHA (1989) or 
Strickland and Parsons (1972) for details of the method. 

2. Fill the incubation bottle with seawater then add the epiphyte sample. This may be a 
whole leaf with epiphytes either attached or removed from the parent plant (Thorn 1990), 
or an artificial seagrass leaf with its epiphytes (Klumpp et al. 1992). Replicate bottles 
should be left uncovered while others should be covered to exclude light. A third set of 
replicates should contain only seawater and these act as controls for oxygen exchange by 
phytoplankton and other pelagic organisms. All bottles should be incubated in situ or in a 
controlled temperature environment. 

3. The incubation may be performed at the collection site, or the bottles may be returned to 
a laboratory depending on the objectives of the study. Use a quantum photometer to 
determine the intensity of Photosynthetically Active Radiation (PAR), ideally within the 
incubation bottle. 

4. Record the dissolved oxygen concentration inside the bottles using an oxygen electrode or 
by taking a sample for analysis by the Winlder titration method (APHA 1989, Stricldand 
and Parsons 1972). Also record the time. 

5. Seal the bottles and leave for the incubation period, accurately noting the start and 
finishing times. 

6. After an appropriate time, carefully open the bottles to minimise gas exchange and 
measure the oxygen concentration, as before. Ideally the bottle would have a means of 
stirring inside it. Some researchers have simply turned the bottles by hand regularly 
during the incubation. Others have ignored this requirement, though it may result in 
carbon or other nutrient limitation and reduced rates of photosynthesis. 

7. Remove the plant material and determine the biomass (Section 10.6). 
8. Calculate the change in dissolved oxygen in each bottle and correct this for any consistent 

changes in the controls, possibly due to phytoplankton productivity or other processes. 
9. Express the productivity as mg 02 (g d wt) "~ h "1. Alternatively this can be expressed as 

mg C (g d wt) ~ h ~ by assuming a photosynthetic quotient of 1.0, or using a known 
photosynthetic quotient if this is available. 

Calculations 
R (respiration) in mg g-i h-i is calculated using the dark bottle data: 
R = change in D.O. (rag) in dark bottle - mean change in D.O. (rag) in control/(biomass 

(g) �9 incubation period (hrs) 
P,,t (net productivity) in rng g~ h "~ is calculated using the dark bottle data: 
P~et = change in D.O. (rag) in light bottle - mean change in D.O. (rag) in control (dark 

bottle)/(biomass (g).  incubation period (hrs) 
Pgross (gross photosynthesis) is calculated as Pgross = Pnet + I R  I" 
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Continuous Measurement of 02 
Proceed essentially as above, except that the plant is placed in a gas-tight incubation 

chamber with an oxygen electrode allowing continuous measurement of dissolved oxygen. 
There are numerous variations of the basic design theme, including commercial electrode 
chamber systems such as Hansatech TM or Rank TM Clarke-type electrodes (Mazzella and 
Alberte 1986). However, the commercial systems are typically constructed for 
phytoplankton studies are generally too small for whole leaf incubations. The chamber may 
be designed for in situ deployment or laboratory experiments. These systems have two basic 
types, those in which the electrode is located within the chamber together with a stirring 
mechanism; and those in which water is pumped through the chamber in a closed circuit and 
the electrode can be located either in the chamber or at some point along the pumping line. A 
diagram of a system can be found in Masini et al. (1995). 

Incubation chambers can be made of a variety of materials, though these should permit 
irradiance to penetrate without altering light quality. Glass and perspex tend to reduce short 
wavelength radiation penetration more than water does. For in situ studies a range of 
incubators have been used including plastic bags, polycarbonate bottles (Pollard and Kogure 
1993) and plexiglass or glass cylinders (Moncreiff et al. 1992). Tall cylindrical chambers 
allow long seagrass leaves in minimal volumes of seawater. Each requires a method of stirring 
to prevent boundary layer formation. Magnetic stirrers with fleas inside the chamber are 
often used but with high biomass epiphyte samples this is ineffective as water at the top of 
the chamber can become isolated from water below the epiphyte sample. Small aquarium 
fountain pumps are available which can be inserted into the bottom of the chamber. These 
are cheap, provide rapid mixing and flow rates can be varied. However, as oxygen electrodes 
can be sensitive t~. liow rates we prefer to use a peristaltic pump to circulate water past the 
electrode, due to the more consistent flow rat~,~ ,,lese provide. 

10.7.5 Trouble Shooting and Hints 
The choice of electrode and meter is crucial to the accuracy of measurements based on 

oxygen exchange. The ideal electrode will have a high sensitivity and rapid response time. 
The precision of the instrument is important, as those with low precision will only detect 
large changes in oxygen concentration. In some cases the meter may not be well matched with 
the electrode which can result in less precise outputs from the meter than the electrode is 
capable of providing. In some cases (Masini et al. 1995) the electrode has been connected 
directly to a data logger to measure the millivolt output of the electrode, thereby greatly 
improving the precision of the output. However, careful selection of both the electrode and 
meter should avoid the need to do this. It is important to determine the sensitivity, response 
time and consumption rate of the electrode in order to establish appropriate sampling 
frequency and correction factors. 

Light sources must provide both a sufficient quality and quantity of light. Many daylight 
mimicking light sources are usually quite weak, and insufficient for most P vs. I type studies. 
Often projector-type globes are used, however these can show shifts in spectral quality, 
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tending to be red-dominated at low intensities. In these cases it is best to operate the globe at 
high irradiance intensity, but use filters to reduce the light level reaching the algae. The 
manufacturer's specifications usually indicate whether a significant spectral shift will occur as 
intensity is changed. 

10.7.6 Discussion 
Researchers will face a number of important questions when deciding which method to 

use to measure epiphyte productivity. The major problem in establishing epiphyte 
photosynthetic rates is isolating the epiphytic production from that of the seagrass host. 
Conventional gas exchange approaches based on dissolved oxygen or alkalinity changes 
(Mazzella and Alberte 1986, Thom 1990, Klumpp et al. 1992) fail to discriminate between 
host and epiphyte. Discriminating between host and epiphyte may be accomplished by 
examining production in the host after epiphytes have been removed (Chapter 9), by 
examining production in the epiphytes alter they have been removed from the host, or by 
radioactive labelling. In one study (Thom 1990), the epiphytes were removed from the 
seagrass leaf and incubated separately to provide an estimate of epiphyte productivity alone. 
However, removing algae from the seagrass leaf can induce wound responses that may affect 
the oxygen exchange rate. The severity of this effect is dependent on the degree of damage to 
the algal tissue, but Littler and Arnold (1980) noted that tissue damage doubled respiration 
rates and halved photosynthetic performance in Colpomenia sinuosa. 

More preferable is the use of radioactive 14C to discriminate between seagrass and 
epiphyte production. Together, Vollenweider et al. (1974), Lewis et al. (1982), and Pollard 
and Kogure (1993) provide excellent prescriptive accounts of the general methods involved in 
14C liquid scintillation techniques. We have not described the method in this chapter solely 
because of the belief that the equipment required for ~4C work may not be as available as that 
required for oxygen-based measurements. However, if the equipment is available, we 
recommend that serious consideration be given to using the 14C method. 

As described in the methods, the measurement of oxygen exchange can be carried out as 
either a variant of the traditional light-dark bottle technique, or using chambers that can be 
flushed (Masini et al. 1995, Masini and Manning 1997). Our recommendation is that it is 
preferable to use continuous measurement, flushing systems. The major advantages of these 
systems are: 

�9 The chamber can be flushed periodically to restore original oxygen conditions. A 
concern with light-dark bottles (L/D bottles) is the inability to monitor the change in 
oxygen concentration during the incubation. Consequently the incubation medium 
may become supersaturated with oxygen, with deleterious effects on photosynthesis. 

�9 The same plant can be used for gas exchange determinations at several different light 
levels during the same experiment, permitting PI curves or other forms of 
photosynthetic response to be determined on the epiphyte assemblage, removing 
assemblage variability as a source of variation. While this can be done with L/D 
bottles, it is cumbersome and time consuming and in practice is rarely done. 

�9 It allows real-time assessment of the rate of oxygen production, rather than an initial 
and final measurements, as is olten the case for light-dark bottle techniques. The 
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researcher is able to determine whether a shift in productivity has occurred during the 
incubation. 
Where light-dark bottle methods have been used, there has seldom been any mixing 
inside the bottle, permitting boundary layers to establish which can also affect 
production rates. 

While we recommend a continuous monitoring system there may be situations where this 
may not be practical, such as in situ measurements or where pumps and other equipment are 
not available. In that case light-dark bottles could be used. 

Finally, there are two techniques with exciting possibilities for application to epiphyte 
productivity studies. Moriarty and co-workers have used labelled (tritiated) thymidine to 
estimate growth of bacterial epiphytes (Moriarty 1986, 1987, Moriarty et al. 1990, Moriarty 
and Boon 1989). This offers a potential means of separating bacterial from other epiphytic 
production, and for examining the interaction of these organisms. The other technique with 
potential applications in epiphyte studies is PAM (pulse amplitude modified) fluorometry, 
a recently developed technique for the measurement of electron transfer in photosystems, 
which offers exciting possibilities for measuring photosynthetic parameters of either 
epiphytic assemblages or individual epiphytic alga in situ. An account of the technique, 
including some constraints, is given in Chapter 9. 

~ General Discussion 

We have given a prescriptive account of the methods recommended for study of the 
composition, biomass and productivity of epiphytic algae on seagrass leaves. We emphasise 
the necessity to design sampling programmes at appropriate spatial scales to the questions 
being asked. We recommend some commonly applied statistical measures to assess, describe, 
and compare assemblage composition. Similarly we recommend a single method (oxygen 
respirometry) for determining productivity measurements. We present the most common 
and easily applied approaches that should be accessible to most research groups. However, 
some of these approaches may have serious constraints associated with them, and where 
appropriate we have pointed this out. We encourage researchers to used these recommended 
methods to create a standard for comparison between seagrass species and locations around 
the world. 
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Methods to measure macroalgal biomass and 
abundance in seagrass meadows 

Bujang Japar Sidik, Salom~o O. Bandeira, Nataliya A. Milchakova 

Objective 

To quantify macroalgal biomass and describe macroalgal species composition, abundance 
and distribution in seagrass meadows of the world. 

Introduction 

The macroalgal component is variable in species composition and abundance and may 
contribute significantly to the structure and function of the seagrass community and is 
therefore an important component to consider (Heijs 1987, Verheij and Erftemeijer 1993, 
Jupp et al. 1996). An Appendix is provided at the end of this chapter, listing references for 
identification of macroalgae relevant to the 10 global regions described in Chapter 1. The most 
widely applied technique is sampling with quadrats or plots of standard size. Quadrat 
sampling techniques can also be adapted for studies of marine plants such as seagrasses and 
associated macroalgae (Morozova-Vodyanitskaya 1936). The quadrat technique can be used 
in both destructive (harvesting) and non-destructive (direct observation) sampling. 
Destructive methods require the removal of the macroalgae and the substratum (bottom 
materials, seagrasses) in a quadrat from the site (Barnes 1980, Heijs 1987). In the non- 
destructive method, macroalgae within the quadrat are not removed, allowing short-term 
studies to be conducted or permanent quadrats can be used for seasonal and long-term studies 
(Polderman 1980, Heijs 1985, 1987, Jupp et al. 1996). Non-destructive techniques are less 
time consuming and many quadrats can be studied (Warner 1984). In seagrass meadows, both 
the bottom (sand, mud, rocks, coral rubbles) and seagrasses themselves act as substrata for 
macroalgae (Phillips 1978, Phillips et al. 1982, Ogden and Ogden 1982, Fonseca and Fisher 
1986, Heijs 1987, Bell and Pollard 1989, Borowitzka and Lethbridge 1989, Verheij and 
Erftemeijer 1993, Jupp et al. 1996). 
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The macroalgae (green algae - Division Chlorophyta, brown algae - Division Phaeophyta 
and red algae - Division Rhodophyta) can be organized into life form categories (Taylor 1975, 
Bold and Wynne 1978, den Hartog 1979, Brouns and Heijs 1991): 

�9 rhizophytic/epipelic (attached to mud and sand e.g., species of Caulerpa, Udotea, 
Avrainvillea); 

�9 lithophytic/epilithic (living on stones, rocks, boulders or dead corals e.g., species of 
Amphiroa, Caulerpa, Halimeda, Sargassum); 

�9 epiphytic (attached to seagrass leaves, stems, rhizomes and other macroalgae, e.g., 
Jania adhaerens, Valonia macrophysa, Padina boryana); 

�9 epizoic (attached to mollusc shells or polychaete tubes e.g., Enteromorpha 
intestinalis); 

�9 loose-lying or drift macroalgae (detached or floating e.g., Colpomenia sinuosa, 
Hydroclathrus clathratus, Ulva reticulata). 

Macroalgae can also be classified into functional form-groups (Littler and Littler 1980). 
For example, the functional form-groups of seaweeds as epiphytes on Thalassodedron 
ciliatum in rock (den Hartog 1970, Barnabas 1982, 1991) are as follows: 

�9 articulated calcareous macroalgae e.g., Jania adhaerens, Haliptilon subulamm, 
Halimeda spp.; 

�9 entrusting calcareous macroalgae e.g., Pneuphyllum amplexifrons (very common in 
rock pools of southern Mozambique and South Africa, Chamberlain and Norris 1994); 

�9 corticated algae e.g., species of Gracilaria, Plocamium, Hypnea, Griffithsia; 
�9 foliose macroalgae e.g., Ulva spp., Anadyomene wrightii, Microdictyon kraussii; 
�9 filamentous macroalgae e.g., Cladophora spp., Valoniopsis pachynema; 
�9 leathery macroalgae e.g., Sargassum spp. 

In a pristine seagrass meadow, a high cover of seagrasses is often accompanied by a low 
macroalgal diversity and number of species. When low cover values for seagrasses occur, the 
diversity and number of macroalgal species are comparatively higher (Heijs 1985). In 
contrast, in stressed or polluted (eutrophic) habitats, species diversity may be reduced but 
the occurrence of a particular species may be high with respect to abundance and biomass 
(Verheij and Erftemeijer 1993). Sampling of macroalgae in such variable habitats may require 
various sampling strategies. The presence of macroalgae in seagrass meadows may be an 
important source of cover for smaller animals (Orth et al. 1991). 

One of the most striking features observed in any ecological community, including 
macroalgal and seagrass communities, is the variation in species abundance. How many 
species are there? What is their relative abundance? How many species are rare or common? 
For macroalgae, abundance is usually based on number of individuals per species, but other 
variables such as biomass and percent cover can also be used (Saito and Atobe 1970, Heijs 
1985, 1987, Brouns and Heijs 1991, Verheij and Erttemeijer 1993, Bandeira and Ant6nio 
1996, Milehakova 1999). Species diversity indices combine both species richness and 
evenness into a single value (e.g., Shannon's Index, for details refer to the end of this 
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Chapter). Evenness refers to how measures of species abundance (e.g., the number of 
individuals, biomass, cover, etc.) are distributed among the species (Ludwig and Reynolds 
1988). Additionally, a number of indices (richness indices, e.g., Margalef Index, Menhinick 
Index and evenness indices, e.g., J Index based on Pielou 1969) have been proposed for 
characterizing species richness and evenness. 

Necessary Materials and Equipment 

The materials required for a qua&at study depend on the size, arrangement, and kind of 
quadrat to be used. Items commonly used in quadrat studies of seagrass meadows are: 

�9 A local area map and tide tables 
�9 A small boat for visiting the sites (intertidal areas, sandbanks or sub-tidal areas) 
�9 A GPS (Global Positioning System) can be useful if available 
�9 Dive personnel and SCUBA equipment or just snorkel, mask, and fins for intertidal 

sampling 
�9 Ice-chest or insulated box for storing samples 
�9 Plastic bags (with a zipper, and date, site identification code, and sample number 

written on bag in permanent ink) for storing samples 
�9 Waterproof data sheets and a clipboard or dive slates and pencils 
�9 Weighted mesh diving bag 
�9 Sampling quadrat; square frame (50 cm x 50 cm, 100 cm x 100 cm) of light and durable 

material, e.g., brass, plastic or aluminum (may be subdivided appropriately, e.g., I0 
cm x 10 cm grid) 

�9 Measuring tape 
�9 Identification guides for macroalgae 
�9 Gloves, knife, shovel, pegs, hammer 
�9 Preprinted tags or labels for samples 
�9 Hand lens or underwater magnifying device (see Mladenov and Powell, 1986) 

Methods 

11.4.1 Site Selection 
The selection of a study area must be determined by the objectives of the study. For 

example, the study may be restricted to algal assessments within subgroups of pure or mixed 
seagrass in the intertidal zone (submersed and emersed, either periodically due to tides or 
aperiodically due to irregularly occurring factors, as in enclosed seas of the Baltic or the 
Mediterranean) or sublittoral zone (submersed with the upper part at extreme low water 
levels occasionally emerging; the lower limit is set by the deepest-occurring algae), coral reef 
areas or rocky shores. For the eulittoral zone, three zones can be distinguished; infralittoral 
fringe, midlittoral zone and sublittoral fi~ge (Molinier 1959-1960, 1961, Liining 1990) and 
seagrass and macroalgae zonation especially in the tropics, may reflect these three zones. 

Sampling procedures must be carefully planned. It may also be necessary to stratify 
sampling across the study area to control variance associated with changes in tidal regime, 
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depth etc. and to then randomly select samples within each stratification. The design of 
sample collection is site specific and dependent on the question being asked (Chapter 4). It 
may also have a temporal component, and samples may need to be collected in both summer 
and winter or wet and dry seasons. Approaches to sampling are covered in more detail in 
Chapter 4 and by English et al. (1994). 

11.4.2 Field Sampling Strategies 
A field study can be qualitative in nature but better information is provided by 

quantitative sampling. Random, stratified random (partial random) or transect designs are 
commonly used (Orth and Moore 1983, Chapter 4). 

Random sampling is used to obtain independent samples from a designated area (Dawes 
1981). Stratified sampling is used if a preliminary survey of the study area or visual 
inspection indicate heterogeneous or patchy distributions of macroalgae (Yamane 1967, Orth 
and Moore 1983). In such circumstances, the recommended method is to sub-divide the area 
into a number of similar sized areas and to take random quadrat samples within each sub- 
division. Transect sampling is of considerable importance for describing vegetative change 
along an environmental gradient, e.g., across a seagrass meadows or in relation to some marked 
feature of topography. 

Quadrats are used to give quantitative information on the composition and structure of 
macroalgal communities in seagrass areas. Quadrats of selected size are distributed at several 
points in the study area with the assumption that these give a reliable statistical 
representation of the vegetation over the total study area. Quadrats need to be of a suitable 
size and of an appropriate number and arrangement. A size that matches the particular 
vegetation that is being investigated should be used; a small quadrat if the species are small 
and numerous so that individual counts are easier and less time consuming (Orth and Moore 
1983). Large quadrats are needed if the species are large or thinly scattered. For assessment 
of macroalgae, depending on the parameters measured (abundance, density, frequency, 
percentage cover, biomass), the size used varies from 25 cm x 25 cm (Bandeira and Ant6nio 
1996, Japar Sidik et al. 1996, Miichakova 1999), 40 cm x 40 cm (Heijs 1987), to 50 cm x 50 
cm (Saito and Atobe 1970, Milchakova 1999) or 100 cm x 100 cm (Dawes 1981, Heijs 1985, 
Bandeira and Ant6nio 1996). One meter square quadrats used by Saito and Atobe (1970) and 
Dawes (1981) were further subdivided into 10 cm square units or sectors by string. There is 
no general rule for the number of quadrats or measurements to take from the study area. Each 
case has to be decided independently based on the need to achieve a certain level of precision 
or power in statistical testing (Chapter 4). It is desirable that the sampling procedure be 
planned so that all required information is obtained from one set of quadrats (Chapters 7 and 
10). 

Once quadrats have been laid out, both qualitative and quantitative information can be 
gathered from each quadmt. Individual macroalgal species are identified and recorded. It may 
be necessary to decide whether to include or exclude plants near the edge of the quadrat. For 
example, plants with holdfasts lying more than halfway inside the plot boundary may be 
counted and measured as if they lay completely inside, while plants lying more than halfway 
outside may be completely excluded (Cox 1967). 
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11.4.3 Field Observations and Data Recording 
Qualitative information such as species lists and abundance can be assessed visually using 

a non-destructive approach (Braun-Blanquet technique, Mueller-Dombois and Ellenberg 
1974) in a selected quadrat size (50 cm x 50 cm or 100 cm x 100 cm quadrats). With practice 
it is possible for an individual recorder to minimize error from site to site. A list of all 
macroalgae species, with visual estimate of their life forms, cover, and abundance in the 
quadrat can be recorded and tabulated. A cover-abundance may be assigned using Braun- 
Blanquet (B-B) scale values presented below as mentioned in Jupp et al. (1996). 

Braun-Blanquet Cover of the Qua&at 
scale value 

. . . . . . . .  More than 75% . . . . . . .  
4 50-75% 
3 25-50% 
2 5-25% 
1 Numerous, but less than 5% cover or 

scattered with up to 5% cover 
0.5 or + Few with small cover 
0.1 or r Solitary, with small cover 

Quantitative measurements of abundance, frequency, density and percentage cover can be 
gathered from quadrats. All macroalgae (if possible by species) found in the quadrat are 
counted. In the field, an attempt can be made to identify the macroalgae up to genus level, 
especially for the common and dominant groups e.g., Padina, Udotea, Valonia, and Caulerpa. 
Researchers involved must at least be familiar with the three divisions: Chlorophyta (green 
algae), Phaeophyta (brown algae) and Rhodophyta (red algae). Summaries of the various 
macroalgal divisions and keys to the major groups can be found in texts of Dawson (1945), 
South (1975), Bold and Wynne (1978) and Dawes (1981). Published drawings or 
photographs (e.g., South 1975, Kapraun 1980, Seagfief 1980, Dawes 1981, Branch et al. 
1994, Lewmanomont 1995, Cribb 1996, Adams 1997, Calumpong and Menez 1997, 
Coppejans et al. 1997, Littler and Littler 1997) are useful for field identification of 
macroalgae. Macroalgae identification can be difficult in areas with high diversity of 
macroalgae or hard substrates with entrusting macroalgae species. For macroalgae that cannot 
be identified, representative samples are collected, labeled and preserved in 5-10% formalin- 
seawater solution for further identification in the laboratory. 

Using the collected data, the appropriate calculation can be determined for each species. 
There are several measures that can be used to determine the importance of macroalgae 
species in a seagrass meadow. In general, the higher the frequency, the more important the 
macroalgae. Perhaps a better indicator of the importance of an individual species is relative 
frequency. Relative frequency is obtained by comparing the frequency of occurrence of that 
species with the frequency of occurrence of all of the species present. 

Abundance = sum of B-B scale values 
number of occupied quadrats 
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Frequency (%)= number of Occupied quadrats �9 100 
total number of quadrats 

Density = sum of B-B scale values 
total number of quadrats 

A high frequency value means that the plant is widely distributed through the study area. 
The same is not necessarily true for a high abundance value. Abundance is not always an 
indicator of the importance of a plant in a community. Density is closely related to 
abundance but in our opinion is more useful in estimating the importance of a species. The 
best indicator of the macroalgal populations in seagrass is a visual estimate of percent cover in 
conjuction with a biomass estimate (Heijs 1985, 1987, Bandeira 1996, Kirkman 1996, Rose 
and Dawes 1981). 

Biomass estimates of macroalgae necessitate harvest or the removal of the plants and 
substratum from the quadrat. Normally, a quadrat with a size of 10 cm x 10 cm to 100 cm x 
100 cm (Saito and Atobe 1970, Dawes 1981, Heijs 1987, Bandeira and Ant6nio 1996, Japar 
Sidik et al. 1996, Milchakova 1999) is used depending on the density, species present and 
size of the macroalgae. The edges of the quadrat are cut using a knife or shovel. Lit~ out the 
block carefully and place it inside a labeled or tagged plastic bag. In cases where the 
maeroalgae are attached to stone, rock or dead corals, metal scrapers can be employed to 
remove the hard substratum or holdfasts (Littler 1980). The procedure is repeated for other 
quadrats (see field sampling strategies, above). Ott (1990) suggested the number of replicate 
samples needed for various sample sizes of aquatic macrophyte biomass (g dry wt m "2) is 
achieved when one standard deviation of the number of replicate samples equals 20% of the 
mean standing biomass (coefficient of variation = 20%). All samples are then placed in an 
ice-chest or insulated box for further processing in the laboratory. Sorting is usually easiest 
with fresh samples, however they can be frozen or preserved in 5-10% formalin-seawater 
solution. 

Other information that needs to be recorded in the field is the general description of the 
study area, location identification (GPS) and depth of the area with reference to mean sea 
level, sediment type etc. A digital photograph of the algae and the surrounding habitat, 
including a scale measurement, accompanying a herbarium specimen also provides valuable 
information. 

11.4.4 Laboratory Procedure and Data Recording 
In the laboratory, macroalgae samples are sorted and rinsed in distilled water. Species and 

lifeforms of macroalgae can be identified using a field guide. An accurate identification may 
need more detailed taxonomic literature and comparison with herbarium voucher specimens. 

Samples separated and sorted by species are then placed into aluminum foil trays; dried in 
an air circulating oven at 50 ~ C (Littler 1980) to constant weight, cooled in a desiccator and 
dry weight recorded to the nearest 0.001 g for small species. Biomass is converted to a unit 
scale of g dry wt m "2. If an ash free dry weight is required (AFDW, or the difference between 
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ash weight and dry weight) subsamples and calcified species may be further treated by 
placing them in a muffle furnace at approximately 400-500 ~ C for 3 hours. AFDW data tends 
to be more consistent compared to DW data as it avoids the variable inorganic content of the 
DW (Littler 1980). Biomass is converted to a unit scale of g AFDW m "2. 

The data on abundance and number of species of macroalgae from each quadrat can be 
used to determine the species richness and evenness which refers to how the number of 
individuals, cover, biomass are distributed among the species. Both species richness and 
evenness can be incorporated into single values known as diversity indices (see below for 
calculations). 

Data Processing and Analysis 

Data processing and analysis must be in accordance with the sampling design and the 
hypothesis being tested (Chapter 4). For most statistical analyses it is important to test 
Whether the data meets the assumptions for analysis with parametric statistics. Data gathered 
can be presented simply in graphic form or can be analysed using an array of statistical tests 
(ANOVA, regression/correlation analysis, etc., Underwood 1991, Sokal and Rohlf 1995, 
Underwood 1997) to compare macroalgal biomass and abundance between seagrass areas. 
Biomass data may be compared between the partitioned sub-samples. Cluster analysis can 
be performed to obtain possible ecological relationships between various plant or macroalgae 
species from a series of quadrats in one or various sites or its zonation in seagrasses (Reyes 
and Sansrn 1997, Trautman and Borowitzka 1999). 

Species richness, diversity and evenness indices can also be obtained from the data 
(Ludwig and Reynolds 1988). Two well-known richness indices are as follows: 

Margalef (1958) Index: 
R 1 = S-1 / ln(n) 

Menhinick (1964) Index: 
R2 = S / ~/n 

Diversity indices, H, are calculated using Shannon's index: 

H = -Y)i=l Pi In Pi and 

The evenness indices, J, are calculated according to Pielou (1969): 
J=H/Hmax 

where S = the total number of species and n = the total number of individuals observed, P/= 
cover of species and/-/max = In S. 
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mr~ Discussion 

Macroalgae abundance and distribution are likely to be highly variable in most sites. 
Initial growth usually depends on availability of firm substrates but algae can drift and 
continue growing as loose mats. Many species are fast growing and ephemeral. To sample 
macroalgae successfully, the sampling design must take into account the need for repeated 
measures through seasonal variation and the need for stratification to account for patchiness. 

Macroalgae also vary in appearance depending on where they live and often identifying to 
species will require the help of a specialist algal biologist. Identification to genera is usually 
possible although even that may require laboratory examination and may be difficult for 
tropical algae. 

Algae are an integral part of  the structure of many seagrass beds throughout the world. 
They are often recorded by seagrass scientists without a detailed analysis. We have provided 
a simple approach that will enable the improvement of  our knowledge of  the algae associated 
with seagrasses. 
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Chapter 12 

Techniques for quantitative sampling of infauna 
and small epifauna in seagrass 

Andrea Raz-Guzman, Raymond E. Grizzle 

Chapter Objective 

To describe recommended techniques for collecting quantitative samples of infauna and 
small epifauna for the determination of abundance and biomass. 

I ~  Chapter Overview 

The fauna of seagrass beds can be classified based on where they live. Infauna live within 
the bottom sediments and epifauna live above the bottom, among the plant leaves and stems. 
This dichotomy is widely used in ecological studies of seagrasses, but it has limitations. 
While some taxa may live exclusively in one of the two zones, others regularly move back 
and forth between the sediments and the leaves and stems (reviews by Kikuchi and P6rrs 
1977, Orth et al. 1984, Orth 1992). Hence, the basic dichotomy only approximates 
ecological reality. Even so, nearly all commonly used sampling techniques are designed to 
primarily capture either infauna or epifauna. 

We describe sampling approaches that are recommended for infauna and small epifauna, 
mainly macrofauna (retained on 0.5 to 1.0 mm mesh sieves) and to some extent meiofauna 
(passing through 0.5 to 1.0 mm mesh but retained on a 64 lxm mesh). Chapter 13 describes 
methods for sampling larger, typically more motile epifauna. 

The major kinds of quantitative sampling devices for infauna are grabs, corers, dredges, 
and suction samplers. Each includes a wide variety of different models and variations on the 
basic design (Eleftheriou and Holme 1984, Mudroch and MacKnight 1994). Even within a 
single habitat type such as seagrass beds, the published literature contains examples of the 
use of a variety of samplers. Reasons for this include characteristics of the study area (e.g., 
water depth, substrate type), needs of the study (e.g., quantitative vs. qualitative), sampler 
availability and cost, and personal preferences. 
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Although there are no universal "standard methods" for sampling infauna of seagrasses, 
some approaches and samplers are clearly superior to others. In his review of quantitative 
sampling of soft-sediments, Blomqvist (1991) described coring devices as the instrument 
"best suited" for such work. Although we are aware of no formal surveys, two types of 
samplers seem to have emerged as the most-used for sampling infauna in seagrasses: corers 
for organisms that live in the upper several centimeters of sediment, and suction samplers for 
deep burrowing and/or more motile taxa (Heck and Wilson 1990). Some varieties of both 
types of samplers have been shown to be effective sampling devices because they 
consistently excise approximately the same surface area and volume of bottom material, and 
they typically achieve adequate penetration of the bottom (10 to 15 cm for corers, and > 30 
cm for suction samplers, reviews Eleftheriou and Holme 1984, Blomqvist 1991). 

With respect to epifauna sampling, many different types of devices have been used to 
obtain quantitative, or at least comparative, samples of epifauna from seagrass beds (reviews 
by Eleftheriou and Holme 1984, Heck and Wilson 1990, English et al. 1997). Epifauna 
samplers range from simple quadrats deployed while wading or by divers, to otter trawls 
that must be towed by a power boat. The selectivity of each sampler is directly related to 
the mesh size of the net as well as to the mode of operation, whereas the efficiency of most 
samplers has been estimated at around 30% (Shnchez, pers. com.). Some samplers provide 
qualitative data whereas others provide quantitative data, both of which are important in 
community studies, the first for species composition and richness, and the second for 
density values and comparison purposes. Quantitative sampling requires the recording of the 
area covered or the time spent trawling in order to obtain density values that may be 
compared in space and time. As was mentioned in the case of infauna, this variety in 
sampling approaches results from differences in the characteristics of the study area, the 
objectives of the study, the sampler availability, the cost and, finally, personal preferences. 
Some of the more widely used epifauna samplers are described here. 

Quadrats made of PVC, metal, wood or other materials can be used while wading, or by 
divers in deeper subtidal waters, to define an area in a seagrass bed from which the epifauna 
is to be removed by hand. The major drawback is that this technique is effective only for 
small, less mobile taxa as the more active swimmers (e.g., portunid crabs, shrimp) can escape 
from the quadrat during the collecting process. 

The push net, a rigid triangular frame with bag net attached, is used to sample epifauna in 
shallow waters. It can be used by one person, and if a known distance is covered it yields 
semi-quantitative data (Eleftheriou and Holme 1984, English et al. 1997). 

Other nets include the sledge net, a 1 mm mesh size netting that is fitted onto a 60 x 20 
cm aluminum frame that rests on two sledges, which is pulled by hand while wading or from 
an anchored boat, and the drag net, a rigid rectangular metal flame with a bag net attached, 
that is used for trawling on hard irregular surfaces. 

Larger, typically more mobile epifauna are usually sampled with nets that are towed 
behind a powerboat (Eleftheriou and Holme 1984), such as the otter trawl, a bag net with 
weighted wooden doors that slide along the bottom and hold the net open (Chapter 13). 
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The infaunal and small epifaunal components of benthic communities, particularly those 
of seagrass beds, are typically abundant and rich in species as a result of the high complexity 
and heterogeneity of these habitats, as Heck and Thoman (1984), Raz-Guzman and S~inchez 
(1996) and many others have previously recorded. They constitute several trophic levels 
within complex food chains that contribute to characterise shallow coastal systems as 
important nursery and feeding areas (Raz-Guzman and S~mchez 1996). Sampling these 
community components becomes a priority at several levels of organisation, from simple 
inventories of species to system and resources modelling to decision-making at the local, 
regional, national and international levels. 

We describe hand-held coring devices for sampling infauna and a small beam net for 
sampling epifauna. Grabs, box corers and suction samplers are also recommended for some 
situations, but are discussed only in general terms. Several methods for sampling epifauna are 
presented, with a description of their design and operation. The described samplers are low- 
cost, simple designs that are easy to fabricate and use. They are also effective, and if used 
properly will yield comparable quantitative data on the abundance and biomass of the small 
fauna of seagrass beds. 

Sampling Infauna 

12.3.1 Introduction 
Several environmental characteristics typical of seagrass habitats contribute to the 

superiority of corers and suction samplers for quantitative sampling of the infauna. Although 
some species of seagrasses occur at water depths of 60 m or more, most species are 
restricted to much shallower depths (Chapter 19). Hence, most seagrasses can be sampled 
with hand-held devices such as corers or suction samplers while wading at low tide, or from a 
boat, or by divers. In contrast, many grabs and dredges are heavy, cumbersome devices that 
require a boat and winch for deployment. Ease of operation probably h~is been a major factor 
in the choice of corers over other methods. 

Most seagrasses are restricted to "soft sediment" environments, but such sediments vary 
widely in how easily they can be sampled. The typical range is from finn sand Which is 
difficult to penetrate for most types of samplers to soft muds which are readily sampled. 
Regardless of sediment type, many seagrass species form a dense mat of root material that 
makes penetration by some types of samplers (e.g., grabs) difficult. The root-rhizome matrix 
can also hinder retention of the sample. Of the four major kinds of infauna samplers, hand- 
held corers and some suction samplers are particularly effective at penetrating the dense root 
mats of some seagrasses. 

Corers have often been the sampler of choice in seagrass studies for other reasons as well, 
including low cost, simplicity of design and construction, ease of operation, and 
dependability (Blomqvist 1991). Suction samplers apparently are not as widely used as 
coring devices, probably because they are used mainly to capture large, deep-burrowing 
infauna which are not included in many studies. Hence, depending upon the purposes and 
constraints of a study, either corers or suction samplers are recommended for quantitatively 
sampling infauna. Only corers are discussed in detail here. 
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12.3.2 Objective 
To describe recommended sampling devices and techniques for the collection of 

quantitative samples of infauna from seagrass beds. 

12.3.3 Necessary Materials and Equipment 
�9 Boat with standard safety equipment (if needed) 
�9 Dive personnel and equipment (if needed) 
�9 Insulated ice box for sample storage, or 5% formalin 
�9 Plastic storage bags or jars 
�9 Field data pages and permanent marking pens 
�9 Appropriate sampler(s) with ancillary gear 
�9 Sieve(s) of 0.5 and/or 1.0 mm mesh 

12.3.4 Methods for Infauna 

Hand-held Corers. 
Two basic kinds of corers are shown in Figure 12-1: A and B, simple tube corers; C and 

D, remote corers. Both are flow-through designs that differ mainly in their mode of 
operation. When samples are taken while wading or by divers, simple robe corers are 
recommended (Figure 12-1A, B). They consist of a short length of pipe with a rubber 
stopper. For sampling in shallow subtidal waters from a boat, remote corers with long 
removable handles are recommended (Figure 12-1 C, D). 

We particularly recommend clear materials such as acrylic or polycarbonate for the core 
tube for several reasons. A clear robe allows quick inspection of the sample to determine its 
adequacy. If inadequate sediment penetration was achieved, or the sediment appears badly 
disturbed, or other features suggest it is not acceptable, it should not be kept for further 
processing. If clear tubing is not available, however, corers can be constructed of polyvinyl 
chloride (PVC) because it is strong, durable, and readily available in many areas. Other 
plastics or metals may also be used. 

A clear tube also allows direct inspection of the sample to obtain preliminary data on the 
faunal component. Sediment Profile Imaging (SPI) data may also be obtained via visual 
inspection of the sample. Typical SPI data include depth of the redox potential discontinuity 
layer, dominant biogenic surface features, presence of robes or burrows at depth, etc. 
(Rhoads and Germano 1982, 1986). Most of these features are related to changes in infaunal 
abundance and biomass, and could be used as low-cost indicators of ecologically important 
changes. SPI has been used to assess the impacts of dredge and fill activities and organic 
enrichment on benthos (Rhoads and Germano 1982, O'Connor et al. 1989, Grizzle and 
Penniman 1991, Nilsson and Rosenberg 2000). This approach appears to hold potential for 
use in seagrass beds, but more research is needed. 

Operation of both basic kinds of corers, simple tube (Figure 12-1A, B) and remote 
(Figure 12-1C, D) is straightforward. The core robe should be slowly lowered as it 
approaches the seabed, and after contact, slowly pushed into the bottom. This process 
minimizes disturbance of the seabed and compaction of the sample (Blomqvist 1991). After 
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penetration to the chosen depth (typically 10 to 20 cm when using a simple tube corer), a 
rubber stopper is inserted into the top of the tube to provide a water-tight seal. When 
sampling in very shallow waters, the tube may not completely fill with water. Water must be 
added manually in order to provide a seal that holds the sample in place, or the sample may 
be held in the tube by reaching down through the sediment outside the core tube and capping 
the end of the tube with one's hand. The tube with sample is then slowly removed from the 
bottom. When using a remote sampler, the one-way valve closes as the corer is pulled 
upward and thereby seals the tube so the sample remains inside. For both kinds of corers, it 
is sometimes necessary to place one's hand (or a cap or stopper) over the bottom of the tube 
to prevent the sample from falling out as the corer is removed from the water. 

Removal of the sample from the tube is accomplished by gentle up-and-down shaking of 
the corer, allowing the sediment/seagrass/benthos sample to slide from the tube into a labeled 
sample bag or onto a sieve for processing. Depending on the depth of the trapped water 
column overlying the sediment sample, the core tube is usually washed clean as the sample 
exits. The resulting sample is placed on ice for return to the laboratory, or sieved in the field 
and the residue put into formalin. 

Suction Samplers. 
Suction samplers have been used to collect both epifauna and infauna. They are typically 

used when a large sampling area and/or deep penetration of the sediments are required. A 
design for a boat-based suction sampler is presented in Chapter 13, although air lift devices 
for suction sampling can be operated from a SCUBA tank for sampling in deep water while 
diving (Chapter 16). Suction samplers for collecting infauna are operated by pressing the 
sample tube directly into the mud within a confined area, removing all material and 
depositing it in a collection bag. 

Sampling in Deep Water. 
We have used remote corers with handle lengths up to about 4 m. When sampling in 

deeper waters, we recommend either diving with a simple hand-held core tube (Figure 12-1 A, 
B; or suction sampler), or using standard benthic grabs or corers. There is a wide variety of 
grabs and remote coting devices, but many are not adequate for sampling seagrasses because 
of the difficulty with penetrating the root system. In general, grabs and corers that can be 
heavily weighted are best. Grabs such as the van Veen, Smith-Mclntyre, and Ponar as well as 
box corers may provide adequate infauna samples but are generally not recommended 
(Mudroch and MacKnight 1994). 

Grabs and Box Corers. 
In the event samples cannot be taken with hand-held corers and diving is not possible 

(too deep or too dangerous) then a grab or box corer should be used. Each of these devices is 
operated somewhat differently, so no detailed methods are given here. Both kinds of 
samplers, however, perform essentially the same function: they excise a known amount of 
bottom matter for further processing. Thus, general guidelines can be given and detailed 
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methods are available in other places (e.g., Holme and Melntyre 1984, Mudroch and 
MacKnight 1994). 

Typically the descent of the sampler is slowed as it approaches the seabed to minimize 
disturbance of the bottom and to insure that the seabed is encountered at the proper angle. 
For most samplers, it is best to slowly retrieve the cable until the jaws are fully closed and 
the sampler has been lifted from the bottom, insuring that the full weight of the sampler is 
used to cut through the seagrass and sediments, and the sampler remains properly oriented. 
Retrieval of the closed sampler may be made at maximum winch speed. However, some 
samplers (e.g., Shipek grab) allow washout and loss of the sample under some conditions. 
This can especially occur as the sampler is raised above the surface of the water and pressure 
from water trapped inside is forced out. After the closed sampler is brought on board, its 
contents can be subsampled with a corer to insure a consistent area/volume is sampled. 

Regardless of the sampling device used, samples may be initially processed in the field or 
returned to the laboratory. Standard benthic techniques should be followed (Holme and 
Mclntyre 1984, Mudroch and MacKnight 1994). Samples are initially washed on a 0.5 or 
1.0 mm mesh sieve that retains the infauna. The sieve contents (infauna, seagrass material, 
detritus, etc.) are placed in a plastic bag or jar and a 5% solution of buffered formalin (= 5 
parts full-strength formaldehyde [37%] to 95 parts water) is added to fix the invertebrates. 
Rose bengal stain typically is added to the full-strength formaldehyde at 4 g stain per liter of 
formaldehyde before it is diluted. This stains the invertebrates a bright pink color and 
facilitates the sorting process. In most cases, we recommend that the seagrasses and as much 
as is practical of the other extraneous material retained on the sieve be carefully removed, 
cleaned by hand of any infauna, and discarded. In some cases, it may be desirable to retain 
the seagrass parts for estimation of seagrass habitat structure (Chapter 7). The removal of 
unneeded material minimizes the amount of formalin needed to fix the sample. The sample 
will be properly fixed after 2 or 3 days in formalin if it has been well mixed, and can then be 
further processed. 

Before sorting, as much of the formalin as possible should be carefully decanted into a 
hazardous waste disposal container through a sieve so that no invertebrates are lost. Note 
that it is possible to re-use the formalin at least once or twice, depending on the amount of 
organic material in the sample. The sample should then be washed with tap water on the 
same size sieve used initially, and enough alcohol (70% isopropanol or ethanol) added to 
cover the sample and initiate the preservation of the sample. This process should be done 
under a laboratory hood if possible so that the formalin fumes are properly vented. The 
overall process (formalin, washing, alcohol) results in invertebrates that are properly fixed 
and preserved, and can be stored indefinitely. 

Further processing involves sorting the sample into appropriate taxonomic groups 
followed by identification to species or higher taxonomic levels. In many areas, the dominant 
invertebrates that occur in seagrasses are polychaete worms, crustaceans, and molluscs 
(Kikuchi and Prr~s 1977). Hence, the initial sorting is made under low magnification (3x is 
typical) into these three taxonomic groups, which are in most cases readily identified. 
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Figure 12-I. Handheld, flow-through coring devices for quantitative sampling of infauna. Core tubes in A, C, 
and D are l0 cm (4 in) inside diameter (ID); core tube in B is 15 cm ID. All tubes shown are 20 to 30 cm 
long. A. Simple tube corer with rubber stopper at top; B. Simple tube corer with aluminum bar handle for 
easier insertion and withdrawal fi'om sediments; C. JEL (Jackson Estuarine Laboratory) remote corer with 5 
cm (2 in) ID PVC handle (-~ 2 m long) attached to one-way valve via threaded coupling; handle extensions can 
be added via threaded couplings; D. As sampler C except core tube is constructed of clear polycarbonate which 
is attached to PVC coupling with stainless steel hose clamp; handles are made of aluminum pipe and are 
coupled to flow-through valve and one another via bolts through pipe and aluminum bar inserted into both 
pipe ends for added strength. 
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Further identification depends on the requirements of  the study. Benthic ecologists 
traditionally have tried to achieve species-level identification, but this can be a costly and 
difficult goal in many areas because of  the number of  species that are encountered. Recently, 
however, there has been a concerted effort to determine what level of  taxonomic resolution is 
needed for particular research questions. In a major review, Warwick (1993) concluded for 
many ecological investigations that very little information is lost by working at the 
taxonomic level of  Family or higher. Regardless of  what level of identification is needed for a 
particular study, appropriate taxonomic keys must be used, and those doing the work must  
be well-trained. 

A few of the major taxonomic references suitable for the identification of  infaunal and 
epifaunal invertebrates for the global geographic regions are presented in the Appendix. We 
have concentrated on recent, widely available, and comprehensive works. There is no 
intention here to cover the primary taxonomic literature or to list specialized keys for 
particular taxa. 

12.3.5 Data Processing and Analysis 
Abundance data are typically derived from counts of each taxon and can be expressed in 

any of  several different units. Biomass can be measured as wet weight, dry weight, or ash- 
free dry weight, and typically expressed in g per unit area (e.g., Table 12-1). 

Table 12-1. Example data matrix for infaunal benthos. P=Phylum. C=Class. F=Family. 

TAXON SiTE REPLICATE' ABUNDANCE ~ ' BIOMASS z 

P. Annelida 0.549 
C. Oligochaeta 1 1 6 - 

F. Ampharetidae 1 I 6 - 
F. Maldanidae 1 1 1 - 
F. Nephtyidae 1 1 3 - 
F. Orbiniidae 1 1 2 - 
F. Paraonidae 1 1 37 - 
F. Phyllodocidae 1 1 2 - 
F. Polynoidae 1 1 1 - 
F. Sabellidae 1 1 7 - 
F. Spionidae 1 1 177 - 
F. Stemapsidae 1 1 2 - 

~Raw data entered as counts per unit sample (core or grab). Calculated data expressed as # of individuals 
2 z per sampling unit (e.g., 0.085 m ) or per standard bottom area (e.g., 1.0 m ). 

2 Biomass data determined as wet weight, dry weight, or ash-free weight, and expressed as g per unit 
area; typically weights are only taken at higher taxonomic levels after combining all individuals in that 
taxon (e.g., phylum). 

12.3.6 Trouble Shooting and Hints for Infauna 
Simple tube corers are rugged and dependable. We have used acrylic and PVC tubes on all 

types of  soft sediments with no serious problems. Although remote corers are more 
complicated than simple tube corers, and problems can occur, our experiences have indicated 
that they are also quite dependable. The remote corer in Figure 12-1 D has been in use at 
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Jackson Estuarine Laboratory for about 10 years. It has taken hundreds of cores from a 
variety of soft sediment habitats, including eelgrass beds, and in sediments ranging in texture 
from sand to soft mud. It has been used in water depths up to about 4 m. All the original 
components are still in use, including the removable polycarbonate tube. Our experiences 
with this remote corer as well as other hand-held corers suggest several important 
considerations for corer design and operation. 

Regardless of core tube material, the bottom edge of the tube should be bevelled to 
provide a sharp edge for easy entry into the bottom and for cutting the seagrass root mat. 
The bevel should be applied on the outside edge so that sediment is forced outward as the 
tube enters the bottom and so the diameter of the sediment entering the tube is constant. A 
sharp cutting edge is essential for consistent penetration and minimization of core 
compaction. In some cases the root/rhizome mat may be so dense as to require cutting with a 
"pre-corer" cylinder the same diameter as the sample tube and made of thin steel or 
aluminum with a sharp edge. 

The one-way valve on the remote corers is made of rubber. It is good practice to keep the 
valve clean by rinsing with fresh water after a day's use, which prolongs valve life and 
ensures a good seal during operation. Most components of the corers can withstand 
considerable abuse, but the valve can be damaged and the rubber material deteriorates over 
time. 

When sampling in areas that have rocky bottoms, one should be careful when 
encountering the bottom. Core tubes made of acrylic can be easily cracked or chipped on 
rocks. PVC, polycarbonate, and metals are more rugged than acrylic, but any core tube can be 
damaged if one is not careful. 

For remote corers, the use Of PVC handles with thl"eaded couplings (Figure 12-1 C) is 
more economical than aluminum pipe handles (Figure 12-1 D). The PVC handles, however, 
are not as rugged. It is good general practice to carry spare parts along for all gear being used, 
but it is particularly recommended for remote corers with PVC handles. The PVC tends to 
weaken at the joints over time because of side-to-side movements that invariably occur to 
some extent when sampling, especially in deeper waters where one or more handle extensions 
are used. Although handle breakage has been rare in our experience, it has always occurred at 
a coupling. 

12.3.7 Discussion 
Most of the above methods result in capture of some epifauna along with infauna. There 

is no standard technique for dealing with this problem. We usually remove all seagrass parts 
protruding from the bottom of the core tube but retain what is inside the tube for further 
processing. Capture of epifauna is not eliminated, but is at least reduced in a consistent 
manner. Until there is further work on this issue, we recommend this as the standard 
procedure. 

Corers are recommended as the standard sampling devices for quantitative sampling of 
infauna, but other techniques are mentioned. All these techniques at least potentially provide 
quantitative data on infauna. One of the most important things to keep in mind when using 
any sampling device is to be sure that the selected amount (typically surface area or volume 
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excised) of sediment is obtained for each sampling effort. All samples that do not meet .the 
design specifications of the sampler or an established protocol (e.g., sediment penetration to 
a certain depth) should be discarded. Reduction in among-sample variability results in more 
accurate estimates of densities and biomass of the populations that are sampled. For 
quantitative studies of infauna, this should be a major objective regardless of the kind of 
sampler used. 

~~1 Sampling Epifauna 

12.4.1 Introduction 
The combination of the environmental characteristics of seagrass beds (shallow waters, 

adequate visibility, accessibility) and the structural and functional properties of a small beam 
net make it a most convenient sampler for small epifauna. The original beam net was 
designed by William C. Renfro in 1962 with the specific purpose of obtaining postlarval 
shrimp. Its design makes it possible for one person to handle the net while wading in shallow 
waters (30-60 cm), and it can also be pulled towards an anchored boat in deeper waters (1.5 
m). The stainless steel pipe (beam) that is fixed in front of the net mouth, when pulled by 
the operator, drags along the bottom and frightens the small epifauna off the bottom and into 
the net. A small beam net based on this model has been used most successfully for many 
years to collect small epifauna from a variety of seagrass and macroalgae beds (Raz-Guzman 
and S~inchez 1996). The beam net is described in detail here. 

Suction samplers are widely used for epifauna sampling as well as for fish (Orth and von 
Monfrans 1987). They constitute a valuable option. Suction samplers for small epifauna can 
be designed following the detailed description in Figure 13-2 for larger more mobile fauna, 
with adjustments to the size of the structure in order to avoid disturbance to the community 
to be sampled and to make them manageable in shallow seagrass areas. 

Another method that has potential is the Corona Cutting Bucket, a recent sampler that 
was designed specifically to collect small epifauna from seagrass beds, including slow and 
fast-moving animals. It has been tested in Thalassia testudinum and combined seagrass- 
macroalgae habitats in a tropical coastal lagoon, and has provided interesting results including 
species richness and density values (Corona et al. 2000). 

12.4.2 Objective 
To describe recommended sampling devices and techniques for the collection of 

quantitative samples of small epifauna from seagrass beds. 

12.4.3 Necessary Materials and Equipment 
�9 Boat with standard safety equipment 
�9 Divers and equipment (if needed) 
�9 Complete sampling equipment 
�9 Plastic storage bags or jars 
�9 Stickers and tags for labeling 
�9 Permanent ink marking pens 



�9 10% formalin and 70% alcohol 
�9 Rubber bands 
�9 Insulated box 
�9 Field data pages and pencils 
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12.4.4 Method for Sampling Epifauna with a Small Beam Net 
The beam net is a sturdy sampler. It has been used in Mexico for several years without 

breaking, at depths between 0.5 and 1.5 m, on a variety of muddy and sandy substrates, and 
on Thalassia testudinum, Halodule wrightii, Syringodium filiforme, Ruppia maritima and 
macroalgae beds. It is easy to assemble, operate, transport and store. It can be used single- 
handedly in quantitative sampling, although it is easier with two people, particularly when 
rinsing and lifting the net into the boat. A few disadvantages are: a) its selectivity is low 
although small and medium mobile epifauna are favoured and, b) the cost of fabrication 
(approx. US$70) might seem high to some budgets, but it is cheaper than other, bigger nets 
and, once bought, it lasts quite well if taken care of. 

The small beam net (Figure 12-2)is inexpensive and easy to make, operate and clean. A 
small beam net (Renfro 1962) can be constructed of: 

�9 30 m long, 1 cm diameter rope, 
�9 Bridle with a 140 cm long, 8 mm diameter rope, 
�9 2 m long, 2 cm diameter metal tube (beam), 
�9 Four 80 cm long, 8 mm diameter ropes, 
�9 Two medium clamps (clasps) and one large clamp 
�9 2 m long metal chain that goes inside the canvas at the mouth of the net, 
�9 Seven 7 cm diameter, 5 cm wide buoys, 
�9 2 m long, 1 mm mesh size nylon netting cone, to which are attached two 2 m long, 8 

cm wide canvas strips at the mouth, the top one with seven metal eyelets for the 
buoys, as well as a t 0 cm long, 11 cm diameter canvas end to which the PVC container 
will be secured during sampling, 

�9 22 cm long, 10.5 cm diameter PVC container with a window covered with 1 mm mesh 
size nylon netting 

Once the sampling area has been selected, the beam net is placed at one end of the area, 
insuring that the body of the net and the chain are extended and the buoys are floating (this 
position must be down-current). The operator then moves around the sampling area without 
disturbing it, either on foot or on a boat, and extends the 30 m rope. Having fixed that 
position (either by standing in place or by anchoring the boat), the researcher then 
recovers the net by pulling 25 m of the rope at a steady speed. This distance and the 2 m 
opening of the net provide a sampling area of 50 m 2 for the calculation of density values. 
When the net arrives at the operator's position, the bridle is lifted with the metal tube and 



248 Raz-Guzman and Grizzle 

__• P V C  oontaJrmr:. 
w i n d o w  wNh I n u n  m e s h  nol l lng -- - - - - - - -  l e n g l h  2 2  o m  

dimnelmr 1 0 . 6  a m  
groove  lot  d e e p  

amrlvae end:  
- - - - - - -  l e n ~ h  1 0  a m  

d i m t e r  11 o m  

I m m  m o a h  size nylon h o l i n g :  
l eng lh  2 m 

ropes:  

c l h u n e ~ r 8  

a i m  

b u o y s :  
w id th  6 c ~ n  
d i a m e t e r  7 m 

I 

I 
meta l  t u b e  : 
l e n g l h  2 m  
diamelmr  2 m 

bn41db ropo: 
n e n O ~  ~ 4 0  a m  
diaunelor 8 m m  

p r o t o d o d  oyol~m 

cannvans ocloo: 
lenollh 2 m 
wid lh  8 o r e  

cmlup 

Itgll~D: 
~ n 4 1 ~  W m 
diauneler 1 a m  

Figure 12-2. Small beam trawl net designed by Renfro (1962). 

the net, rinsing it in place to rid the sample of mud, and then litts it into the boat. The 
clamp around the PVC container is loosened with the screwdriver and moved up the net so 
as not to lose it, the container is separated from the net, the excess water is sieved out 
through the window, and the sample can then be collected in a plastic bag or jar (note that 
specimens may remain attached to the net, canvas end and PVC container and must be 
retrieved by hand). The canvas end and the PVC container are rinsed, and the container is 
secured in place with the clamp ready to be used again. The fauna collected can then be 
transported to the laboratory for further processing. 

In a study by Alvarez et al. (1996), sampling took place in Thalassia testudinum 
meadows in Laguna de T&minos, a coastal lagoon in the southwestern Gulf of Mexico, with 
two small hand-towed nets: the small beam net and a sledge net (described in the Chapter 
Overview), and results were compared. With respect to species richness, efficiency was 
slightly higher for the sledge net as, of 34 species of mysids, isopods, amphipods, caridean 
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and penaeid shrimp, anomuran and brachyuran crabs and fish present in the area, the beam 
net collected 25 and the sledge net 30. With respect to density, efficiency was approximately 
similar as values were greater for some species with the beam net and for others with the 
sledge net. 

Trouble Shooting and Hints for Beam Net Sampling 
Recommendations for maintenance and efficiency derived from experience in the use of 

the beam net include the following: 
�9 the canvas strips at the mouth and at the end where the PVC container is attached 

must be close-knit and strong to prevent wearing out, 
�9 the string with which the buoys are tied to the eyelets at the mouth must be nylon 

for resistance, 
�9 the 30 m rope must be marked at every meter with string for measurement purposes, 
�9 it is important to carry an extra screwdriver, clamps and PVC container in case they 

get lost, 
�9 the screws in the clamps must be oiled after sampling to prevent rusting, 
�9 the net must be washed to eliminate all traces of salt water and must be allowed to 

dry well to prevent the metal chain from rusting, and 
�9 the net must always be operated against the current to insure that the mouth is 

properly open and the sample organisms are washed into the net. 

12.4.5 A Method for Sampling Low-mobility Epifauna 
The Corona Cutting Bucket (CCB) is a durable sampler, made from a plastic bucket with 

metal components. It has been used in Thalassia testudinum beds in muddy and sandy 
shallow areas, and may work well in other seagrasses. It is inexpensive, lightweight, easy to 
assemble, operate, transport and store. It quantitatively collects small epifauna (amphipods, 
isopods, tanaids, mysids, caridean and penaeid shrimp, molluscs, brittle stars, fish) from 
seagrass beds. Its disadvantages are the care needed to insure that no animals are lost while 
moving the plastic bag along the open end of the bucket, the necessary frequent changes of 
inexpensive cutting blades, the need for two operators where vegetation is dense, and its 
ineffectiveness in rocky or reef sediments. 

In a recent study, the results obtained with the CCB were compared with those obtained 
with a 25 x 25 cm fLxed quadrat (Corona 1998). Five samplers of each type were placed in 
the same seagrass bed. The quadrats were rigged up with 35 cm long and 1.5 cm wide plastic 
seagrass blades at a density of 1200 shoots m 2 (typical of Thalassia testudinum meadows in 
Laguna de T6rminos). They were left in place for 10 days to allow colonisation, after which a 
mesh bag fitted around each quadrat was extended up to retain all the organisms within the 
area. The CCB method resulted in the capture of more species, while the quadrat method 
captured more total animals. 

Sampler Design. The CCB is made with a 20 liters commercial plastic bucket, cut down 
from the top to an internal diameter of 25 cm that samples an area of 0.05 m 2. An 8 cm wide 
aluminum band is screwed to the outside of the top of the bucket as reinforcement. Two 
holes are perforated at opposite sides, 5 cm below the edge of the aluminum band. The 
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principal cutting device extends across the open end of the bucket, and is positioned so that 
its cutting blades are oriented parallel to the bottom. This device is constructed with two 
metal bars, each 25 crn long, 5 cm wide and 5 mm thick, between which six sharp metal 
blades (razor blades), are placed and held firmly by screwing the two metal bars together. 
The assembled cutting device is attached to the bucket with screws that go through the two 
perforations on the aluminum band. Once in place, this double bar cuts the vegetation of the 
sampling area at the surface of the substrate. The bottom of the bucket has a 10 cm diameter 
hole covered with 1 mm mesh nylon netting that allows the passage of water when the 
bucket is lowered upside down to the bottom. Two opposite areas 15 cm above the bottom 
of the bucket are reinforced with aluminum squares. Each square has a 3 cm perforation 
through which a snugly fitting 80 cm long metal tube is inserted as a handle for turning. 

aluminum 
reinforcements 

I _ L ~ L: q.~ ] 

metal bars 

cutter blades 

Figure 12-3. Corona Cutting Bucket. Schematic design of major components 
and construction process. Sampler is a 20 liter plastic bucket with aluminum 
handles and cutting blades. 

Sampler Operation: The CCB is lowered slowly to the bottom in an upside down 
position and the open end with the aluminum band is pressed into the sediment to a depth of 
5 cm. Grasping the handles, the sampler is then turned in a circular motion so that the 
cutting device across the mouth of the sampler cuts the seagrass at the sediment surface. 
When the bucket turns both ways freely, it is lifted only enough to introduce a plastic or 
mesh bag between the open end and the substrate. This bag must be large enough to contain 
the sampler. The bucket is then lifted and the fauna present in the sampling area is secured 
within the bag, which can then be transported to the laboratory for further processing. 

Trouble Shooting and Hints. 
Recommendations for maintenance and efficiency include the following: 
�9 the CCB must be dismantled and washed to eliminate all traces of salt water, 

sediment and vegetation, and allowed to dry well, 
�9 it is important to carry extra screws, cutting blades and screwdriver, 
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all screws must be oiled after sampling to prevent rusting, and 
it is advisable that the CCB be operated by two people in order to insure collection 
of the whole sample. 

12.4.6 Other Recommended Methods for Sampling Epifauna 

Suction Samplers. 
Suction samplers are also a good method for sampling epifauna. The sampler consists of 

a 30 x 30 cm quadrat made of a heavy enough material to def'me an area on the bottom, to 
which a 1 mm mesh and 1.5 m high nylon netting is attached. It works with a pump 
(described in Chapter 13) or SCUBA tank, expelling bubbles into a tube, to create lift and 
then suctions out the animals from within the quadrat into a collecting chamber or bag. 
Suction samples are quantitative, although the more mobile fauna is not effectively sampled. 

Sampling in Deep Water 
Many of  the samplers used for collecting epifauna of deeper waters are quite different 

from those used in shallow areas. They are bigger and heavier, and the netting has a greater 
mesh size (2-5 cm) that collects bigger organisms. Two samplers that can be used at depths 
greater than 5 m are the drag net and the otter trawl. However, if these were to be used for 
small epifauna, they would need to be set up with small mesh size netting at the end and 
would have to be towed by a powerboat at low speed. Additionally, once in the net, these 
small organisms would encounter larger organisms that could prey on them or crush them. 
The drag net and otter trawl can be very damaging to seagrass beds. 

Most of  the samplers mentioned in this chapter are small, light and operated by hand, 
and are efficient for collecting small epifauna in shallow areas. Of  these, only the quadrat, the 
push net, the suction sampler and the CCB are adaptable for sampling in deeper waters, as 
they can be operated by divers. 
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Chapter 13 
Fish, crabs, shrimps and other large mobile epibenthos: 

measurement methods for their biomass 
and abundance in seagrass 

Graham J. Edgar, Hiroshi Mukai, Robert J. Orth 

Objective 

To describe the best protocols for assessing the abundance and biomass of fishes, 
shrimps, crabs and other large, mobile epibenthos in seagrass beds. 

Introduction 

Seagrasses are vital components of coastal ecosystems due in part to their trophic and 
nursery importance for fishes and larger invertebrates. Seagrass material is directly consumed 
in the form of leaves and indirectly consumed in the form of detritus and epiphytes by animal 
species, including numerous crabs, prawns and fishes. Seagrasses also provide shelter for 
small animals from larger fish predators, thereby increasing the diversity of coastal waters and 
providing a nursery habitat for commercially-important species. 

Information on the trophic and nursery functions of local seagrasses for fishes and larger 
invertebrates is therefore critically important when authorities attempt to manage the coastal 
zone. Unfortunately, the most important information required for decision-making generally 
needs to be collected locally, because few global generalisations have emerged on the 
importance of seagrasses for animal species. Seagrasses provide a major nursery habitat for 
commercial species in some areas but not in others, depending on local species composition. 
They also may or may not contribute substantively to inshore production, depending largely 
on whether unvegetated habitats in the area are highly productive or relatively sterile (Edgar 
and Shaw 1995b). 

The variety of techniques available for locally assessing the abundance and biomass of 
fishes and epibenthic invertebrates in seagrass beds is considerable, ranging from fixed devices 
such as gill nets, drop nets, pop nets, etc., to mobile devices such as seines and trawls. Within 
each of these basic collection methods, a variety of mesh sizes have also been used (Rozas 
and Minello 1997). A consequence of this diversity of approaches is that meta-analysis of 
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fish and decapod studies has been largely fruitless because of biases in different sampling 
gear. No single technique will adequately sample all components of the fauna within seagrass 
beds, with, for example, bottom set gear missing pelagic species and small mesh gear missing 
larger species. Water depth also greatly affects gear efficiency, with subtidal beds requiring 
complex inefficient equipment compared to that available for intertidal or very shallow 
subtidal beds. Furthermore, semi-quantitative data on the relative abundances of animals can 
be collected with much less effort than data on absolute abundances. 

Recommendations are made here for standardised gear that is most appropriate for 
collecting (i) small fishes and decapods to 5 m depth where data on a large range of species is 
required (seine), (ii) small fishes and decapods to 1.5 m water depth where absolute density 
data is important (drop trap), (iii) small fishes and deeapods to 20 m depth (beam trawl), (iv) 
large fishes and invertebrates in clear-water habitats (visual census), and (v) large fishes in 
turbid water or where capture of large fishes is required (gill nets). Otter trawls and Danish 
seines can also be used to sample seagrass beds if commercial fishing boats operate within the 
area; however, because of damage to seagrass beds, high operating costs and lack of 
standardisation, such fishing operations are considered outside the scope of this chapter. 
Table 13-1 shows depth ranges that will be considered for faunal sampling here and the 
recommended gear type for the mobile component. If more than one depth strata is sampled, 
then we recommend use of a single gear type (seine for <5 m depth, beam trawl if this depth 
is exceeded) rather than using different gear types at different depths. Use of different gear 
types in the one study will greatly complicate interpretation of results, particularly if 
changing patterns with depth are important. 

Table 13-1 - Gear type recommended for sampling epibenthos in seagrass beds at different 
depths. Notations after Rozas and Minello (1997). R = most highly recommended for depth 
stratum; C = Conditional; N = Not recommended. 

. . . . . . . .  l)'eptll  . . . . . . .  
G e a r  T y p e  0 - 1 . 5 m  1.5 - 5 m 5-20  m 

i 

Drop Net R N N 
Seine C R N 
Trawl C C R 
Visual Census C C C 
Gill Nets C C C 

. ,  , . ,  , ,  , , ,  

The sample collection methods described here are best used with random selection of sites 
in different habitat and depth strata. If more than one habitat (e.g., sand, mud, Thalassia, 
Enhalus, Halophila) is to be examineA, then habitat strata should be interspersed across the 
study area. Sampling of a single bed of each seagrass type, or seagrass beds that are zoned in 
different depths, will cause badly confounded results (i.e., differences attributed to seagrass 
bed type may be caused by the specific location of the seagrass beds examined rather than 
truly indicate real differences between seagrass bed type). The optimum number of replicate 
samples to be collected will vary between studies, depending largely on the number of sites 
and habitats investigated, the abundance of animals collected, and the variability between 
samples, as well as the questions being asked. The number of replicate samples will also be a 
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function of the types of animals being sampled and gear and mesh types chosen for the 
study. A discrete number of samples should be taken prior to the actual study and a power 
analysis ccmducted with the data to determine the appropriate number of samples needed for 
the study. An appropriate number of samples will adequately describe patterns but is not so 
great that the study is no longer feasible (Green 1989). 

~ ] 1  Techniq ues for Sampling Epibenthos in Shallow Depths (<5 m)" Seine 

13.3.1 Introduction 
Seine nets dragged onto the shore are the traditional gear used for the rapid assessment of 

nearshore fish assemblages. They can also be dragged into boats to allow capture of fishes in 
shallow subtidal habitats. The seine is the recommended sampling gear to provide comparable 
data for the broadest range of conditions and habitats. Seins are particularly useful where 
information on a large range of small fishes, shrimps, crabs and cephalopods is required in a 
short sampling time and subtidal depths to 5 m need to be sampled (Edgar and Shaw 1995a). 
The subset of the local fish assemblage captured by seine nevertheless depends largely on net 
length and mesh size, with larger pelagic fishes easily avoiding free mesh seines that are 
dragged slowly through the water; free mesh seines can become clogged with dense loads of 
plant debris. Large seines, on the other hand, capture few small or recently-settled animals 
and may be impossible to retrieve without mechanical assistance. 

13.3.2 Objective 
Sampling of fishes and epibenthos in water up to 5 m depth. 

13.3.3 Necessary Materials and Equipment 
�9 Small boat or flat-bottomed punt with standard safety equipment 
�9 Seine net (15 m long, 3 m deep, <3 mm mesh). Upper float-line has small floats 

attached at 300 mm intervals, lower lead-line has 250 g cylindrical lead weights 
attached at 300 mm intervals, 10 m long galvanised chain attached at 250 mm intervals 
along central 8 m section of lower lead-line, two 2.5 m ropes attached to connect lead- 
line with float-line at 5 m and 10 m distance along lead and float lines 

�9 Rope bridle (2 m long) that connects lead-line to float-line at either end of net 
�9 Thick 20 m 'net rope' attached 700 mm from float-line on each bridle, and marked 

using waterproof marker pen at 15 m distance along rope from bridle 
�9 Large (20 kg) sand anchor with at least 5 m heavy chain and 40 m anchor rope 
�9 Compact 15 kg lead weight (e.g., diver weight belt) with large (50 mm diameter) 

stainless snap link attached. 
�9 Large ice box for storing samples (or benzocaine, formalin or ethanol, and 20 1 plastic 

drums if samples to be preserved immediately) 
�9 Thick plastic storage bags (with date, site identification code and sample number 

written on bag in permanent ink) 
�9 White sorting trays and forceps 
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13.3.4 Methods 
1. The anchor is dropped =30 rn upcurrent of sample site. The boat is motored or rowed 30 

m downcurrent, with anchor rope let out once anchor has been set firmly. Anchor rope is 
then tied off at bow of boat. 

2. The boat is driven by one person (using motor or oars) slightly upcurrent and to port to 
take slack off anchor line, and then reversed perpendicular to anchor line for =20 m. The 
second person releases net over front port (downcurrent) side as boat moves backward. 
The net is released in a straight line. Once the lead-line at end of net hits the seabed, the 
weight of the net dragging on the seabed pulls the net out of the reversing boat. The net 
operator makes sure that net and net rope both pull out smoothly without catching, and 
that the float-line (released by operator's left hand) does not twist around lead-line 
(released by operator's fight hand). Rope straps connecting lead-line to float-line must be 
on upcurrent side of net. 

3. Once net is fully released over the side of boat, with both net ropes now passing to boat, 
the net operator pulls shortest net rope to straighten any minor kinks in net. Oars are 
then stowed or motor turned off. 

4. The boat is pulled up by hand along the anchor rope for =20 m distance until the 15 rn 
markings on net ropes are both taut and about to pass over the side of boat. The boat is 
then tied off on anchor line. 

5. A 15 kg weight is clipped over both net ropes and dropped over side. This weight 
redirects net rope tension along seabed before passing up to boat, reducing upward 
tension on net as net ropes are pulled in (see step 6 in Figure 13-1). 

6. One person takes each net rope. These are then smoothly pulled into the boat at the same 
rate, pursing the net and bringing it to the boat. 

7. The 15 kg weight is lifted into the boat, followed by the two ends of net. The net is then 
pulled into boat, lead-line slightly in advance of float-line, with final section of net 
bunched to trap animals before lift into boat. 

8. Contents of net are emptied into white sorting tray (the sample could be put through a 
series of sieves to remove coarse materials, excess vegetation and finer sediments). If few 
animals are collected, sorting can occur in the field. Samples with numerous animals 
(especially small individuals of several mm width) are bagged and placed in the icebox, or 
anaesthetised using benzocaine (if available) and then preserved using formalin (5%) or 
ethanol (95%) for processing in the laboratory. If possible, samples are frozen upon 
return to the laboratory to avoid using chemical preservatives and therefore certain 
disposal requirements. In the laboratory, animals in samples are sorted by species, 
counted and weighed. 

13.3.5 Trouble Shooting and Hints 
1. Seines generally need to be locally constructed. The cheapest and most available material 

for making net is usually nylon curtain material. Because any mesh <3 mm is sufficiently 
fine to capture postlarval fishes, mesh size and shape are not critically important as long 
as less than this size. 
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Step 6 

Figure 13.1. Procedures used for setting seine net. 

2. The anchor moving during pull in of net can be a major problem (i.e., boat moves towards 
net rather than net moving to boat). The remedies are a larger anchor, longer anchor rope, 
longer or heavier chain, setting the anchor deeper into sediment, or, if in strong current, 
setting the net upcurrent of anchor rather than downcurrent. The last technique, if used, 
should be done consistently throughout, and the net should be pulled in as quickly as 
possible. 

3. If the wind is blowing strongly then net ropes should be kept as close as possible to sea 
level. Strong winds can lift the net out of water like a kite. If currents are weak, then the 
net is best set downwind rather than downcurrent of anchor. 

4. As the net is pulled into boat, the leadline should be pulled slightly in advance of floatline. 
If the floatline is pulled in first then fish may tip out under bottom of net and escape. 

5. Net ropes attached to bridle should be thick to provide a flare grip as net is pulled into 
boat. 

6. Rowing boat is preferable to motoring boat because of reduced disturbance; however, small 
outboard motors (or electric motors) greatly speed up sampling time, and can be used if at 
least 2 minutes silence is observed once net is deployed and before pull in commences. 

7. Intertidal habitats can be sampled by dragging boat or without boat by wading, providing 
similar procedures (other than use of 15 kg weight) are followed. 
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13.3.6 Discussion 
The method described above provides large samples of small fishes and epibenthic 

invertebrates associated with shallow subtidal and intertidal habitats. The technique requires a 
minimum of two people to operate, who take 15-20 minutes to collect each replicate sample. 
The sampling method suffers from the major deficiency of all seine, trawl and dredge 
techniques, in that different species, and even size-classes of those species, are collected with 
varying efficiency (Hartman and Herke 1989, Allen et al. 1992). Data collected by drop trap 
reflect total densities in an area much more accurately, but drop traps can only be efficiently 
operated in very shallow habitats, collect relatively few animals per sample, and hence require 
a large degree of replication. The major advantage of the seine net over beam trawl is that 
small pelagic fishes, such as clupeoids and atherinids, will be collected in seine net but not 
beam trawl. If pelagic species are unimportant in the study, then the beam trawl may be 
preferable due to greater ease and speed of operation. 

Data collected using seine net can be used to estimate absolute density by dividing 
numbers or biomass of each fish species by the area sampled. This can be verified by 
m e ~ g  its capture efficiency in shallow water (Pierce et al. 1989). Capture efficiency 
equals numbers of animals collected by seine net divided by numbers collected per m 2 seabed 
using drop trap or similar gear in calibration trials at a low intertidal area (Edgar and Shaw 
1995a, Connolly 1994). Capture efficiency does, however, vary with habitat type, so 
calibration between the two methods is very important for each habitat type if markedly 
different habitat types are to be examined (e.g., sand and Thalassia, Rozas and Minello, 
1997). 

Techniques for Sampling Large Mobile Epibenthos in Very Shallow Water" 
Drop Traps 

13.4.1 Introduction 
Several categories of enclosure devices are the sampling units of choice for quantitatively 

estimating the biomass and abundance of small fishes, shrimp, crabs and other mobile 
epibenthos in those habitats that are either intertidal or subtidal to water depths to 1.5 m 
below mean low water (Gilmore et al. 1978, Zimmerman and Minello 1984, Orth and van 
Montfrans 1987, Rozas and Minello 1997). Devices include encircling or block nets, purse 
seine, drop net, throw trap, drop sampler, pop net, titLme weir, pull-up net, and bottomless 
lift net. Various gear types are recommended for different types of major shallow water 
habitats to be sampled (Table 2 in Rozas and Minello 1997). All must be constructed locally 
as they are not commercially manufactured. Below, we describe one type of collapsible drop 
net sampler that can be deployed from a small boat by one or two people, and one process 
for collecting the animals from within the net. 

13.4.2 Objective 
Sampling fishes and epibenthos in shallow (<1.5 m) water. 
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13.4.3 Necessary Materials and Equipment 
�9 Small to medium sized boat ( 4 -  7 m length) with standard safety equipment 
�9 Circular drop net with collapsible walls (0.5 to 2.0 m diameter, 2 m deep, 1.0 mm 

mesh walls, Figure 13-2) 
�9 Walls can be constructed from solid material, e.g., metal or fibreglass, or nylon mesh 

which allows the net to be collapsed to take up less space in a small vessel. Floats (if 
required) are sewn into the top of the net to provide buoyancy for the net while tie 
down strings can be sewn midway on the side walls to allow the net to be rolled up 
and shortened when water depths are less than 1.5 metres. A rigid ahmainium hoop is 
sewn 20-25 cm from the bottom of the net to maintain the cylindrical configuration on 
the bottom. Below the aluminium hoop, a skirt with chain is attached to provide 
added weight for the sampling flame and allows the skirt to accommodate small 
irregularities on the bottom thereby preventing escape of fauna. The chain and skirt 
are not necessary if the walls are made of rigid material, e.g., sheet metal, because the 
frame can be pushed into the bottom and sealed. 

�9 Small dip nets with mesh bags for sampling the fauna within the frame (mesh size of 
nets should be similar to walls of drop net) 

�9 Large cooler for storing samples 
�9 White sorting trays, forceps, waterproof paper for tags for sample identification, 

pencils or pens with indelible ink, microscope, magnifying lens 

Optional for Sampling Fauna 
A standard gasoline engine powered centrifugal water pump, rigid intake hose, flexible fire 

hose to create a suction sampler which operates on a basic venturi principle can be used to 
remove animals from trap. Mesh sampling bags are attached to the suction device. A flow 
adjustment valve built into the unit will allow adjustment of the suction force so that fragile, 
soft bodied animals (blue crab post-larvae, amphipods, isopods, shrimp and larval or recently 
settled small fish) can be sampled without being destroyed. 

13.4.4 Methods 
1. Either drift or motor slowly toward sample site, while either one or two people (depending 

on the size of the net) prepare to deploy the drop net. 
2. The drop net is deployed over the site by tossing the net from the bow of the boat. Be 

sure to minimise disturbance from the motor or shadows of the boat and people standing 
with the net. The drop net can also be attached to a boom attached to the boat and 
dropped from the boom. If multiple nets are being used in a single area, they can all be 
deployed prior to sampling to minimise disturbance. 

3. After deployment, the bottom of the net should be visually examined to ensure that the 
weighted skirt provides an adequate seal with the bottom to prevent mobile animals from 
escaping. 
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4. Mobile animals are removed by dip netting. A series of sweeps inside the frame are made 
until no further animals are collected. A single sweep can either be timed or passed over 
the grass a specified number of times. This should be repeated until an asymptote is 
reached for numbers of species and individuals. An efficiency experiment should be 
conducted prior to sampling to determine number of samples necessary to reach the 
asymptote. 

5. If a suction pump is available, the suction pump is primed by filling the compression 
chamber with water, and then started. The suction head is moved rapidly along the bottom 
for the predetermined time identified earlier in the necessary efficiency studies. 

6. After suctioning, use the dip net for a predetermined time along all the drop net walls, and 
along the bottom to capture larger fauna that could not be sampled by the suction head 
(i.e., large crabs) 

7. Empty contents of dip net or mesh bag into white sorting tray and process as described in 
Section 13.3.4. 

13.4.5 Trouble Shooting and Hints 
1. Walls of the drop net can be made from most available mesh material, but should be strong 

enough to resist tearing or puncturing. 
2. Before deploying net, assess the water depth to ensure it does not exceed the height of the 

skirt. 
3. Waves and strong currents can often lift or move the net allowing animals to escape. If so, 

stakes or poles must be immediately placed inside the frame on the up-current end to keep 
the net stationary. 

4. The bottom frame should have sufficient weight to drop rapidly through the water column. 
5. A gasoline powered engine and suction device are not absolutely essential. A dip net can be 

used to collect animals but the dip net effort must be calibrated to estimate how many 
times the dip net is used to collect an adequate percentage of the animals. Using a dip net 
only might compromise studies where some animals are buried just below the sediment 
surface, are buried during a period of hibernation (e.g., low water temperatures), or become 
entrapped under dense vegetation as the dip net is swept over the vegetated bottom. 

6. Different lengths of suction pipe can be used to accommodate different water depths. 
Adding a spacer to the bottom of the pipe maintains a uniform sampling distance above 
the bottom. 

7. An efficiency study must be undertaken prior to the initiation of the actual sampling to 
determine the effectiveness of the sampling device in capturing the intended fauna. A 
known number of marked animals are placed inside the sampling frame and allowed some 
specified time to distribute through the enclosed area. Sampling then occurs at discrete 
time intervals (e.g., 1, 2, 3, and 4 rain) with organisms counted to estimate how long it 
takes to recapture the marked animals, or until no more species of interest are collected. 

8. Relatively fast movement of the dip net or suction head across the bottom is needed to 
capture faster moving animals. 

9. Sample processing is more rapid if plant material is removed while animals are still alive. 
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13.4.6 Discussion 
Enclosure samplers, such as the drop net and suction device described above, are generally 

considered the most efficient sampling devices for small benthic fishes and epibenthic 
invertebrates in shallow water habitats less than 1.5 m. They can be relatively light in weight 
and easily handled by one or two people provided that the diameter of the frame is not too 
large. Numerous replicate samples can be collected quickly if more than one frame is used per 
site. Very shallow water (less than 1 m) can be sampled effectively and efficiently. 

Disadvantages include: small sampling area; collects smaller numbers of animals per 
replicate than a seine; inefficiency when collecting smaller pelagic species; and a maximum 
effective working depth of 1.5 m. Each of these problems can to some extent be overcome 
with modifications of experimental design of the study or the sampling device (Rozas and 
Minello 1997). 

Figure 13-2. Schematic diagram of a drop net with suction device used for sampling decapod crustaceans and 
small fishes in seagrass beds (from Orth and van Montfrans 1987). 

Techniques For Sampling Epibenthos In Water <20 m" Beam Trawl 

13.5.1 Introduction 
Sampling deeper water seagrass habitats presents a very different challenge in finding the 

appropriate technique for quantitatively assessing the density and abundance of mobile fauna. 
Generally, boat towed trawls, either otter or beam, have been the gear of choice for sampling 
at these depths. While both types of trawls have been used extensively throughout the 
world, here we present methods for using the beam trawl. 
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13.5.2 Objective 
Estimation of the biomass and abundance of fishes and other large, mobile epibenthos, 

where subtidal depths to 20 m need to be sampled (Coles et al. 1993). 

13.5.3 Necessary Materials And Equipment 
�9 Small boat or flat-bottomed punt with outboard engine, anchors and standard safety 

equipment 
�9 Beam trawl (preferably 50 cm wide, 20 cm high, 2 m long net, 2 to 3 mm mesh, or, if 

larger sample size is required, 150 cm wide, 50 cm high, 5 m long, Figure 13-3, Coles 
et al. 1993) or small otter trawl. 

�9 Rope (more than 20 m) 
�9 Swivel and shackles 
�9 Buckets and container 
�9 Big sieve (1 mm mesh) 
�9 Large plastic storage bags (with date, site identification code and sample number 

written on bag in permanent ink) and labels 
�9 Formalin solution neutralised with borax or hexamethylenetetramine (hexamine). 

Neutralisation is required to prevent the dissolution of calcareous structures (e.g., 
crustacean exoskeleton) if stored for long time periods (>1 mo). 

�9 White sorting trays and forceps 
�9 Portable GPS 

13.5.4 Methods 
1. Move boat as slowly as possible to the centre of sampling site, drop the beam trawl, 

extend rope at least 3 times water depth, then tie rope to stem of boat. 
2. Drag beam trawl between two buoys that have been set a specified distance apart (e.g., 

100 m). Distances can be measured using differential GPS, metered line or range finder. 
GPS position of site should also be recorded if GPS is available. 

3. Alternatively, drag beam trawl for a fixed time period (dependent on site topography and 
seagrass extent, preferably at a speed of 0.5 m s l or slower, Coles et al. 1993). 

4. Stop engine and haul up net by hand. 
5. Net is emptied into buckets, then catch sorted and processed as per Section 13.3.4. 

A---- 

Figure 13.3 Beam trawl net in seagrass meadow 
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13.5.5 Trouble Shooting and Hints 
1. The size of beam trawl can be changed depending on factors such as site topography, 

seagrass patch size, seagrass species and water depth. Mesh size also can be changed 
depending on the target species. 

2. If the seagrass meadow is too shallow to tow the beam trawl using a boat then a walking 
tow is possible. In exceptional situations in intertidal areas where a boat is not available 
and sharks or crocodiles are present, the net can be walked out at low tide with a line to 
shore and pulled at high fide. 

3. If it is difficult to operate a trawl net using the method described above, the beam trawl 
can be dropped to the seabed, the boat moved to the end point while releasing the rope, 
the boat anchored firmly, and then the trawl dragged into the boat. 

13.5.6 Discussion 
Beam trawls are easy to use when collecting fishes and large epibenthic invertebrates; 

however, the method can cause damage to the seagrass and seagrass communities. If the 
method is repeated in one area, sufficient time should elapse between trawls for the 
community to recover. 

The biggest problem in using this trawling method is that data are not measures of 
absolute abundance because collecting efficiency varies with structure of the net, mesh size, 
operating method, bottom conditions and species collected. In particular, structure and 
biomass of seagrasses greatly affect efficiency. Data collected by trawling are primarily useful 
for looking at population dynamics between sampling periods, providing that data can be 
calibrated with any changes over time in seagrass biomass. 

Small beam trawls are not effective for large fishes with sufficient mobility to avoid the 
net. Small otter trawls are more useful for collecting large fishes if these animals are required 
because of higher towing speeds and wider sweep area (Gilmore 1990). 

Techniques for Sampling Large Fishes and Invertebrates in Clear Water: 
Visual Census 

13.6.1 Introduction 
Fishes that are large or highly mobile cannot be reliably captured using small seines, drop 

traps or beam trawls. If waters are sufficiently clear, the best option for sampling such 
species is generally visual census (Harmelin-Vivien and Francour 1992). Although underwater 
visual census techniques are widely applied in studies of rocky reef fishes (Cheal and 
Thompson 1997, Edgar and Barrett 1999), they have only been sporadically applied in 
studies of seagrass beds, partly because seagrasses often inhabit turbid estuaries. Visual 
censuses nevertheless provides a powerful technique for assessing fish communities if 
conditions are suitable. 

13.6.1 Objective 
Quantitative estimation of the abundance of fishes and large epibenthic invertebrates in 

clear water environments. 
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13.6.2 Necessary Materials and Equipment 
�9 SCUBA diving gear 
�9 Rope with metre marks 
�9 Stakes or pegs 
�9 2 m measuring stick 
�9 Underwater notebook 
�9 Underwater camera, spear and collecting bag, and small gill net are optional 

13.6.3 Methods 

1. Set 100 m transect line (marked in metre increments) across sampling area. Both ends of 
the line should be fixed by stakes or anchors. 

2. Swim slowly and quietly with SCUBA beside the transect line, holding a 2 m (or 1 m for 
large, dense seagrass) stick parallel with the seabed and at right angles to the line. 

3. While swimming, observe fishes and large epibenthic invertebrates within 2 m of the 
transect line, and identify, count and record with estimated size if possible on underwater 
notebook. The fight side of the transect line should be traversed initially - the diver then 
returns back along the other side. Replicate 100 m transects should be conducted. 

4. If possible, fishes and large invertebrates sighted further than 2 m from the transect 
should also be recorded in a separate column in the notebook. This depends largely on 
water clarity. Underwater visibility, as assessed by the maximum distance seen along 
transect line, should be recorded. 

5. Diving observations should be repeated several times during the day because of changes in 
animal activity. Night transects should also be undertaken using torches if information on 
nocturnal and crepuscular animals is required. 

6. If necessary, for example in studies of food webs, fishes and large invertebrates can be 
collected using a spear or small gill net. 

7. Safety restrictions on time underwater and number of ascents per day should be 
determined beforehand and strictly adhered to. 

13.6.5 Trouble Shooting and Hints 
�9 When extensive seagrass beds are studied, manta-tows may be useful. A diver is 

towed by a boat with ropes and grip bar. As the boat motors slowly ahead, the diver 
observes, identifies and counts fishes. 

�9 Some species of fishes, such as siganids, and fish larvae can aggregate in large schools. 
In such cases, mean density estimates may deviate substantially from the true 
density, depending on the presence or absence of the school along the transect. 
Numerous replicate transect observations are required to avoid this bias. Schooling 
pelagic fishes may need to be excluded from analyses because they can grossly distort 
data sets, and are generally not closely associated with seagrass habitat. 
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13.6.6 Discussion 
Diurnal changes in activity of seagrass animals can cause large biases in visual counts. 

Most species have a clear diurnal rhythm. Therefore, the density of a seagrass fish should be 
estimated from the maximum density observed or from average of densities from several 
observations around the maximum density. Another problem with visual census is that the 
results can be affected by personal biases. The best way to reduce such problems is repeated 
observations by several divers, and comparison of the different estimates (Harmelin-Vivien 
and Francour 1992, for discussion of problems associated with visual census). 

Techniques For Sampling Large Fishes: Gill Net 

13.7.1 Introduction 
Nets that operate by gilling or otherwise entangling fish species sometimes provide the 

only viable method for assessing populations of large fish in an area (Howard 1989). The use 
of gill nets is recommended when large strongly-swimming animals need to be collected or 
when water is so turbid or dangerous to enter that visual observation techniques are 
unsuitable for large fishes. Unlike the other methods described in this chapter, gill nets 
operate over an undefined area, so information collected can only be used in a relative sense. 

13.7.2 Objective 
Estimation of the biomass and abundance of large fishes 

13.7.3 Necessary Materials and Equipment 
�9 Small boat or fiat-bottomed punt with standard safety equipment 
�9 Gill net (25 m monofilament panels- 38 mm, 63 mm, 105 mm stretched mesh size; 3 

m deep) 
�9 2 large anchor weights (>5 kg) per net with short ropes and clips 
�9 Float line with clip and buoy 
�9 Large ice chest for storing samples 
�9 Thick plastic storage bags (with date, site identification code and sample number 

written on bag in permanent ink) 

13.7.4 Methods 
1. An anchor weight is clipped to lead line of net and passed over side as boat reverses, 

followed by net, second anchor weight clipped to lead line and buoy rope clipped to float 
line. Net is set as straight as possible within confines of habitat type. 

2. Move to the next sampling location until at least three replicate nets have been set. 
3. Net is retrieved 3 hours later, with fish removed and placed in ice chest as net is pulled 

into boat. Net is reset for another 3 hours if possible. Optimum periods of sampling are 
the three hour periods centred on dusk, midnight, dawn and midday. 

4. In the laboratory, fish samples are subdivided by species, then counted, weighed, and sex 
and diet determined if required as part of study. 
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13.7.5 Trouble Shooting and Hints 
1. Incidental bycatch of species of high conservation significance (including otters, dolphins, 

turtles, dugong, manatee, sawsharks and platypus) should be considered before nets are 
set. If the likelihood of bycatch is high then nets should be checked for large animals at 
regular intervals (maximum 1 h). Net damage caused by seals can preclude gill netting in 
some areas. Permits will generally be required from relevant authorities; these should be 
obtained as soon as possible because permit restrictions may affect sampling plan. 

2. Heavy anchor weights and large floats are needed in areas of strong current flow. Areas 
with excessive currents, or areas with large accumulations of debris moving with current, 
cannot be gillnetted effectively during mid tide. Buoy may submerge during peak tidal 
flow - if missing on return, then site should be rechecked at low tide. 

3. Float lines should be sufficiently long to extend to the surface if net is dragged into deep 
holes by current, but excess line should be tied off to prevent entanglement with passing 
boats. 

4. Luminous glow sticks can be attached to buoy to aid night time retrieval, or GPS used. 
Local laws may have particular requirements regarding illumination of nets at night. 

5. Net mesh sizes can be varied by up to 3 mm from recommended sizes, depending on local 
net availability. Additional mesh sizes will allow capture of a greater range of species. 
Recommended extended size range for stretched mesh is: 25 mm, 38 mm, 51 mm, 63 ram, 
76 mm, 89 mm, 105 mm, 127 mm (Sogard et al. 1989 Potter et al. 1993). Stretched mesh 
size is twice knot to knot distance. 

6. If ice is not available, animals can be preserved using formalin. If gut contents are to be 
examined, formalin should be injected into body cavity using syringe or an incision made 
forward of anus to allow adequate preservation of digestive tract. 

13.7.6 Discussion 
The use of gill nets entails environmental costs that need to be considered before netting 

commences. Each overnight set of a gill net (50 m long, 105 mm mesh) in southwest 
Tasmania, for example, was estimated to remove 1.3% of all sharks from a 60 km 2 estuary 
(Edgar 1991). Bycatch of endangered species is also possible. "Ghost netting", which occurs 
when lost nets continue fishing for periods of months to years, can be avoided by precise 
location marking using GPS and use of heavy anchor weights. 

The greatest disadvantage of gill nets is their extreme size selectivity. Relatively slight 
changes in mesh size will cause large changes in size and species composition, hence variation 
from recommended mesh sizes should not exceed 3 mm. However, net length can be varied, 
particularly if numerous panels of different sizes are included. Data should be reported for 
each mesh size per 10 m length of net (and 3 h set), so results can be directly compared with 
catches made in other studies using similar mesh sizes. 

Because gill netting requires movement of fishes, the method is also greatly affected by 
animal behaviour, which in turn is affected by time of day, tide, water temperature, oxygen 
saturation, turbidity and a variety of other physical factors. Data on the physical 
environment and time of sampling should be reported with biological data. 
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If  different habitats or sites are sampled, then care should be taken to intersperse samples, 
which may entail greater logistic costs because of time spent moving considerable distances 
between replicate samples. Nevertheless, data collected from one habitat (or site) on one day 
is badly confounded when compared to data collected from another habitat (or site) on 
another day. 

For convenience, nets have been set from dusk to dawn in many studies. Because fish 
captured in nets can escape or be eaten by predators or scavengers (particularly isopods and 
crabs), data collected during overnight sets should not be divided by the number of  hours set 
for comparison with the recommended three-hour sets. The method is not recommended for 
use unless absolutely necessary. 

References 
Allen, DM, SK Service, MV Ogburn-Matthews. 1992. Factors influencing the collection efficiency of estuarine 

fishes. Trans. Am. Fish. Soc. 12 I: 234-244. 
Cheal, AJ, AA Thompson. 1997. Comparing visual counts of coral reef fish: implications of transect width and 

species selection. Mar. Ecol. Prog. Ser. 158:241-248. 
Coles, RG, WJ Lee-Long, RA Watson, KJ Derbyshire. 1993. Distribution of seagrasses, and their fish and 

penaeid prawn communities, in Cairns harbour, a tropical estuary, Northern Queensland, Australia. 
Australian J. Mar. Freshw. Res, 44:193 - 210. 

Connolly, RM. 1994. Comparison of fish catches from a buoyant pop net and a beach seine net in a 
shallow seagrass habitat. Mar. Ecol. Prog. Ser. 109: 305-309. 

Edgar, GJ. 1991. Seasonal distribution patterns of fishes within the Bathurst Harbour estuary. Pap. 
Proc. R. Soc. Tasm. 125: 37-44. 

Edgar, GJ, C Shaw. 1995a. The production and trophic ecology of shallow-water fish assemblages in 
southern Australia. I. Species richness, size-structure and production of fishes in Western Port, 
Victoria. J. Exp. Mar. Biol. Ecol. 194: 53-81. 

Edgar, GJ, C Shaw. 1995b. The production and trophic ecology of shallow-water fish assemblages in southern 
Australia. III. General relationships between sediments, seagrasses, invertebrates and fishes. J. Exp. Mar. 
Biol. Ecol. 194: 107-131. 

Edgar, GJ, N Barrett. 1999. Effects of the declaration of marine reserves on Tasmanian reef fishes, invertebrates 
and plants. J. Exp. Mar. Biol. Ecol. 242:107-144. 

Green, RH. 1989. Power analysis and practical strategies for environmental monitoring. Env. Res. 50:195-205. 
Gilmore, RG. 1990. Nekton: biomass and abundance, pp. 129-135. ln: RC Phillips, CP McRoy (eds.) 

Seagrass Research Methods. UNESCO, Paris France. 
Gilmore, RG, JK Holt, RS Jones, GR Kulczycki, LG MacDowell III, WC Magley. 1978. Portable tripod drop 

net for estuarine fish studies. Fish. Bull. 43: 253-260. 
Harmelin-Vivien, ML, P Francour. 1992. Trawling or visual censuses? Methodological bias in the assessment 

of fish populations in seagrass beds. P.S.Z.N.I. Mar. Ecol. 13:41-51. 
Hartman, RE), WH Herke. 1989. Relative selectivity of five coastal marsh sampling gears. Contr. Mar. Sci. 30: 

17-26. 
Howard, RK. 1989. The structure of a nearshore fish community of Western Australia: diet patterns and the 

habitat role of limestone reefs. Environ. Biol. Fishes 24: 93-104. 
Orth, RJ, J van Montfrans. 1987. Utilization of a seagrass meadow and tidal marsh creek by blue crab, 

Callinectes sapidus Rathbun. I. Seasonal and annual variations in abundance with an emphasis on 
juvenile stages. Mar. Ecol. Prog. Ser. 4: 283-294. 

Pierce, CL, JB Rasmussen, WC Leggett. 1989. Sampling littoral fish with seine: corrections for variable 
capture efficiency. Can. J. Fish. Aquat. Sci. 47: 1004-1010. 

Potter, IC, GA Hyndes, FM Baronie. 1993. The fish fauna of a seasonally closed Australian estuary. Is the 
prevalence of estuarine-spawning species high? Mar. Biol. 116: 19-30. 

Rozas, LP, TJ Minello. 1997. Estimating densities of small fishes and decapod crustaceans in shallow 
estuarine habitats: a review of sampling design with focus on gear selection. Estuaries 20:199-213. 



270 Edgar, Mukai and Orth 

Sogard, SM, GVN Powell, JG Holmquist. 1989. Spatial distribution and trends in abundance of fishes 
residing in seagrass meadows on Florida Bay mudbanks. Bull. Mar. Sci. 44: 179-199. 

Zimmerman, RJ, TJ Minello. 1984. Densities of Penaeus aztecus, Penaeus setiferus, and other natant 
macrofauna in a Texas salt marsh. Estuaries 7: 421-433. 

G. J. Edgar, Head of Marine Research,. Charles Darwin Research Station, Puerto 
Ayora, Santa Cruz, Galapagos, ECUADOR < gedgar@fcdarwin.org.ec> 

H. Mukai, Akkeshi Marine Station, Field Science Center for Northern Biosphere, 
Hokkaido University, Aikap, Akkeshi, Hokkaido 088-1113, JAPAN 
< mukaih@hucc, ho kudai, ac.jp > 

R. J. Orth, Virginia Institute of Marine Science, School of Marine Science, College of 
William and Mary, Gloucester Point, Virginia 23062, USA <jjorth@vims.edu> 



Global Seagrass Research Methods 
F.T. Short and R.G. Coles (editors) 
�9 2001 Elsevier Science B.V. All rights reserved. 

Chapter 14 

Measuring invertebrate grazing on seagrasses 
and epiphytes 

Valerio Zupo, Walter G. Nelson, M. Cristina Gambi 

Chapter Objective 

Description of the most effective methods to assess grazing rates, grazer preferences, and 
grazer impacts, in any seagrass system by vagile organisms living in the canopy or in the 
rhizome layer. These methods can be used to evaluate the general ecology of grazers in the 
seagrass ecosystem, and their application can lead to development of general models of the 
grazing food webs in seagrass systems. 

Introduction 

The scientific literature dealing with seagrass ecosystems is replete with studies of 
herbivores and grazing effects on constituent primary producers, including both seagrasses 
and micro- and macro-algal epiphytes (Cyr and Pace 1993, Jemakoff et al. 1996). While 
some generalizations regarding plant-grazer interactions have been proposed (Van Montfrans 
et al. 1984), the diversity of experimental approaches used in studies on grazing relationships 
in seagrasses makes global comparisons difficult. A standardized approach using effective, 
simple and reliable methods to measure the efficiency and the ecology of the main grazers in 
different systems would be highly beneficial in terms of ability to extrapolate results. 

There are three main pathways of energy transfer from primary producers to consumers 
in seagrass systems: consumption of (a) living tissues of seagrasses, (b) leaf detritus and 
proximate constituents and (c) algal epiphytes (Buia et al. 2000). The relative importance of 
each pathway may vary among seagrass systems depending on the life history of the 
primary structural plant species, the spatial patterns of the seagrass meadows, and the 
chemical composition of plant materials (Zupo 1993). For example, fast growing seagrass 
species tend not to invest in the production of defensive (e.g., polyphenolic) compounds 
(Cebrian and Duarte 1998). Climax type species invest more in defensive compounds, tend 
to be less directly grazed, and thus tend to be more stable substrata for supporting epiphyte 
production. The main consumers of seagrass leaves in most systems are fish, decapods and 
echinoderms, as well as large mammals and reptiles (Edgar 1990). 
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In most seagrass ecosystems, plant detritus plays an important role in the transfer of 
primary production (Ott and Maurer 1977). Broken and decaying leaves progressively lose 
their deterrent compounds via leaching to the surrounding water, while their organic content 
is enriched by a diverse community of microorganisms and fungi, which transform the 
structural carbohydrates and make the biomass more available to a larger group of consumers 
(Pirc 1985). Primary consumers of seagrass leaf detritus tend to be polychaetes, isopods, 
amphipods, decapods, and echinoderms. 

Epiphyte production is often comparable to the production of the seagrass substrate 
(Jones 1968, Penhale 1977). Their diversity of growth forms, short life cycles, and 
functional diversity, allow epiphytes to support the diverse community of grazers associated 
with seagrass leaves. The consumers of seagrass periphyton use a wide variety of feeding 
techniques, and include a diverse group of polychaetes, mollusks, isopods, amphipods and 
decapods (Mazzella and Zupo 1995). The spatial and temporal distribution of grazers often 
varies with the spatio-temporal availability of different plant materials, and any study on 
grazing activity must take into account these ecological variations of the system (Duarte et al. 
1994) in order to allow adequate comparisons among different seagrass systems. 
Experimental studies (Jemakoff et al. 1996, Duffy and Hay 2000) have also shown that 
invertebrate grazers may alter the species composition of the epiphyte and macroalgal 
species upon which they feed. 

Studies of grazers in the seagrass food web may need to examine both the dietary 
preferences of various species and the actual absorption efficiency of feeding, as many 
grazers may exhibit very low digestion efficiencies and consequently high organic contents in 
the fecal pellets. A complex of different factors, including palatability, availability, energy 
content, ease of ingestion and absorption efficiency, is responsible for the amount of energy 
available for a grazer (Hawkins and Hartnoll 1983); absorption efficiencies between 40% and 
75% are commonly reported (Peduzzi 1987). The most refractory compounds of plant 
epiphytes and seagrass leaves consist mainly of structural carbohydrates, which are both the 
most abundant in seagrass meadows and the most resistant to digestion. Therefore, while a 
grazer has the advantages of easily finding food with relatively low metabolic expenditures, it 
has the,considerable disadvantage of using an energy source characterized by high carbon and 
low nitrogen content (Orth et al. 1984) that is not easily digestible (Brawley 1992). Energy 
must be invested in the process of elimination of the excess of carbon and enrichment of 
nitrogen prior to assimilation of these readily available foods (Klumpp et al. 1992). 

Studies on the autoecology of a selected grazer (e.g., gut content analysis, fecal pellet 
analysis, feeding experiments, mesocosm experiments) may not require the evaluation of 
feeding activity at the population level. Therefore, either quantitative (suction sampler, 
corers, etc.) or non-quantitative (net driven by scuba divers, dip nets, traps, seine, beam 
trawls, gill nets) sampling gear may be used to obtain a sufficient number of individuals for 
the assessment of feeding preferences or absorption efficiency. 

In contrast, studies on the impact of grazers on the various production compartments of 
the seagrass system (e.g., AC, AN isotope ratios, elemental composition analyses) generally 
require quantitative sampling of grazer populations (Chapter 12) or the precise evaluation of 
bite marks at micro- (e.g., micro-grazers feeding on the epiphytic layer) or macro- (e.g., large 
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fish and echinoderms feeding on the seagrass leaves) scales. To maximize the accuracy of 
grazing population estimates, sampling methods should be selective for the stratum where 
the grazers primarily live (Mazzella et al. 1992): e.g., the leaf stratum, the rhizome layer, the 
scale environment (in seagrasses producing these structures), the litter. Autoecological 
results may be combined with analyses of the impact of various grazers within the seagrass 
community determined by quantitative sampling approaches, to derive general models of 
energy flow in the various seagrass production compartments in order to evaluate the 
aggregate impact of grazers in the system. 

The first step in any research on grazing is the determination of the diet of the main 
herbivores, in order to assess the main pathways of energy flow. Gut content and fecal 
pellet analysis conducted with a dissecting microscope may accomplish this task (Zupo and 
Fresi 1984). Although these techniques are to be considered only qualitative, semi- 
quantitative data may be obtained by enumerating, weighting or visually evaluating the 
abundance of each item identified. 

Other experimental approaches may take into account mainly the efficiency of digestion, 
the feeding preferences of selected species or may be directed at the evaluation of the total 
biomass grazed by the main consumers. A large number of techniques may be applied to 
measure the activity of grazers on seagrasses and their epiphytes for these purposes (Table 
14-1). In this chapter we will discuss only a subset representing the most reliable, low cost 
and easy to apply experimental approaches (identified in Table 14-1). The application of 
these techniques leads to comparable results, with low research effort. 

Table 14-1. Relative costs and benefits of different methods to evaluate the grazing activity of 
invertebrates. L-- Low; M= Medium; H = High, as a relative evaluation, among the described 
techniques. 

Method 

GUt content analysis (1-4.3.4 A) 
Fecal pellet analysis (14.3.4 B) 
Residual chlorophyll (14.3.4 C) 
Ingestion/egestion rate (14.3.5 B) 
Feeding preferences (14.4.4 B) 
Bite signature analysis (14.5) 
Image analysis (14.5.5 A) 
Enclosure experiments (14.6.4) 
Litter enclosure (Chapter 16) 

Resolution Level of technology Cost 

M . . . . .  L- ' 'L 
M L L 
H M M 
H L L 
H L L 
M L L 
H H M 
M M M 
L M M 

Quantitative Methods for the Evaluation of Grazing Activity in Vagile 
Organisms of the Leaf Stratum 

14.3.1 Introduction 
A set of methods may be applied to the direct quantification of grazing activity in small 

to medium sized vagile organisms living in the leaf stratum of any seagrass species (mainly 
polychaetes, isopods, amphipods, decapods, mollusks, and echinoderms). This set consists 
of three distinct methods, to be applied in sequence or individually: a) gut content analysis, 
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b) measurement of rate of ingestion, and c)evaluation of residual chlorophyll in the fecal 
pellets (Gambi et al. in press). 

14.3.2 Objective 
To identify the main grazers and to evaluate the impacts of these grazers on production 

compartments in a seagrass system using three methods: gut content, rate of ingestion, and 
residual chlorophyll in fecal pellets. 

14.3.3 Necessary Materials and Equipment 

Gut Content Analysis: 
�9 Petri dishes filled with paraff'm 
�9 70% alcohol 
�9 Vials 
�9 Glass Fiber Filters (GFF) 
�9 Drying oven (60~ 
�9 Scale 
�9 Desiccating chamber 
�9 Dissecting microscope and dissecting materials 
�9 Compound microscope (best if UV light is available) with slides 

Rate of lngestion/time of Egestion: 
�9 Vials 
�9 Selected, fresh sampled, plant items 
�9 Open or closed cycle, small aquaria (20-401) 
�9 Methylene blue water solution 

Evaluation of Residual Chlorophyll in the Fecal Pellets: 
�9 Open or closed cycle aquaria 
�9 Petri dishes 
�9 Vials 
�9 Dissecting microscope 
�9 Acetone 
�9 50% HC1 solution 
�9 Scale 
�9 Drying oven (60~ 
�9 Spectrophotometer 
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A) Gut Content Analysis: 
Specimens of the vagile fauna may be obtained by using sampling methods described in 

Chapter 12. They should be quickly frozen (-20~ to prevent further digestive breakdown 
of gut contents, and then fixed in 70% alcohol (Figure. 14-1a). After identification to species, 
individual specimens are stored in separate vials. For larger animals (e.g., sea urchins, 
holothuroids), dissection to remove guts may be performed without the aid of the 
microscope. However, the gut contents must be processed under a stereomicroscope in order 
to be classified and further processed. For smaller individuals (e.g., polychaetes, 
amphipods), the specimen should be placed in a drop of distilled water on a microscope slide 
and the dissection can be performed with the aid of steel needles under a stereomicroscope. 
Small samples of each item may be transferred to another microscope slide and taxonomic 
identification may be carried out using a compound microscope. Observations under UV 
light may help provide a quick identification of undigested plant items. All plant materials 
may be classified and separated, then collected using a Pasteur pipette. Prior to processing 
guts, GFF filters should be numbered with a permanent marker, dried (60 ~ C) for 48 h in a 
drying oven, and stored until used in desiccating chamber with silica gel or other desiccant. 
Each pool of plant materials is collected by pipette and transferred to the surface of the GFF. 
The filters are folded to prevent escape of materials, placed in aluminium packets, and dried 
(60~ until they reach constant weight. Their weight is recorded. In the case of larger 
animals (e.g., sea urchins) feeding mainly on plant materials, the use of filters is not 
recommended. In this case, the gut contents are analyzed under the dissecting microscope, 
and sorted into the main categories in distilled water. Each food item of each individual is 
then transferred to pre-weighed aluminium foil weighing boats and dried (60~ until they 
reach constant weight. 

B) Rate of Ingestion: 
Gut content analysis (Figure 14-1b) will detect the main grazers, i.e., animals whose gut 

contents contain more than 40% plant materials. The quantitative data obtained by gut 
content analysis must be combined with data on the rate of ingestion to obtain an estimate of 
the impact of each grazer on the system. Measurement of food ingestion may be obtained in 
the laboratory, but several biases (experimental conditions, quality of food, influence of 
additives necessary for exact quantification) can affect the results obtained. Measurement of 
the time of egestion can provide a quantification of the abundance of food ingested in a given 
time unit. Five individuals (minimum) of each species of grazer, for each size class, are 
starved for 24-48 h in separate vessels, covered with 1-mm mesh gauze (smaller mesh for 
polychaetes, caprellid amphipods, and other thin organisms). Any fecal pellets present are 
washed out of the container. An epiphytized fragment of seagrass leaf is offered to each 
individual to initiate feeding. After 2 hours, another fragment of epiphytized leaf, previously 
immersed in methylene blue (5 minutes, then washed in sea water) is offered for 15 minutes. 
Then, a new fragment of epiphytized leaf is offered. Each of the 5 individuals is examined 
every 5 minutes, and any fecal pellets produced are collected by a pipette and examined 
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under a stereomicroscope. The experiment ends when the first blue fecal pellet is produced, 
and the total time from the introduction of the pigmented leaf to the end of the experiment is 
recorded. 

C) Chlorophyll in the Fecal Pellets: 
Live specimens of the most important grazers are collected (Figure 14-1c) and 

immediately transferred to small aquaria. Five individuals of each species are isolated in 
individual vessels (or Petri dishes) covered with 1-mm mesh gauze. Based on the results of 
previous analyses, quantitative evaluation of the material ingested and the efficiency of 
digestion are focused on the preferred plant items. A small portion of the plant item under 
investigation is offered to each animal in individual vessels. Fecal pellets produced are 
removed daily, for four days, using a Pasteur pipette, transferred to a small vessel, and gently 
blotted with filter paper to eliminate excess water. Five ml of 90% acetone solution is added 
to each vessel. The sample is stored in a refrigerator at about 5~ overnight. The solution is 
centrifuged, fecal pellets are removed, washed in distilled water, centrifuged again and 
removed, prior to being dried (60~ 24h) and weighed. The chlorophyll a and c content in 
the supematant acetone is analyzed by spectrophotometry and evaluated by 
spectrophotometric equations (Jeffrey and Humphrey 1975). The solution must be then 
acidified (2 drops of 50% HC1) and re-analyzed to calculate the content in phaeopigments 
(Lorenzen 1967). The pigment content of fresh algae of the same species used for the 
experiment may be evaluated using the same technique, but these samples must be ground in 
chilled 90% acetone, since they are thicker and more compact than fecal pellets. 

Dissection Identification Collectit~n Drying and 

Starving l~eeding Blue Normal-rime 
item item record pellet 

Grazing Remove . . . .  F.P. remo~",fl. 
washing, c~ 

weighing 

First blue 

atone ov~ight weighing 

A 

B 

C 

Figure 14-1: Primary procedures to evaluate grazing activity in vagile 
organisms of the leaf stratum, as described in 14.3.4 A, B and C, respectively. 
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A) Gut Content Analysis: 
The dry weight of the content of each filter is calculated by subtracting the dry weight of 

the pre-weighed filter from the f'mal weight of the filter + dried gut content material. The 
average weight of each plant item (micro- or macro-algae, large categories of macro-algae and 
seagrass tissues, or taxonomic identification of each plant item) is calculated using at least 10 
individuals for each grazer species. The average weight of each plant consumed (mg dw �9 
individual "l ) is obtained for each species. This allows for the ranking of food preferences and 
may be combined with the results of the next two techniques, to obtain the average impact of 
grazers on each plant item. 

1)) Rate of lngestion: 
The average time of egestion is computed from the 5 replicate measures (our experience is 

that 5 is usually sufficient but see Chapter 4 for power analysis). The weight of plant 
materials in the gut contents (from A above) is multiplied by this value to obtain the average 
rate of grazing per individual (g h "l individualL). The relative activity of the main grazers 
impacting the system may be compared by ranking species in decreasing order of grazing 
rate. 

(7) Chlorophyll in the Fecal Pellets: 
The difference between values for pigments in fresh algae items and those in the fecal 

pellets is calculated, and the values are expressed as weight percentage of the undigested 
chlorophyll content. This procedure allows for the evaluation of the digestion efficiency of 
organisms with respect to chlorophyll, and for the calculation of percent of biomass returning 
to the system after the grazer activity. The chlorophyll content (~tg chl �9 mg dw "l) of fecal 
pellets produced on each of the four days is analyzed individually, in order to calculate the 
average efficiency (% digestion) and to detect any change in the feeding activity of animals 
during the experiment, due to depletion of the preferred epiphytes (Gambi et al. in press). 

14.3.6 Trouble Shooting and Hints 

A) Gut Content Analysis: 
Small individuals may be difficult to dissect. However even the gut of very small (2-3 

mm) polychaetes may be extracted very accurately if ophthalmo-surgery scissors are used. 
Preliminary practice to develop techniques is encouraged. The gut of small (2-3 mm) 
decapods and gammarid amphipods may be easily obtained by simply inserting the tip of the 
tweezers under the rear part of the carapace, then lifting up: the gut normally remains 
attached in the anterodorsal end and may be easily collected. It is preferable to open the 
smaller guts directly on the surface of a microscope slide to avoid loss of materials in a larger 
container. Each item may be moved to a different sector of the slide, in separate drops, prior 
to collection and transferral to GFF filters. For very small individuals and inconsistent 
amounts of gut contents, the residual water in the GFF may represent a large bias. In this 



278 Zupo, Nelson and Gambi 

case, a drop of distilled water containing the gut content may be transferred on the surface of 
a small (2 x 2 cm) pre-weighed piece of aluminium foil, to be folded and dried until constant 
weight. Similar analyses may be performed on the fecal pellets obtained by individuals 
recently (not more than 1-2 h) sampled and transferred to laboratory aquaria. This technique 
is very easy, because it is not necessary to dissect specimens, but only to collect their fecal 
pellets with the aid of a pipette. However, a large bias is present in this approach due to 
variation in digestion efficieneies among food items. Typically only relatively indigestible 
materials such as fibers, diatom frustules, resistant forms, or calcified organs are well 
conserved. Therefore, preferred foods that have been well digested may be under evaluated, 
and the dry weight estimate is biased by the portion of food completely absorbed. 

B) Rate of  lngestion: 
Some species do not respond immediately to blue coloured food. In this case, the time of 

egestion must be calculated starting from the moment in which the animal actually contacts 
the leaf fragment for the first time. Blue fecal pellets are not always easy to detect with the 
naked eye, but they are very clearly identifiable under a dissecting microscope. A continuous 
flow of water on the top of vessels (covered by a gauze to prevent escape of experimental 
organisms) immersed in small aquaria must be provided, to avoid bias due to poor 
environmental conditions for the test organisms. In such conditions, animals may exhibit 
escape responses rather than normal feeding. Some invertebrates have tropic movements due 
to light, position on the leaf axis, etc. It is necessary to consider these behavioural variables, 
and to place the leaf fragments or other food sources in the fight position to be quickly and 
easily reached. 

C) Chlorophyll in the Fecal Pellets: 
Several small individuals may be pooled in the same vessel and their fecal pellets 

analyzed together, if the product of single specimens have a chlorophyll content which is not 
detectable by spectrophotometry. However, when the absorbance is too low to be detected 
by spectrophotometry, the acetone solution may be analyzed by a fluorometer, to estimate 
at least the chlorophyll a content (Lorenzen 1967). 

14.3.6 Discuss ion 
The set of experiments described allows for a direct measure of the quality and quantity 

of plant food ingested, and of the efficiency of transfer of grazed materials to the vagile fauna 
compartment within the seagrass food web. The techniques can be applied with the normal 
technical apparatus available in most laboratories and do not require particular experience, 
besides some practice in the dissection of invertebrates. The information collected is direct, 
detailed and referred to single species of grazers. A disadvantage is the considerable time in 
the laboratory required. The three techniques above mentioned may also be applied 
separately to obtain partial data on the grazing activity of selected organisms. 
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Other Methods for the Evaluation of Grazing Activity in Vagile Organisms 
of the Leaf Stratum 

14.4.1 Introduction 
Both qualitative and quantitative methods may be used to investigate feeding preferences 

of various grazers. These techniques can be used to obtain both food selection preferences 
and relative rates of herbivory to compare the grazing impacts of various species. We will 
discuss two types of methods that may give the most reliable results with the minimum of 
research effort: a) plant consumption experiments, and b) feeding preference experiments. 

14.4.2 Objective 
Obtain estimates of consumption rates by vagile grazers of seagrasses, seagrass 

epiphytes, and other seagrass meadow carbon sources (macroalgae, detritus), and use these 
estimates to determine feeding preferences. Identify the most important grazers in a seagrass 
system and rank the grazing activity of all species considered. 

14.4.3 Necessary Materials and Equipment 

A) Plant Consumption Experiments 
�9 Plant material within each category 
�9 Sufficient specimens of target grazing species 
�9 Glass bowls, beakers or jars 
�9 Open or closed cycle aquaria 
�9 Balance 
�9 Electronic image analysis system (optional) 

B) Feeding Preference Experiments 
= Petri dishes, 25-cm diameter, divided in 6 chambers by means of plastic walls 
�9 Plant items 
�9 Individuals of the selected grazers, recently sampled and in optimal condition 
�9 Calipers 
�9 Seawater aquarium 
�9 Timer 
�9 Camera (optional) 

14.4.4 Methods 

A) Plant Consumption: 
Collect sufficient plant material within each category for which a consumption rate or 

preference estimate is desired. Collect sufficient specimens of target grazing species to 
provide multiple specimens per replicate for each consumption trial. Care should be taken to 
insure that grazers selected for each replicate within a treatment are either selected at random 
from a large pool of specimens, or balanced among treatments with regard to factors such as 
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average size and sex distribution. If desired, experiments may be run using specific size 
classes or sexes of grazing organisms. Starve all animals for 24 hrs or for an appropriate 
period (i.e., gut clearance), to insure equivalent hunger among specimens (Figure 14-2a). 
Obtain wet weights of grazers immediately prior to the start of the experiment. Place known 
wet weights of target substrates in glass bowls, beakers or jars with seawater, and introduce 
the grazers. Alternately, known areas of target substrates may be used. Allow grazers to 
feed for a standard time period. Remove grazers and obtain wet weights of plant materials 
consumed. Alternately, utilize image analysis methods (Section 14.5) to compute area of 
plant material consumed. If desired, ratios of dry biomass to area of food items may be 
computed by drying and weighing known areas of food items, dry weights of grazers may be 
obtained, and consumption may be expressed on a dry weight basis. 

B) Feeding Preference: 
In order to investigate food selection by a species, experiments in multiple chambers may 

be used (Figure 14-2b). Petri dishes of 25 cm diameter are divided into 6 chambers by means 
of plastic walls. A plant item is placed in each chamber (e.g., 5 cm sections of seagrass leaves 
categorized by varying degrees of epiphytization, such as meristems not epiphytized; lower 
segments, lightly epiphytized with diatoms; green parts epiphytized with encrusting algae; 
green parts highly epiphytized with erect algae; brown parts lightly epiphytized with erect 
algae; brown parts highly epiphytized with erect algae). Grazers are divided into 3 main size 
classes based on the size range of individuals sampled. The Petri dish is filled with seawater, 
and at least five individuals per size class of each species (starved 24 hours) are placed into 
the center of the dish. The dish is covered with mesh and placed in an aquarium. 

A qualitative estimate of feeding preference (% preference for each of 6 food items) may 
be obtained by recording the association of grazers with different food types. The number of 
individuals present in each chamber (numbered from 1 to 6) is recorded at five 30-min time 
intervals. Alternatively, a photo may be obtained at the same time intervals and numbers can 
be counted from the series of photos. Fifteen replicates are performed for each size class, to 
allow evaluation of statistical differences among food items. 

A quantitative estimate of relative preference can be computed by providing food items 
that have been preweighed or premeasured for initial area. The experiment will need to 
continue until an observable distinction in consumption between most and least preferred 
food items is present. Consumption rates (mg dw of plant consumed �9 nag dw grazer body 
mass ~ h ~) may be evaluated by the methods described in section B below. 

14.4.5 Data Processings and Analysis 

,4) Plant Consumption: 
Compute a consumption rate as wet weight ingested per wet weight of grazer per unit 

time (Zimmerman et. al. 1979). Alternately, compute consumption rate as area ingested per 
wet weight of grazer per unit time, and use regressions of substrate area to substrate wet 
weight to convert to wet weight consumed (Table 14-2). Alternately, compute consumption 
rate on a dry wt basis. Use regressions of substrate area to substrate dry wt, and convert 
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substrate area consumed to substrate dry wt consumed. Express consumption per unit dry 
wt of  grazers. 

B) Feeding Preference: 
For the qualitative examination of  feeding preference, the average values for all replicates 

and for each time interval, are computed. The total time of  presence in each chamber (food 
item) is computed for each size class. Plots may be produced to illustrate the trends of  
movements between food items during the time of the experiment. The species tested may 
be ranked according to the time values of  their association with different food items. 

Table 14-2. Example of computation of data for plant consumption experiments 

' Weight at Weight aider Biomass ' Computed consumption 
start (rag) 6 h (mg) consumed (mg) 

Grazers 10 12 2mg / i'0 mg / 6 h 

Food items 100 98 2 Yielding: 
0.03 mg algae �9 mg consumer ~ hr l 

For the quantitative estimate of  feeding preferences, Hay et al. (1988) point out that the 
simultaneous exposure of  multiple food items means that they are not independent, and 
contingency table analyses rather than ANOVA methods are appropriate. The two most 
heavily consumed species in each replicate are classified as high preference, and all other 
species are classified as less preferred. Based on a 2 x n (n = number of  food types) 
contingency table (e.g., Table 14-3, frequencies in column 5), the simultaneous test procedure 
(Sokal and Rohlf 1995, Box 17.5) is then used to determine which species differ from other 
species in frequency of  occurrence in the high preference category. 

Table 14-3. Example of preparation of data for analysis from the feeding preference technique. 
Following step 5, analyze data with the simultaneous test procedure, STP (Sokal and Rohlf 
1995). 

(1) 
Food 
Type 

. . . . . . .  , . . . . . .  . . .  , , 

(2) (3) (4) (5) 
No. of replicates in No. of replicates in Proportion of Reorder columns 1- 
which food type has a which food type has a replicates that 3 based.on column 
High preference Low food preference a food item is (4), and conduct 
ranking (1 or 2) n---25 ranking (3-6) High ranked STP analysis 

"' 2 . . . . . .  23 .08 C ...... 21 4 
15 10 .60 B 15 10 
21 4 .84 D 5 20 
5 20 .20 F 5 20 
2 23 .08 A 2 23 
5 20 .20 E 2 23 
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14.4.6 Trouble Shooting and Hints 

,4) Plant Consumption: 
Attention should be given to the general health condition of grazer specimens used, since 

animals in poor condition may feed in an abnormal way and may bias the data obtained. 
Since this experiment represents a simplified model of a natural environment, the data 
obtained may differ significantly from what is observed in the field, and parallel field 
experiments (Section 14.6)'should be considered. Use of dry weight to express consumption 
rate may increase data precision relative to wet weight measurements, but will require several 
extra processing steps. For relative comparisons of plant consumption, wet weight 
measurements are generally adequate. 

Starve 24 h Weigh plant 
items and 

grazers 

! i 
t_ i l  

Store Weigh 
together again 

12h  

Prepare a Add 6 plant Acid 5 ind. Check at 
6 sector Petri items in the center 3o rain time 

inten~als 

A 

B 

Figure 14-2: main procedures to evaluate feeding preterences and measure 
consumption, according to 14.4.4 A and B. 

B) Feeding Preference: 
Sometimes a decrease in movement may be observed in the last hours of the experiment, 

as after the first feeding burst, starved animals of some species tend to reduce their 
movement. In general, and especially for very mobile animals, it may be preferable to use 
only movements after the first 30 minutes, as the initial reactions may relate more to escape 
responses and post-starvation feeding; taking into account the first record could bias the 
results. 

14.4.7 D i s c u s s i o n  
The first technique can be used both for the investigation of food preferences and for an 

approximate quantification of the animals' grazing efficiency. The second technique is best 
adapted to small, relatively slow moving species (e.g., mollusks, polychaetes), and is 
appropriate only for the investigation of simple hypotheses about the food preferences of 
grazers. If the investigator is interested in assessment of potential impacts of invertebrate 
grazing on the epiphyte community structure, selection of food categories for feeding 
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preference experiments using the functional group approach of Steneck and Dethier (1994) 
may be particularly useful. 

Signature, Image Analysis and Techniques for Assessing Effects of 
Grazers and Borers 

14.5.1 Introduction 
The activity of grazers and borers is one of the processes that may have a major influence 

on seagrass production and dynamics, since these organisms can remove large quantity of 
living and detritus plant biomass. In addition, bite marks and bored galleries have other 
important ecological impacts by increasing the rate of decay of tissues, favoring both 
mechanical fragmentation and microbial activity. 

Traces of grazing may be analyzed either visually (Mazzella and Russo 1989, Gambi et 
al. 2001) or by using techniques of image analysis, both to obtain estimates of average 
consumption (Hily et al. 2000) and a qualitative indication of the feeding preferences of 
various grazers. The basic techniques of image analysis will be described for (a) surface 
grazer impacts, and (b) borer impacts. 

Organisms boring into seagrass tissue are either polychaetes of the family Eunicidae 
(George and Hartmann-Schroeder 1985, Guidetti et al. 1997, Gambi 2000) or isopods of the 
family Limnoriidae (Cookson 1991, Cookson and Poore 1994). Isopod borers into living 
seagrass leaves (defined as "miners") are specialized mesoherbivores and have been found in 
Australian and Caribbean seagrass systems (Brearley and Walker 1993, 1995, 1996, van 
Tussenbroeck and Brearley 1998). Other isopods and the polychaetes bore mainly into 
seagrass leaf detritus (Gambi and Cafiero 2001), and have also been found in the sheaths 
(former leaf bases) on rhizomes of the Mediterranean seagrass Posidonia oceanica (Guidetti 
et al. 1997). Polychaete borers of Posidonia sheaths occur primarily on orthotropic 
rhizomes (including dead ones, Gambi 2000, Guidetti 2000), while isopods may also occur 
on plagiotropic rhizomes (Gambi pers. observ.). Thus, borer organisms in Posidonia are 
most efficiently sampled by collecting orthotropic rhizomes. Based on the available data 
polychaetes are quite constant throughout the year (Gambi 2000), while isopods show a 
more seasonal occurrence, being abundant mainly in the summer season. Rhizome and shoot 
material for analyses of borer colonisation can be obtained using standard biomass collection 
methods (Chapter 7). However, to reduce impact, especially for species such as P. oceanica, 
a collection of 40-50 shoots per sample-station (monthly or seasonally collected) should be 
sufficient (Gambi and Cafiero 2001, Gambi 2000). 

14.5.2 Objective 
Describe methods for image analysis of grazed surfaces and methods for assessment of 

abundance and feeding activity of organisms boring into both living and detrital seagrass 
tissues. 
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14.5.3 Necessary Materials and Equipment 

A) Image Analysis of Grazed Surfaces 
�9 Petri dishes or small aquaria filled with clean seawater 
�9 Balance 
�9 Callipers 
�9 Drying oven (60~ 
�9 Computer equipped with a scanner and an image analysis software 
�9 Microscope with digital camera (optional) 

B) Feeding Activity of Borer Organisms 
�9 Balance 
�9 Micrometer 
�9 Drying oven (60~ 
�9 Computer equipped with a scanner and image analysis software 
�9 Callipers 

14.5.4 Methods 

A) Surface grazer impacts: 
Segments of seagrass leaves (about 2 cm length) are examined under a compound 

microscope. Still images of 1-cm segments are obtained by the camera connected to the 
microscope and recorded in electronic format, to be compared to the same areas after the 
action of grazers. Leaf segments are subsequently offered to individual grazers (starved 24 
hours) of known size by placing them with the grazers in Petri dishes or small aquaria 
(according to the size of grazers) for 24 hours. The grazers are removed and the fragments 
are again examined under the microscope for the presence of bite marks on the margins of 
leaves or on the leaf surface, also in correspondence of the previous presence of epiphytes. 
The areas removed by grazers are revealed by the camera connected to the microscope, and 
quantified using an automatic software routine of profile definition (e.g., Image Pro Plus, 
Media Cybemetics Inc.). Alternatively, they can be assessed manually, by drawing on the 
computer monitor (after setting the size of the whole area, using the routines of the image 
analysis software) the areas of epiphytes and/or leaf that have been removed by grazers. In 
the case of leaves, area should be converted to leaf weight. A catalog that associates specific 
bite marks with species may be created according to Boudouresque and Meinesz (1982). 

B) Borer impacts: 
Estimates of consumption can be performed by simply weighing (dry weight) the bored 

leaf sheaths and comparing them to values obtained by the analysis of unaffected ones 
(Guidetti 2000). Consumption can be better estimated by means of an image analysis 
technique (Figure 14-3). Bored sheaths are placed on an electronic scanner, preferably one 
with the slide (transparency) attachment. The image file can be imported into any image 
analysis software program, and the area of the bored galleries can be calculated. Area is 
converted into sheath volume by measuring the sheath thickness with a manual micrometer 
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about 1 cm above the sheath insertion on the rhizome, with the same technique used for 
lepidochronology (Pergent 1990). A similar technique may be applied to estimate tissue 
removal from leaves by miner isopods in other seagrass species. 

14.5.5 Data Processing and Analysis 

A) Surface Grazer Impacts: 
The areas subtracted from leaves and plant epiphytes, calculated by image analysis by 

comparing the microscopic photos of 1 cm 2 taken before and after the action of grazers, must 
be multiplied by the conversion factors (Chapter 7) to obtain an estimate of the dry biomass 
grazed. 

B) Borer Impacts: 
Frequency of borer colonisation can be quantified by applying several simple indices 

(Gambi 2000): Index of borers (IB= percentage of rhizomes hosting borers over the total 
rhizomes analysed); Index of traces (IT = percentage of rhizomes with only empty traces of 
borers - galleries in the sheath mesophyll, holes and piercing grooves on the sheath epidermis 
- over the total rhizomes analysed); Index of colonization (IC = IB + IT); Index of herbivory 
(IH= percentage of rhizomes with living tissues bored over the total rhizomes analysed). 

Abundance of borers is converted to a m 2 basis by multiplying the number of individuals 
found in each sample by the shoot density at that given station, and dividing by the number 
of rhizomes analysed in that sample. 

In order to estimate the sheath weight (mg dry wt) removed by borers, a relationship 
between sheath volume and its weight is performed by analyzing a number of intact sheaths 
of different thickness (Gambi et al. 2000). For example, the regression between Posidonia 
sheath volume and sheath weight may be approximated by the following equation: 

weight (mg dry wt) = 0.0985. measured volume (mm 3) - 3.0094 

(R 2= 0.75, p <0.01; N = 30). 

Based on this relationship, sheath volume removed by borers is converted into weight, 
and the percentage of sheath weight removed by borers with respect to the sheath total 
weight is calculated (Gambi et al. 2000). 

14.5.6 Trouble Shooting and Hints 

A) Surface Grazer Impacts: 
The experiment must be replicated to obtain average data on grazing activity of selected 

species. 

B) Borer Impacts: 
Since miner and borer isopods can be quite mobile and can exit the leaves or sheaths after 

collection, the shoots should be collected in a plastic bag, the water inside the bag sieved and 
the residue checked.under a dissecting microscope for collection of specimens, before fLxation 
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in 4% formaldehyde On the contrary, polychaete borers show very low motility, and stay 
generally inside of sheaths, where they can be found even several days after collection of 
rhizomes 

Figure 14-3 Procedures to evaluate borer impacts according to Section 14 5 4 

14 5 7 Discussion 
Two different boring strategies and resultant traces can be recognized: borers that 

consume the whole section of leaves and borers within the leaf lamina that consume specific 
tissues The traces of the former species are represented by long and narrow galleries inside 
the mesophyll along the main axis of leaves, which have almost the same size as the boring 
organisms The galleries leave the epidermis above and below the burrow intact 

Gallery length and width can be measured to estimate grazing impact, but no timing of 
colonization nor rate of grazing can be extrapolated from these measures Isopod miners that 
graze upon specific leaf tissues generally enter the leaf base and consume large amounts of 
tissues The morphology of the borer traces in Posodonia oceanica sheaths, as well as their 
location within the scale and along the rhizome, is well differentiated between different 
groups of borer organisms It is relatively easy to distinguish between traces and bite marks 
made by polychaetes and those made by isopods (Gambi et al 2000) The method may be 
applied at low costs if a personal computer with a scanner is used and shareware image 
analysis software is employed (e g ,  "FIASCO", available on line: www lib stat cmu edu) 

I ~  Techniques for Assessing Grazing Impacts in the Field 

14 6 1 Introduction 
The examination of grazing impacts in the laboratory requires removal and transport of 

both the seagrass substratum and the grazers of interest, potentially introducing artifacts 
resulting from the disturbances to both components of the grazing interaction While subject 
to their own set of possible artifacts, short-term field experiments may reduce some sources 
of disturbance, and are recommended if local conditions allow Conduct of parallel laboratory 
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and field experiments is often an optimal approach to insure that results obtained are 
realistic. Experimental arenas for grazing measurements must be scaled to the organisms 
under study. Small, sealed chambers enclosing individual plants may be appropriate for 
grazers such as smaller gastropods (Robertson and Mann 1982) or crustaceans, while larger 
invertebrate grazers such as sea urchins (Keller 1983, Valentine and Heck 1991), larger 
gastropods (e.g., conch, Stoner et al. 1995) and crustaceans may require pen type enclosures 
of much larger size. 

14.6.2 Objective 
Obtain quantitative, in situ estimates of grazing impacts by mobile invertebrates on 

seagrasses and/or associated epiphytes. 

14.6.3 Necessary Materials And Equipment 

A) Small Grazers 
�9 Transparent acrylic plastic tubing, 7.6 cm diameter or other appropriate size 
�9 Transparent acrylic sheet plastic mesh (1 mm) 
�9 Rubber stoppers, split with central hole 
�9 Silicone cement 
�9 Support poles and plastic cable ties 
�9 Plastic bags, waterproof label paper; razor blade, scalpel, or scissors for harvesting 

plants 
�9 Preweighed coarse filter papers or aluminium weighing boats, razor blades, scalpels, 

or cover slips for removing epiphytes, illuminated 3x magnifier or dissecting 
microscope, balance. 

B) Large Grazers 
�9 Wooden support stakes, plastic mesh or fish net 
�9 Small marker stakes 
�9 Plastic bags, waterproof label paper; scissors or clippers for harvesting plants 
�9 Drying oven 
�9 Balance 

14.6.4 Methods 

A) Small Grazers 
1. Construct experimental chambers from lengths of the acrylic tubing, setting the length of 

the tube to exceed the maximum length of the seagrass species to be investigated. Close 
one end of the tube by cutting a piece of acrylic sheet and gluing it to the tube with 
silicone cement. Some plastics suppliers can provide precut, circular acrylic pieces to 
match tubing diameters. Drill a number of 3-cm diameter holes along the tubing length 
and cover openings with l-ram plastic mesh glued to the tubing with silicone cement. 
Holes are designed to allow water movement through the tube. Closing the base of the 
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tube may be accomplished in two ways: a large, split stopper of a diameter matching the 
tubing may be used, or a piece of acrylic sheet with a central hole drilled in it may be 
glued to the tubing, and a smaller diameter split stopper, e.g., 1.5 cm, may be used. A 
larger opening will make installation easier, but may not be appropriate for all seagrass 
morphologies. 

2. For experiments that attempt to assess the grazing impacts of specific invertebrate 
species, the main comparison will be between tubes with and without the grazer under 
study. In this case, chamber controls should be constructed in the same way as above. 
For experiments which seek to determine whether an invertebrate grazer or suite of 
invertebrate grazers at ambient densities are having a controlling impact on epiphyte 
communities, chamber controls must be modified. In this second design, target grazers, 
e.g., gastropods or urchins, are removed from plants that are isolated in experimental 
chambers. In addition to the grazer exclusion treatment, a treatment that allows grazer 
access to chambers is required in order to be able to separate artificial caging effects. 
Chamber controls must therefore be modified by drilling additional holes of a size 
appropriate for the grazer species, which are left uncovered to allow free entry of grazers. 
~'inally, a number of plants equal to the treatment replicate number is sampled from the 
surrounding seagrass bed at the beginning and end of the experimental period. 

3. To initiate an experiment, grazers are removed or added as required by the experimental 
design, and the split stopper is placed around the base of the plant. Grazer removal may 
be effected by picking animals off the plants, or by brief agitation to dislodge animals. 
Enclosing the plant in a plastic bag, squeezing out the seawater, and replacing the water 
with freshwater from a large syringe may also be tried to remove animals. The 
experimental tube is then lowered over the seagrass plant and the stopper is inserted into 
the base of the tube. The supporting pole is driven into the bottom adjacent to the tube, 
and the tube is secured to the pole. Plastic cable ties are an inexpensive, rapid method to 
attach the tube to the supporting pole. To avoid introduction of bias, plants should be 
randomly assigned to an experimental treatment. Care is taken to adequately intersperse 
experimental treatments by randomizing their locations along one or more transect lines 
or within a grid laid out in the seagrass bed. 

4. To terminate an experiment, the plant should be severed from the rhizome where it enters 
the rubber stopper. The seagrass and grazers contained in the tube should be transferred 
to labeled plastic bags and transported to the laboratory for processing. 

5. Grazers are counted and biomass determined if desired. The epiphytes are removed and 
quantified. The seagrass substrate is examined for evidence of direct grazing, bite marks 
are described, and direct seagrass consumption is quantified. 

B) Large Grazers 
Construct experimental enclosures using wooden stakes to support plastic mesh or fish 

net of a mesh size appropriate to the organism under study. The size of the enclosure is 
determined by the size of the organism, the duration of the experiment desired, and by local 
physical conditions such as current velocity or water depth. A typical example for a sea 
urchin experiment used 1 m 2 circular cages with 3 cm mesh screen (Valentine and Heck 1991). 
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Experiments with large invertebrate grazers will tend to focus on the effects of grazing on 

the seagrass itself, although in some cases (e.g., Stoner et al. 1995), the focus may be on 
epiphytes of seagrass or litter material. Experimental treatments optimally range from a 
grazer density of zero to the maximum density of grazers observed in the natural system. It 
is valuable to also have density treatments spanning this range. Install all enclosures, taking 
care to adequately intersperse experimental treatments by randomizing their locations along 
one or more transect lines or within a grid laid out in the seagrass bed. Any grazers of the 
test species should be removed from all enclosures. Grazers should be measured and 
introduced at experimental densities to enclosures, attempting to add similar mean sizes for 
all replicates. 

Assess grazing impacts by clipping all seagrass within multiple, small patches (e.g., 3 x 
0.01 m 2) within each enclosure on each sample date, placing the seagrass blades into labeled 
plastic bags. Macroalgae within sample patches are collected and placed in separate, labeled 
bags. Mark the center of each clipped patch with a stake to prevent resampling. A typical 
experiment samples seagrass immediately before grazers are introduced (Day 0) as a basis for 
evaluation of subsequent changes in biomass, and at weekly intervals for 3-4 weeks 
thereafter. Shorter sampling intervals and experiment duration may be required if 
consumption rates are very high. Census grazers on each sample date to insure treatments 
are being maintained. Add grazers of suitable size if animals die or are lost. Place seagrass 
and macroalgae in a drying oven at 60 ~ C for 24 hrs and weigh. 

.... Epiphyte ~ 
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Drying and 
weighing 

A 

. . . . .  Periodical Drying and 
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Figure 14-4: Main procedures for assessing grazing impacts in the field 
according to Sections 14.6A (upper) and 14.6B (lower) 

14.6.5 Data Processing and Analysis 
l. For large grazers, the usual variables measured are dry wt of seagrass or macroalgae per 

0.01 m 2. The magnitude of differences in the variable between inclusion treatments 
compared to the zero density treatment indicates the effects of grazers. To avoid 
pseudoreplication in the analysis, calculate a mean for the n=3 patches within each 
enclosure and conduct statistical analyses with these mean values. 

2. For both small and larger grazer experiments, the means of measured, or derived (e.g., g 
epiphytes �9 cm -2) variables may be compared using a t-test (two treatments) or one-way 



290 Zupo, Nelson and Gambi 

ANOVA (two or more treatments). Prior to using these parametric statistical tests, data 
are tested to determine if assumptions of these tests (normality, homogeneity of 
variances) are met. If assumptions are violated, use of appropriate data transformations 
should be examined, and if assumptions are still violated, analyses are conducted using 
equivalent non-parametric statistical approaches. 

14.6.6 Trouble Shooting and Hints 
Variability in initial conditions among experimental replicates within a treatment will tend 

to be much higher in field experiments than in laboratory experiments. Therefore, detection 
of statistically significant differences may require a high number of replicates per treatment 
(e.g., 10 replicates per each of 5 grazer density treatments, Valentine and Heck 1991). 

Chance events have a high probability of affecting at least a few replicates of any field 
experiment. If logistically possible, it is desirable to include several extra replicates in each 
treatment above the minimum required as insurance against loss or damage of replicates 
during an experiment. It is also desirable to inspect field experiments frequently to guard 
against artifacts arising which may bias results, for example, drift algae or excessive fouling of 
screens preventing water flow. The appropriate duration of a manipulative field experiment 
is a trade-off between the time required to observe an effect of the manipulation, and the 
desire to avoid an accumulation of experimental artifacts which tend to increase over time. 

14.6.7 Discussion 
The use of field enclosure experiments provides an assessment of grazing impacts in 

seagrass systems under relatively natural conditions. Similar enclosure approaches have been 
widely used in rocky intertidal systems (Lubchenco and Gaines 1981). The small grazer 
experimental approach is adapted from a design by Robertson and Mann (1982) and can be 
applied to several seagrass species (Robertson and Mann 1982, Klumpp et al. 1992). The 
acrylic tube design can also be used in the field to assess grazer-feeding preferences by 
placing various potential substrates, such as seagrasses or algae, individually inside the tubes 
along with known densities of grazers. Alternately, by coveting the ends of the tubes with 
mesh of varying sizes, grazers of specific size ranges can be excluded or allowed access, and 
consumption can be compared among treatments (e.g., Geertz-Hansen et al. 1993). 

For larger grazers in deeper waters, enclosures must include removable tops to prevent 
emigration of grazers if they are able to climb the mesh (Keller 1983). Measurements of the 
grazing rates of sea urchins may also be made in laboratory aquaria. 
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Chapter 15 

Methods for assessing the grazing effects 
of large herbivores on seagrasses 

Chatcharee Supanwanid, John O. Albertsen, Hiroshi Mukai 

Chapter Objective 

To provide field techniques for measuring and assessing large animal grazing of seagrass, 
the abundance and grazing rate of the animals, and the post-grazing recovery rate of seagrass. 

E ~  Overview 

Various kinds of large marine animals feed on seagrass including dugongs, manatees, green 
turtles, sea urchins, fishes and waterfowl (McRoy and Helfferich 1980, Pollard 1984); many 
of these species are threatened or endangered. As primary consumers, these herbivores are 
very important for seagrass ecosystems and may have a considerable impact on seagrasses in 
a given area. To assess the grazing effect animals have on seagrasses, we need to know their 
abundance in the study area, their feeding rates, and the recovery rate of the seagrass aRer 
grazing. From this data, it is possible to establish an estimate of the ability of a given 
seagrass bed to support grazing. Techniques for mapping the exact extent of the seagrass 
available for grazing (Chapter 5) and for the assessment of seagrass productivity (Chapter 8) 
provide information vital to an assessment of the impact of grazing on standing biomass 
(Chapter 7). 

I ~ ~  Estimating Animal Abundance of Dugongs, Manatees, and Green Turtles 

15.3.1 Introduction 
A generally accepted method for estimating the abundance of dugongs (Dugong dugon), 

manatees (Trichechus manatus), and green turtles (Chelonia mydas) is by survey from 
aircraft flying at low altitudes. Early surveys (Heinsohn et al. 1976, Anderson and Birtles 
1978, Brownell et al. 1981, EUiott 1981, Marsh et al. 1981, Prince et al. 1981 and Anderson 
1982) examined distribution and abundance of dugong. Aerial survey techniques were 
developed by Marsh and Sinclair (1989a, b) for estimating the population size of large 
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aquatic fauna. The science of estimation of population size from aerial counts is beyond the 
scope of this chapter, and we provide only an outline of the method. Marsh and Sinclair 
(1989a, b) and Heinsohn (1980) provide full descriptions. 

15.3.2 Objective 
To estimate abundance of dugongs, manatees, and green turtles. 

15.3.3 Necessary Materials and Equipment 
�9 Aircraft: a high wing, six seat aircraft is the best configuration. Single engine Cessna 

model 205/206/207/210 aircraft are probably the cheapest six seat options for rental. 
Twin engine Aero Commander and Partenavia model aircraft are more expensive but 
may be necessary in countries requiting twin engines for overwater operation. 

�9 Map and predetermined flight path 
�9 GPS, portable computer programmed as a data logger and timer 
�9 Data sheets 
�9 Two-way intercom for all survey team members and a tape recorder with at least 2 

tracks 

15.3.4 Methods 
The survey team comprises a pilot, a survey leader and at least 2 observers (preferably 4 

observers). Observers occupy the same seats throughout each survey. The aerial survey is 
conducted only under clear weather conditions. Flying is best during periods of low glare 
such as mid morning or mid afternoon. Avoid flying during times of low tide because it may 
be too shallow for the animals to feed in the area. Strong winds or rough sea conditions make 
the animals hard to see and count. A Beaufort Sea State of 2 or less is preferred. 

Aerial survey transect lines can be as close as every 1 kilometre but can be more widely 
spaced if large areas are being surveyed. Transect lines are normally set at right angles to the 
shore and out to predetermined points (such as the deep edge of a seagrass meadow) for 
quantitative work. Surveys parallel to the shore can be used to provide qualitative 
information. 

A suitable transect width for surveying (demarcated by fibreglass rods attached to the 
wing-struts) is 200 metres on either side of the aircraft at a survey height of 137 metres (450 
feet) for sea male surveys, and 400 metres per side at 274 metres (900 feet) altitude for 
dugong and manatee surveys. If it is not possible to attach any equipment to the airframe, we 
suggest that the observers mark the window with tape to approximate the transect width 
from the aircraft to ensure that they record sighting information from the appropriate area. 

Observers from each side of the aircraft report the first sighting: 
�9 Dugong and manatee: number of animals, group size, number of calves and 

behaviour (swimming, idling, feeding or diving). 
�9 Sea turtle: number of animals, group size, position in the water column and 

activity. 
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If there are 4 observers, 2 mid-seat observers and 2 rear-seat observers, the middle and 
rear seat observers on the same side of the aircraft search and count the same side of the 
transect. The mid-seat observers are screened from the rear seat observers by a curtain so the 
counts are independent. The rear-seat observers report their sightings to the survey leader via 
a two-way intercom connected to the first track of the tape recorder and the leader. The mid- 
seat observers report their sighting to the second track of the tape recorder and the leader. 
Data is recorded by the leader using either the computer programmed as a data logger and 
timer or directly to data sheets. All sighting data should be recorded by transect and GPS 
position. 

The sampling design for transect sampling depends on the size, area and shape of the 
seagrass feeding grounds. Marsh (1986) used a flying speed of 100 knots (185 km per hour), 
the minimum safe flying speed for a high wing, twin engine aircraft in all weather conditions. 
She divided the sampling area into blocks and adjusted the sampling density on the basis of 
depth contours. Transect number, length, and direction depend on the particular site. 

15.3.5 Data Processing and Analysis 
Tape recorder, data sheet, and the computer records are used for a post survey data 

review. Data collected by aerial survey techniques must be corrected for double counting, for 
bias due to sea state, depth of water, visibility and water clarity (Marsh and Sinclair 1989a, b, 
Heinsohn 1980). 

15.3.6 Trouble Shooting and Hints 
�9 In tropical equatorial monsoon regions, typically where large populations of dugong 

are found, it may be difficult to find sufficient cloud free, low wind, and rain free days 
to fly an aerial survey. 

�9 Corrections for depth and water clarity are difficult as animals can feed as deep as 25 
metres (Coles et al. 2000) and may not be visible from the surface or may move on 
and off the bed with tidal conditions (Preen 1995). 

�9 To use abundance from aerial counts to estimate grazing rates requires an accurate 
map of the seagrass bed and seagrass species (including the deep edge) which is rarely 
available in the form required. 

�9 It is very difficult in aerial surveys to separate green turtles that feed on seagrass from 
other sea turtle species that may be present. 

�9 Accurate flying, both speed and height, is essential. 
�9 Commercial 4-6 seat aircraft are expensive to charter. 

15.3.7 Discussion 
The method we have suggested provides an accurate baseline population count that can be 

repeated and relied on statistically. It is expensive, time consuming, requires ideal flying 
conditions and requires careful design and statistical analysis. Unless maps are available of 
the species of seagrass, correlating the number of grazing animals with the seagrass will be 
difficult. 
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For small areas of seagrass, a more qualitative approach may be sufficient. Longitudinal 
coastal flights from slow moving ultralight aircraft and records of sighting from local fishers 
and boat owners as well as counts from the shoreline and research vessels will provide a 
qualitative picture of population numbers over time. Feeding at any site may be seasonal and 
counts may need to be repeated at different seasons of the year. 

I ] ~  Measurement of Grazing Rates for Dugongs, Manatees, and Green Turtles 

15.4.1 Introduction 
Dugong, manatee and green turtle have different feeding habits. Dugong mainly feed on 

seagrass species including those in the genera Zostera, Posidonia, Thalassia, Enhalus, 
Cymodocea, Halodule, Syringodium and Halophila (Heinsohn and Birch 1972, Heinsohn et 
al. 1977, McRoy and Helfferich 1980). Dugongs feeding on small seagrass species such as 
those in the genera Halodule and Halophila produce trails that are 19-25 centimetres wide, 1- 
5 metres long and 3-5 centimetres in depth (Heinsohn et al. 1977). Dugong grazing on 
Halodule uninervis removed 93% of shoots and 75% of below ground biomass of the upper 4 
cm layer of sediment (De Iongh et al. 1995). When dugong feed on the leaves of middle sized 
or large sized seagrass species, a trail may not be produced. 

Manatees feed on various kinds of aquatic plants, including seagrasses. Campell and 
Irvine (1977), McRoy and Helfferich (1980) and Smith (1993) reported the genera Ruppia, 
Zostera, Syringodium, Thalassia, Halodule and Halophila in the manatee's diet. Manatees 
also dig into soft sediments to remove rhizomes and roots of small seagrass species and to 
shear long blades of the large seagrass species from the shoot base. The green turtle consumes 
both algae and seagrasses. Green turtles feed on seagrasses in the genera Enhalus, Posidonia, 
Thalassia, Syringodium, Halodule and Halophila by cutting or pulling the leaves off the short 
shoot base (McRoy and Helfferich 1980, Mortimer 1981, Mendonca 1983, Bjomdal 1985). 

We suggest two methods for measuring the grazing rates of dugong, manatees, and green 
turtles (Preen 1995), depending on whether their feeding strategies: A) leave feeding trails or 
B) do not produce trails. Because it is not possible to easily observe their natural feeding and 
their food selection in an aquarium, the only effective way to measure grazing rates of these 
animals is in the natural environment. 

15.4.2 Objective 
To measure the grazing rate on seagrasses of dugongs, manatees, and green turtles. 

15.4.3 Materials 
�9 Boat and SCUBA diving equipment 
�9 GPS 
�9 Waterproof paper and prepared data sheets 
�9 Wooden stakes 
�9 Rope or rigid fencing material 
�9 Quadrats (we suggest 50 cm x 50 cm of aluminium, stainless steel or PVC) 
�9 Laboratory equipment for drying and weighing plants 
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Method A: Dugongs and manatees, feeding on small seagrass and leaving feeding trails. 
Map the seagrass area and the feeding area (Chapter 5). If there is no stratification or 

patchiness that needs to be accommodated in the sampling design, the entire bed can be 
sampled randomly. If there is patchiness or stratification, the sampling design will need to 
take this into account and the area be classified and sampled accordingly. 

In the feeding area, sampling plots are selected by using simple or stratified random 
sampling and the comers marked. Wooden stakes or PVC tubes can be used to mark feeding 
trails within each plot. The number and size of sampling plots can vary, depending on the 
size of feeding ground. In some feeding grounds, the seagrasses and trails are exposed during 
low tide, so it is possible to observe in larger areas by walking at low tide. Our experience 
suggests a minimum of three plots (10 m x 10 m if subtidal or up to 100 m x 100 m if 
exposed) is necessary. 

After setting up and edge marking the plots, the seagrass and feeding trails are mapped. 
Accurate mapping can be performed with a GPS and appropriate maoping software or, in 
smaller sampling plots, measurements can be made by using field measuring tapes and 
transferring collected data to data sheets or maps by hand. 

Check for new feeding trails every day or as frequently as logistically possible. Map and 
measure the area of any new trails and record seagrass species in or closely adjacent to the 
trail if possible. Document the seagrass density remaining in the foraging trails by measuring 
the biomass of short shoots. Sampling must cover a minimum of 2 weeks, but are best if 
carried out over a lunar tidal cycle. 

Seagrass biomass near the sampling plots is estimated per unit area by sampling or visual 
assessment (Chapter 7) and compared with the seagrass biomass consumed in the sampling 
plot during the time of the study. 

Data Processing and Analysis 
Data on the area of seagrass covering the benthos in a selected area and on the number of 

animals regularly feeding in that area combined with grazing rates will give a simple estimation 
of the total biomass being consumed. A rough estimation of the area of seagrass required by 
the grazer population based on the regular sampling interval chosen (i.e., day, week, etc.) can 
also be determined. 

Biomass consumed (seagrass dry weight, m "2 animal 1 d "l) = 
Q.F.D 

T = total new trail area (m 2) during the study 
B = biomass (dry weight, m "2) consumed 

within the feeding trails 
Q = total area (m 2) in all quadrats 

F = number of animals feeding in the area 
(from survey data) 

D = number of days (or other time 
period chosen) 

Biomass consumed per animal can then be scaled up to estimate the amount of seagrass 
consumed by the total population of grazers present. 
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Trouble Shooting and Hints 
Grazing rates, while relatively easy to measure for a specific location, can be difficult to 

interpret for a larger area. It is likely that at any site there will be stratification, with a 
majority of feeding occurring at a particular tide depth or on a particular species. This must 
be addressed in the sampling design. Dugong, turtles and manatee may also have seasonal 
movements; feeding may not be constant through a year. It may be necessary to repeat the 
sampling at different times of the year. In addition, the animals may feed at other locations 
during parts of the day or tide cycle, and the measurements made using this technique may 
miss some of the daily food requirements for the animals. Data on the movements and 
behaviour of the animals will be important in interpreting the results. 

Method B: Dugongs, manatees and green turtles, feeding on seagrass leaves but not 
producing trails. 

Grazing can also result in cropped seagrass, where short shoots remain, but are sheared to 
a shorter length. Such conditions in an unprotected seagrass bed can also result from human 
activities and natural conditions or disturbances (i.e., propeller scarring and high current 
velocities). Before measuring the grazing rate using this method, it must be established that 
observed cropping is due to feeding animals. Human effects can only be completely 
precluded in established protected areas or those areas protected from human activities for 
the time of the study. 

Map the seagrass area and the feeding area (Chapter 5). If there is patchiness or 
stratification, the sampling design will need to take this into account and the area must be 
classified and sampled accordingly. 

In the feeding area to be sampled, treatment quadrats are marked with wooden stakes 
projecting 1-2 cm from sediment. The number and size of these quadrats can vary, depending 
on the size of feeding area, the number of team members, project budget, environmental 
factors such as depth, current velocity and the difficulty of collecting data. From our 
experience we suggest at least three treatment quadrats of 3 m x 3 m will be required. 

Within the feeding area being studied, quadrats are also marked but protected from grazers 
using an exclosure as the control treatment. Exclosures can consists of wooden stakes 
projecting higher than the seagrass, linked by light rope around the perimeter and across the 
top. An open meshed material can be attached over the top of the resulting structure to deter 
foraging efforts, forming a high fence around the enclosed area. Preen (1995) designed such an 
exclosure to deter dugong grazing without affecting light and water flow. Other options 
include using rigid fencing materials with large open mesh that minimally alter water flow or 
light levels and that are less likely to cause entanglement by grazers. Again, our experience 
suggests at least 3 control quadrats of 3 m x 3 m are necessary. 

Initially the seagrass biomass in the permanent quadrats should be measured using a visual 
estimation (Chapter 7). Maintain the quadrats for at least 2 weeks or one lunar tidal cycle. 
Both treatment and control quadrats are monitored every week. 
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Data analysis 
The difference between the above ground biomass in the grazing treatment and in the 

control is due to grazing. Its statistical significance can be determined using a simple one way 
ANOVA or T-test. The grazing rate can be calculated as follows: 

Biomass consumed (seagrass biomass �9 m "2 animal "l d "1) - X-Y 
Q-F.D 

X = mean biomass in control F = number of animals feeding in the 
Y = mean biomass in grazing treatment area (from survey data) 
Q = total area in grazing treatment quadrats D -- number of days 

Biomass consumed per animal can then be applied to the total area of foraging habitat of 
interest to assess the area and biomass of seagrass required to support the known grazer 
population. 

Trouble Shooting and Hints 
�9 Grazing by small animals such as fish may make the data difficult to interpret. 
�9 In some parts of the world it may be difficult to get permission to lay out nets/fences 

in marine mammal areas without constant attendance to ensure animals are not 
entrapped. 

�9 Visual assessment techniques may have large errors when small numbers of samples 
are used and will also not necessarily give seagrass species information. 

15.4.5 Discussion 
The methods described here will provide an estimate of grazing useful for management 

purposes. It is difficult to be completely prescriptive on sample size and number as these 
factors are to a large extent site dependent. Careful seagrass mapping (Chapter 5) will reduce 
the sampling error due to unknown seagrass distribution and will aid in developing the 
sampling design. Some information on animal movements and behaviour will be necessary to 
interpret the results, particularly if animals have alternative species to feed on or are visiting 
other sites. The methods, although labour intensive, use only standard laboratory and field 
equipment and can be applied anywhere in the world. 

5.~ Measuring Seagrass Recovery from Dugongs, Manatees, and Green 
Turtles Grazing 

15.5.1 Introduction 
Because there are 2 feeding strategies (one that leaves a feeding trail and one that does 

not), we suggest 2 methods for estimating seagrass recovery after grazing. Recovery of 
Halodule uninervis in a dugong feeding trail took 5 months (De Iongh et al. 1995) while 
Halophila ovalis took 2 months to recover (Supanwanid 1996). A seagrass recovery 
estimation technique was developed by Preen (1995) by using exclosures to protect study 
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plots representing: no grazing, low-intensity grazing and high-intensity grazing. We suggest 
that these methods be used as a standard technique to estimate seagrass recovery alter grazing 
by large herbivores. 

15.5.2 Objective 
To estimate seagrass recovery after grazing. 

15.5.3 Materials 
�9 Boat and SCUBA diving equipment 
�9 GPS 
�9 Buoys 
�9 Wooden stakes, light rope and/or rigid fencing material. 
�9 Waterproof paper and prepared data sheets 
�9 Spade 
�9 Quadrats (25 cmx 25 cm) constructed of PVC, aluminium or stainless steel 
�9 Nets 
�9 Shears for trimming seagrass blades 

15.5.4 Methods 

Method A: Recovery of seagrass after grazing by animals that produce trails 
(for example dugong feeding on seagrass species in the genera Halophila and Halodule) 
�9 Map the seagrass area and the feeding area (Chapter 5). If there is no stratification or 

patchiness that needs to be accommodated in the sampling design the entire bed can be 
selected from randomly. If there is patchiness or stratification, the sampling design 
will need to take this into account and the area be classified and sampled accordingly. 

�9 Randomly select the experimental quadrats, including a uniform seagrass cover. 
�9 The recovery of seagrass is best estimated using 3 grazing treatments: no grazing, low- 

intensity grazing, and high-intensity grazing. 
�9 Protect replicate 3 x 3 m quadrats as described in Section 15.4.4B. 
�9 Create the grazing treatments: 

No-grazing: exclosure plots on an ungrazed area 
Low-intensity grazing: Simulate 3 feeding trails in quadrats within exclosures by 

spade removal of seagrass. Simulated trails should be 3 m long and 25 cm 
wide, approximately 5 cm deep and 0.5 meters apart as measured from edge to 
edge. Mark each simulated trail with 4 small comer pegs. The trails are 
excavated using a spade and closely resemble natural feeding trails (cut short 
shoots at the basal attachment of the rhizome and some rhizome excavation). 

High-intensity grazing: exclosure quadrats with almost no seagrass. Shoots and 
rhizomes are removed using a spade or by hand (90-95% seagrass removal). 

�9 The abundance of seagrass in the experiment quadrats is monitored (see Chapter 7) 
over an area 0.5 m away from the edge to avoid any edge effect. 
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Data are collected for each treatment using quadrats to estimate biomass as above for 
at least 4 months or until there are no measurable differences between the grazing and 
no-grazing treatments. 

Data analysis 
Biomass or shoot density in different sampling periods is analysed using an ANOVA or 

appropriate non-parametric test: treatments are represented by the no grazing (as control), 
low grazing intensity and high grazing intensity quadrat conditions. Data can be represented 
simply in graphical form with standard errors. The recovery period is the time between 
initiating the experiment and the time when there is no difference between the seagrass 
biomass in grazing quadrats and no-grazing quadrats. 

Method B: Recovery of  seagrass after grazing by animals that cut or feed on the leaves 
feeding on medium or large seagrass species 

(e.g., dugong, manatee, sea turtle feeding on Cymodocea, Thalassia, Zostera, Enhalus) 
�9 At least 3 replicated quadrats for each treatment should be protected from the animals 

by using an exclosure (we suggest 3 m x 3 m in size) consisting of wooden stakes 
projecting higher than the seagrass. 

�9 Set up the exclosure as in the previous section. 
�9 The grazing treatments are: 

No-grazing: exclosure plot on an ungrazed area. 
Low-intensity grazing: exclosure simulated feeding area - all plants are cut at half 

average height. 
High-intensity grazing: exclosure on simulated intensive feeding area- all plants 

are cut to the shoot base near the sediment. 
�9 The abundance of seagrass in the experiment quadrats should be monitored (Chapter 

7) in an area 0.5 m away from the edge to avoid any edge effect. 
�9 Every week, seagrass shoots of each seagrass species should be counted. 
�9 Data should be collected for at least 4 months per experimental run or until there are 

no differences between the grazing and no-grazing treatments. 

Data analysis 
As above, changes in biomass or shoot density over time are analysed by graph or using a 

two factor ANOVA or appropriate non-parametric test. 

Trouble Shooting and Hints 
�9 As for the previous section, it may be difficult to exclude the effect of small grazers 

such as fish that may be attracted to a disturbed area 
�9 Tests for the adequacy of the assumptions of ANOVA should be conducted prior to a 

choice of statistical approach 
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15.5.5 Discussion 
To determine a recovery rate of seagrass it is important to separate out seasonal changes, 

small animal grazing, and other environmental effects that may not be evenly distributed. 
Ideally these experiments will be carded out at a site where species dynamics are already well 
understood. Recovery rates are likely to be highly seasonal or dependent on periodic events 
such as wet season rains, influences that need to be considered in the sampling design. 
Grazing rates and recovery rates are the base information for estimating a measure of the 
amount of seagrass area required to support a population of grazers. 

Fish Grazing 

15.6.1 Introduction 
Fish populations in seagrass beds encompass a range of species and sizes. They include 

sedentary herbivorous fish, fast moving predatory fish, and fish whose presence in the 
seagrass is purely transitory and possibly seasonal. Herbivorous fishes have been reported 
from seagrass beds around the world (Ogden 1980, Lobel and Ogden 1981, Robertson and 
Klumpp 1983, Pollard 1984, Nojima and Mukai 1987, 1990, Klumpp et al. 1989). From 
these reports, we know there are many genera such as Caltomus, Sparisoma, Siganus, 
Hemirhamphus, Hyporhamphus including the groups Monacanthid, Hemirhamphuid, 
Mugilid, Gobiid and Kyphosid that forage on seagrass leaves. Some species not only feed on 
seagrass but can cause defoliation when they feed on small, narrow leaved plants (Nojima 
1994, Nojima and Aratake 1997). To assess the grazing effect on seagrass, ingestion and leaf 
shearing rates are estimated. Here we discuss the impact of fish grazing on seagrasses. 
Assessment of fish abundance in seagrass beds is covered in Chapter 13. 

15.6.2 Objective 
To measure the grazing rates of fish in the controlled environment of a laboratory 

aquarium or in field cages. 

15.6.3 Materials 
�9 Aquaria ( 40 litres or larger), airpump, airstones, filters and other aquarium supplies 
�9 Fishes of a similar, mean size to the fish found in the field 
�9 Bouquets or clumps of seagrass short shoots, made by fixing leaves of seagrass to a 

small stone or sinker 
�9 Balance and other standard laboratory equipment for drying and weighing 
�9 Boat and SCUBA diving equipment 
�9 Wooden stakes, net cage and collecting net 
�9 Drying oven 
�9 Air lift suction sampler (Chapter 13) connected to a SCUBA tank 
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Method A: Using laboratory aquaria to measure grazing impacts on seagrasses by fish 
�9 Prepare a minimum of 6 aquaria, with 3 for treatments. 
�9 Collect a representative selection of fish from the study area. 
�9 Clean and weigh the seagrass bouquets before setting them on the bottom of aquaria. 

Use a minimum of three bouquets in each aquarium. 
�9 Place a single fish into each of 3 prepared treatment aquaria. A single fish should be 

used because an artificial aggregation of fishes may accelerate their grazing activity 
above natural grazing rates. 

�9 Set up 3 control aquaria (no fish) with seagrass bouquets. 
�9 The wet weight of the bouquets are measured once every one or two days, depending 

on observed feeding rates, and they should be replaced with fresh ones at the end of 
each experimental interval. Free floating short shoots or those resting on the bottom 
of the aquaria should not be included in weight measurement data after being exposed 
to feeding fishes, because these seagrass plants have been removed from the living 
seagrass bouquets (i.e., impacted) by fish activity. 

�9 Experimental runs are continued for about a month using natural light. 

Data analysis 
The common way to express the grazing rate is grams dry weight of plant material 

removed per animal per day, converted from wet weight measurements obtained from 
comparisons of bouquet weights before and after grazing in the experimental treatments. This 
will measure the total fish foraging effect on seagrass including ingestion and leaf shearing. 
The control treatments are used to adjust the bouquet weights for natural growth or loss of 
plant material during the course of the experiment. 

Method B: Using field experiments to measure fish grazing 
�9 Cages are required for field experiments, constructed with a frame of wood, PVC or 

aluminium and covered with netting. The size of these treatment cages can be 
modified depending on environmental factors such as current velocity, depth or 
density of fish. The cages must be secured to the bottom in an area with a seagrass 
distribution representative of the area. Fish have two kinds of grazing effects on 
seagrass: ingestion and leaf cutting. Some seagrass leaves are cut off and will float up 
to the top of the cage, some will sink to the bed floor. Before the start of the 
experiment, seagrass blades that are free-floating or are laying on the bottom must be 
cleared from the area to be caged for all treatments by using an air lift suction sampler 
(Chapter 13). 

�9 Initially, the above ground biomass of the seagrass in the experimental and control 
cages should be measured by the above ground biomass visual estimation method 
(Chapter 7). 
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�9 Place fish into a minimum of 3 treatment cages. The density of fish in the cages is 
based upon the mean density measured in the seagrass bed being studied if possible. 

�9 A minimum of 3 control cages without fish are needed. 
�9 After several days, all standing above ground seagrass biomass in all cages is estimated 

and compared to the above-ground biomass obtained prior to the introduction of the 
fish. 

The grazing effect maybe too small and difficult to check the difference of biomass before 
and aider the experiment by the rapid visual technique. Nojima and Aratake (1997) developed 
another method to assess the effect by estimating the weight of seagrass leaves per shoot, 
counting the seagrass shoots in each cage and then estimating the seagrass biomass lost. 

�9 After the end of the experiment, collect the seagrass in the control cage and count the 
seagrass shoots. 

�9 Dry the above ground shoots and weigh. Determine the leaf dry weight per shoot. 
�9 In the experimental cages, count the seagrass shoots and use the leaf weight per shoot 

for calculating the initial and final biomass in the cage. 

Data analysis: 
Grazing effects in the field can be estimated by applying and scaling up the mean biomass 

loss due to grazing in cages with natural densities of fishes (as compared to those without 
fishes) to the known feeding area. 

15.6.5 Troubleshooting and Hints 
�9 The grazing effect in the field can involve a fish feeding preference for a particular 

seagrass species. It may be necessary to repeat the experiment on monospecific or 
mixed seagrass species. Stomach contents of fish are helpful for planning 
experiments. 

�9 Grazing rates in the laboratory can be affected by factors such as water temperature, 
water quality, disturbance, and the time required to detect food. If these factors differ 
markedly from the natural environment, the results will be biased. 

15.6.6 Discussion 
Klumpp et al. (1989) estimate approximately 100 species of fish can feed directly on 

seagrasses and the effect fish may have on seagrass biomass may be more than generally 
realised. The experiments described here provide a simple estimate of the effect of fish 
grazing on seagrass, including two types of impacts: direct impacts due to ingestion and 
indirect impacts from the physical effects of feeding. Both can cause loss of seagrass 
biomass. It is more difficult to assess the total effect of herbivorous fishes on an entire 
seagrass meadow. There are many fish species, and species composition and distribution in 
the meadow may depend on seasonal factors, community structure of the seagrass and other 
variables. Scaling up experimental data to a meadow can provide an estimate of grazing 
impact. 
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Waterfowl Grazing 

15.7.1 Introduction 
Several species of waterfowl (swans, geese, and ducks) in subtropical, temperate and 

boreal areas are significant seagrass grazers. Waterfowl grazing on seagrasses and submerged 
aquatic vegetation is well documented (Valentine and Heck 1999), and grazing has sometimes 
severe effect on seagrass populations, particularly in fall and winter (Tubbs and Tubbs 1983, 
Thayer et al. 1984). The relationship between herbivorous waterfowl and seagrass was 
illustrated during the wasting disease in the 1930s, and significantly decreased populations of 
brant geese were reported (den Hartog 1987). 

Most of the waterfowl species are migratory, some species cover several thousand 
kilometres and spend many weeks on their trip between summer areas and wintering 
locations, while others at least show an annual nomadic behaviour. In the wintering areas bird 
densities are usually significantly higher than in the breeding areas, and they settle for the 
winter in habitats with abundant food. Waterfowl feed by diving (diving ducks), on the water 
surface (like swans, geese, and dabbling ducks), or walking on intertidal fiats. At the surface 
they feed on floating material, neck-down or by up-ending. Their gizzard is effective in 
grinding plant material to break down the cell walls. Other parts of the digestive system 
extract the nutritional cell content, and let the indigestible cell wall fragments pass out as 
faeces. 

15.7.2 Objective 
To assess feeding habits, density, grazing rates, and grazing impacts of waterfowl. 

15.7.3 Method 

Method A: Feeding habits 
Direct observation of waterfowl in the field usually gives a good indication of the food 

choice. This is especially the case in monotypic seagrass beds, while in mixed plant habitats 
an effort should be made to document food preference. Seasonal changes might influence both 
the food preference, plant community composition and plant availability, so the experimental 
design must specify time and locality of interest. Due to the high content of fibrous material, 
plant fragments can be recognized in the gut content (Baldwin and Lovvorn 1994) or faeces of 
birds (Owen 1975, Madsen 1988), which can be used to determine both food choice and food 
preference. Feeding activity of birds depends on several factors, and time-activity budgets 
for behavioral data should take into consideration diel differences and possible tidal variations 
(Paulus 1988). 

Telescope and binoculars are the primary means for studying the food choice and feeding 
behaviour of waterfowl. Birds that have been shot by hunters can be examined for crop and 
gut contents. Depending on the stage of the digestive process, plant parts can be easily 
identified. To identify seagrass species or plant parts picked up by the birds it is usually 
necessary to get as close as possible without causing any disturbance. This often means 
using some kind of hideout, like a tent or a car. Aider the survey area is chosen, the 
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vegetation is surveyed and possible food plants are collected by using a boat, diving, or 
wading. Quadrat sampling will give biomass and morphology data on the seagrass. 

The time-activity budget method is an acknowledged way of investigating feeding habits 
(Altman 1974, Baldassarre et al. 1988). One approach is to use focal sampling, which means 
observe one bird for a long period, record (notes or tape recorder) the different behaviours, 
and then switch to another focal individual. Another way is to scan the flock(s) of birds, 
record the individuals instantaneous behaviour, and repeat this process at fixed intervals. 

Method B: Density estimation 
Population surveys of birds are an important part of the fieldwork since they provide 

basic data for feeding ecology studies. Population data can be collected in different ways 
(ashore, in a boat, or from an airplane) but density numbers may be affected by diel changes, 
weather conditions, and also seasonal changes which especially have a strong influence on 
migrating bird species. Many waterfowl move between separate resting and feeding sites; 
tidal changes often trigger movement between sites (Paulus 1988). 

For observation it is best to find one or several, high localities with a good view (tower, 
hill, etc.)causing no disturbance to the birds. Using multiple observation posts implies a 
chance of recounting the same individuals due to bird movement, or difficulty in 
discriminating already counted areas seen from a different observation angle. Two or more 
persons performing the count might increase the count accuracy by taking the average value 
and by counting from different sites at the same time. The survey can be performed in two 
ways: 1) count all the individuals, or, 2) if the numbers are very high and birds are aggregated, 
then count individuals in one group and scan the rest of the area for groups of similar size and 
density. Population density surveys are influenced by several factors, and possible elements 
(like date, time, weather, tidal conditions, etc.) which might have an effect on the density 
must be recorded. After some experience the observer can reasonably well avoid or use these 
factors to obtain a representative population density. 

Method C: Grazing rate 
Grazing rate is affected by individual bird metabolism. Factors like weather condition, 

body condition (preparation for breeding or migration), or health may have a great influence 
on the grazing rate. There are two basic ways to investigate the grazing rate. Several 
laboratory experiments on birds in metabolic chambers have produced equations that can be 
used with caution to calculate the daily energy requirements of waterfowl species. The daily 
energy consumption combined with the energy that is possible to extract from the actual diet 
gives an estimate of the grazing rate. The second method is estimation by direct observation 
and experiments in the field or captivity. Prop and Vulink (1992, and their references) give a 
sound basis for energy and nutrient analysis in waterfowl. 

Metabolic experiments have produced regression lines for energy consumption in birds 
under standard laboratory conditions (Lasiewski and Dawson 1967, Kendeigh 1970). These 
size-based metabolic relations were transformed to an equation to describe the lowest energy 
requirement (basal metabolic rate) for waterfowl of different body weight (Table 15-1). 
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Table 15-1. The energy content of various seagrass leaves. 

Species Energy content (kJ/g) Reference 
" Thalassia hempric'hii . . . . . . . .  1'5.0 ...... H. Mukai, unpublished data 

Enhalus acoroides 15.0 H. Mukai, unpublished data 
Cymodocea rotundata 16.4 H. Mukai, unpublished data 
Halodule  uninervis 15.7 H. Mukai, unpublished data 
Zostera noltii 19.4 Madsen 1988 

" 18.6 Percival and Evans 1997 
Zostera angustifolia 16.1 Percival and Evans 1997 
Zostera marina 16.8 Baldwin and Lovvom 1994 

_ Zos tera /apon ica  18.1 Baldwin and L o w o m  1994 

In waterfowl, assimilation efficiency is estimated by comparing the content of a marker 
considered indigestible (like ash, cellulose, lignin, or acid detergent fibre) in the plant material 
with the marker content found in faeces. The reported efficiencies vary from 21-67% in 
different species of waterfowl feeding on aquatic plants (Ebbinge et al. 1975, Prins et al. 
1980). Unless this subject can be investigated by conducting a feeding experiment, referred 
values from the same or similar species of waterfowl and plants have to be used. An 
alternative approach to finding energy content and assimilation efficiency is by analyzing the 
chemical components and estimating the metabolisable energy in food plants (Prop and 
Deerenberg 1991). 

Observation and experiments in the field can provide the gross intake rate by calculating 
the removed plant material over the grazing time. Prop and Deerenberg (1991) used this 
method to compare biomass in marked plots before and after feeding bouts. Individual 
grazing rate can also be estimated by: 

Grazing Rate - Mean dry weight of a shoot �9 Mean picking rate 

Walking speed and pace rates are other ways of investigating the grazing rate of waterfowl 
in intertidal areas (Tubbs and Tubbs 1983, Percival and Evans 1997). Another indirect way 
of investigating the grazing rate is by counting the number of waterfowl droppings after 
feeding bouts (Madsen 1988, Percival and Evans 1997). 

Method D: Grazing impact 
Several species of waterfowl have been shown to consume a large percentage of the 

seagrass production (Tubbs and Tubbs 1983, Baldwin and Lovvorn 1994). Grazing often has 
the highest intensity during fall and winter (Thayer et al. 1984) when the plant biomass is 
already negatively influenced by natural leaf shedding, low light conditions, low temperatures, 
etc. The impact by waterfowl is highly dependent on the number of birds, their residence 
period in the feeding area, and their energetic requirements. Exclosure studies provide another 
approach to investigate waterfowl impact on plants. The seagrass response to this herbivory 
has not been well investigated, but it likely that waterfowl grazing may cause similar 
responses as reported in studies of other herbivores, such as increased regrowth and change in 
plant morphology. 
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The daily impact on the seagrass community is estimated by multiplying the numbers of 
feeding birds in the area by the grazing rate per bird (Table 15-2). Waterfowl often stay at a 
suitable site for a long time (weeks or months) and it may be important to investigate the 
total effect on the feeding area. Continued monitoring of bird numbers fi'om arrival until 
departure (i.e., summation of bird-days) is used to calculate a total budget for seagrass 
consumption. Grazing impact on seagrass biomass is estimated by the following equation: 

Grazing impact - Individual grazing rate. Bird-days 

An alternative approach is to make exclosures in the seagrass bed and check the actual 
effect by comparing plant biomass inside and outside the exclosures (Madsen 1988, Baldwin 
and Lovvom 1994). A simple exclosure is made from four poles and a net protecting the 
plants from herbivores. Light condition is a basic factor for seagrass production so the mesh 
size should not be too small as it might affect the light condition or water flow in the 
exclosure. Under some conditions (e.g., large tidal range) plants can be entangled in the net or 
the exclosure can be pulled down (ice formation). 

Table 15-2. The daily grazing rate of some waterfowl species. 
Species Daily grazing rate Locality Reference 
Canada goose 
Mute swan 
White-fronted goose 
Teal 
Brant goose 
Northern pintail 
Wigeon 
Mallard 
Bewick's swan 

, , , ,  

194 g dw USA Wilkins 1982 
3600 g ww Sweden Mathiasson 1973 
650 and 800 g ww Great Britain Owen 1972 
20-30 g ww France Tamisier 1974 
419 kJ Netherlands Jacobs et al. 1981 
281 kJ Netherlands Jacobs et al. 1981 
226 kJ Netherlands Jacobs et al. 1981 
352 kJ Netherlands Jacobs et al. 1981 
4801 kJ=283 g dw Netherlands Beckman et al. 1991 

15.7.4 Discussion 
Many factors influence the feeding activity and food choice of waterfowl. Time-activity 

budgets are essential to most studies on feeding ecology of waterfowl; such budgets usually 
follow the guidelines given by Altman (1974) and Baldassarre et al. (1988) adapted to the 
specific species and ecosystem under investigation, as well as the prevailing field conditions 
(Thompson et al 1988). Several studies have showed that waterfowl feeding habits change 
during the annual or daily cycle. Time spent foraging usually increases as ambient 
temperature declines (Tamisier 1974, Paulus 1984). For birds using tidal areas, timing of 
daily activities is closely associated with the tidal cycle (Ydenberg et al. 1984, Madsen 1988). 
Waterfowl are often found resting diurnally and feeding at night (Ebbinge et al. 1975, Paulus 
1984, Ydenberg et al. 1984). 

The nutritional content of food plants highly influences the feeding activity and grazing 
rate of waterfowl. The bodies of herbivorous birds are in different ways adapted to their diet 
(Sedinger 1997), and the intestines of these species are often long and large, allowing birds to 
maximize consumption and nutritive extraction (Paulus 1984). Species consuming leafy 
aquatic vegetation, which usually is of high water and fiber content (Paulus 1982), spend 
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much of their time feeding, as illustrated by gadwalls (Paulus 1984) with more than 50% of 
their daily activity spent feeding. 

Plants often have seasonally different nutritional quality. Some plant species prepare for 
winter by storing carbohydrates in their root systems, providing herbivorous birds with high- 
energy food during winter months. Additionally, rapid plant growth in spring provides 
waterfowl with new leaves and shoots rich in protein which can be essential when preparing 
for the migration and the coming breeding season (Ydenberg and Prins 1981). The migration 
between wintering and breeding areas may take several weeks, and waterfowl use stop-over 
sites to replenish energy stores for flying and maintain their body condition so they can 
quickly start breeding when they reach the breeding grounds (Nolet and Drent 1998). 
Ebbinge at al. (1982) found that dark-bellied brant geese gained weight at staging areas, 
indicating the importance of migratory sites to birds for the development of nutrient reserves 
in preparation of the breeding season. 

Herbivory by waterfowl has been estimated to consume significant proportions of the 
available seagrass, up to 90% of aboveground biomass and 50% of belowground biomass in 
some locations (Jacobs et al. 1981, Madsen 1988, Baldwin and Lovvom 1994, Portig et al. 
1994). On intertidal fiats, waterfowl consumed 26% (Jacobs et al. 1981) and 33/45% of 
annual production in two different years (Madsen 1988). The belowground stored nutrient 
reserves, which are an attractive food source for birds, may allow the seagrasses to persist 
under such high grazing pressure (Valentine and Heck 1999). Cebrian and Duarte (1994) 
concluded that herbivory is the most important control mechanism for fast-growing plant 
communities, and they found support for the hypothesis that herbivory pressure increases 
with increasing plant growth rate. 

Some plant species responses to grazing have been investigated. Experiments involving 
wild and captive geese in addition to experimental clipping of study plots have shown that 
geese regularly revisiting foraging areas induced the highest protein content and regrowth of 
plants (Prins et al 1980, Hik et al. 1991). Seagrasses show adaptations .such as speeding up 
shoot formation when they are subjected to herbivory (Sand-Jensen et al. 1994, Valentine et 
al. 1997). Some seagrasses produce chemical substances that may deter herbivores, and 
Levey and Cipollini (1999) reviewed the effects of these plant secondary metabolites on 
birds. 

Two fairly new methods which have shown promising results as tools in feeding analysis 
are stable isotopes and DNA analysis. Hemminga and Mateo (1996) looked at how stable 
isotopes can be used more specifically in seagrass studies; the relationship between stable 
isotopes in plants and their herbivores has been investigated by McConnaughey and McRoy 
(1979) and Hobson et al. (1993). DNA extracted from stomach contents or faeces can be 
used to indicate food choice since microsatellite loci give information about the taxonomy of 
the diet (Schfibner and Bowman 1998). 
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Chapter 16 
Seagrass decomposition 

Diana I. Walker, G6rard Pergent, Stefano Fazi 

Objective 

To quantify the amounts of decomposing seagrass material (necromass), and to follow 
the processes of decomposition. 

I ~  Overview 

The significance of seagrass decomposition and methods for assessing the quantity and 
status of decomposing material are outlined in this chapter. Methods presented in this 
chapter focus on four basic objectives: 

�9 To estimate the amount of necromass, especially leaf litter, associated with seagra~ss 
beds, and determine its spatio-temporal variability. 

�9 To estimate the decay rates of the plant material (litter bags, chamber experiments, 
tracer techniques, leaf toughness, enzymatic models) 

�9 To estimate the quality of decomposing seagrass material and microbial colonization 
(chemical elementary composition, tracer techniques) 

�9 To estimate the role and the structure of the fauna associated with the decomposing 
seagrass material. 

I ~  Introduction 

Decomposition is the physical and chemical breakdown of dead organisms involving 
other organisms, notably bacteria, fungi and animals (Harrison 1989). In most marine 
angiosperm-based ecosystems, only a small amount of the leaf production is consumed on 
the plant in situ, e.g., by echinoderms, crustaceans, fishes, and in the tropics, turtles and 
dugongs. Most consumption of the leaves occurs through the action of crustaceans, 
gastropods and microorganisms in the litter (Fenchel 1970, Fenchel 1977, Robertson and 
Mann 1980, Wittmann et al. 1981). The primary production that goes into the litter either 
remains within the meadow where it undergoes rapid decay that can be accurately estimated 
(Pergent-Martini et al. 1990, Romero et al. 1992), accumulates on adjacent shorelines 
(Kirkman and Kendrick 1997) or is exported to other ecosystems where it may represent a 
trophic input of considerable importance (Fenchel 1977, Bach et al. 1986, Hemminga et al. 
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1994). The assessment of these processes is thus fundamental in understanding the fate of 
seagrass production. The rate of decomposition influences net organic matter accumulation, 
carbon and energy transfers between trophic levels, as well as the export of organic matter 
and nutrients (Hodson et al. 1984). The dynamics of decomposition and the accumulation of 
detritus depend on the quantity and composition of the detritus input and are strongly related 
to environmental characteristics (water temperature, depth, hydrodynamic conditions). 

In coastal and marine environments, seagrass litter constitutes an important source of 
organic matter for detritivore communities either within the meadow where it is produced in 
situ or exported to other ecosystems (allocthonous), e.g., shorelines or deep coastal waters. 
The input of allocthonous seagrass litter may strongly affect the structure of the detritivore 
community (Vetter 1994, 1995) and enhance the productivity of a whole ecosystem. In the 
North Adriatic Sea, for example, Mancinelli et al. 1998, found that the export of litter of 
Cymodocea nodosa from coastal lagoons to deep waters constituted the base for a detritivore 
community dominated by Gammarus insensibilis. Widely distributed in coastal seagrass 
meadows, this amphipod has been recorded in deep waters only when associated with 
seagrass detritus. 

Terminology differences are common in the seagrass decomposition literature. The terms 
wrack, litter, and detritus are often used interchangeably, causing confusion. Litter is the 
most common term, often used as a generic term for all decomposing material. Once leaves 
become detached from the plant, they either float and can be transported away from their site 
of production (e.g., Posidonia australis, Walker and McComb 1985) or they sink so they 
decompose in situ (e.g., Amphibolis, Walker and McComb 1985). For the purposes of this 
chapter, the following terminology will be used. Transported recognisable leaves are 
described as "wrack". "Litter" is used to described fragmented leaf material, sometimes 
mixed with intact leaves, usually in situ, but not always. The next stage of breakdown, to 
'hard to recognise' < 0.5mm fragments including dead roots and rhizomes, is "detritus". 
This becomes particulate organic matter in the sediment or completely decomposes to 
inorganic chemicals. 

There have been numerous studies on various aspects of the litter compartment, including 
chemical composition, nutritional value, consumption, kinetics of fragmentation and 
decomposition, and export to other ecosystems (Godshalk and Wetzel 1978, Walker and 
McComb 1985, Harrison 1989, Klumpp et al. 1989). The few studies that have been devoted 
to the litter ofPosidonia oceanica have dealt with the estimation of mass of material (Ott and 
Maurer 1977, Pirc 1983) and the litter bag technique to monitor the kinetics of 
decomposition (Romero et al. 1992, Pergent et al. 1994, 1997). Studies on Ruppia cirrhosa 
and Cymodocea nodosa litter have dealt with the role of detritivores, both microbial and 
macroinvertebrates (Menendez et al. 1993). 

Necessary Materials and Equipment 

�9 Small boat with standard safety equipment (for subtidal collection) 
�9 Dive personnel and equipment, (for subtidal collection) 
�9 Venturi suction airlit~ 
�9 Large insulated box for storing samples 
�9 Plastic storage bags (with date, site identification code and sample number written on 

bag in permanent ink) 
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�9 l mm mesh bags for experimental decay experiments 
�9 Sieves (>8mm, >lmm and <0.5mm) 
�9 Sampling quadrat; square frame (see Chapter 4 and 7) 
�9 Waterproof paper and clipboard or dive slate and writing instrument 
�9 Weighted mesh diving bag 
�9 Laboratory equipment including ovens and desiccators 

Methods 

16.5.1. Estimation of Mass of Litter 

Accumulation in Seagrass Beds 
To collect wrack, litter and detritus from a living seagrass bed, samples are taken using a 

venturi suction device (Figure 16-1, modified from Kendrick and Walker 1991), using 

164tam mesh bag 

1.8m clear plastic hose 
(0.2m I.D.) 

: , 

. ~ . ~  tank ;~ 

Air feed valv . tubing 

Figure 16- I. Schematic of venturi airlitt showing specifications 

SCUBA. The suction exerted by the air as it rises lifts material off the bottom which is then 
trapped in a mesh bag. Airlifts and their uses/limitations are well described by Kingsford and 
Battershill (1998). Quadrat size and number are best determined by a pilot study (Chapter 4). 
The quadrat is set up in an area that is representative of the seagrass bed under investigation. 
Within this qua&at, the shoots are counted. The leaf litter is collected in bags (1 mm mesh), 
including both the dead material lying on the sediment and the sediment itself to a depth of 5- 
10 cm. Sampling is repeated at least three times for each station. In our experience, five to 
ten times yields more reliable data, but is more time consuming. Again, numbers of samples 
are best established by a pilot study (Chapter 4). In each sample, non-litter elements (e.g., 
living shoots and leaves, shell debris, algae, animals) are removed by hand. For 
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completeness, the different living animals present may be sorted as far as possible, weighed 
and dried separately if information on associated invertebrates is required. The litter samples 
are washed with running seawater, and both the sediment and all the coarse belowground 
parts of the plant (mainly old leaf bases, roots and rhizomes) are discarded. The remainder is 
sorted into two fractions, using a sieve (8 mm mesh): wrack, coarse leaf litter (leaves longer 
than 8 mm) and fine litter (leaf debris of between 1 mm and 8 mm). The coarse fraction is 
made up of blade material in a more or less decomposed stage, while the fine litter is more 
heterogeneous, with variable amounts of tiny leaf debris and fibres. Both fractions are 
weighed separately after drying at 60 ~ C until constant weight, providing dry weight of leaf 
litter m 2 of bottom. Subsamples (1-5 g) are combusted at 550 ~ for 3 hours to determine the 
percent ash content. This percentage is subtracted from the total dry weight to determine total 
ash free dry weight (AFDW), resulting in AFDW of leaf litter m "2 of bottom. 

Accumulation Along Shores 
Sampling of wrack is a similar process to that undertaken in the meadow, without the 

constraints of working underwater. These accumulations are unlikely to be monospecific, 
and in areas with multiple species, are likely to contain several seagrass species, macroalgae 
and invertebrates. 

The amount of shoreline accumulation can be estimated by examining the length, width 
and height of accumulations over a known length of shoreline, and can be done for a single 
bay or up to a regional basis (Kirkman and Kendrick 1997). Ochieng and Erftemeijer (1999) 
provide a good description of this type of research. 

To sample the material, the same approach as for the meadow is used, employing 
quadrats, but a suction device is not needed. The material is sampled using random quadrats 
within the accumulations, in order to stratify the sampling. The processing of the samples is 
similar to that described above; given the different organisms represented, these should be 
sorted into their different components, weighed and dried separately. Sorting is not possible 
once the material becomes detritus, and other techniques need to be used (Section 16.5.3) 

16.5.2 Decay Rates 

Decay experiments (Litter bags) 
Litter bag experiments are carried out in situ, either in the meadow or across the 

shoreline, depending on whether the accumulation is sub-tidal or intertidal. Litter 
heterogeneity is an important factor controlling the decomposition process especially in 
mixed seagrass beds and in areas of accumulation of litter of different origin. Seastedt (1984) 
hypothesized that nutrient release from rapidly decaying litter types could stimulate the 
decomposition of an adjacent recalcitrant litter type; the translocation of nutrients among 
litter of varying composition may result in a more rapid and efficient utilisation of litter 
substrate by decomposers. Litter bags can therefore be filled with single seagrass species as 
well as with all the combinations of the selected species, depending on the research question. 

The preparation of the mixed species litterbags follows the procedure below. Depending 
on the main objective of the study, mixed-species litterbags can contain equal proportions of 
the individual species or proportional amounts based on litter inputs in the system (Blair et al. 
1990). 
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Material for the incubation is collected from the wrack or from living plants (oldest, 
senescing leaf removed from shoots in order to simulate a natural leaf abscission). Leaf 
material should be retained in a calico bag or pillow case to minimize damage before the 
experiment is established. A known and recorded amount (from 5 to 30 • g fresh 
weight) of this material is enclosed in a net bag (mesh size: 1 mm), sealed with strips of 
Velcro, or tied with strong cord. Fresh weight is converted to ash free dry weight (AFDW) 
using a fresh weight/AFDW ratio calculated from subsamples of the plant material that was 
used to fill the bags. 

The bags are then placed in the meadow under the foliar canopy, attached closely to the 
sediment, with at least three replicate bags for each location and time interval (5-6 replicate 
bags are better but more time consuming). These bags can be attached to a rope anchored at 
both ends to allow the bags of leaves to float or sink as the decomposition process continues. 
Litter bags will then be colonized by small invertebrates, fungi and bacteria from the natural 
environment. Replicate bags are collected after 1, 2, 3, 4, 8, 12, 16, 24 and 32 weeks. For 
some species, decomposition is relatively slow, especially in winter, and for large-leafed 
species, the time intervals may extend to a year. The time frame is defined for the genera on 
the basis of published accounts of decomposition (Table 16-1) 

Table 16-1 Examples of time for decomposition. 
Genera Timeframe Reference 
Halophila 3-6 weeks Hillman et al. 1995 
Amphibolis 200 days Walker and McComb 1985 
Posidonia 200 days Walker and McComb 1985 

The samples are then washed, the fauna removed and studied separately (Section 16.5.4). 
The litter is sorted into two fractions (coarse leaf litter and fine leaf litter). Each fraction is 
then weighed separately after drying at 60 ~ C to constant weight. Subsamples (1-5 g) are 
combusted at 550 ~ C for 3 hours to determine the ash content percentage. This percentage is 
subtracted from the total dry weight to determine the ash free dry weight, resulting in AFDW 
of leaf litter m 2 of bottom. 

Data Analysis: The loss of organic mass from litter bags is used as a measure of detritus 
processing rate. Decomposition curves are traced following the exponential decay model 
(Olson 1963, Petersen and Cummins 1974) Wt = W0 e (" xt) where Wt is the weight of material 
left from initial weight W0 after time t, K is the decay constant (instantaneous decay rate). 
The decay constant is calculated by fitting an exponential regression, which will be negative. 
The litter half-life is calculated as tl/2 = In 2 / K and turnover = 1/K (Gallardo and Merino 
1993). 

Other Decay Measurement Methods 
The litter bag or leaf pack method has been used extensively as the standard protocol for 

tracking the decay of leaf detritus. A major deficiency of the method has been that it does not 
directly measure the decomposition of natural accumulation of leaves. Following leaf detritus 
that is not contained is more difficult because there is no pre-established initial mass from 
which to follow loss of mass though time. Only a few investigations have attempted to 
measure decay rates of natural accumulations, largely because field losses of experimental 
material make it difficult to obtain sufficient replication. 
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The leaf toughness method was used by Grubbs and Cummins (1994): a penetrometer 
was used to measure leaf toughness to estimate mass loss. After collection, while the leaves 
were still wet, each leaf was 'punched' with a digital penetrometer 10 times. Each punch was 
executed so that only leaf tissue, and not a vein, was punched. This estimate of toughness 
does not correlate well with loss of nutrients or carbon, as toughness is often provided by 
resistant fibres, thus not addressing significant questions for the rest of the seagrass 
ecosystem. 

Sinsabaugh et al. (1994) used indices of microbial enzyme activities. Fenchel (1970) and 
Hargrave (1972) attempted to estimate oxygen consumption of the whole faunal and 
microbial community to assess decomposition rate, but this method provided very 
inconsistent results with very high variances, and therefore is not recommended. 

16.5.3 Nutritional Quality of Decomposing Seagrass Material and Microbial 
Colonization 

Chemical Composition 
Examination of the chemical composition of seagrass litter, especially relative to live 

seagrass tissue, allows estimation of what remains relative to initial concentrations as 
decomposition proceeds. There are difficulties in assuming that all changes will be losses 
associated with decay and decomposition. There may be gains due to colonization by 
bacteria and fungi (Blum et al. 1988, Blum and Mills 1991), and turnover of constituents as 
compounds are solubilised, lost or gained (Table 16-2). Vascular plant litter both takes up 
and releases nutrients as it decomposes (Table 16-3). As decomposition proceeds, 
mineralization of the litter gradually releases nutrients (Jordan et al. 1989). This means that 
careful interpretation of results is required. 

Typically, these are some of the constituents that are examined: 
�9 Organics: soluble vs. insoluble 
�9 Inorganics: soluble vs. insoluble 
�9 Carbon 
�9 Nitrogen: 

Total N 
Amino acids 

�9 Phosphorus 
�9 Phenolics 
�9 Lipids 

Tracers 
Stable isotope abundance: The assessment of the natural abundance of stable isotopes is 
particularly useful for analysing decomposing material because it can be applied to and used 
for comparison of all the components of an ecosystem (Lin et al. 1991). It makes use of 
small variations between the relative abundance of the stable (non-radioactive) isotopes of N 
or C and can then be used to trace which primary producers the detrital component came 
from. It requires access to a mass spectrometer to be able to analyse the samples. 
Alternatively, samples may be sent to a mass spectrometry analysis laboratory. 
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Table 16-2 Assessment of microbial and associated populations and activity 

Element Technique Reference 
Microbial 
populations 

Respiration rate Gallagher et al. 1984 

Plate counts Wahbeh & Mahasneh 
1984 
Rublee 1978 

Bacteria After wet wt, aliquots counted by acridine Rublee & Roman 1982 
orange direct count method. Remaining 
homogenate passes through a glass filter 
(Whatman GFC) for sample weight 
determination 

Bacteria Leaf discs from experiment into 2% buffered Knauer & Ayers 1977 
gluteraldehyde and post fixed OSO4, 
dehydrated acetone, critical point dried Viewed 
under SEM 

Microbial activity Lipid synthesis of ~4C-acetate and H332po4 
precursors 

Rublee & Roman 1982 

Fungi Sterols Lee et al. 1980 

Metazoa Time lag before active Robertson & Mann 1982 

Methods: Dried samples are ground to a powder using a ball mill or mortar and pestle, and 
stored in Eppendorf containers. Where specimens (e.g., periphyton) contain inorganic 
carbon as aragonite or calcium carbonate, acid washing is required prior to isotopic analysis. 
Samples are placed in 1% HC1 for 20 minutes, followed by drying in a vacuum drier fitted 
with a liquid N2 water trap. 

Analysis: Up to 2 mg of sample (6 - 7 mg in the case of sediments) are weighed and sealed in 
tin capsules which are dropped from a Roboprep (Europa Scientific, UK) tray into a 
combustion column kept at 1020 ~ C. After flash combustion at about 1800 ~ C in 02, the 
resulting gases are passed through a reduction column where species of nitrous oxides give 
up oxygen to form N2. The resulting CO2 and N2 gas mixture in a He cartier is separated in a 

15 14 13 12 gas chromatograph and analysed on an isotope ratio mass spectrometer. N/ N (or C/ C) 
ratios are expressed in %o (per mil) notation, which is calculated as: 

lSN/14Nsamp 
81SN = -1 " 1000 

15N/14Nstd 

w h e r e  15N/14Nsamp is the isotope ratio of the sample and 15N/14Nstd the isotope ratio of the 
standard. 815N is reported relative to atmospheric nitrogen. The laboratory reference gas is 
high purity nitrogen (99.995%) calibrated against atmospheric nitrogen. Analytical precision 
should be + 0.5%0 for 815N and • 0.2%0 for 813C. 



320 Walker, Pergent and Fazi 

Table 16-3: Methods used to quantify constituents in decomposing seagrass litter, as documented in 
the literature. 

Element , Technique Reference 
Fibrous lignin vs. Air dried before analysis Klumpp & Van der 
cellulose Valk 1984 
hemicellulose 

Organics Loss in weight after combustion 550 ~ C ballistic Klumpp & Van der 
(AFDW 550 ~ bomb calorimeter, Gailenkamp CB 370 Valk 1984 

Carbon/Nitrogen Acidifiied 10% HCL to remove epiphytes) CHN Thayer et al. 1982 
Analyser (standard: cyclohexanone-2,4- 
dinitrophenol hydrazone) 

Nitrogen 

Ca, Mg, Na, K 

Kheldjal digest (0.5 - l g from 5 leaves) 

Atomic absorption spectrometry 

Carbohydrates 3ml of homogenate 
Sucrose method 

McMahon et al. 
1998 
Klumpp & Van der 
Valk 1984 
Rublee & Roman 
1982 

Lipid (~10mg) Chemical assay against cholesterol standard for Rublee & Roman 
total lipids by sulphophosphovanillin method 1982 

Beckman, 
model 117 Automatic Amino Acid Analyser 

Amino acids 

Protein Chemical assay, followed by protein Rublee & Roman 
determination by micro-assay Bio-Rad method 1982 
(Bio-Rad Laboratories), which uses Coomassie 
blue dye and a serum albumin standard 

Phenols Air or oven dried before extraction, Folin Denis Harrison & Durance 
Reagent 1985 

[methylJH] thymidine: Bacterial activity and its role in detrital processing within a seagrass 
system may be followed using radioactively labeled [methyl-~ thymidine (Pollard and 
Kogure 1993). This compound is used to trace bacterial activity by measuring the rate at 
which bacteria divide, which is dependent on the supply of oxidisable organic carbon in the 
sediments. If  estimates of heterotrophic bacterial production are similar to autotrophic 
production, it suggests that the primary production is remaining within the seagrass bed. 

16.5.4 Faunal Community Associated with Seagrass Litter 
The importance of  macroinvertebrate detritivores in speeding up detritus decomposition 

has been recognised in many ecosystems (Briggs et al. 1979, Webster and Belfield 1986, 
Cummins et al. 1989, Gra~a 1993, Lopez et al. 1997, Fazi and Rossi 2000). Besides the direct 
effects of macroinvertebrates on decomposition, animals stimulate the activity of microbial 
heterotrophs at lower trophic levels, thus increasing the rate of  decomposition and the 
metabolic activity of  the system as a whole (Berrie 1976, Gra~a 1993). The rate of  
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colonization by microorganisms is strongly influenced by the presence of animals. The 
trophic activity of macroinvertebrates increases the surface-to-volume ratio of the particles of 
detritus, influences the growth rate and population dynamics of the microorganisms and 
speeds up their dispersion (Swift et al. 1979, Lee et al. 1980, Lopez et al. 1997). 

Animal contribution to litter decomposition can be investigated using litter bags of 
different mesh sizes: 1) large (1-5 mm) which does not limit invertebrate colonisation; 2) 
small (80 - 100 mm) which prevents colonisation. The weight loss of the colonised litter 
bags is compared to the weight loss of the litter in which colonisation is prevented by a fine 
mesh (Menendez et al. 1989, 1993). 

Animal Colonisation and Community Trophic Structure. 
The pattern of detritivore animal colonisation, as decomposition proceeds, can be 

investigated using the litter bag technique. Colonisation can be analyzed both in terms of 
density (number of individuals per taxa per AFDW gram of detritus) or weight (AFDW gram 
of animals per AFDW gram of detritus). After collection, the litter bags are washed and the 
fauna removed. The collected animals are identified, counted, carefully dried (60 ~ C until 
constant weight) and weighed. Depending on the main objective of the study, animals can be 
weighed individually or by species. Subsamples (usually sorted in dimensional classes) are 
combusted at 550 ~ C for 3 hours to determine the ash content percentage. This percentage 
will be subtracted from the dry weight to determine the AFDW as described above. 

To study the structure of the invertebrate community associated with seagrass litter, 
animal colonization is usually analyzed in term of "trophic groups" (i.e., shredders, scrapers, 
collectors, predators, borers). Laboratory tests must be carried out to determine the behavior 
of each species, their trophic interactions within the community, and to quantify the strength 
of these interactions. Tests could included trophic-niche analysis (Rossi 1985) and radio- 
tracer and stable isotope techniques. 

I ~ ~  Conclusion 

The techniques used for the study of seagrass litter are extremely varied and, for the most 
part, do not require a great deal of equipment. The methods can be used in a number of 
regions, including those regions difficult to access or removed from the larger research 
centres. Research efforts can and should be directed towards the study of this component, 
which is important in seagrass ecosystems, especially in relation to the assimilation of carbon 
via detritivory. 

In addition, the data available on the amount of necromass and the decay rates of the 
plant material can be compared to primary production estimates to evaluate the amount of 
litter exported from seagrass beds. The estimation of primary production using techniques 
described in Chapter 8 allows an estimate of the rate of leaf fall, thus providing an indication 
of the amount of dead leaf material which is incorporated into the litter (necromass input). 
Based on this information, it is possible to construct a simple model (Romero et al. 1992) 
allowing an estimation of the proportion of exported litter and the proportion of litter 
decomposed in situ. 
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Chapter 17 

Measurements of physical parameters 
in seagrass habitats 

Evamaria W. Koch, Jennifer J. Verduin 

Chapter  Objective 

To present methods for quantifying temperature, salinity, currents, waves and turbulence 
in seagrass habitats and to describe simple, yet biologically relevant techniques that can be 
easily applied throughout the world. In many cases, an inexpensive (but limited) and a more 
costly (but more accurate) option are described. 

I ~ ~  Overv iew 

Seagrass environments are characterized by physical conditions like temperature, salinity, 
currents, waves, turbulence and light. Each of these parameters has the potential to affect the 
vegetation from the smallest (molecular and physiological) to the largest (ecosystem as well 
as global) scale. For example, temperature and salinity affect the growth and distribution of 
seagrasses (Bulthuis 1987, Koch and Dawes 1991, Mashai and Manning 1997) while 
sheltered conditions (reduced wave action and current velocity) are also often necessary for 
seagrasses to become established (Lee Long et al. 1993, Dan et al. 1998, van Katwijk and 
Hermus 2000). Conversely, seagrass beds affect these physical parameters. They reduce 
current velocity (Fonseca et al. 1982, Fonseca and Fisher 1986, Gambi et al. 1990, Koch and 
Gust 1999), attenuate wave energy (Fonseca and Cahalan 1992, Koch 1996, Verduin and 
Backhaus 2000), change the level of turbulence in the water (Gambi et al. 1990, Ackerman 
and Okubo 1993, Worcester 1995, Koch and Gust 1999), and enhance light availability by 
promoting the deposition of suspended sediments (Kemp et al. 1984, Short and Short 1984). 
As a result, there is a complex but clear feedback between seagrasses and the physical habitat 
they colonize. Studying the interaction between seagrasses and their physical environment 
may allow us to better understand the processes that influence the biology of seagrasses. 

The chapter begins with the description of two simple methods of obtaining accurate 
temperature data in seagrass habitats, including sediments and the water column, followed by 
a description of how to obtain salinity data from research vessels or directly in the seagrass 
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habitat. It is noted that temperature and salinity can be influenced by tides and, therefore, 
caution needs to be taken when collecting and interpreting these data. 

A large variety of current meters are presently available on the market. Their 
appropriateness for seagrass research is discussed and the dye tracking method is described in 
detail for quantification of current velocity in seagrass-colonized areas. The same technique is 
later applied towards the quantification of turbulence in seagrass beds. Dye tracking is a 
simple and inexpensive technique that will allow scientists around the world to make currents 
and turbulence an integral part of the analysis of their data. 

Quantification of waves in seagrass habitats is described via the deployment of pressure 
transducers. Although simpler techniques are available to quantify maximum wave exposure 
(dynamometers) and wave characteristics (videotaping), pressure transducers still provide the 
most accurate data in seagrass habitats over the broadest range of climatic conditions. 

Light is an important parameters regulating seagrass growth and distribution (Dennison et 
al. 1993, Bach et al. 1998, Hall et al. 1999) and is addressed in Chapter 19. 

I ~ ~  Temperature 

17.3.1 Introduction 
Temperature affects seagrasses from the global to the molecular level. It influences the 

biogeographical distribution of seagrasses worldwide (den Hartog 1970, Walker and Prince 
1987, Short and Neckles 1999) as well as the enzymatic activity in individual cells (Masini 
and Manning 1997). As temperature tends to increase due to global changes (Houghton et al. 
1996), it can be expected that its impact on seagrasses will be felt from the smallest to the 
largest scales (Short and Neckles 1999). 

The temperature of the water within and above seagrass beds may vary locally depending 
on the density of the vegetation (see Komatsu et al. 1982 for density-dependent temperature 
in kelp beds) and the hydrodynamic conditions prevailing in the area (Koch and Gust 1999). 
Additionally, the temperature of the sediment can also differ fi'om that of the water column, 
especially during times of the year when rapid fluctuations in temperature occur (i.e., spring 
and autumn). Therefore, when measuring temperature in seagrass-related studies, it is 
important to collect data from the appropriate location (sediment or water within, above or 
adjacent to the seagrass bed) and to be consistent over time. The sediment temperature may 
be fundamental when determining remineralization in seagrass-colonized sediments and/or 
root respiration. In contrast, the temperature within the vegetation may be relevant when 
evaluating epiphytic and seagrass growth, photosynthetic rates and fluorescence. 

The simplest and most inexpensive instnmaent used to measure temperature in a seagrass 
habitat is the hand-held thermometer. Due to its temporal and spatial limitations (only 
collects one data point in time and space), collection of temperature data using data-loggers is 
also described. 

17.3.2 Objective 
Quantification of temperature in seagrass habitats using a hand-held thermometer or 

temperature logger when available. 
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17.3.3 Necessary Materials and Equipment 
�9 Thermometer of your choice (electrical or fluid; mercury thermometers should be 

avoided due to their potential environmental hazard) as long as the following criteria 
are met: accuracy of I~ for natural conditions and 0.1~ for physiological and lab 
studies (Fonseca 1990) OR temperature data logger with field anchoring system 

�9 Tide table 
�9 Data book 
�9 Bucket or Niskin bottle (if thermometer can not be easily placed at the recording site - 

as when working from a ship) 

17.3.4 Methods 
In situ water temperature is usually determined using contact thermometers, either fluid 

(alcohol) or electrical. Small affordable thermometers with data loggers have also recently 
become available. The choice between using hand-held thermometers versus temperature 
loggers is determined by the frequency, duration and resolution of the data needed as well as 
the budget of the project. While hand-held thermometers require an individual to take the 
readings, the temperature loggers can collect data as often as twice per second for several days 
or even months. Therefore, the use of temperature loggers is encouraged when possible (see 
e.g., Onset Computers at http://www.envsens.corn/products/onset/index.html) 

Once the thermometer has been chosen, it is important to select the appropriate area 
where the temperature measurement will be taken. Temperatures can differ significantly 
between vegetated and unvegetated areas or above and within the vegetation. To maintain 
consistency for monitoring purposes, temperature measurements should always be taken at 
the same location. It is suggested that measurements be made in the middle of the seagrass 
canopy; these are the temperatures that have the greatest influence on the seagrasses although 
the site of temperature measurements may be adjusted according to the research question. 

17.3.5 Data Collection 

Hand Held Thermometer 
1. Lower the thermometer to the selected area and allow the temperature to equilibrate 

(depends on the response time of each thermometer). If the sampling site is not easily 
accessible, water can be collected using a bucket or a Niskin bottle arid the temperature 
should be recorded as soon as the water is brought aboard (Fonseca 1990). If the 
temperature within the canopy is to be measured, disturbance of the canopy and the 
possible temperature stratification above and within the vegetation should be avoided (the 
bucket/Niskin bottle method would not be appropriate in this case). 

2. If possible (when scuba diving or snorkeling), read the temperature without moving the 
thermometer from the measuring site. If that is not possible, read the temperature as soon 
as possible after moving it. 

3. Record the temperature as well as the location (above or within the canopy), time of the 
day, the tidal stage (flood or ebb) and the water depth. 
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Temperature Data Logger 
1. In the lab, program the data logger according to the manufacturer's instructions and the 

research question to be pursued. 
2. Select the site where the data logger is to be installed. Place a narrow pole (to avoid 

disturbance of the canopy and water flow) f'Lrmly in the ground and attach the data logger. 
Note the position of the logger in relation to the sediment and the canopy surface. If 
needed, mark the location with a buoy not directly connected to the temperature logger. 

3. If the logger remains deployed for long periods of time (more than 2 weeks in tropical and 
eutrophic environments and more than a month in temperate and oligotrophic 
environments), it should be cleaned on a regular basis by brushing colonizing organisms 
off the sensor. 

4. Retrieve the logger and offload the data according to the manufacturer's guidelines. This 
can be done in situ using a laptop computer allowing the sensor to be immediately 
deployed again. 

17.3.6 Trouble Shooting and Hints 
All thermometers and temperature loggers should be calibrated against a reference 

instrument (laboratory alcohol thermometer) or certified thermometer prior to use as well as 
on a regular basis. It should also be noted if the thermometer is a full or partial immersion 
thermometer. The former should always be immersed to the full column of the spirits 
(alcohol) while the latter only needs to be inserted such that a constant length of the 
thermometer is in contact with the liquid. 

If temperature measurements are only taken once a day (thermometer), the readings may 
vary with tides. Therefore, before starting a daily or seasonal temperature measuring routine, 
a time series of temperature measurements coveting several tidal cycles should be recorded on 
an hourly basis. As the tides in most parts of the world occur later every day, the effect of 
tides on the temperature at a given time of the day can be followed quite easily. If the water 
temperature is relatively constant at a given time of day, the effect of the tides may be 
insignificant and temperature data can be recorded independent of the tidal phase. In this 
case, the temperature should always be measured at the same time of the day. If the 
temperature changes as tidal depth changes, temperature data needs to be collected at shorter 
time intervals to include several phases of the tides or at a fixed tidal phase. Alternatively, 
the variation in temperature throughout tidal cycles as well as day/night cycles may be 
captured using a maximuna/minimum ("max/rain") thermometer. 

17.3.7 Discussion 
All temperatures should be expressed as degrees Celsius (~ If possible, the use of 

temperature loggers is recommended as the data set will be more complete (data will be 
recorded independent of the weather or time of the day) and more accurate (sensor needs less 
time to equilibrate) than when using a hand held thermometer. Additionally, if several 
temperature loggers are available, this parameter can be recorded simultaneously at different 
locations. A disadvantage of temperature loggers is that, during long-term deployments, they 
need to be cleaned on a regular basis as the organisms that colonize their surfaces may 
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increase the response time of the logger. Alternatively, max/min thermometers can be used to 
identify the range of temperatures at a selected site. 

Seagrass shoot density may be important to consider when interpreting temperature data 
collected in the sediments or within the canopy, especially in tidally dominated areas where 
the residence time of a water mass within a seagrass bed is affected by the density of the 
vegetation (Koch and Gust 1999). Temperature in vegetated areas may be a function of the 
density of the plants (Komatsu et al. 1982). 

Salinity 

17.4.1 Introduction 
The salinity of the water may not only affect the distribution (Orth and Moore 1984, 

Fletcher and Fletcher 1995) and growth (Adams and Bate 1998, Kamermans et al. 1999) of 
seagrasses but can also be an environmental stress (Zieman et al. 1999) rendering seagrasses 
more or less vulnerable to diseases (Burdick et al. 1993). Variation in salinity seems to be a 
better predictor of seagrass biomass and diversity than average salinity (Montague and Ley 
1993). Additionally, salinity data can be a good indicator of the origin of the water mass in 
the seagrass bed (oceanic or riverine) and may also provide some information about seagrass 
diversity and ecology in a specific area. 

Salinity measurements are easier to do than they were in the days of seawater titration. 
Presently, salinity can be determined using refractometers, hydrometers, and salinometers 
based on light refraction, specific gravity (mass) and conductivity, respectively. Although 
the units of salinity obtained from different instrtmaents can be expressed as practical salinity 
units (psu) or parts per thousand (%o), for most purposes, including seagrass research, it can 
be assumed that %0 and psu are synonymous (Mellor 1996). 

The use of hydrometers is not recommended especially under field conditions as their 
readings are affected by the concentration of suspended solids in the water. Refractometers 
are acceptable when an accuracy of 1%0 is appropriate. When a higher accuracy is needed 
(0.1 psu for physiological studies or to identify water masses), salinometers are 
recommended. 

17.4.2 Objective 
To determine salinity in seagrass habitats using a refractometer. 

17.4.3 Necessary Materials and Equipment 
* Refractometer 
�9 Soft absorbent tissue 
�9 Distilled water 
�9 Tide table 
�9 Data book 
�9 Bucket or a Niskin bottle (if a water sample can not be easily collected from the study 

site - as when working off a ship) 
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17.4.4 Methods 
Make sure the surface of the refractometer is clean by making sure the glass surface 

contains no particles or grease. Collect a small water aliquot using a clean plastic pipette 
(glass may scratch the glass portion of the refractorneter) from a well-mixed area within the 
seagrass canopy keeping in mind that often the water masses within and above the vegetation 
may have quite different salinities. If the sampling site is not easily accessible, a bucket of 
water can be collected and the water aliquot can be obtained from the bucket. Place a few 
drops of the water onto the refractometer, close the plastic cover and expose the 
refractometer to sufficient light (sunlight preferred). 

17.4.5 Data Collection 
1. Read the salinity according to the instructions for that specific refractometer (usually the 

line separating a black and a white area). 
2. Record the salinity as well as the location, time of the day, tidal stage and water level. 
3. Wipe the glass surface with soft absorbent paper (microscopy paper is appropriate), 

rinse the surface with distilled water and wipe it off again. 

17.4.6 Trouble Shooting 
Temperature-compensated refractometers should always be used. All refractometers 

should be calibrated on a regular basis by adjusting the baseline (0 %0). To do this, check if 
the salinity of deionized water reads 0 %0. If not, the baseline can be easily adjusted by 
turning a small screw on most refractometer models. Additionally, refractometers should also 
be checked against other salinity measuring devices on a regular basis and sent back to the 
manufacturer for recalibration every 5 years or as needed. 

As with temperature, salinity readings may vary with the tides. Therefore, before 
starting a salinity recording routine, a time series of salinity measurements at hourly intervals 
should be recorded over several tidal cycles. The effect of tides on the salinity at a given time 
of day can be followed quite easily although there may be areas where it is not 
straightforward (e.g., Gulf of Carpentaria, Australia where the tides change from diurnal to 
semi-diurnal). If the salinity is relatively constant at a given time of the day, the effect of the 
tides may be insignificant and salinity data can be recorded independent of tidal phase. If the 
salinity at a given time of day increasesas tidal depth changes, tides may have an effect on 
salinity and, therefore, salinity data need to be collected at shorter time intervals to include 
several phases of the tidal cycle or at a fixed tidal phase. Alternatively, in general, measuring 
salinities at maximum high and low tide will usually provide the range of salinities for a given 
site. 

17.4.7 Discussion 
The salinities obtained using a refractometer should be expressed as parts per thousand 

(%0) but are comparable to salinities expressed as practical salinity units (psu). 
Temperature and salinity data can be used to identify water masses. When these two 

parameters are recorded simultaneously and at relatively short time intervals (minutes to 
hours), an abrupt change in temperature and salinity can be used as an indication of a new 
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water mass entering the area where the measurements are being taken. For example, in narrow 
estuaries with high tidal ranges where oceanic water moves relatively far upstream during the 
flood and lower salinity water moves downstream during the ebb, changes in temperature and 
salinity can be used to identify these two water masses and their residence time at the study 
site. 

Currents 

17.5.1 Introduction 
Water flow affects almost all biological, geological and chemical processes in seagrass 

ecosystems. For example, the pollination of seagrass flowers depends on currents and 
turbulence around these reproductive structures (Ackerman 1986, Verduin 1996a, Ackerman 
1997); the photosynthetic rate of seagrasses depends on the thickness of the diffusive 
boundary layer (Koch 1994); the sedimentation rates depend on the currents and waves that 
are altered by the vegetation (see review, Fonseca 1996); some fauna found in seagrass beds 
depends on the low current environments created by the presence of the vegetation 
(Murphey and Fonseca 1995); and the geochemistry of the sediments inhabited by seagrasses 
is also affected by water flow (Koch 1999). Most seagrass-related studies could benefit from 
the quantification of the hydrodynamic conditions under which the experiments are taking 
place. 

Water flow in seagrass habitats can be divided into unidirectional and oscillatory flows. 
Unidirectional flows (often referred to as currents) are those in which water particles tend to 
move in the same direction over time (usually parallel to the bottom) resulting in a net 
horizomal (and to a lesser extent also vertical, Nepf and Koch 1999) displacement. These 
unidirectional flows in marine environments are usually generated by tides. Tides can also be 
viewed as low frequency oscillatory flows. For more on oscillatory flows, see Section 17.6. 

The ideal method to measure current velocity in situ is through a non-invasive field 
technique that has high temporal and spatial resolution. Unfortunately, such a technique does 
not exist. Instead, several invasive and some expensive and not always appropriate non- 
invasive techniques are available (Table 17-1). 

17.5.2 Objective 
Quantification of advective velocity in seagrass habitats using a simple, inexpensive and 

non-invasive technique: dye tracking. 

17.5.3 Necessary Materials and Equipment 
�9 Boat, canoe or kayak 
�9 Timer or watch with seconds precision 
�9 Gloves 
�9 Rubber bands 
�9 Two thin poles 
�9 Small balloons 
�9 Measuring tape 
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* Dye (rhodamine WT or fluoresceine) 
. Syringes with an attached tube for sampling the water column at a certain depth 

(or an automated water sampler) 
, Sampling vials 
. Insulated box to store vials 
* Fluorometer or spectrophotometer 

Table 17-1. Techniques for measuring current velocity (organized in ascending order of cost). 

Technique ' Posiiive aspects Negative'aspects ...... 
(reference) 

Dye tracking Simple, 
(Worcester 1995, inexpensive 
Rybicki et al. 1997) 

Plaster balls Simple, 
(Komatsu and Kawai 1 9 9 2 ,  inexpensive 
Komatsu 1996) 

Propeller-driven current me te r s  inexpensive 

Anemometers Small 
(Koch 1994, Koch and Gust 1999) 

Magnetic current meters High temporal 
(Grizzle et al. 1996, resolution; 
Thomas et al. 2000) affordable 

Acoustic Doppler Velocimeter (ADV) High accuracy and 
(Verduin 1996b) 

Laser Doppler Velocimeter (LDV) 
(Garnbi et al. 1990) 

Particle Image Veloeimeter (PIV) 

, .  , , , , ,  

Limited temporal and spatial resolution 

Extensive and complicated calibrations 
required (Porter et al. 2000) 

Not effective in seagrass beds 
(Fonseca 1990) 

Time consuming calibrations 

Low spatial resolution 

Data collected close (< 1 cm) to 
temporal resolution boundaries (leaves, sediment) may be 

erroneous (Finelli et al. 1999) 
High accuracy and Expensive 
temporal resolution 
High accuracy, Expensive; seagrass leaves create zones 
temporal and in which measurements can not be 
spatial.resolution taken,(shading of the light sheath) . . . .  

17.5.4 Methods 
Mix the dye with 100 to 500 ml of water from the site (the temperature and the salinity 

of the dyed water need to be the same as that of  the water at the study site to achieve neutral 
buoyancy). Fluorescein at a concentration of 3 g per liter of  seawater or a 20% rhodamine 
WT solution allow the dyed water mass to be clearly tracked. The use of gloves is 
recommended when using these dyes. Place the dyed water in a balloon and close it with an 
adjustable pinch clamp. Choose the site (above/within canopy or unvegetated) where the 
advective velocity is to be quantified (usually expressed as a certain height above the bottom). 
Firmly attach the balloon to a narrow pole (the narrower the pole, the less the water flow will 
be affected by the pole) at the chosen height above the bottom using rubber bands. 

Determine the direction of the flow by observing the flow around the pole and the 
trajectory of particles in the water. If needed, sediment grains can be released into the water 
to visualize the flow direction but make sure there is no obstruction in the flow. Install a 
sampling pole 30 to 50 m downstream from the first pole (Figure 17-1). If  the seagrass bed is 
smaller than this, the distance between the poles can be reduced. Attach the sampling tube 
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(connected to the syringe or automated water sampler) to the sampling pole such that the 
opening is at the upstream side of the pole and at the same height above the sediment as the 
balloon. The syringe should be positioned such that the individual taking the samples 
(possibly from a boat)can easily manipulate it. An automated water sampler can be used 
instead of the syringe. 

Figure 17-1. Example of a set-up to quantify advective velocity using the dye-tracking technique. 

17.5.5 Sample and Data Collection 
1. One individual releases the dye to form a compact (smaller than 1 m in diameter) blob. 

Record the time (in seconds) as well as the distance between the poles. 
2. Another individual starts collecting water samples via the syringe at the second pole (as 

much as needed for the fluorometer or spectrophotometer) at regular time intervals. The 
water sampling time interval will be determined by the magnitude of the current. For 
example, if the poles are 50 m apart and the flow is approximately 5 cm s "l, the dye will 
take 16 minutes and 40 seconds to reach the sampling pole. Because water samples are 
expected to be collected until the dye has passed the pole, it is recommended that the 
sampling period be twice as long as it takes for the dye to move from one pole to the 
other (in the above example, 33 minutes and 20 seconds). A minimum of 10 water 
samples should be available, therefore, in the above example water samples are collected 
at 3 min intervals. Note that the tube through which the water samples are collected 
needs to be flushed with water with no trace of dye or with air alier each water sample is 
retrieved. 
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3. Place each water sample in a labeled vial, indicating time of collection, and store them in a 
cool dark place until they reach the lab and are processed. 

4. Analyze the samples in a fluorometer or spectrophotometer and plot a concentration time 
series. It should resemble a bell shaped curve where the concentration (Ci) changes over 
time (Ti). Note that the width of the base of the curve depends on the turbulence in the 
area. The wider the base, the more turbulent the site. 

5. Calculate mean advective velocity (U) by first calculating the arrival time (T) of the dye at 
the sampling pole using the following equation: 

N 

T~C~dt 
T = i=i 

N 

E Cidt 
i=1 

where N is the number of measurements between the arrival time of the leading edge and 
the arrival time of the trailing edge of the dye; Tt is the ith minute since the release of the 
dye; C~ is the observed dye concentration at T~ and dt is the amount of time between 
successive measurements. 

6. Then calculate the mean advective velocity (U) in cm s "1 or m s "l using: 

U = d/T 

where d is the distance between the dye injection site (pole with balloon) and the 
sampling site (Figure 17-1). 

The syringe collection method is appropriate when a fluorometer or spectrophotometer is 
available. Alternatively, instead of collecting water samples to determine the velocity of the 
dyed water mass, high-frequency photographs of an area through which the dye is moving 
can also be used to quantify water flow. In this case, a camera should be mounted at a fixed 
point perpendicular to the flow, 2 to 5 m away from the dye track, above or in the water 
depending on the depth of the water column and the site of the dye release. Approximately 
ten pictures should be taken during the time the dye passes through the viewing field. The 
time each picture is taken is recorded to determine thespeed at which the water is moving. 
Additionally, reference poles in the viewing field may help to detem~e the distance the dye 
blob traveled. Small dye blobs may be easier to track than large ones. 

When using photography to quantify advective velocity in seagrass habitats, the distance 
the dye blob moved is divided by the time it took for the center of the dye blob to move from 
position 1 to position 2 (Figure 17-2) and then averaging all the velocities obtained from 
tracking that dye blob (Worcester 1995). 
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17.5.6 Trouble Shooting and Hints 
This method relies on the displacement of the dye and, therefore, needs to be performed 

under steady flow conditions, i.e., during an ebb or a flood tide but not during slack water. 
Best results are achieved when the dye is squeezed from the balloon at approximately the 
same rate as the water is flowing (to avoid increasing local turbulence) but release of the dye 
should not last more than a minute (to create a well defined blob). 

It is suggested that the dye-tracking procedure be repeated several times and that the 
average of several runs be used. As the results vary with a variety of parameters, it is 
important to also record the water depth, canopy height, percentage of the water column 
occupied by the vegetation, seagrass density, size and patchiness of the seagrass bed, tidal 
phase, wind intensity and direction, and waves if possible (Section 17.6). 

Although the dye used in these experiments is usually biodegradable and non-toxic, it may 
be advisable to check with the local authorities if a permit is required to release dye in local 
seagrass beds. Oranges (or other fruits and vegetables) can be used as surface water tracers. 

T, T~ "I"3 

( ~  DA, ~ .... D~ 

DA DB U~+ U 2 + . . . +  Un 
U1 = . _ _ _ _ _  U2 = U,,ean = 

T 2 - T 1  T 3 - T 2  N 

Figure 17-2. An example of how sequential photographs of a moving dye blob can be used 
to quantify advective velocity (U) in seagrass habitats. T~, T2, T3 represent the time (T). 
DA, DB represent the distance traveled by the center of the dye blob between time T~ and T2 
and "I"2 and T3, respectively. N represents the number of samples used in the calculations. 

17.5.7 Discussion 
Water flow affects almost all processes occurring in seagrass beds, from the smallest 

(physiological and molecular) to the largest (meadow-wide). Current velocities in seagrass 
habitats have been observed to be as high as 180 cm s 1 (Phillips 1974) but within the 
vegetation, water flow is commonly less than 10 cm s "l (Fonseca and Kenworthy 1987, 
Grizzle et al. 1996, Koch 1996). When quantifying water flow at the study site even when 
the focus of the work is not directly related to this parameter, a new insight can be gained. 

It is recommended that shoot density, canopy height and any other obstruction to water 
flow (macroalgae, gorgonians, clams, etc.) be quantified at the study site. This may aid in the 
later interpretation of the results. The dye tracking technique only allows for estimations of 
average flows over relatively broad spatial scales. Therefore, other techniques may be needed 
to resolve hydrodynamic processes at smaller scales. 
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Waves 

17.6.1 Introduction 
Waves in seagrass habitats occur at a variety of frequencies. Some of the lower frequency 

waves with periods (time interval between two successive wave peaks or troughs passing a 
fixed point)of hours, such as tides, are caused by gravitational attraction between the earth, 
moon and sun. In contrast, most high frequency waves (periods of seconds to minutes) are 
the result of wind blowing over the water surface and are, therefore, called wind waves. Swell 
(waves generated far away from the area where they are observed) generally have a longer 
period and wave length than waves generated locally. Based on the local dominance of wave 
periodicity, seagrass habitats may be classified into tide-dominated, wave-dominated or mixed 
regimes. In the wave-dominated habitats, seagrass leaves tend to flap back and forth with the 
oscillatory motion of the waves while in tide-dominated habitats, seagrass leaves tend to bend 
in the direction of the tidal flows. In mixed habitats, seagrass leaves have a complex motion 
resembling a constant flapping motion but only in the direction of the flow. 

Waves are not only characterised by their frequency but also by their height, length (L), 
amplitude, period, and speed. Additionally, waves are divided into deep, intermediate and 
shallow water waves. Deep water waves are those travelling over depths larger than L/2; 
shallow water waves are those where depths are less than L/20 and intermediate waves are 
those travelling over depths between L/2 and L/20. For deep waves, the orbits of water 
molecules and particles in the water are circular and are only affected by the wavelength. In 
transitional waves, the path of particles in the water follows an oval path due to the 
distortion of the orbits by friction from the seafloor. In shallow water waves the orbits of 
particles are flattened so much that their oscillatory motion becomes nearly horizontal (back 
and forth motion only). These oscillatory flows control mixing of particulate and dissolved 
matter within seagrass meadows and the water column above them (Koch and Gust 1999). 

The simplest and most inexpensive way to measure waves is to make a visual estimation 
looking at or videotaping the sea surface (Morgan 2000). For example, visual observations of 
the surface displacement against a fixed vertical scale can be used to estimate wave height. 
The wave period can. be estimated from the time it takes two subsequent crests or troughs to 
pass a fixed point and the wave height can be estimated from the vertical distance between 
troughs and crests. These estimates, in turn, may be used in calculations of hydrodynamic 
forces which are experienced by organisms (Denny 1995) like seagrasses. This method of 
wave visualisation can be easily applied where wave height is large and wave frequency is low 
(oceanic areas and coastal areas with long fetches). In areas where wave height is small (< 1 
cm) and wave frequency is high (most coastal areas), it may not be a simple task. A special 
video player that allows for individual frame analysis may be needed (expensive) and the time 
to obtain a single wave time-series may be prohibitive. As a result, statistically relevant 
parameters like significant wave height (average height of the highest one-third of all waves 
occurring in a particular time period) and dominant wave frequency can not be easily obtained 
from these data. Therefore, to assure that data obtained over a broad geographical range can 
be easily compared between sites and with the oceanographic literature, the use of pressure 
transducers connected to data loggers mounted below the depth of the deepest wave trough or 



Chapter 17: Measuring Physical Parameters 337 

at the seabed is recommended. The wave record obtained from pressure transducers is based 
on the principle that the hydrostatic pressure below the surface varies periodically as the 
depth of water varies due to the passage of waves thus creating a continuous record of 
pressure against time. 

17.6.2 Objective 
To characterise waves in seagrass habitats using a pressure transducer connected to a data 

logger. 

17.6.3 Necessary Materials and Equipment 
�9 Pole 
�9 Tide Table 
�9 Computer 
�9 Pressure transducer (www.trans-metrics.com) and data logger 

(www.coastal-usa.com) 

17.6.4 Methods 
The first step in collecting wave data in a seagrass bed using a pressure sensor is 

programming the data logger. Two important parameters to be considered are the duration of 
the deployment and the frequency at which the data vail be recorded. The duration of the 
deployment must be long enough to obtain a data record statistically sufficient to cover the 
wave motion regime. This is a function of the bottom topography (slope of the seagrass 
habitat) and the predominant wave motion regime of the study area (oceanic, coastal). This 
period is recommended to be 10 minutes or longer. As the tidal regime can affect the waves, 
especially in shallow seagrass habitats (at low tide the waves may be higher than at high tide 
and at high tide, seagrasses may attenuate waves less than at low tide), it is recommended that 
a deployment cover at least one tidal cycle, preferably three. Therefore, 10 minute bursts 
every hour over a tidal cycle is the minimal recommended deployment duration to 
characterise waves in a seagrass habitat. 

The frequency at which each data point is recorded depends on the wave frequency. For 
high frequency waves (coastal areas), waves are recorded at no less than 5Hz (5 times per 
second). If possible, they are recorded at a 25 Hz frequency. For low frequency waves 
(oceanic areas), waves may be recorded at lower frequencies. Once the data logger has been 
programmed, the pressure transducer can be deployed at the study site. The continuously 
recording pressure sensor is installed on a fixed pole or at the sediment surface. It is 
important to note that the pressure transducer needs to be installed in such a way that it does 
not move or tremble as this would be recorded as "water motiOn". Once the instrument is 
deployed, it can usually be left unattended until the time it is recovered. At that point the 
data can be retrieved and analysed. 



338 Koch and Verduin 

17.6.5 Data Collection 

1. Deploy the pressure transducer on a pole or at the sediment surface and record the 
time and date the measurements are beginning. Record climatic conditions during the 
deployment (if possible). These data are often available from nearby airports. 

2. Retrieve the pressure transducer from the field site noting the time and date. 
3. Offload the data. 
4. Analyse the data. 

The output of the water height over time (i.e., wave time-series) can be analyzed by 
simply determining the average wave height (distance between trough and crest) and wave 
period (time between troughs or crests). Because the surface of the sea typically possesses a 
disordered, even chaotic appearance, statistical methods are recommended to characterize 
waves. Fast Fourier Transformation (FFT) is often used for such analysis of wave data. A 
common use of FFT is to f'md the dominant wave frequency and the significant wave height 
buried in a noisy time domain signal. FFT routines are available in data analysis programs 
(www.mathworks.com) as well as in software packages sold by wave gauge (pressure 
transducer) manufacturers. Methods to calculate and plot FFT's are described by Little and 
Shure (1988). 

17.6.6 Trouble Shooting and Hints 
If after processing the data, wave frequency appears strange (higher or lower than 

normally seen in the natural environment), the pressure sensor may have been attached to a 
vibrating pole or tumbling along the bottom. If a dominant wave frequency can not be 
identified by FFT (wave spectra did not include the wave peak), the frequency of data 
collection may have been too low. 

In certain zones of wave action, such as the surf zone where conditions may be extremely 
rough it may not be possible to deploy pressure transducers. The very strong currents and 
energy from breaking waves are, however, very important in understanding the ecology of 
seagrass systems. Dynamometers are useful in this case to record maximum wave forces 
(Bell and Denny 1998, Castilla et al. 1998). 

17.6.7 Discussion 
It is recommended that the following parameters also be recorded concomitant with wave 

data: wind speed and direction, wave direction and tidal conditions. Wind data may be 
available from nearby airports while wave and tides may be obtained visually and from tide 
tables, respectively. 

The wave measuring methods described above (visual technique and pressure sensor 
deployment) have the disadvantage of providing information at one fixed point only. For 
more complete information at the landscape scale, wave models are often used. A range of 
numerical deep water wave models exist (Komen et al. 1995). These wave models, however, 
predict wave parameters in the absence of vegetation and may not reflect the conditions in 
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seagrass habitats. Other hydrodynamic models, namely for shallow unvegetated coastal areas 
predict shallow water waves (Backhaus 1985). Unfortunately, at present no wave models 
exist for vegetated shallow coastal regions. 

I ~ ~  Turbulence 

17.7.1 Introduction 
Turbulence consists of temporally and spatially irregular water motion superimposed on 

the larger flow pattem (unidirectional and oscillatory flows). It forms at boundaries like the 
sediment surface or the surface of seagrass leaves (Gambi et al. 1990, Koch 1996, Koch and 
Gust 1999). It is then transferred from larger to smaller scales or eddie sizes (Anderson and 
Charters 1982, Gambi et al. 1990, Ackerman and Okubo 1993, Koch 1996) and ultimately 
dissipates in the form of heat. Turbulence increases with plant density and current velocity 
(Dunn et al. 1996) although, when currents are so strong that the vegetation bends over, the 
water flow is redirected over the vegetation (skimming flows) and turbulence levels within the 
canopy may decrease (Nepf 1999). Turbulence has the potential to be of extreme ecological 
importance in seagrass habitats as it affects the mass transfer of nutrients and carbon in the 
water (Sanford 1997) as well as the dispersion of particles such as pollen, larvae, seeds and 
spores (Ackerman 1997 1998). 

Turbulence is a relatively complex subject. Books written for biologists like those by 
Denny (1988), Vogel (1994) and Campbell and Norman (1998) may be a first step it,. 
understanding turbulence and can be followed by other books on hydrodynamics like those 
by Tennekes and Lumley (1972) and Kundu (1990). 

As turbulence is a process characterized by high spatial and temporal changes in water 
motion, high-frequency measurements (several times per second) are necessary to quantify 
turbulent energy in seagrass habitats. A variety of instruments are available to quantify 
turbulence at the appropriate time scales but they are expensive and often provide erroneous 
data due to interference with the seagrass leaves (Table 17-1). 

An indicator of turbulence (turbulent mixing coefficient) can easily and inexpensively be 
described using the dye-tracking technique (Worcester 1995). This method is based on the 
principle that when there is no flow, the dye will only dissipate via diffusion while, the more 
turbulent an environment, the faster a dye blob tends to dissipate. As for currents, this 
technique has relatively low spatial resolution and is not appropriate for small scale studies 
like the turbulence created by seagrass flowers and epiphytes but can be used to describe 
turbulent mixing in seagrass habitats. These data are particularly valuable for comparative 
studies in beds of different density, patchiness, species and over a range of hydrodynamic 
conditions. 

17.7.2 Objective 
Characterization of turbulent mixing in seagrass habitats using the dye dissipation 

technique. 
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17.7.3 Necessary Materials and Equipment 
�9 Boat, canoe or kayak 
�9 Stop watch or high precision (seconds) watch 
�9 Measuring tape 
�9 Two thin reference poles 
�9 Small balloons 
�9 Pole to support the balloon 
�9 Dye (rhodamine WT or fluoresceine) 
�9 35 mm camera and Sea-going tripod for camera 

17.7.4 Methods 
Mix the fluoresceine (3 g 1 "1 seawater) or rhodamine WT (20% seawater solution) dye 

with 100 to 500 ml of water from the site (the temperature and the salinity of the dyed water 
need to be the same as that of the water at the study site to achieve neutral buoyancy). Place 
the dyed water in a small balloon and close it. Choose the site (above or within canopy) 
where the turbulent mixing coefficient is to be quantified (usually expressed as a certain 
distance from the bottom). Firmly attach the balloon to a pole at the chosen height above the 
bottom using rubber bands. 

Determine the direction of the flow according to the method described under Section 
17.5.4. Position the camera perpendicular to the flow such that the viewing field begins close 
to the pole with the balloon and continues in the direction of the flow. Install two reference 
poles (the narrower the pole, the less turbulence will be affected by the pole) within the 
viewing area of the camera and measure the distance between them using the measuring tape. 

17.7.5 Sample and Data Collection 
1. One individual pierces or cuts the balloon to slowly release the dye to form a small (< 1 

m in diameter) blob. 
2. Another individual starts taking pictures at regular time intervals without moving the 

camera. The time interval between pictures will be determined by the magnitude of the 
current and turbulence. For example, if the viewing area of the camera covers a 10 m 
length and the flow is approximately 5 cm s "L, the dye should take 200 seconds to 
reach the end of the viewing area. As approximately 10 pictures should be available 
during that time period, for the above example, photos should be taken at 20 sec 
intervals. Note the time each picture is taken. 

3. Repeat the experiment at least 2 more times. 
4. Develop the pictures. 
5. Quantify the rate of spread of the dye blob over time by measuring the length (L) and 

width (W)of  the blob in each picture (use the reference poles for consistency in 
distances) as in Figure 17-3. 

6. Calculate the slope of each line (width and length, Figure 17-3). These are the turbulent 
mixing coefficients in the direction of the flow (KL); perpendicular to the flow (Kw). 
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Figure 17-3. An example of how sequential photographs of a moving dye blob can be used to 
determine turbulent mixing coefficients in the direction of the flow (KL) as well as perpendicular to the 
flow (Kw) by measuring the evolution of the length (L) and width (W) of the blob over time (T). 

17.7.6 Trouble Shooting and Hints 
It is relatively easy to use the dye-tracking technique at the water surface. When 

turbulence is to be quantified within dense seagrass beds or relatively deep, it may be 
necessary to use an underwater camera. The tidal level can also be used to the investigator's 
advantage. One experiment could be run during ebb while the water level is relatively high 
and the vegetation occupies only a fraction of the water column therefore allowing for the 
quantification of turbulence in the water column well above the seagrass bed (using above 
water photography). Another experiment could be run during the flood while the water level 
is relatively low and the vegetation occupies the entire water column therefore allowing for 
the quantification of  turbulence within the vegetation while using above water photography. 

As the results/turbulence can vary with a variety of parameters, it is important to also 
record: water depth, canopy height, percentage of the water column occupied by the 
vegetation, seagrass density, size and patchiness of the seagrass bed, tidal phase, wind 
intensity and direction as well as waves (if possible). 

The disadvantage of the dye-tracking technique is that it has poor spatial and temporal 
resolution. Therefore, when smaller scale questions are asked (for example: pollination or 
turbulence generated by epiphytes), more sophisticated techniques (LDV, PIV) need to be 
employed. 
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Chapter 18 
Sediment geology methods for seagrass habitat 

Paul L.A. Erftemeijer, Evamaria W. Koch 

Chapter Objective 

To provide methods for the collection, description, analysis, and characterization of the 
sediments that support seagrass growth. 

I ~ ~  Introduction 

Sediment is defined as the material that results from the degradation of rocks or from 
biological production: it can be inorganic or organic. Inorganic sediments can be described as 
siliceous or carbonate. Siliceous sediments are usually of terrestrial origin, although marine 
diatoms can also produce large deposits of silicious particles. Carbonate sediments are of 
marine origin as they are the skeletons of organisms like foraminifera, scleractinian corals 
and calcareous algae. Organic sediments are characterized by organic matter produced by 
organisms colonizing the water column as well as the sediment. 

Seagrasses colonize benthic habitats that are most commonly characterized by soft 
substrates, i.e., sand and mud. The inclusion of sediment structure, composition and stability 
in seagrass-related studies has the potential to contribute to a better understanding of the 
factors that affect nutrient dynamics, sediment geochemistry, eutrophication, substrate 
anoxia, sulphide toxicity, bioturbation, and seagrass health. Although many analytical 
methods and techniques are available to quantify sedimentary characteristics and processes, 
the ultimate choice of the researcher may sometimes depend on the available equipment and 
laboratory facilities. We present common methodologies for the study of sediment 
characteristics, sedimentation/erosion and sediment reworking by benthic fauna in seagrass 
habitats. 

Collection Protocol for Sediment Samples 

The first step in any study should be the development of a sampling plan. When sampling 
sediments, the question which needs to be kept in mind is how to address the horizontal (mm 
to km) and vertical (lam to m) scales over which samples are to be collected. If the sediment 
characteristics of a seagrass bed are to be described, samples collected along replicate 
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transects, only meters apart, may suffice. In contrast, if the sediment characteristics required 
for maximum growth of a selected seagrass species are to be determined, samples are 
collected over a broad geographical range. The vertical scale of the samples also needs to be 
considered. For example, if the impact of sediment characteristics on seagrass growth is to be 
determined, it is important to obtain sediments from the depth range where seagrass roots are 
found. In contrast, if sediment resuspension is to be addressed, only the top layer (few mm) 
is relevant although in some cases several cm can be eroded during storm events. The 
sampling depth is adjusted accordingly. 

Once the horizontal and vertical sampling scales have been defined, sediment samples 
can be collected in various ways, depending on the question being addressed, available 
equipment and type of subsequent analyses required. In shallow waters, or when using 
SCUBA, simple hand-operated corers (3 to 7 cm in diameter) with rubber stoppers can be 
used to collect sediment samples from the seagrass beds. In deeper waters, grabs are 
commonly used (usually operated from a boat), ranging from relatively simple hand-held 
devices based on a clam-shell principle (such as the "Van Veen" grab) to machine-operated 
box-corers from cranes (Hayes 1978). The disadvantage of the grab sampler is that the 
sediments are disturbed to a larger degree than when carefully collected with core samplers. 

If samples only require standard routine measurements (e.g., CaCO3 contents, organic 
carbon, grain-size, etc.), storage and transport in plastic bags or vials is appropriate. In 
sampling of sediment for the analysis of heavy metals, all contact with metal objects 
(including sampling equipment made from metal) must be avoided to minimize 
contamination. Store samples for the analysis of pesticides and PCB's in aluminium foil 
(heated for 24 h at 250 ~ C), and all sampling equipment must first be rinsed with hexane 
(Nieuwenhuize et al. 2001). 

If plastic bags are used, close them tightly (try to keep as little air in the bags as possible) 
and label properly. Note that paper labels rapidly degrade due to the bacterial activity 
associated with the sediments. Sediment samples are best kept cool out of sunlight in a cool 
box immediately after collection in the field and during transport. Once in the lab, samples 
can be kept at 2-5~ (refrigerator) for several days prior to analysis, but storage time is 
always best kept to a minimum. In the lab, shells, benthic animals, big stones, and all plant 
material (both dead and alive) are removed from the sediment samples prior to further 
treatment. Freezing of sediment samples is not advisable for any of the analyses. 

Characteristics of Sediments 

18.4.1 Geological Origin 

Introduction 
The study of geological, topographical and nautical maps of the areas where seagrasses 

are found can provide good insights into the geological history, the coastal landscape and the 
likely origin of the sediment/substrate in the seagrass habitats. Sediments in these areas are 
either land-derived (terrigenous sediments) through riverine deposits of weathered elastic 
materials and soil erosion, or formed by erosion of coral reefs and/or deposition of carbonate 
skeletal remains of other marine organisms found in the water column as well as on seagrass 
leaves (carbonate sediments). 
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Objective 
To determine the origin of the sediments (terrestrial or marine) found in seagrass habitats. 

Necessary Materials and Equipment 
�9 Stereo microscope with a minimum magnification of 10 x 
�9 Corers according to needs (Chapter 12) 
�9 Cool box 
�9 Small, thin brush 
�9 Hand held counter 

Method 
Microscopic analysis is the best way to investigate the geological composition of 

sediment particles. Particles can be identified as amorphous and of terrestrial origin or as 
fractions of biological structures. The analysis of samples of carbonate sediments under a 
stereo microscope or scanning electron microscope (SEM) allows for qualitative and 
quantitative assessment of the skeletal remains of various organisms that contributed to the 
formation of the sediment, such as calcified green algae, coralline algae, sponges, 
scleractinian corals, foraminifera, molluscs, crustaceans, echinoderms, tube-worms and 
fishes (Milliman 1974). 

1. Collect sediment samples (Section 18.3). As only a small amount is necessary, a narrow 
core (5 cm in diameter) can be used. The sampling depth will depend on the question 
being addressed. The present sediment origin can be determined based on samples 
collected at the surface (top 5 mm, for example) while ancient sediments need to be 
sampled deeper (centimeters to meters). 

2. A sub-sample of the loose sediment particles can then be placed on a petri dish and the 
number of terrigenous and marine particles are counted. The particles are easily 
manipulated using a small and fine painting brush. A hand held counter makes it easy 
to quantify each particle type. Terrigenous particles are usually amorphous, without a 
regular shape while particles of marine origin present interesting shapes as they are 
usually the sleletons of organisms. For individuals familiar with marine phytoplankton 
and calcareous algae, it is easy to identify the organisms associated with each particle 
of marine origin. 

3. In our experience, a minimum of five sub-samples should be analyzed for each sample, 
to obtain data representative for the sample. 

4. The data should be expressed as a percentage of marine versus terrestrial particles in the 
sample. 

Trouble Shooting and Hints 
The method is relatively simple and the only problem that may arise is the clumping of 

fine particles if the samples dry up. The appropriate quantification of terrestrial versus marine 
particles depends on the individual particles being separate so they can be counted. If dried, 
fine mud particles tend to form very hard brick like clumps that are very difficult (if not 
impossible) to break apart. 
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Discussion 
The data collected provides information about the origin and geological setting of the 

seagrass meadow being studied, yielding important indications of the degree of terrigenous 
influence and exchange with neighbouring marine ecosystems. Carbonate planktonic 
organisms are unreported in temperate areas; the marine panicles in the sediment in 
temperate areas result from diatom frustules. It is difficult to establish if these were of 
planktonic or benthic origin. Information on the geological origin of seagrass sediments can 
be important in studies on nutrient dynamics, as it has been shown that sediment - nutrient 
interactions may differ considerably between carbonate and terrigenous sediments (Short 
1987, Erftemeijer and Middelburg 1993). 

18.4.2 Grain-Size Analysis 

Introduction 
Depending on their size, the particles that form the sediment can be divided into gravel 

(>2 mm), sand (0.063 to 2 mm), silt (4 to 63 }am) and clay (<4 ~tm). Each of these size 
classes can be further divided into very fine, fine, medium, coarse, very coarse (Buller and 
McManus 1979, Folk 1980). Sediment grain size may be a good indicator of a variety of 
physical and geochemical characteristics in seagrass habitats. Coarse particles are usually 
indicative of high wave energy and/or current velocities (Fonseca 1996) although exceptions 
are common in areas where the coastline is being eroded (Koch et al. 2001). As grain size 
distribution becomes skewed towards silt and clay, the porewater exchange with the 
overlaying water column decreases (Huettel and Gust 1992, Huettel and Rusch 2000), which 
may result in increased nutrient concentrations (Kenworthy et al. 1982) as well as 
phytotoxins such as sulfide in the marine sediments (Holmer and Nielsen 1997). In contrast, 
nutrient availability in coarse sediments may differ from that in finer sediments (Erftemeijer 
and Middelburg 1993, Idestam-Almquist and Kautsky 1995). 

Various methodologies are available to characterize sediment grain size, including dry 
and wet sieving, laser diffraction, scanning electron microscopy, visual accumulation tubes 
and pipette methods. Sediments in seagrass habitats can vary from very fine to very coarse. 
For standard analysis we recommend wet sieving which can be used for separating gravel, 
sand, and silt+clay fractions in both terrigenous and carbonate sediments. 

Objective 
To determine the grain size composition of sediment samples collected in seagrass 

habitats and adjacent areas. 

Necessary Materials and Equipment for Wet Sieving 
�9 Corers 
�9 Cool box 
�9 One I liters and two 50 ml beakers for each sample processed at the same time 
�9 30% hydrogen peroxide (H202), demineralized water 
�9 Calgon or sodium pyrophosphate, 0.06 N 
�9 Standard geological sieves with mesh sizes: 0.063 and 2.000 mm 
�9 Large funnel 
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�9 Squeeze bottle 
�9 Graduated cylinder 
�9 Drying oven 
�9 Desiccator 
�9 Balance accurate to at least one decimal point 

Method for Wet Sieving 
1. Collect sediments (Section 18.3). 
2. Transport the sediment samples to the lab in a cool box. 
3. Homogenize each sediment sample by mixing in a container. Take a sub-sample 

(usually 60 - 100 g wet weight). Split the sub-sample roughly in half; one half will be 
used for determining dry:wet weight and one will be used for sieve analysis. 

4. For one half of the sample, obtain a wet weight and a dry weight (60 ~ C for 24 h). 
Determine the dry to wet weight ratio. 

5. Weigh the second half of the sample (not dried) and place in a large beaker (1 L) and 
add 20-30 ml of 30% H202. Add a small amount of H202 at a time to be sure the 
sample does not foam over the top of the beaker (-10-15 ml initially, then 10-15 ml 
after 24 h, etc.). Stir to break up the sample. 

6. After as much of the organic matter as possible has been removed, indicated by lack 
of bubbling upon adding more H202, remove the sea salts which may be in the sample 
by adding deionized water, stirring, allowing the sample to settle until clear, usually 
overnight, and decanting. 

7. Mix a bottle of dispersant and deionized water (-0.2g L 1 Calgon in deionized water 
or sodium pyrophosphate, 0.06 N; Nieuwenhuize pers. com.). Add some to the 
beaker with the sediment sample, and put the remainder into a squeeze bottle. Stir the 
beaker vigorously to be certain that the sediment particles are separate. If the sample 
appears to have gravel particles (greater than 2 mm), wet sieve the sample through a 2 
mm stainless steel sieve to remove the gravel. Rinse the gravel with deionized water 
into a preweighed beaker, dry at 60 ~ C for 24 h and weigh (to be used for determining 
% gravel). 

8. Wet sieve the remaining sample through a 63 ~tm stainless steel sieve by placing the 
wet sieve in a plastic funnel of slightly larger diameter which drains into a 1 liters 
graduated cylinder. Place the sample on the wet sieve and gently rinse all the 
sediment finer than 63 lam through the sieve with the dispersant in the squeeze bottle. 
Be careful not to touch the sieve with your hand or anything that will damage the 
mesh. 

9. Wash the material on the wet sieve into a preweighed beaker using deionized water 
and dry the sample in the beaker. This is the sand fraction (63 ~tm to 2 mm). The 
material in the graduated cylinder is the mud fraction (silt+clay). 

10. For the analysis of the sand fraction of the sediment sample, samples should be dried 
at 60 ~ C for 24 h and weighed (to be used for determining % sand). 

11. At this point, there are 3 sediment fractions: gravel (> 2mm), sand (63 ~tm to 2 mm), 
both of which are dried and weighed, and the silt+clay (<63~tm) suspension in the 
graduated cylinder. The weight of the silt+clay fraction is calculated by difference 
(below) or a more detailed breakdown of the silt+clay fraction could be obtained by 
pipette analysis (see standard grain size methods, Folk 1980, Baker and Wolff 1987). 
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12. Calculate the sieved sample dry weight: 

dry wt = (g wet wt of sieved sample) �9 (dry:wet wt) 

13. Calculate the dry weight of the silt+clay fraction by subtracting the dry weight of 
gravel plus sand from the total dry weight of the sample (to be used for determining 
% silt+clay). 

14. Calculate the percentage of gravel, sand or silt+clay using the following equation: 

% sediment size = dry wt (g) of the sediment fraction . 100 
dry wt (g) of sieve sample (from 12) 

Trouble Shooting and Hints 
Clean sieves with a brush after each sample is processed. If the final sample weighs 

more than the initial sample, particles previously caught in the sieves may have become 
dislodged. In that case, the sieves need to be cleaned and a new sample needs to be 
processed. For subdivision of various gravel or sand fractions, additional sieves may be 
used. The sieve method is applicable for determining grain size of carbonate as well as 
terigenous sediments. 

Discussion 
Grain size data can be presented either as a percentage of fine sediment (silt+clay = 

particles that pass through the 63 ~tm sieve), as a percentage of the gravel-sand-silt+clay 
fractions (in % of total dry weight) or as median grain size. In the sieving technique, each 
sieve captures particles covering a range of sizes. Therefore, Wentworth's grain size 
classification (F) is commonly used (see Folk 1980). These F values can then be used to plot 
grain size versus percentage of sediment in that group. Plots of cumulative percentages are 
also quite common. For specialized techniques on more detailed mechanical analysis of 
sediments, see Stoddart (1978) for reef sediments and Gee and Bauder (1986) for terrigenous 
sediments. 

18.3.3 Sediment Carbonate Content 

Introduction 
In a range of seagrass studies, particularly those addressing nutrient limitation, 

determination of the carbonate content of sediment samples can provide crucial clues to a 
better understanding of geochemical factors that determine porewater nutrient availability. 
Substantial differences have been observed in nutrient dynamics between seagrass meadows 
growing in carbonate-rich and those growing in carbonate-poor sediments (Short 1987, 
Erftemeijer and Middelburg 1993). Data on carbonate content of sediments can be important 
in understanding the factors underlying nutrient limitation in seagrass habitats. 

Objective 
To determine the carbonate contents of sediment samples collected in seagrass habitats. 
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Necessary Materials and Equipment 
�9 Drying oven 
�9 Hydrochloric acid (25% HC1) 
�9 Shaker 
�9 Balance (g) accurate to at least one decimal place, preferably three 

Method 
The determination of the carbonate content of sediment samples is usually made by 

calculating the weight loss of the sample after acidification with HCI. 
1. A known quantity (usually 3 g) of sediment (dried at 60 ~ C for 24 h) is acidified with 

10 ml of 25% HC1 and 15 ml of demineralized water while shaking. Larger volumes 
of HC1 may be needed when the carbonate content is relatively high. HC1 should be 
added until no more CO2 bubbles emanate from the sample. 

2. The excess HC1 is removed by boiling the sample for 15 minutes with demineralised 
water (filled up to 100 ml). After cooling, demineralised water is added again. This is 
then left to stand overnight. The following day, the supernatant (containing the 
dissolved salts) is carefully decanted. This procedure has to be repeated to ensure the 
complete removal of any HCI residues from the samples. The remaining sediment is 
dried at 60 ~ C for 24 h and weighed. 

3. The weight loss is now calculated as a percentage of the initial weight of the sample 
to represent the CaCO3 content. The results (expressed as % CaCO3) should be 
rounded to 1 decimal place. 

Trouble Shooting and Hints 
The analysis of CaCO3 through measurement of weight loss is usually less accurate for 

samples with very low carbonate content. For these, more accurate results can be obtained by 
measuring the evolvent CO2 with a Scheibler apparatus (see Nieuwenhuize et al. 2001). 

For sediment samples with extremely high (nearly 100%) carbonate contents, such as 
those collected on reef fiats, weight loss after acidification does not give very accurate results 
either. Instead, more specialized methodologies are then recommended, for example as 
described by Nieuwenhuize et al. (1994) and used in seagrass studies in Indonesia 
(Erftemeijer and Middelburg 1993). 

Hydrochloric acid is hygroscopic. Therefore, if the HC1 excess is not removed 
sufficiently from the sample in the way described above, it may become difficult to obtain a 
steady weight. The weight then tends to continuously increase due to the absorption of water. 

18.3.4 Sediment Organic Matter and Carbon Content 

Introduction 
Determination of the organic matter or more specifically the organic carbon content of 

the sediment in seagrass habitats is important in studies on the role of seagrasses in nutrient 
cycling (the higher the sediment organic content, the more nutrients may be available to the 
plants), their efficiency in trapping particulate matter (high organic content suggests high 
trapping efficiency), and in better understanding the processes and rates of decomposition 
and remineralization. 
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Organic content in seagrass-colonized sediments ranges between 0.5 and 16.5% but 
usually the values are smaller than 5% (Koch 2001). The analysis of organic carbon in 
sediment samples requires the use of a CN-analyser, and the analysis of carbonate-rich reef 
sediments using this technique presents special problems which require specific technical 
solutions, as offered by Nieuwenhuize et al. (1994). 

Objective 
To determine the organic matter and organic carbon content of sediment samples 

collected in seagrass habitats or adjacent unvegetated areas. 
Necessary Materials and Equipment 

�9 Muffle furnace 
�9 Balance (g) accurate to three decimals 
�9 Drying oven 
�9 Mortar and pestle (or pulverisette-5) 
�9 CN-analyzer (for organic carbon) 
�9 Hydrochloric acid (25% HC1) 
�9 Dessicator 

Method 
A assessment of total organic matter in sediment samples can be accomplished by 

combustion of a known quantity of sediment. In many instances, it is of more particular 
interest to analyze the organic carbon content of a sediment sample. The measurement of 
organic carbon content is made by removal of inorganic carbon using acid leaching prior to 
dry combustion at 640 ~ C in a CN-analyzer. 

Organic matter 
Dry and homogenize the sediments as described for grain size analysis. 

Weigh approximately 20 g of sediment (to at least one decimal point) and place it in a 
labeled crucible or aluminum dish. 

1. Combust the sediments for 4 hours at 450 ~ C. Allow to cool. 
2. Place cooled samples in a dessicator or drying oven to keep samples dry. 
3. Weigh to at least one decimal point. 
4. Calculate the percentage of organic matter in the sample using the following 

equation: 
initial weight - final weight. 100 % organic matter = 

initial weight 
Organic carbon 

1. The oven-dried sediment sample is pulverized and homogenized (by hand using a 
mortar and pestle or mechanically, for example by using a Pulverisette-5). 

2. The sample (except when containing a high proportion of CaCO3, see Hint below) is 
then pre-treated with HCI vapours in small aluminium containers in a dessicator to 
remove CaCO3, which contains inorganic carbon which would otherwise interfere 
with the determination of organic C in the analysis. 

3. Small sub-samples of 20 mg of powdered, homogenized samples are weighed 
accurately (up to 2 decimals) into small aluminium or tin cups (pre-cleaned with 
acetone) of the type distributed by Carlo Erba Instruments for use in the CN-analyzer. 
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4. The aluminium or tin cups are then pinched closed, compacted and formed into a ball. 
Care must be taken to avoid any sample spillage. 

5. These bails are transferred to the autosampler of the CN-analyzer for analysis. 
6. Most CN-analyzers come with standardized operation manuals (including calibration 

procedures) and software to aid in data calculations. The acquisition, integration and 
handling of data from the Carlo Erba CN-analyzer, for instance, comes with an on- 
line PC using the software package Eager-200 (Carlo Erba Instruments). Data on 
organic carbon are expressed as % dry weight. 

Trouble Shooting and Hints 
When sediments containing a high percentage of organic matter are combusted, smoke 

and strong odors may form. Therefore, the muffle furnace is best placed in an exhaust hood 
or in a well ventilated area. 

Analysis of organic carbon in carbonate (reef) sediments, which often consist almost 
entirely of CaCO3, presents problems to the analysis as described above. Specific solutions to 
this problem are offered in Nieuwenhuize et al. (1994). This technique eliminates reweighing 
procedures and has shown a very high accuracy irrespective of the carbonate contents of the 
sample. If equipment is not available for organic carbon content analysis, percent carbon can 
be estimated (e.g., for reasons of comparison) by rule of thumb to be approximately 46% of 
the organic matter content of the sample (Westlake 1974, Zieman 1974, Hillman et al. 1989) 
assuming that most of this organic matter is derived from seagrass plants. 

18.3.5 Sediment Permeability 

Introduction 
Sediment permeability is the rate at which water can pass through sediment. It is 

determined using "constant head" or "falling head" permeameters, methods in which the flow 
through the sediment is steady (constant) or unsteady (varies over time), respectively. 
Permeability may be important in studying seagrass sediments because of its impact on the 
biogeochemistry of seagrass beds (Huettel et al. 1996). A simple method (falling head 
permeameter) is presented for determination of permeability of sediments colonized by 
seagrasses. 

Along the east coast of the USA, permeability in seagrass vegetated areas was usually 
lower than in adjacent unvegetated areas and varied between 10 "1~ and 10 -6 cm 2 (Koch, 
unpublished data). When sediment permeability is lower than 10 -8 cm 2, the advective flow 
velocities are approaching the range of diffusive transport (i.e., diffusional processes are 
beginning to dominate; Huettel and Gust 1992, Huettel and Rusch 2000) but advection is still 
present and may be important for the seagrass ecology via fluxes across the sediment-water 
interface. As seagrass beds tend to accumulate fine particles, permeability within the 
vegetation tends to be lower than in adjacent unvegetated areas. 

Objective 
To determine sediment permeability in seagrass beds using a falling head permeameter. 

Necessary Materials and Equipment 
The numbers in parenthesis refer to items in Figure 18-1: 
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�9 Sediment corer (1) containing sediment sample 
�9 Graduated (mm), transparent tube (2) 
�9 Flexible tubing (3) 
�9 Rubber stopper (4) 
�9 Very coarse metal screen (1 mm) or porous plates (5) 
�9 Gauze (6) 
�9 Syringe with needle (7) 
�9 Refractometer 
�9 Thermometer 
�9 Stop watch or timer with seconds precision 

constant 
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Figure 18-1. Falling head permeameter according to Bear (1972). 

Method 
Set up a system as shown in Figure 18-1. Take a series of  core samples at the study site 

without compressing the sediment, making sure the sediment column is intact and contains 
no air bubbles. Cap both ends of  the core. Collect water (at least 10 litres) from the study site. 
Bring the cores back to the lab in an upright position without  disturbing the sediments 
(shaking may lead to compaction). 
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1. Place screens (5) covered with several layers of gauze (6) at both ends of the 
sediment core such that no sediment falls through the screens. 

2. Place the rubber stopper (4) on the bottom of the core. 
3. Position the core in the permeameter outlined in Figure 18-1. 
4. Slowly fill the long, narrow graduated tube (2) with the water from the site while 

removing the air trapped between the screen/sediment and the water using the 
syringe. Make sure no air remains. 

5. Allow the water to slowly move through the sediment core until it starts dripping 
from the side (constant water level is reached). 

6. Note the water level in the graduated tube (2) and start the timer. 
7. Allow the water level to fall 1 or 2 cm, note the new water level and the time. 
8. Repeat the procedure 3 times for each core. 
9. Record the sediment height (L), core diameter (A), graduated tube diameter (a), 

water temperature and salinity before processing a new core. 
10. Calculate permeability (k) according to: 

k aLkt lnhO 
A t p g  h 

where ~t is the dynamic viscosity of the water at the temperature and salinity measured; 0 is 
the density of the water at the temperature and salinity measured and g is the acceleration of 
gravity. All other parameters are defined in item number 9 above, tx and p can be obtained 
from tables in physical and/or chemical oceanography books. 

Permeability is expressed as cm 2 (make sure that all units used to calculate k in the above 
equation are expressed in cm and not m). This is based on Darcy's Law where 1 Darcy is the 
permeability for a flow of 1 cm 3 cm "2 s l for a viscosity of 1 Centipose and a pressure of 1 
atm cm "l (1 Darcy = 0.987 x 10 s cm2). 

Trouble Shooting and Hints 
An easy way of graduating the long thin tube (2) is by placing a strip of graphic paper 

with mm intervals behind the tube. But caution needs to be taken when reading to avoid 
distortion presented by the transparent tube. 

When rubber stoppers are removed from cores capped in the field, some suction is 
exerted until air is allowed to move around the stopper, into the core. This suction can lead 
to the disruption of the sediment core. Therefore, we suggest that a two-way valve be 
installed in the top stopper. When the stopper is placed onto the core, the vane  should be 
open. It can be closed during transport but should be re-opened before the stopper is 
removed in the lab. This will allow air to move into the core and will minimize the suction 
effect. 

If air is trapped within the sediment or between the screen and the water, permeability 
values may be underestimated (bubbles are misread as large sediment particles). If air is in 
the sediment, then new cores need to be collected. If air is between the screens and the 
water, it can be carefully removed with the syringe (small air bubbles may be present in a 
core sample as a result of gas released from seagrass rhizomes and roots and may be 
unavoidable). 
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18.3.6 Sediment Chemistry: pH and Eh 

Introduction 
It is beyond the scope of the present chapter to provide a detailed description of the 

analytical methodologies for all types of sediment chemistry parameters. We refer to Loring 
and Rantala (1977) and Allen et al. (1989) for descriptions of methodologies for some of the 
more common types of analyses required, including heavy metals. For the analysis of 
nutrients see Chapter 20. Methods for the extraction of sediment porewater include in situ 
dialysis (e.g., using sediment sippers), and coring and subsequent separation of the 
interstitial water from the sediment by centrifugation or squeezing over a filter with nitrogen 
gas (Short et al. 1985, Howes et al. 1985, Bolliger et al. 1992). Another relatively easy 
method, using plastic centrifuge tubes or syringe barrels, is described in Short et al. (1993). 
For the study of sediments in intertidal areas, where great fluctuations in certain 
characteristics occur as a result of tidal exposure, see Boto (1984). Here, we will limit our 
discussion to a description of the methods for measuring pH and Eh. 

Sediment pH is the activity or concentration of hydrogen ions in the pore water (Riley 
and Chester 1971). A pH of 7 indicates neutral conditions while a pH higher or lower than 7 
is indicative of basic or acid conditions, respectively. Seawater has a pH of approximately 8. 
The pH of seagrass-colonized sediments is usually lower than that of the overlaying water 
and decreases with increasing depth into the sediment (Morse et al. 1987). Aquatic plants 
have the potential to change the chemical characteristics of the sediments they colonize 
including pH (Wigand et al. 1997, Morse 1999). In turn, sediment geochemistry affects the 
seagrasses (feedback loop). The optimal substrate pH for Ruppia maritima was 
experimentally determined to be 7.5 (Woodhead and Bird 1998). 

The redox potential (Eh) of sediments is the quantitative measure of reducing power of 
the pore water which provides a diagnostic index of the degree of anaerobiosis or anoxia 
(Patrick and Delaune 1977). Oxygen production by seagrasses is transported to the plant 
roots and released into the sediment, creating an oxidized rhizosphere with a localized 
increase (more positive) shift in Eh. Totally anoxic sediments have redox potentials below 
-200 mV, while typical oxygenated soils have redox potentials of above +300 mV. The 
measurement of Eh can be used as a rapid means of assessing the potential impact of 
additional organic input to a marine sediment (Pearson and Stanley 1979). Reliable 
measurements of Eh require great care to minimize exposure of the soil sample to air and are 
best made in situ. 

Objective 
To describe and quantify sediment pH and Eh using the 'punch-in' technique which has 

been proven successful in seagrass habitats (Morse et al. 1987, Morse 1999). 

Necessary Materials and Equipment 
�9 pH / millivoltmeter with a pH electrode and/or platinum electrode to measure Eh 
�9 Modified sediment corers (see below) 

Method 
Sediment pH can be quantified via the extraction of porewater by centrifugation and 

subsequent measurement using a pH electrode or by directly inserting the pH electrode into 
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the sediment. As sediment pH varies significantly over the depth of distribution of seagrass 
roots (Morse et al. 1987), and the exposure of porewater to air may lead to oxidation and a 
change in pH, we recommend that the simpler and more direct method of 'punching-in' be 
used. Sediment Eh can be measured by connecting a platinum electrode to the pH meter in 
place of the glass electrode and by using the millivolt scale of the pH meter. 

Sediment core tubes (3 to 7 cm in diameter) need to be modified for this technique. 
Holes slightly larger than the diameter of the pH and Eh electrodes are drilled along one the 
side of the core tubes. The distance between the holes is a function of the measuring interval 
desired (keep in mind the depth of the roots). For example, Morse et al. (1987) placed holes 
every 5 cm for measurements in a Thalassia testudinum bed. The holes are then covered 
from the outside using strong tape. 

1. Gently insert the modified corer into the sediment and extract the core by placing a 
cap on the upper end and slowly pulling. As soon as the core emerges from the 
sediment, cover the bottom portion; 

2. In the lab or at the location where the electrodes are available, carefully drain most of 
the overlying water from the top of the core tube and then remove the tape from the 
hole nearest to the sediment surface; 

3. Carefully insert the pH or Eh electrode into the sediment and allow the reading to 
equilibrate. Take a reading and write down the value. For Eh, use the millivolt scale 
of the pH meter. 

4. Remove the electrode, rinse in distilled water; 
5. Remove the tape of the next hole and repeat steps 3 and 4; 
6. Continue until the last measurement is made; 
7. Repeat the process in at least 4 more cores. 

Trouble Shooting and Hints 
The variability in pH and Eh values within and between cores can be quite high due to 

the biological and chemical complexity of natural sediments (seagrass roots, infauna 
burrows, molluscs). Therefore, it is important to repeat the measurements in several cores (it 
is our experience that a minimum of 5 replicates is required to obtain acceptable standard 
deviations). 

Electrodes can be quite fragile and may break if the sediments are coarse. A thin piece of 
glass (Pasteur pipette) can be inserted into a test core to evaluate the hardness of the 
substrate. If the pipette breaks, the electrode is likely to break, and an alternative method 
may have to be used. In that case, the porewater can be separated from the sediment via 
centrifugation and the pH and Eh of the porewater can be measured. The disadvantage of 
this technique is that it must be carried out under a nitrogen atmosphere to avoid oxidation. 
Eh and pH can be sensitive to temperature and light. All measurements must be taken at 
ambient temperatures out of direct sunlight. 

Keep the platinum electrode surface of the millivoltmeter well cleaned by overnight 
immersion in 10% sulphuric or chromic acid. Remove batteries from the meter and store in a 
cool, dry place. Prior to use, the electrode has to be calibrated with appropriate standards. 

Variations in sediment pH can be expected over the course of the day. As the amount of 
oxygen released into the sediments increases over the day, the pH decreases. The opposite is 
expected during night hours. The degree to which this diurnal fluctuation can be observed 
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depends on the root biomass and the proximity of the roots to the measuring site. Therefore, 
it is recommended that root biomass be quantified after the pH measurements have been 
made. Sediment pH also depends on temperature as well as sediment characteristics like 
organic content and permeability. Sediment Eh can be expected to vary with levels of 
organic pollution, periodic tidal exposure, sediment reworking by benthic organisms, 
sediment grain-size distribution and other factors. 

18.4 Suspended Solids 

18.4.1 Introduction 
Suspended matter, seston and total suspended solids (TSS) are common names used to 

describe particles found in the water column. The particles which make up the suspended 
solids can be organic (detritus, phytoplankton, zooplankton) or inorganic (turbidity: 
sediment particles, diatom frustules), can originate from areas outside the study site (riverine 
discharge, advection) or be resuspended locally, can be alive (phytoplankton, zooplankton) 
or dead (detritus, sediment). Independent of their composition or origin, solids suspended in 
the water column scatter and absorb light, leading to reduced light levels reaching the 
benthos where seagrasses are found. As a result, suspended solids have the potential to limit 
the maximum depth to which seagrasses can grow (Dennison et al. 1993). In the 
Chesapeake Bay area, a maximum TSS concentration of 15 mg 1 l has been suggested as a 
seagrass habitat requirement (Dennison et al. 1993). 

Seston or TSS can be quantified using a turbidity meter or nephelometer deployed in 
situ. These instruments can be rather expensive and need to be calibrated on a regular basis. 
Alternatively, a more labor intensive technique (filtering) can be used to obtain similar data. 

18.4.2 Objective 
To determine total suspended solid (TSS) concentrations in the water column above 

seagrass colonized habitats. 

18.4.3 Necessary Materials and Equipment 
�9 Sampling bottles 
�9 Filtration system (vaccum pump, filtering flask, filter holder, tubing) 
�9 Glass fiber filters (0.4 ~tm pore size) 
�9 Aluminum dishes 
�9 Graduated cylinder 
�9 Drying oven 
�9 Balance (g) accurate to 4 or 5 decimals 
�9 Automated water sampler (optional) 
�9 Muffle furnace (optional) 

18.4.4 Method 
Suspended matter samples can be analyzed for organic content (particulate organic 

matter-POM), inorganic content (mineral suspended solids-MSS) or total suspended solids 
(TSS = organic + inorganic). The first step in the process (filtration) analyzes for TSS. The 
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next step (combustion) allows the TSS to be classified as organic or inorganic. A filtration 
system is essential in this method. It can be mounted by connecting the filtration flask to the 
vacuum pump using thick walled tubing (to avoid collapsing the walls when vacuum is 
applied). The filter holder is then placed on the filtration flask. 

Prior to collecting the water samples, the glass fiber filters are prepared. Filters usually 
contain dust and loose particles. Therefore, the filters must be washed prior to use. If the 
POM and/or MSS fractions are to be determined, the filters also need to be pre-combusted at 
450~ for 4 h. The filters are dried at 60~ until constant weight is reached and then 
transferred to a dessicator. Each filter is weighed to 5 decimal points, placed in a numbered 
aluminum dish and returned to the dessicator. 

The number of water samples to be analyzed for suspended solids depends on the 
question being addressed. Daily samples can be useful in comparisons of TSS/seston levels 
between sites. These samples can be collected with clean bottles dipped into the water at a 
fixed depth (height above the bottom). In order to understand the dynamics of TSS/seston at 
a specific site, samples need to be collected at a higher frequency. For this purpose, samples 
are collected (every 1 or 2 h) over short periods of time (5 to 14 days) several times per year 
(seagrass growing season). The volume to be sampled depends on the number of particles in 
the water. In turbid systems small volumes (100 ml) may suffice but in clear water systems 
larger volumes (up to 5 liters) may be necessary. 

1. Collect water samples (0.3 to 1 liters) at the study site according to the selected 
protocol; 

2. Transport the samples to the lab in a cooler; 
3. Gently but thoroughly shake the sample; 
4. Pour the water to be filtered into a graduated cylinder and record the volume (the 

fewer particles in the water, the larger the volume that needs to be filtered); 
5. Filter the sample onto a pre-washed and pre-weighed filter; 
6. Rinse the filter holder and the filter with distilled water to remove particles adhering 

to the side walls and minimize the formation of salt crystals (note that the fresh water 
may disrupt phytoplankton cells); 

7. Remove the filter using forceps and place it in a labeled dish; 
8. Repeat steps 4 through 7 for each water sample; 
9. Place the filters with their dishes in the drying oven until they reach constant weight; 
10. Re-weigh each filter and record the new weight (filter + TSS) and the dish number; 
11. Calculate TSS by subtracting the weight of the filter from the final weight (filter + 

TSS). 
12.If the POM fraction is to be determined, combust the filters + TSS in aluminum 

dishes at 450 ~ C for 4 h; 
13. Allow the filters to cool to room temperature in a dessicator; 
14. Reweigh the filters to 5 decimal points (filter + MSS) 
15. Calculate the MSS and POM fractions according to the following equations: 

MSS = (weight of filter + MSS) - (weight of filter) 

POM - (weight of filter + TSS) - (weight of filter + MSS) 
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18.4.5 Trouble Shooting and Hints 
TSS values are usually expressed as mg 1 ~ and POM and MSS are usually expressed as a 

percentage of TSS. 
When the final weight (filter + TSS) is smaller than the initial weight (filter), the filter 

may have contained impurities which were washed away during the filtration process. That 
sample must be discarded. This problem is especially noticeable in areas with small 
suspended loads (i.e., number of particles on filter is small). To avoid this problem, the 
filters should be washed prior to use and volumes that provide a visible deposition on the 
filters should be processed. 

The amount of suspended particles in the water can vary with nutrient concentration 
(phytoplankton), wave energy (resuspension), height above the bottom (particle availability) 
and time of the year. The time that a particle remains in suspension depends on the 
turbulence of the water and the size of the particle. Therefore, simultaneously collected data 
on sediment characteristics (grain size), current velocity, turbulence and wave height may 
aid in the data interpretation. 

Sedimentation and Erosion in Seagrass Beds 

18.5.1 Introduction 
Seagrass beds are considered efficient sediment traps (Fonseca 1996) although 

resuspension and erosion are also important components of the sedimentary budget in 
vegetated areas (Koch 1999). Sediment deposition within seagrass beds occurs as a result of 
the reduction in current velocity and wave energy by the vegetation (Fonseca et al. 1982, 
Koch and Gust 1999). The first particles to settle are the coarser/heavier ones (usually 
inorganic) followed by finer (inorganic) and lighter (organic) particles. Sedimentation rates 
can affect seed germination (Moore et al. 1993) as well as the growth and survival of 
seagrasses in response to burial (Marb~i and Duarte 1994) and light availability (Kemp et al. 
1984). Some of the highest sedimentation-erosion rates recorded in the literature (46 cm y'~) 
have been observed in an Halophila ovalis habitat in Australia (Kirkman and Kuo 1990). 

A variety of methods have been used to quantify sedimentation and erosion in seagrass 
habitats. The most common method to quantify the vertical flux (deposition) of particles is 
the deployment of sediment traps (Ward et al. 1984, Almasi et al. 1987) but this is also the 
most controversial method (Gust et al. 1992, Rosa et al. 1994, Bloesch 1996). Other methods 
to determine sedimentation/erosion rates are based on the establishment of a marker (horizon 
marker, tile, pole, dowel) in relation to which changes in sediment level can be observed 
over time. Sedimentation/erosion rates can also be calculated via 21~ dating. The 21~ 
method uses stable Pb as a geochemical tracer in sediment cores. It can give present and past 
sedimentation rates but the sample analysis is labor intensive and requires a flame atomic 
absorption spectrometer (Benoy and Kalff 1999). Vertical markers like poles (Harlin and 
Thorne-Miller 1982, Kirkman and Kuo 1990) or pins of the sediment-erosion table (SET) 
developed for marshes by Boumans and Day (1993) and tested in seagrasses by Short (pers. 
com.) can also be used to quantify sedimentation processes within seagrass beds. 

18.5.2 Objective 
To quantify sedimentation and erosion in seagrass habitats using poles. 
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18.5.3 Necessary Materials and Equipment 
�9 Poles marked in cm increments 
�9 Washers (optional) 

18.5.4 Method 
The poles used to measure sedimentation/erosion should be as narrow as possible to 

minimize interference with water flow (leads to scouring) but, at the same time, should be 
strong enough to withstand currents andwaves. In most cases, thin (0.5 cm diameter) 
wooden or acrylic poles are appropriate but in areas where sedimentation/erosion is extreme 
rigid PVC poles may be necessary. Independent of type, the pole is marked every cm. 

Select the sites where sedimentation/erosion is to be quantified. Use as many poles as 
possible (minimum of 30 site'1). These can be positioned in regular arrays (in transects with 
poles every 5 or 10 m) or in a random pattern depending on the question being addressed. 
For example, if the effect of depth on sedimentation/erosion is to be determined, transects of 
poles may go from shallow to deep water. In contrast, if sedimentation/erosion in patches 
within the vegetation is to be quantified, the poles may be positioned in the patches as well 
as randomly through the seagrass bed (control). 

Insert the poles far enough into the sediment to allow erosion to occur without dislodging 
the poles. A wide, fiat washer can be positioned around the markers to mark the sediment 
surface at the beginning of the experiment. 

1. Record the sediment level at each pole using a mm graduated ruler to fine-tune the 
measurements between the cm marks. Also note the location and date. Return to each 
individual pole after a few days, weeks or months and, once again, record the 
sediment height at each pole. The time elapsed between readings will determine the 
temporal resolution of the samples. In areas of high deposition/erosion, a few days 
may be sufficient to note a difference in the sediment level. In contrast, in areas of 
low deposition/erosion, weeks or months may be necessary to detect any changes. 
When a washer is placed around the marker at the beginning of the experiment, a 
buried washer is an indication of a depositional environment while an exposed 
washer is an indication of an erosional environment. (However, washers may be 
buried by bioturbation, as well.) 

2. Calculate the net sedimentation/erosion rate by subtracting the most recent value of 
sediment height from the previous value. If the value is negative, erosion occurred; if 
the value is positive, deposition occurred. 

3. Repeat the process several times (monthly if sedimentation/erosion rates are low or 
weekly, even daily, if sedimentation/erosion rates are high) for each pole to obtain an 
average of net sedimentation/deposition for each site. 

18.5.5 Trouble Shooting and Hints 
As this method depends on the ability to see the graduation on the pole, it is unsuitable 

for very turbid areas. 
If scouring occurs around the poles, the results may overestimate erosion. In that case, a 

wide, thin washer can be put around the marker. The washer has the function to average 
sedimentation/erosion over the entire area below the washer (can also be affected by 
sediment reworking by benthic fauna). As a result, erosion immediately adjacent to the pole 
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will probably not be extensive enough to cause the entire washer to drop. The washer will 
mark the sediment surface without the erosion (but possibly with bioturbation) around the 
pole. 

Sedimentation and erosion are geological processes that vary in time and space. During 
storm events, resuspension/erosion dominate while during calm periods deposition 
dominates. Additionally, these processes vary at spatial scales as small as mm (depending on 
biological activity such as secretion of sticky substances) and cm (crest of a ripple may 
erode more than the trough) to krn (depending2on the geological characteristics of the area). 
Therefore, a limited number of poles (n <2 m and n <30 site l)  may lead to highly variable 
and inconclusive results. Readings must be repeated several times (daily or seasonally) and 
over a significant area. These values then need to be averaged and normalized to parameters 
that may have affected the results. Sedimentation/erosion rates depend on the characteristics 
of the seagrass bed (density, leaf length and width, size and patchiness of the vegetation) and 
the water flow (currents, waves and turbulence). 

In areas where sand tipples travel over the bottom, the data may be quite variable from 
day to day. High resolution (daily or even hourly) long-term (months) measurements are 
needed to obtain values of net erosion or deposition at such a site. Underwater photographs 
of the pole-sediment surface interface may be useful in this case. 

The graduated pole technique only considers the total sedimentation/erosion rates and 
does not provide data on the source or quality of the eroded or deposited material. In order to 
address this question, sediment would have to be sampled and analyzed for chlorophyll 
content (biological material like calcareous algae and phytoplankton), carbonates (calcareous 
algae and tropical planktonic organisms), silica (diatoms), organic content (biological versus 
amorphous materials) and grain size (Sections 18.4.1 and 18.4.2). 

Sediment Reworking by Benthic Fauna 

18.6.1 Introduction 
The activity of burrowing organisms is one of the processes which may have an 

influence on nutrient or sediment dynamics in seagrass meadows. Sediment reworking by 
benthic fauna (bioturbation) may lead to an increased flux of porewater nutrients to the 
overlying water column, exceeding normal diffusion fluxes (Aller 1982). Their burrowing 
activities further redistribute sediment particles and create a mosaic of biogeochemical 
micro-environments rather than a vertically stratified distribution (Aller 1982). Some 
burrowing organisms, such as Callianassa spp., can significantly enhance substrate 
instability and negatively affect seagrass growth through siltation, reducing light availability 
and smothering of leaves with fme sediments (Suchanek 1983). A study in the Northern Gulf 
of Mexico found that burrowing stone crabs (Menippe spp.) caused significant losses of 
turtlegrass habitat (seagrass recession > 1 m in 7 months), while bioturbation by sand dollars 
(Melitta quinquiesperforata) did not significantly affect turtlegrass colonization of 
unvegetated sand fiats (Valentine et al. 1994). Alpheid shrimps (Alpheus spp.) in seagrass 
beds in South Sulawesi (Indonesia) were found to rework approximately 0.25 kg of sediment 
m-2 per day potentially accelerating the exchange of regenerated nutrients from the sediment 
to the water column (Stapel and Erftemeijer 1997). 
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18.6.2 Objective 
To determine the sediment reworking rate (as a quantitative measure of bioturbation) by 

burrowing benthic fauna in seagrass beds. 

18.6.3 Necessary Materials and Equipment 
. Large sediment sieve (2 mrn) 
, Mechanized rotating drum mixer 
�9 Fluorescent red paint (e.g., Viprox fluorescent flame red) 
�9 Ethanol 
�9 Sediment cores (diameter 2 cm) with slicer 
�9 Drying oven 
�9 Opaque bottles (100 ml) 
�9 Acetone 
�9 Di-methyl sulphate 
�9 Shaker 
�9 Centrifuge 
o Filter photometer or spectrophotometer 

18.6.4 Method 
For the study of bioturbation in seagrass meadows, sediment reworking rates by benthic 

organisms can be studied using coloured tracer sediment. 

1. First collect approximately 50 kg of sediment from the seagrass bed area. This moist 
sediment should be sieved (mesh size 2 mm) and mixed for two hours in a 
mechanized rotating drum mixer with 1 kg fluorescent red paint (e.g., Viprox 
Fluorescent Flame Red) and 120 ml ethanol (Van Noort and Kraay 1992). 

2. The sand is then dried for several days at approximately 60~ and subsequently 
washed (again in the drum mixer) to remove any remaining paint not adhering to the 
sediment particles. 

3. In the field, at least triplicate random plots of 1 m 2 are then levelled by hand, and 
subsequently layers of approx. 5 mm thick coloured tracer sediment is spread evenly 
over the surface. 

4. After 1, 2, 3 and 4 weeks, take a minimum of three replicate cores (diameter = 2 cm) 
randomly in the experimental plots to a depth of about 10 cm. The resulting holes in 
the plot are filled again with sediment from outside the plot, so as to prevent these 
holes from caving in, which would disturb the findings of the experiment. Control 
cores (blanks) are taken from outside the experimental plots. 

5. Each core is then sliced into 1 cm sections, from which the outer layer is removed to 
get rid of tracer sediment dragged down to deeper sections during coring. Sections 
are then dried at 60 ~ C for 24 hours and weighed. 

6. Hereafter, the sections are extracted for 24 hours in opaque 100 ml bottles filled with 
a solution consisting of a mixture of 80% acetone and 20% di-methyl sulphate (1 ml 
g-1 dry weight). Every 8 hours, the bottles are thoroughly shaken for about 10 
seconds. 

7. After 24 hours, the contents of the bottles is centrifuged, and the absorbance (as a 
measure of the red color) of the supematant measured colorimetrically at 540 nm on 
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a filterphotometer. The results are compared with calibration series made weekly 
with colored and non-colored sediment mixed in proportions of 0, 1, 5, 10, 50, 90, 
and 100% tracer sediment. The tracer sediment in the lab is kept in seawater 
(renewed weekly). 

8. The relationship between absorbance values and percentage tracer is linear after log- 
transformation of both scales. The percentage tracer in a sediment section is divided 
by the sum of percentages of tracer in the various sections of the core in question and 
subsequently multiplied by 100%. This standardisation is necessary to correct for the 
patchy distribution of tracer sediment, as exactly uniform deployment of the initial 
layer of tracer is impossible. 

9. Differences in tracer content in the different (1 to 9 cm) sections after t = 1, 2, 3 or 4 
weeks can be tested a posteriori using the Bonferroni post-hoe test after applying 
one-way ANOVA. The increase in variance of tracer distribution over total core 
depth and an increase in the weighted average tracer depths can also be tested using 
one-way ANOVA. 

10.By measuring the approximate volume of sediment placed on the layer and the 
average vertical displacement of the layer before it is recycled to the interface, an 
approximate average depth of sediment placed on the interface per unit time can be 
calculated as a measure of the biogenic sedimentation rate or reworking rate (Aller 
and Dodge 1974). From the quantitative data on the relative depth occurrence of 
labelled particles, sediment turnover can be estimated based on the extent of the net 
redistribution of the labelled particles (Rowden and Jones 1993). The sediment 
reworking rate is usually expressed in dry weight of sediment m 2 per unit of time 
(usually per day, week or year). 

18.6.5 Trouble Shooting and Hints 
With time, bioturbation may also cause tracer sediment to be worked upwards, in 

addition to the downward transport described above, which further complicates the 
assessment. Not all reworking of the tracer sediment may be due to faunal activity. In 
intertidal meadows some of the coloured surface sediment may run off horizontally with 
tidal currents during low tides. Published values of sediment turn-over by benthic fauna 
collected, calculated and expressed by different methods must be treated with caution and 
are not strictly comparable (Rowden and Jones 1993). 

Treatment variances may not be homogeneous. Although it is possible to log-transform 
the data prior to the one-way ANOVA test, a preferable alternative is to analyze the data 
with a non-parametric test to avoid the possibility that the data distribution would violate 
some of the ANOVA test assumptions. 

Despite its importance in understanding fluxes across the sediment-water 
interface, sediment oxygenation, nutrient cycles and meadow dynamics, bioturbation and 
sediment reworking by benthic fauna has hardly been studied in seagrass habitats. The 
technique described above (though far from perfect) is presented as a challenge to 
researchers to experiment with and to test various modifications of its methodological 
details. This is likely to lead to valuable data which will further enhance our understanding 
of these processes in seagrass meadows. 
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Chapter t9 

Measurement of light penetration in relation to seagrass 

Timothy J. B. Carruthers, Ben J. Longstaff, William C. Dennison, 
Eva G. Abal, Keiko Aioi 

Chapter Objective 

This chapter discusses five approaches to measuring light in aquatic habitats: Secchi disc, 
seagrass maximum depth limit, instantaneous photosynthetic photon flux density (PPFD), 
continuous PPFD and spectral distribution. The relative benefits and limitations of each, as 
well as the information that can and cannot be provided by the different methodologies are 
discussed. Finally, examples of two situations particularly relevant to seagrass biologists are 
discussed, measuring light in high tidal ranges where the water is highly turbid and 
measuring light captured by the seagrass canopy. 

i ~ ~  Overview 

19.2.1 Introduction 
Seagrasses require light for photosynthesis, however they live in a generally low and 

variable light environment. Seagrasses have higher light requirements than phytoplankton, 
macroalgae and some terrestrial plants as they have to support a larger proportion of non- 
photosynthetic tissue and are often rooted in anoxic sediments (Dennison et al. 1993, Duarte 
1991). Consequently, light has long been considered the most important factor controlling the 
distribution and biomass of seagrasses (Ostenfield 1908). For this reason characterising light 
in aquatic habitats is often desirable, either to establish suitability of a habitat for seagrass 
growth, or to better understand the ecophysiology of the seagrasses community. 

Units of light measurement 
Photosynthetically active radiation (PAR)is light of wavelengths 400-700 nm and is the 

portion of the light spectrum utilised by plants for photosynthesis. Photosynthetic photon flux 
density (PPFD) is defined as the photon flux density of PAR'. Modern instruments measure 
light as the rate at which moles (6.02 x 1023 quanta) of PAR land on a unit area (~tmol quanta 
m 2 s'l); however, it is sometimes necessary to convert between different units used for 
measuring light. Table 19-1 provides a summary of conversion factors between the units 
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which appear most commonly in the literature. It should be recognised that these 
conversions are approximations only, as light of different spectra have different energy. 

Atmospheric Light 
As atmospheric condition significantly affects light available to seagrass and can 

influence the manner in which light measurements are best conducted, it is important to 
know the influence of the atmosphere on solar radiation. 

Table 19-1. Approximate conversion factors for different units of measure used for light- assuming 
light of 400-700 nm in all cases (a. Sunlight after Morel and Smith 1974, McCluney 1994, Valiela 1995, 
b. Artificial light after Hall 1993, Dawes 1998) 

a. Sunlight Measure  Units  Convers ion  

Photosynthetic Photon" ~tmoi quanta m "2 s "1 1 
Flux Density (PPFD) 

lrradiance Langley h q 0.0187 
Watts m "2 0.217 

Lux -- lumens m "2 51.2 
Luminosity ft candles 4.78 

Other Unit Conversions 1 Langley 1 gcal m "2 
1 Watts 10 7 ergs s "~ 

1 lux 1 lm m "2 

b. Artificial light klux ( -  lx lO 3 lux) W m  z pmol  quanta  m "z s -1 

Metal halide 1 3.1 14 
Sodium/mercury 1 2.9 14 
White fluorescent 1 2.7 12 

Incandescent 1 4.0 20 

Solar radiation is comprised of both diffuse (scattered) and direct radiation, and on a clear 
day when the sun is high in the sky, light hitting the water surface will be approximately 20% 
diffuse and 80% direct (Kirk 1994). When the atmosphere is clean and dry, and the sun 
directly overhead, approximately 14% of total solar irradiance will be absorbed and reflected. 
However, when there is either dust or moisture in the atmosphere this can be as high as 40% 
(Kirk 1994). The spectral nature of light also changes as light passes through the atmosphere. 
The short wavelength ultra-violet light (200-400 nm) is scattered and also absorbed by ozone, 
while long wavelength infra-red is absorbed by water vapour and carbon dioxide. The result 
is that the relative proportion of PAR (400-700 nm) is higher at the surface of the earth than 
it is in the upper atmosphere. 

Type and thickness of cloud can greatly influence light measurements. Small mounts  of 
cloud not obscuring the sun will actually increase total irradiance hitting the surface of the 
earth by increasing the amount of scattered light directed towards the earth. However, dense 
uniform cloud can reduce incident light by up to 70% or more (Monteith 1973). In patchy 
cloud conditions, incident light may decrease by 20-50% as a cloud passes over the sun; care 
needs to be taken to account for this variation when measuring light. 

Overall, as a mean over the entire year, approximately 47% of the light entering the 
earth's atmosphere will reach the surface of the earth. The rest is scattered or absorbed by 
clouds or other gaseous or particulate matter in the atmosphere (Figure 19-1). 
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Light in the water column 
After reaching the water surface, light is fiarther modified by reflection and refraction 

before it reaches submersed seagrass beds. The proportion of solar radiation that is reflected 
from the water surface depends on the angle of the sun and surface conditions. In calm 
conditions, 2% of surface light is reflected when the sun is directly overhead. The proportion 
of light reflected increases in an exponential manner as solar elevation decreases. Surface 
conditions have little effect on the reflectance of sunlight from high solar elevations, but the 
relationship between reflection and surface conditions becomes complex as solar elevation 
decreases (Kirk 1994). Generally, the light climate is more stable when the sun is high in the 

Figure 19-1 Fate of light entering the 
earth's atmosphere 

Figure 19-2 Light attenuation properties of water and 
suspended matter, detailing reduction in light and 
change in spectral distribution. 

sky. Another attenuation of light which occurs at the water surface is refraction, the change 
of light direction due to slowing as it moves from less dense air to the denser water. 

Although reflection and refraction alter the light as it passes into water, a much greater 
influence on how much light finally reaches seagrass is the absorption that occurs within the 
water column (Kirk 1994). Water itself absorbs light, particularly in the red wavelengths and 
therefore, at depths great than 30 m, light consists of only blue and green wavelengths 
(Figure 19-2a). Phytoplankton absorbs mainly in the blue and red wavelengths, so when there 
are large quantities of phytoplankton in water, the transmitted light will be mainly of green 
wavelengths (Figure 19-2b). Absorption of light by suspended particles such as sediment and 
organic matter as well as dissolved substances, including humic acids or tannins from 
wetlands, contribute to this light reduction and will result in blue-green or yellow-orange 
light (Figure 19-2c, d). 
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The combination of light absorption and scattering by water and its contents results in the 
reduction of light with depth. The reduction or attenuation of light with depth is defined by 
the Beer-Lambert exponential decay function: 

Iz = Ioe "Kd z (1) 
where I, is light measured at depth z, I0 is light measured just under the surface and Kd is the 
light attenuation coefficient, with the units m ~. Attenuation coefficients can be calculated 
against the natural logarithm (ln x) or the base-lO logarithm (log~0 x) although natural 
logarithms are more common. Care must be taken to be consistent and to check the method 
used in any comparison to published values. 

Which light measurement method to use? 
There are many methods for measuring light, and these different methods provide very 

different information and cover a large range of expense and effort. Therefore, it is essential 
to have a clearly defined question before embarking on measuring light in seagrass habitats. 
This chapter details five general approaches that are widely used for measuring light, these 
are summarised in Table 19-2 with an indication of which method is applicable to different 
situations and the relative benefits and problems with each method. It is becoming 
increasingly recognised that small scale temporal and spatial variations in light are significant 
to seagrass, therefore long term continuous logged PPFD is recommended rather than 
instantaneous measures. 

Measuring Secchi Depth 

19.3.1 Introduction 
An Italian physicist named Angelo Secchi invented the disk in the 19th cent~ary by 

dropping a dinner plate over the side of a boat. The Secchi disc is a round, black and white 
disc that is lowered through the water until the distinction between white and black quadrants 
is no longer visible to the human eye. This method relies on the human eye, however this is 
effective as the light that humans perceive is remarkably similar to the wavelengths plants 
use for photosynthesis (PAR). The Secchi disk method is widely used throughout the world 
because it is quick, simple, cheap and applicable in a very large number of environments. 

19.3.2 Objective 
To measure Secchi depth, a water clarity parameter. Secchi depth can also be converted 

to an approximation of the more standard parameter of attenuation coefficient (Kd). 

19.3.3 Necessary Material and Equipment 
Tile Secchi disk should be 300 mm (+10) in diameter with a 3.0 kg (+0.5) weight 

suspended below the centre (Figure 19-3). The disk is painted in alternating black and white 
quadrants in waterproof paint. The disk is then attached to non-stretching rope, marked at 
appropriate intervals with waterproof markings. In turbid waters, marks should be 10 mm 
apart while in clear water 500 mm apart would be adequate. 

Tips for constructing a Secchi disk: Use a piece of 6 mm x 300 mm waterproof material 
(e.g., PVC, Perspex or aluminium). Divide the disk into quarters and paint alternating black 
and white pie shaped pieces. The centre-bolt can be stainless steel or bronze, 6-8 mm 
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diameter with a ring for rope attachment on the top Appropriate washers and nuts fasten the 
bolt through a centre-hole in the disk and to the weights 

The attached line should be large enough to handle comfortably (8 mm minimum) and 
have as little stretch as possible (e g ,  pre-stretched polyester) Braid is probably better than 
twisted (laid) as it is easier to handle and stretches less under tension For river or high- 
current use in relatively turbid water, mounting the Secchi disk on the end of a pole makes 
measurements fast and consistent Line marks may be made with permanent marker pens, 
durable tape or can be sewn through the rope It can be useful to make primary and 
secondary marks different colours (e g,  metres red and decimetres blue) for easy recognition 

Figure 19-3 Method for measuring the Secchi depth 

19 3 4  Method 
Although the Secchi depth measurement is simple (Figure 19-3), there are some 

important considerations to ensure that reliable and consistent data are collected 
(Preisendorfer 1986) 

1 The 'Secchi depth' is the depth at which the distinction between white and black 
quadrants can no longer be distinguished 

2 Atmospheric conditions including solar angle from the horizon, water currents and 
weather conditions (cloud cover etc ) should always be recorded 

3 Lower the disk away from shadows 
4 Do not wear sunglasses to take measurement 
5 Measurements should be taken with vision correction (if required) 

19 3 5 Data Processing and Analysis 
The only truly legitimate and also the most informative parameter to use from Secchi disk 

measurements is 'Secchi depth' often denoted ZSD (Kirk 1994, Preisendorfer 1986) This is 
the appropriate parameter for surveys or monitoring programs comparing several sites over 
time 

However, it is still common to convert ZSD to an approximation of attenuation coefficient 
Kd (Section 19 4) The difficulty arises as there are two processes reducing light within 
water bodies, lateral scattering (tx) and vertical attenuation (Ka) These parameters do not 
vary in a linear fashion and hence Ka/ZsD has repeatedly been found to vary Consequently 
many relationships are reported (Geisen et al 1990), the most generally accepted to be robust 
over a wide range of turbidity (Poole and Atldns 1929) is 



Chapter 19: Measurement of Light 375 

Kd=l.7/ZSD (2) 
Application of this conversion factor into equation 1 (where z = ZSD) results in Secchi depth 
equal to 18% of incident light. 

19.3.6 Trouble Shooting and Hints 
�9 Sometimes it is possible to see the Secchi disc on the sea floor, in which case this method 

is inappropriate for measuring light. The water depth is still recorded and the data sheet 
recorded as '5.5 m+' for example; this data may still be useful to differentiate relatively 
clear sites. 

�9 In strong currents, the Secchi disk will float down-current resulting in the disk not 
presenting parallel to the water surface as well as the rope not giving an accurate 
indication of depth. In these cases, either add more weight to the Secchi or alternately use 
a Secchi with a rigid pole rather than a rope. Sometimes it may help to let the boat drift 
with the current while taking the Secchi depth. 

�9 In water that is both very deep and very clear, the Secchi disk will become too small to 
see before the black and white portions of the disk are no longer distinguishable. Other 
methods of measuring light must be used in these conditions. 

19.3.7 Discussion 
There are many benefits to using a Secchi disk to measure light, mainly that it is easy, 

requires little equipment or expertise and is inexpensive. Also, Secchi measurements are 
robust and if taken carefully can be successfully compared across most atmospheric and sea 
surface conditions. Unfortunately, most seagrass grows in very clear water where the 
sediment is clearly visible from the surface or in shallow, turbid regions often with high 
tannin concentrations (orange/brown water) flowing off swamp habitat. Even so, the ease and 
reliability of this technique and the multitude of studies that have been successful in 
comparing Secchi depth across a diversity of spatial and temporal scales, will ensure that this 
method continues to be commonly used in the future. 

Seagrass Maximum Depth Limit as an Indicator of Mean Annual Light 

19.4.1 Introduction 
Light availability is frequently the primary environmental factor controlling the depth 

limit of seagrass. The relationship between maximum depth limit (MDL) of seagrass and 
light availability has been recognised since early in the 1900's (Ostenfeld 1908). The 
relationship has been generalised across all species and depths (Duarte 1991). 

Calculating K, (attenuation coefficient from MDL) relies on some further information, as 
there are species differences in physiological light requirements. However, while minimum 
light requirements for seagrasses varies from 4-29% between species, within species reported 
values are consistent for many species (Duarte 1991, Dennison et al. 1993). Knowing the 
minimum light requirement for the species present and the maximuna depth limit, it is 
possible to infer the integrated mean annual Kz. 

19.4.2 Objective 
To use the maximum depth limit of a particular seagrass species as an integrative 

measure of annual light climate, and approximate mean annual Kz. 
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19.4.3 Necessary Material and Equipment 
In shallow or intertidal habitats, a tape measure or marked pole/rope, for accurately 

measuring water depth and tide tables, or access to information on annual tidal range. 
However in clear, deep habitats such as the Mediterranean, seagrass grows to 40 m and so 
SCUBA gear and an electronic depth gauge can be used (Pergent-Martini and Pergent 1996). 

19.4.4 Method 
Site selection is important; sites in which light is the main factor limiting seagrass depth 

limit need to be selected- that is, sites with no excessive currents or evidence of frequent 
disturbance. The method will be most effective where the seagrass meadow is growing on a 
gradual depth gradient so that the maximum depth limit is accurately measured. Also, a 
continuous meadow with a well defined edge is preferable to a highly patchy seagrass bed. 

After locating the edge of the meadow, a tape or pole is used to measure the vertical 
depth at the edge of the seagrass meadow (Figure 19-4). If more than one species is present, 
then measure the maximum depth limit for each species present. The maximum depth limit is 
determined for at least 5 locations (for each species) within each site to be measured. Record 
the time and day so that tidal cycle is known and the depth can be converted to a standard, 
usually Mean Sea Level (MSL) for subtidal meadows (see 19.4.7 Discussion). 

19.4.4 Data Processing and Analysis 
The mean annual attenuation coefficient (Kz) can be calculated utilising the minimum 

light requirement of the seagrass and the measured maximum depth limit. Kz is calculated 
from these values using the Beer-Lambert equation (equation 1). 

Depth (z) is defined as the maximum depth penetration of the seagrass. To solve this 
equation for Kz, it is necessary to calculate z, as well as Iz (light at depth z) and Io (light just 
under the surface). Iz and Io are calculated from the minimum light requirements (MLR) of 
the species as a percent of surface light, either measured or a value from the literature. 

MLR = (Iz/Io)* 100 

Therefore: 
MLR/100 = Iz/Io (3) 

Finally, to calculate Kz use the following equation (see example in Table 19-3): 
Kz = -In (MLR/100)/z (4) 

Table 19-3. Example of calculating K. (mean annual Kd) from maximum depth range. (Data from Dennison 
et al. 1993). 

Maximum Minimum Light K= 
Seagrass species depth limit (m) Requirement (%) Calculation 

. . . . . .  ( p a t u r a l  ! o ~  

Halodule wrightii 1.9 17.2 -In (17.2/100)/1.9 0.92 
Zostera marina 6.0 18.6 -In (18.6/100)/6.0 0.28 
Posidonia oceanica . 35.0 .9.2 -In (9.2/100)/35.0 . . . .  0.68 

t9.4.6 Trouble Shooting and Hints 
�9 In some cases, the relationship of light to maximum depth distribution breaks down. 

Sometimes seagrass canopy structure can alleviate light stress by growing up to the 
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surface and therefore receiving sufficient light even in highly turbid waters (Hootsmans 
et al. 1995, Middelboe and Markager 1997). 

�9 In instances where other factors than light, such as current or disturbance, are primarily 
limiting seagrass distribution (e.g., Carruthers and Walker 1999), Kz cannot be estimated 
by using the seagrass depth distribution technique. 

�9 In intertidal meadows this method can be problematic (see discussion). 

Figure 19.4 Schematic profile of seagrass depth range. 

19.4.7 Discuss ion 
Maximum depth limit of seagrass can be used effectively as an integrative measure of 

annual mean attenuation coefficient. It is essential however, to determine a reliable reference 
mark for seagrass depth limits within a system. Different reference marks have been used to 
accommodate different tidal ranges and habitats (Figure 19-4). In regions where meadows 
are predominantly subtidal then maximum seagrass depth should be measured relative to 
Mean Sea Level (Gallegos and Kenworthy 1996, Onuf 1996). Where seagrass meadows are 
predominantly intertidal, the standard becomes more difficult to define. Assuming that 
desiccation and exposure result in the upper distributional limit of the meadow, the shallow 
edge may be used as a reference point and has previously been defined as the upper limit of 
the Seagrass Depth Range (Figure 19-4, Abal and Dennison 1996). Maximum seagrass 
depth limit can be an effective indicator of water quality, although it cannot be recommended 
as a sole monitoring tool. It does not provide an early warning of water quality decline, 
however it is a very appropriate method to document improvements in water quality after 
remediation efforts. 

i ~ ~  Measuring Instantaneous Light Quantity (PPFD) 

19.5.1 Introduction 
Photoelectric light meters are commonly used to measure underwater light fields. These 

light meters generally measure light as moles of quanta (photons) between 400-700 nm in 
units of ~tmol quanta m "2 s "~, that is, photosynthetic photon flux density (PPFD). When 
accurate measurements of attenuation coefficient are required, or water is highly coloured, 
stratified or very clear then using an instantaneous light meter is preferable to Secchi depth 
alone. 

There are two types of sensors, 2n that measure direct light (e.g., downwelling 
irradiance) and 4n sensors that measure direct as well as scattered light (Figure 19-5). The 
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choice of which sensor to use depends on the question being asked; both are used commonly 
although 4n are more common for measuring light penetration in relation to seagrass. In 
turbid waters, high amounts of particulate matter may result in scattered light being as much 
as 70% of the total light available in the water column and therefore using a 2re sensor will 
underestimate the light available for seagrass growth (Dunton 1994). For measuring 
attenuation coefficients (IQ), 2n or 4~ sensors can be used, recognising the slight difference 
in the type of measure. However, Stumpf et al. (1999) found negligible difference between 
diffuse attenuation coefficient (Ko: using 4n  sensor) and direct attenuation coefficient (Kd: 
using 2n sensor). In Chesapeake Bay, Moore et al. (1997) report a relationship of 
Kd=0.97.Ko (r2=0.96). 

19.5.2 Objective 
To accurately measure attenuation coefficient in water of any depth or water clarity and 

to obtain instantaneous measurements of light at the surface or within the seagrass canopy. 

19.5.3 Necessary material and equipment 
Light meter and either 2= or 4re sensor, mounted appropriately (Figure 19-6). Cable long 

enough for location (e.g., 5-15 m). Rope to lower sensor (the light cable should never be used 
to lower the sensors as they are easily damaged) with depth markings, mark with all 
potentially required recording depths. Note: Sensors should calibrated annually or according 
to manufacturer recommendations. 



Chapter 19: Measurement of Light 379 

19.5.4 Method 
Two approaches can be taken to measuring Kd with an instantaneous light meter. The 

first method involves the measuring of a light profile while the second method requires 
repeated measures taken at two pre-determined depths. The best method will depend on 
required information and the specific environment being studied. For both protocols, it is 
important to note that although this is a measure of instantaneous light, most light meters can 
give output as a mean integration over time. It is preferable to use an integration over 5-10 
seconds, for every measurement taken, to moderate variations due to light flecks caused by 
waves. 

Measuring a Light Profile: A surface reading, denoted Io, (just below the surface) is 
taken and then approximately six to eight readings with increasing depth. Readings are taken 
closer together near the surface, as this is-where light attenuates the fastest. For example in 
clear water 20 m deep, a good profile would be measured at surface, 20 cm, 50 cm, 1 m, 2 m, 
4 m, 6 m and 10 m depths. For each depth, simply record depth and mean irradiance (~tmol 
quanta m "2 sl). In a very turbid river which is only 2 m deep an appropriate profile would be 
surface, 20 cm, 40 cm, 80 cm, 1.4 m and 2 m. 

Repeatedly Measuring Two Depths: An alternate method for measuring attenuation 
coefficient with an instantaneous light meter is to take a series of measurements at two 
known depths. This method is particularly useful under variable atmospheric light conditions 
caused by patchy cloud. Choose two depths appropriate to the environment, for example 0.5 
m and 5 m, and record measurements alternating between the two depths. As previously, it is 
beneficial to take an integrated reading over 5-10 seconds. 

Figure 19-7. Method for calculating attenuation coefficient (Ka) from data collected inside and outside 
a sediment plume in Hervey Bay, Australia (Longstaff and Dennison, unpub, data). 

19.5.5 Data Processing and Analysis 
Once natural logs of light values have been calculated, the regression equation is 

calculated and the attenuation coefficient is the absolute value of the slope of the line (Table 
19-4). Figure 19-7 and Table 19-4 provide a worked example of calculating attenuation 
coefficient from light profiles and the Beer-Lambert equation (equation 1). In this example a 
2• sensor was used and so the calculated attenuation is direct attenuation coefficient (Kd). 
The profiles were collected from Hervey Bay in southern Queensland (Australia) during a 
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large pulsed turbidity event with large sediment-laden flows out of the Mary River into 
Hervey Bay. One profile was collected from within the sediment plume and a comparison 
profile taken outside the visible plume. 

Table 19-4. Example of calculation of attenuation coefficient (Kd) from inside and outside a sediment plume 
in Hervey Bay, Australia (Longstaff and Dennis0n , unpub, data.). . . . . . . . . . .  

Location Depth Photosynthetic Photon Flux Density Regression of Kd 
(m) (~tmol quanta m'Zs "l) Natural log (In) depth vs in light 

PPFD 
Outside plume 0 1500 7.31 

(clear water) 2 850 6.75 y = -0.3 Ix +7.37 0.31 
4 470 6.15 r 2 = 0.99 

6 275 5.62 p < 0.001 
8 150 5.01 
9 80 4.38 

Inside plume 0 2300 7.74 y =-1.10x+7.77 1.10 
(turbid) 2 280 5.63 r 2= 0.99 

. . . .  4 28 .... 3.3.3 p < 0.05 

19.5.6 Trouble Shooting and Hints 
�9 At low solar angles (morning and afternoon or at high latitudes) light has a longer path to 

reach a given depth and therefore the apparent attenuation coefficient will be less than 
measuring the same water body with the sun directly overhead. Zimmerman et al. (1994) 
refer to measured variation in diffuse attenuation coefficient of 50% during a day as a 
result of sun angle alone. Fortunately, this effect is only minimal in turbid waters because 
of intense scattering by particles in the water. It can be significant in clear water where 
measurements should be taken within two hours of solar noon to minimise deviations 
(Kirk 1977, 1984). 

�9 When comparing results to published work, be aware of whether natural or base-10 
logarithms were used in calculating Kd and whether a 2n or 4re sensor was used. Note that 
the benefit of using base-10 logarithms is that they provide a direct approximation of 
light transmission: when Kd=l, 10% of light is transmitted through one meter depth, 
while for Kd=2, only 1% of light is transmitted through one meter of the water column 
(Kirk 1977). 

�9 The sensor surface (i.e., the white acrylic diffuser) is easily damaged or marked if the 
instrument is not handled correctly. As a scratch or mark on the diffuser may alter the 
quantity of light passing through to the detector, it is important to recalibrate after 
damage occurs. The sensor must be calibrated against a constant light source or returned 
to the manufacturer. 

19.5.7 Discussion 
Measuring instantaneous light with a PPFD sensor has a moderate hardware cost but with 

some care will provide excellent measures of either direct or diffuse attenuation coefficient. 
This method is widely used for monitoring as well as direct comparison between sites. 
Instantaneous light meters can be used in a 5-10 second integration mode so that sun flecks 
within the water column are integrated. The only limitation of this method is that at low solar 
angles (high latitude or early and late in the day) attenuation coefficients will be 
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overestimated as the light passes on an oblique angle to the sensor, so for accurate results use 
this method within 2 hrs of solar noon. 

Attenuation coefficient will continue to be a useful and informative parameter of water 
quality in relation to seagrass occurrence and survival. Therefore, there will continue to be an 
important role for instantaneous light meters in monitoring, surveys, as well as broad scale 
ecological questions related to seagrass meadows. 

Continuous Light Quantity Monitoring 

19.6.1 introduction 
Continuous light monitoring provides an accurate measure of temporal variability that is 

not easily gained using instantaneous light measurement methods. Measuring variability is 
important because, as long-term studies have shown, strong seasonal patterns in surface 
irradiance are not always evident at depth due to high variability in the underwater light field 
(Figure 19-8); the method also collects data during severe or unfavourable weather 
conditions when it is unsafe for boating. 

Figure 19-8. Continuous light data from Laguna Madre 
Estuary, Texas. Solid line represent polynomial 
equations fit to the data. Grey areas indicate range of 
data (after Dunton 1994~. 

Figure 19-9. Continuous Photosynthetically 
Active Radiation light logger and automatic 
cleaning unit attached to a sand stake. 

The importance of temporal changes in seagrass light availability is becoming 
increasingly evident. For example, short-term changes in light availability driven by a large 
tidal range impacted upon seagrass survival (Koch and Beer 1996). While long-term declines 
in light availability are known to have caused seagrass loss throughout the world, the 
important role of pulsed turbidity events has recently been identified (Zimmerman et al. 
1991, Moore et al. 1997, Longstaff and Dennison 1999). Continuous long-term light 
monitoring is the only way to accurately assess effects of pulsed light reduction events be 
accurately assessed. Continuous long-term monitoring is also the most accurate method of 
determining seagrass minimum light requirements. 
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19.6.2 Objective 
To accurately measure the temporal variability (hours to years) of light available to 

seagrass. To accurately determine the minimum light requirements of seagrasses as either 
PPFD or light saturation period (Hs,t). Multiple loggers can also be deployed to measure Kd 
throughout the day. 

19.6.3 Necessary Material and Equipment 
A light sensor (2n or 4n) connected to a compatible data logger is the minimum hardware 

requirement (Figure 19-9). In most cases, submersible light loggers are the easiest to deploy 
and maintain. If a submersible logger is not available, a waterproof casing can be constructed 
relatively simply using plastic tubing, o-ring seals, and underwater connectors. Alternatively, 
it may be feasible to secure a non-submersible logger in a safe dry place and use an 
underwater cable to connect between the submersible sensor and the logger. Sensors and data 
loggers are available from a number of sources and are updated regularly so details will not 
be given here (internet best source for suppliers, e.g., search for light, loggers, sensors, 
underwater, PAR). 

A sturdy attachment point is required for mounting the sensor and logger underwater. A 
metal sand stake with a screw thread is easily deployed and removed after use (Figure 19-9). 
Sand stakes are galvanised steel, screw-in foundation stakes available commercially from 
construction supply companies. Stainless steel hose clamps are effective to attach loggers, are 
easily tightened or loosened when required, and do not rust or slacken over time. 

A potential source of error when conducting continuous light measurements is sensor 
fouling. One or more of the following processes causes sensor fouling: settling of fine 
particulate matter, formation of a bio-film or large suspended items (e.g., loose algae) 
becoming caught on the sensor. The type and rate of fouling varies between water bodies. 
Loggers can be cleaned manually, however in some cases cleaning would ideally be carried 
out daily, which is generally impractical. An effective alternative is an automated cleaning 
device (Figure 19-9) that attaches to the sensor and brushes it clean at regular intervals (e.g., 
every 30 mins) (Longstaff and Dennison unpub.). 

19.6.4 Method 
Despite the potential for significant light attenuation within the scagrass canopy (Section 

19.9), light meters are usually positioned with the sensor at the top of the canopy. If the 
minimum light requirement is needed, the light sensor should also be placed at the seagrass 
maximum depth limit. Logger integration time is programmed before deployment. While 
short (e.g., 5 rain) periods can be used for short-term monitoring, when conducting long-term 
continuous monitoring, 15 mins provides a good compromise between a precise description 
of the daily light climate and avoiding excessively large data files. It is recommended to 
monitor light above the water surface to determine if changes in light availability are due to 
water column processes or cloud cover. The surface logger should be deployed as close as 
possible to the submersed logger; in some cases aerial irradiance can also be obtained from 
the local bureau of meteorology (e.g., Perez and Romero 1994). 

By deploying two sensors at one location, with one sensor almost vertically above the 
other, continuous assessment of Kd can be achieved (Figure 19-10). The upper sensor should 
be positioned in a manner that minimises shading of the lower sensor and the horizontal 
distance between the sensors should be minimiscd to prevent error due to spatial variability 
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in water clarity. As noted for instantaneous monitoring (Section 19.5) diel changes in Kd will 
occur as a result of changing solar angle. In turbid water this effect is only minimal, however 
it can be significant in clear water where only continuously monitored data within 2 hours of 
solar noon should be used. 

Deployment time will depend upon the reason for conducting the monitoring. Light 
meters may be deployed for relatively short periods (e.g., a few days) to assess short-term 
changes in light due to factors such as tidal cycles. Continuous monitoring over several 
months allows monitoring of changes in light during a flood event or light availability during 
manipulative experiments. Long-term monitoring may be conducted to measure seasonality 
or inter-annual variability. 

19.6.5 Data Processing and Analysis 
All sensors must be accurately calibrated before deployment. Many sensors are calibrated 

by the manufacturer and therefore supplied with a calibration function. Return sensors to the 
manufacturer at the recommended interval for re-calibration. Sensors that are not supplied 
with a calibration function can be calibrated with either a two-point calibration to a known 
intensity light source or by comparison to a pre-calibrated sensor. If calibrating against a pre- 
calibrated light sensor, leave logging over a daily light cycle to obtain a range of light 
intensities. If the logger does not automatically apply the calibration function to the data, it is 
necessary to transform the data once downloaded onto a computer. Be aware that 'in air' and 
'in water' use requires a different calibration curve. 
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Figure 19-10. An example of using two loggers to calculate Kd during a daily light cycle, data from Moreton 
Bay, Australia. 

The most commonly used units for expressing continuously logged light are pmol quanta 
m "z s "~, mol quanta m 2 d "1, light saturation period (Hs,t) and % of surface light. The unit pmol 
quanta m 2 s l is generally used for short-term continuous logging, for example to discern diel 
changes in light availability due to factors such as tidal cycles. Long-term continuous data is 
usually expressed as pmol quanta m "z d "l plotted for each day over the monitoring period 
and/or mean value over the monitoring period. The portion of the day (in hours) in which 
light exceeds the saturating irradiance is defined as Hs,t (Figure 19-11, Derafison and Alberte 
1985). Light saturation period has been proposed to be the most relevant method of assessing 
the light requirements of seagrasses. Hsat can be expressed for each day as an mean value 
over the monitoring period. 

19.6.6 Trouble Shooting and Hints 
�9 Set program integration period to a duration that allows manageable data sets, e.g., 15 

min intervals or up to 60 min intervals for very long-term continuous monitoring. 



384 Carruthers, Longstaff, Dennison, Abal and Aioi 

�9 Conduct trial monitoring to assess the rate of sensor fouling and therefore the periodicity 
of cleaning required (either manually or with an automated device). 

�9 Take great care when sealing the sensor and logger to ensure that moisture does not cause 
damage. O-rings must be thoroughly cleaned and silicon grease correctly applied (i.e., a 
thin smear), desiccant sacliets must be redried regularly. 

�9 When using 2n sensors, care must be taken to orient them vertically especially when 
deploying two sensors for recording Ka. 

�9 When conducting continuous Kd monitoring, ensure that the two sensors are placed as 
close together as possible, avoiding self shading. 

Figure 19-11. Method for calculating Hs=, where 
Ic=compensation irradiance, Ik=saturating irradiance, 
Hcomp=hours above compensation irradiance and 
Hs==hours above saturating irradiance. 

Figure 19-12. Variation in minimum 
light requirement for Halodule wrightii 
related to turbidity and water colour 
(after Kenworthy and Fonseca 1996). 

19.6.7 Discussion 
Continuous light monitoring provides the optimum quantification of the light available to 

seagrasses (Dunton 1994, Moore et al. 1997); however, it has a relatively high hardware cost 
and moderate data interpretation complexity. 

The first and most comprehensive report of continuous light monitoring was that of 
Dunton (1994); surface light and light availability to Halodule wrightii was continuously 
monitored for 4 years. The study concluded brown tide at one site reduced light availability 
and caused significant declines in leaf elongation rates and below ground biomass. Long- 
term continuous light monitoring has also been used to show the impact of pulsed turbidity 
events on seagrass survival (Moore et al. 1997, Longstaff and Dermison 1999). 

Issues relating to seagrass management often focus on the minimum light required for 
growth or survival. Most studies to date have used instantaneous techniques (i.e., Secchi or 
quantum sensor) at a range of sampling frequencies and durations. Using instantaneous 
measures some seagrass species show very variable minimum light requirements between 
studies (Dennison et al. 1993). This variation may be partially due to short term variability in 
light climate, which can be clarified using continuous light measurement. 
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Measuring Light Quality (Spectral Distribution) 

19.7.1 Introduction 
In the same way that measuring PPFD was a large step forward from measuring total 

light energy, measuring spectral distribution provides a more detailed information than PPFD 
alone. However, assessing the quality of light should only be used to address specific and 
well defined questions. 

While PPFD and Ko are often strongly related to seagrass maximum depth limit, 
anomalies are sometimes evident. For example, minimum light requirements (MLP,) for 
Halodule wrightii at Jupiter Inlet (Florida) varied from 24% at one site to 37% at a second 
site only 12 km away (Figure 19-12, Kenworthy and Fonseca 1996). Previous studies had 
determined that light was the most influential factor limiting seagrass depth distribution at 
these sites, and yet at the more turbid site (37% surface l igh t -  Hobe Sound) the seagrass 
depth penetration was much shallower than would be predicted by Ka alone. The most likely 
explanation for this anomaly was differences in the spectra of light reaching the seagrass at 
the two sites, as the water at the more turbid site was also more coloured (Figure 19-12, 
Kenworthy and Fonseca 1996). 

Seagrass capacity to harvest light varies across the light spectrum, having greater 
absorption in the blue and red regions of the spectrum compared to the green. As light passes 
through a body of water, the light spectrum will be altered according to the depth and the 
inherent optical properties of the water (Figure 19-2). It is likely that not only the quantity of 
available light but also the spectral quality is critical to seagrass survival. 

Sensors that measure PPFD do not differentiate for the visible spectrum (400-700 nm). 
As a result, (i) MLR established using PPFD sensors alone may vary depending upon the 
spectral quality of the light and (ii) identical PPFD values recorded at different times and/or 
locations may not equate to identical photosynthetically usable radiation (PUR) (See Morel 
(1978) for discussion of PUR). 

Assessing water quality parameters such as colour and suspended solid concentrations 
can be used to investigate the role of light quality (Gallegos 1994, Gallegos and Kenworthy 
1996, Kenworthy and Fonseca 1996). However, the most direct technique utilises a 
spectroradiometer that measures irradiance at all wavelengths across the spectrum. 
Measuring spectral irradiance in relation to seagrasses is relatively new; it is therefore 
recommended to read background material provided for other aquatic systems (e.g., Jerlov 
1976) and remote sensing (e.g., Milton 1987). 

19.7.2 Objective 
To assess the quality of light available to seagrass: that is to measure irradiance for all 

wavelengths across the PAR spectrum. 

19.7.3 Necessary Material and Equipment 
Due to the expanding field of remote sensing, a large range of high quality 

spectroradiometers are now available. While each brand performs the same basic function, 
there are many aspects of the spectroradiometer that may differ. Some important features of a 
spectroradiometer that should be investigated before purchase include: 

�9 Integration time and interval between band centre; how rapidly is a measure taken 
and at what intervals across the spectrum e.g., 1 nm or even 50 nm. 
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�9 Calibration accuracy; this may vary depending upon the wavelength. 
�9 Range of wavelength required. 

If purchasing a logger for the spectroradiometer, ensure that the battery and data storage 
capacity is sufficient for the intended logging time. As with PPFD sensors, spectral sensors 
are available as 2n and 4n. It is advisable to ensure a spectroradiometer has a lowering frame 
to keep the instrument vertical. 

19.7.4 Methods 
As a spectroradiometer can be used for both instantaneous and continuous monitoring (if 

attached to a logger), the method for this instrument is similar to that outlined for PPFD 
measurements (Sections 19.6 and 19.7). However, there are a few notable exceptions. The 
above surface spectrum can change significantly during the day due to changes in solar 
geometry, atmospheric constituents and cloud cover. To aid the comparison of data between 
locations, it is advisable to conduct all measurements within 2 hours of solar noon, on days 
with similar atmospheric conditions and to obtain above-surface spectra immediately 
before/after the sub-surface reading. Secondly, as some wavelengths of light may not be 
present at depth (e.g., red light rapidly absorbed by the water), it may be necessary to conduct 
spectral attenuation measurements relatively close to the surface. Finally, when using the 
spectroradiometer in data logging mode, use a suitable measuring frequency. The measuring 
frequency used should provide the required temporal resolution without the production of 
huge data sets (remembering that each measure in time will result in approximately 300 data 
points). 

Calibration of a spectroradiometer must be conducted according to the supplier 
recommendations. While it is recommended that the manufacturer perform calibrations, 
calibration devices consisting of a lamp with known spectral radiance are available. Separate 
calibrations need to be conducted for "in water" and "in air" use. 

19.7.5 Data Processing and Analysis 
The data generated by most spectroradiometers is expressed as a unit of energy (W m "2 

nm'l). This unit can be converted to a radiation flux using the following relationship (Kirk 
1994): 

Quanta s "1 m -2 = 5.03~.. 1015 (4) 

where t~ is the energy (W m "2) of the wavelength (~,) of light. 
If spectral composition of light was obtained at more than one water depth, spectral 

downwelling attenuation can be calculated by applying the Beer-Lambert exponential decay 
function (equation 1) to each wavelength of light (Figure 19-13). To aid comparison of 
spectra between sites or times it may help to normalise the data to a specific wavelength of 
light (usually the wavelength that records the greatest quantum flux rate). There are a 
number of techniques used in the field of remote sensing that may be used to characterise 
different features of the spectra, e.g., derivative analysis, ratios and indices (Lillesand and 
Kiefer 1999). 
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19.7.6 Trouble Shooting and Hints 
�9 Many of the problems and hints outlined for instantaneous and continuous light 

monitoring apply to spectral light monitoring (Sections 19.5 and 19.6). 
�9 When measuring spectral light signals, it is essential to be aware that spectral changes 

can be occurring in the atmosphere (due to cloud cover, dust particles, solar angle) as 
well as in the water column. Always measure surface spectra immediately before/after 
the sub-surface reading. 

�9 Objects (e.g., people or boats) surrounding the spectroradiometer sensor can significantly 
influence spectral distribution. Use techniques to reduce interference such as wearing 
dark clothing and maximising the distance between surrounding objects and sensor (see 
Milton 1987). 

�9 Use of a spectroradiometer can produce very large data sets. Good data management is 
essential for effective use of this method. 

�9 In order to relate observed spectra to optical properties of the water column it is advised 
to also measure phytoplankton (e.g., Chl a), total suspended solids and water colour. 
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Figure 19-13. Spectral irradiance and spectral 
downwelling attenuation coefficient for a clear 
and turbid site in the York River, Chesapeake 
Bay (after Moore et al. 1997). 

Figure 19-14. Modelled incident photosynthetic 
photon flux density over a daily cycle when a) high 
tide coincides with solar noon and b) low tide 
coincides with solar noon (after Koch and Beer 1996). 

19.7.7 Discussion 
Measuring light quality has only recently been applied to seagrass biology (Gallegos 

1994). The lack of research in the past may in part be attributed to the high cost and 
complexity of the instruments. Although high quality instruments are becoming less 
expensive and easier to use, in comparison to measuring PAR, spectroradiometry is still more 
costly and complex. 

Measuring light quality allows for many new questions of seagrass ecology and 
physiology to be addressed. For example, investigating the influence of green light caused by 
phytoplankton blooms versus the largely blue light in deep water. However, caution should 
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be used in the application of this technique and clear objectives should be established before 
measuring light quality. 

I ~ ~  Notes on Measuring Light in Regions of High Tidal Range 

Seagrass habitats with high tidal range pose some particular challenges for defining the 
light climate in relation to seagrass survival. In intertidal meadows, seagrass may be exposed 
to full sunlight for part of the day and then submersed in highly turbid water for the 
remainder of the day. The timing and size of tidal changes can significantly influence the 
daily irradiance available to seagrasses (Dring and Ltining 1994). The extremes in light 
availability due to tidal cycles can be assessed by either modelling or continuous monitoring. 
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Figure 19-15. An example of calculating light availability at several depths of different tidal exposure after 
measuring incident photosynthetic photon flux density, depth and daily attenuation coefficient (* indicates tide 
rising to this point on transect); data from Brisbane River, Australia. 

If assessing tidal light variability using a modelling approach it is necessary to obtain 
surface light data, a model of the tidal cycle and knowledge of mean attenuation coefficient. 
Light potentially available to seagrass can be modelled from simple commercially available 
software/shareware. Koch and Beer (1996) used Kd values typical of two different regions of 
Long Island Sound, measured incident light values and calculated Iz where z (in this case 
depth of water) was the tidal amplitude fluctuating over the day (Figure 19-14). 

A more direct approach can be taken by measuring all required components (GaUegos 
and Kenworthy 1996). Using continuously logged surface light, Kd (Section 19.6) and depth, 
light available to seagrass can be calculated over a daily cycle for any location along a depth 
transect (Figure 19-15). The only assumption in this case is that for the period that an 
intertidal bank was exposed seagrass received full sunlight. 

One final consideration, which is ignored by the modelling approach and incorporated 
into the measurement approach, is the relative importance of astronomical versus barometric 
tides. Astronomical tides are predictable and cycle with phases of the moon, while 
barometric tides are a result of differences in air pressure due to movement of weather 
patterns. In some locations, for example large coastal lagoons with a narrow entrance to the 
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ocean, barometric tides can be greater than astronomic tides. A survival model has been 
proposed by Dennison and K.irkman (1996) to predict whether habitats can support seagrass, 
based upon Secchi depth and the relative size of astronomical and barometric tides (Table 19- 
5). In intertidal habitats, seagrass will survive as long as astronomic (regular) tides are larger 
than barometric (unpredictable) tides and Secchi depth is greater than the astronomic tidal 
range. Subtidal meadows will survive when Secchi depth is greater than astronomic tidal 
range and greater than minimum light required for growth. 

Regardless of the method used, in intertidal habitats or regions of high tidal range, it is 
essential to account for this variation when determining light potentially available for 
seagrass growth. 

Table 19-5. General model for seagrass survival; MTRA = mean astronomical 
tidal range, MTRB = mean barometric tidal range, ZSD = Secchi depth and Z = 
maximum depth distribution of seagrass (after De .nnison and Kirkm~ 1996). 

Survival No survival 
Intertidal 

Subtidal 

MTRA > MTRB MTRA < MTRB 
and or 
ZSD > MTRA ZSD < MTRA 
ZSD > MTRA ZSD < MTRA 
and or 
Z~p > Z . . . . . . .  Z~o< Z .... 

i ~ ~  Notes on Measuring Light within the Seagrass Canopy 

Once the radiation climate itself has been characterised, plant canopy structure is the next 
most important parameter in determining a plant's potential to absorb incident PAR (Russel 
et al. 1989). Reduction of light within seagrass canopies reduces epiphyte abundance and 
productivity (Mazzella and Alberte 1986); documenting within-canopy light climates can 
provide important information about meadow function. 

Figure 19-16. Attenuation of light through water column and through Thalassia testudinum meadow- 
assuming uniform biomass distribution, measured light at water surface, canopy surface and sediment 
surface are indicated, as well as water column (Kd) and canopy (K) attenuation coefficient (Data from 
Williams 1987). 

The process of light attenuation as it passes through the water column increases markedly 
once the light enters the seagrass canopy (Figure 19-16). Also, seagrass canopies are diverse, 
variable and sometimes tall as well as dense, for example some meadows of Zo s t e r a  
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caulescens have persistent flowering shoots 7 m long (Aioi et al. 1998). Attenuation of light 
calculated for Figure 19-16 assumed that biomass distribution was uniform throughout the 
canopy, and therefore that light decay would be uniform between the surface of the canopy 
and the sediment. However, distribution of biomass is rarely uniform, for example, the 
biomass distribution of Zostera marina in Odawa Bay has two biomass peaks, at 0.1 m and 
1.3 m above the sediment surface (Figure 19-17). As a result, light is distributed unevenly 
down through the canopy with rapid attenuation at the biomass peaks. When light attenuation 
through the seagrass canopy is of interest, this can be accurately determined by 
measuring seagrass leaf area in layers of measured thickness down through the canopy and 
applying the Beer-Lambert law as follows: 

IL=Ioexp "KL (5) 
where L is the leaf area index (m 2 leaf m "2 sediment), IL is the irradiance under leaf area 
index of L, K is the canopy attenuation coefficient (e.g., Carruthers and Walker 1997). 
Another approach is to model light attenuation within the canopy. An example of this is the 
assessment of shoot density effects on light attenuation within the canopy of Zostera marina 
(Figure 19-18) (Zimmerman and Mobley 1996). Increased shoot density dramatically 
increases light attenuation through the canopy. 

Light attenuation within seagrass canopies is often rapid and can be important, 
particularly when asking ecophysiological questions about seagrass meadows. 
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Figure 19-17. Canopy biomass distribution of 
Zostera marina in Odawa Bay in May 1976 
(Data from Mukai et al. 1980). 

Figure 19-18. Modelled effect of Zostera marina shoot 
density on light attenuation within the seagrass canopy, 
modelled assuming turbid conditions in summer and a 
mud substrata (after Zimmerman and Mobley 1996). 

I ~ ~  Conc lus ions  and R e c o m m e n d a t i o n s  

Understanding and documenting the light climate of seagrass meadows is essential to 
understanding many aspects of survival, ecology and physiology of the species being 
considered. Therefore, accurate measurement is important if reliable and informative 
conclusions are to be drawn. In this chapter, five techniques are presented ranging from 
cheap and simple options (Secchi depth) through to more expensive and more technical 
options (light quality). It is recommended that continuous light (PAR) should be logged 
wherever possible. It is very important that before measuring light in the field, a good 
experimental hypothesis/question has been established prior to measurement otherwise effort 
and expense are likely to be wasted. 
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Chapter 20 
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Water quality measurement methods for seagrass habitat 

Stephen Granger, Hitoshi lizumi 

C h a p t e r  O b j e c t i v e  

To provide simple manual methods for the determination of dissolved and particulate 
macronutrients and photosynthetic pigments. 

O v e r v i e w  

Seagrass growth, abundance, morphology and reproductive capacity are dependent upon 
the availability of nutrients in the plants' environment. Nutrient resources found in the 
interstitial pore waters of sediment and dissolved in the water column support the high rates 
of primary production and biomass observed in seagrass. Alternatively, excessive nutrient 
enrichment in the water column stimulates pelagic, epiphytic and macroalgal growth. 
Planktonic and micro or macroalgal blooms resulting from water column nutrient enrichment 
reduce the amount of light reaching seagrass, thereby affecting seagrass growth, maximum 
depth of distribution and, ultimately, survival. 

It. is therefore desirable to monitor nutrient levels when studying seagrasses and their 
environment. Analyses are presented for ammonium, nitrite, nitrate, phosphate, and silica, 
the primary macronutrients important to seagrasses and marine environments. Techniques 
for the analysis of particulate C, N, P, and chlorophyll, which can provide fundamental 
physiological information, have also been provided for both seagrass and phytoplankton. We 
present only the most basic steps for the manual determination of nutrients and direct the 
reader to cited literature for a more detailed description of each procedure. The colorimetric 
techniques for nutrient analysis included in this chapter have proven reliable, economic, 
reasonably sensitive, and can be easily performed in a laboratory equipped with a modest 
selection of glassware, basic equipment (e.g., scale, drying oven), and a spectrophotometer. 
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Determination of Dissolved Nutrients in Seawater 

20.3.1 Introduction 
We begin our discussion of analytical techniques by briefly reviewing the operating 

principles of a spectrophotometer, basic laboratory supplies and proper sample handling to 
ensure the accuracy and repeatability of analytical techniques presented. It is assumed that 
the reader has some experience with standard laboratory operating procedures and has 
completed adequate safety training. A list of specialized or unique equipment has been 
provided when required for an analytical procedure. It is also assumed that glassware such as 
volumetric pipettes, test tubes, volumetric flasks, graduated cylinders, and polyethylene 
sample bottles are available as part of the normal complement of laboratory equipment and 
therefore are not itemized for each analysis. As part of regular laboratory maintenance, it is 
strongly suggested that scales, spectrophotometer and the delivery of micro/macro pipettes 
be calibrated and frequently checked. 

Spectrophotometry: Analytical techniques for the determination of nutrients in seawater are 
dependent on spectrophotometry. As part of the chemistry of a given analytical method, 
reagents are added to the water sample to produce a colored solution and measured as 
transmittance or absorbency on a spectrophotometer (A = - log (transmittance)) against a 
reference solution. Beer's law shows that absorbence is linear to the concentration of the 
target substance, providing the solution is dilute and the refractive index of the samples 
remains constant. It is recommended, first, that samples with high concentrations of nutrients 
(i.e., samples with absorbencies >1.0) be diluted to produce an absorbence reading below 1.0. 
Secondly, standards must be prepared within = 5psu (practical salinity units) of the sample's 
salinity (see Standard Curve and Seawater Blanks) to minimize variations in the refractive 
index. 

Deionized Water (DI): The variability and resolution of an analytical procedure is 
dependent, in part, upon on a consistent supply of high quality deionized water (low 
nutrient) for the preparation of standards, reagents and washing. DI can be obtained by 
passing distilled water through commercially available ion exchange columns. When distilled 
water is not available, filtered water can be passed through the ion column directly, however 
the column's capacity will quickly diminish. Columns that are metered and display the 
conductivity of the water effluent should read between 15 to 18 megaohms. 

Chemicals: Primary standards and reagents should be prepared from the best quality 
chemicals available (reagent grade or better). Chemicals used in the preparation of standards 
are dried at 110 ~ C for 2 hours, cooled and stored in a dessicator. Weights should be 
determined to the nearest tenth of a milligram on an analytical scale that has been recently 
calibrated. 

Standard Curve and Seawater Blanks: The determination of nutrient concentrations in 
seawater is a strictly empirical process where the intensity of the color produced during the 
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analysis of a water sample is compared to color produced in standards of known 
concentration. Sample concentrations should fall within, or be diluted to, the range of working 
standards. Directions for preparing 1,000 ktM primary standards are provided for each 
method, and the dilution matrix for preparing working standards is found in Table 1. 
Artificial seawater (ASW) is commonly used to dilute the primary standard to working 
standards. ASW is prepared by dissolving 219.2g of NaC1, 70g of MgSO4 and 1.5 g of 
NaHCO3 in DI to achieve a final volume of 8 liters (approx. 35 psu). Additional DI can be 
used to dilute the ASW to match samples of lower salinity. However, salts used in the 
preparation of seawater usually contain trace impurities, often significant at the micromolar 
level. Seawater known to be low in nutrients or a DI blank can be included in the analysis to 
correct for this low-level contamination. An alternative to making ASW is the purchase of 
commercially available (e.g., Sargasso Sea water), or the collection and filtration of low 
nutrient, oligotrophic surface ocean water. Use of artificial seawater from commercial 
vendors is not recommended since it is often high in dissolved nutrients. 

Glassware: Clean glass test tubes, flasks, bottles, syringes and filter holders with phosphate- 
free detergent, rinse several times with DI, rinse with dilute hydrochloric acid (10% of cone. 
HC1) and finally rinse several times with DI. Dry and store the equipment in a clean and" 
protected area. Note: Equipment used in the determination of chlorophyll should not be 
rinsed with acid to prevent any possible degradation of chlorophyll pigments as a result of 
inadequate DI rinsing. Glassware that has been acid rinsed can be neutralized by rinsing 
several times with a mild solution of sodium bicarbonate. 

Sample bottles: High-density polyethylene bottles with screw caps are commonly used for 
sample storage. Bottles are cleaned in the same way as glassware and filled with DI when 
stored for long periods. Dark plastic bottles are preferable for storing water samples before 
chlorophyll analysis. Glassware can contaminate seawater during determination of silicate, 
therefore plastic test tubes, filtering equipment, and filters are required for the processing and 
storage of samples. 

Seawater sampling, filtering and storage: Seawater often contains suspended particles that 
may alter nutrient concentrations during storage. Therefore it is suggested that water samples 
be filtered as soon as possible, or no longer than twelve hours after their collection. If the 
sample cannot be immediately filtered, the whole water sample should be placed in a dark 
bottle and stored in a cool place (ideally on ice). A 60-ml syringe equipped with a 25 mm 
filter holder is a convenient and economic means of filtering water samples in both the field 
and laboratory. Glass fiber filters with a 0.45 to 0.7 micron retention (Whatman GF/F or 
equivalent) are used to filter water for nutrient analysis but must first be combusted at 450 ~ 
C for 5-6 hrs if using the filters for particulate carbon and nitrogen analysis afterwards. 
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Membrane filters (Gelman polyethersulfone filter # 60173, 0.45 micron retention or 
equivalent) are used to filter seawater for silicate analysis and cannot be combusted. 

Seawater collected at the sample site can be used to rinse the filtering apparatus a few 
times before the sample is filtered. The first few milliliters of sample passed through the 
filtering apparatus and filter is used to rinse the storage bottle, then discarded. When a syringe 
and filter holder are available, a convenient method is to filter the sample directly into a test 
tube for analysis. This avoids contamination from contact with filtration glassware and the 
transfer to storage bottles. Additionally, filtering seawater with a syringe does not require a 
vacuum pump or an aspirator, and can be used in the field. When glassware is used during 
filtering, collect a sufficient volume (500 ml) of sample to allow for extensive rinsing of the 
equipment. 

When nutrient analysis cannot be accomplished within 12 hours of collection and filtering, 
fall storage bottles to the shoulder (leaving enough room for expansion from freezing) and 
quick freeze in an upright position preferably to -20 ~ C (always tightly cap the bottles). It is 
recommended that the analysis of frozen samples be performed within 4 to 6 weeks. When 
freezing is not an option, filtered water can be stabilized for a few weeks by adding 0.05 ml of 
chloroform for each 60 ml of sample, however use this method of storage only as a last resort. 

Detailed descriptions of nutrient analysis are well documented in the following books: 
Strickland and Parsons (1968), Grashoff et al. (1999), Parsons et al. (1984). 

20.3.2 Ammonium 
Reference: Solorzano (1969) 

Materials and Equipment- Reagents: 
1. Phenol-ethanol solution. Dissolve 10g of CtHsOH (phenol) in 100 ml of 95% (v/v) ethyl 

alcohol USP. Caution: Phenol is very toxic; the reader is urged to refer to the material 
safety data sheet (MSDS) detailing health concerns and proper handling. 

2. Sodium nitroprusside solution, 0.5%. Dissolve 1 g of Na2Fe(CN)sNO 2H20 in 200 ml of 
DI. Store in an amber glass bottle. Stable for one month. 

3. Alkaline solution. Dissolve 100g of NaaC6H507 2I-/20 (trisodium citrate) and 5g of NaOH 
(sodium hydroxide) in 500 ml of DI. 

4. Sodium hypochlorite solution. Use reagent grade NaC10 (sodium hypochlorite) (>l.5N). 
The strength of this solution slowly diminishes and can be checked by dissolving 2 g of 
KI (potassium iodide) in 50 ml of DI in a flask and pipetting in 1.0 ml of the hypochlorite 
solution. Add 5-10 drops of cone. HC1 solution and titrate the liberated iodine with 0.1N 
sodium thiosulphate (12.5g Na2S203 5H20 in 500 ml DI) solution until no yellow color 
remains. Discard the hypochlorite solution when less than 12 ml is used in the titration. 
The stability of this reagent is dependant upon a number of factors such as chemical 
purity, temperature, etc. and varies from weeks to months. Reagent (4) can be substituted 
with fresh commercially available bleach (approx. 1.5 N). If purchased in small quantities 
and stored in a refrigerator bleach will remain usable for months. 
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5. Oxidizing solution. Mix 100 ml of solution (3) and 25 ml of solution (4). This solution is 
not stable. Prepare fresh for each analysis. 

Equipment: Acid washed glass test tubes with either plastic or glass caps to prevent 
contamination. 

Ammonium Method 
Add 2 ml of solution (1), 2 ml of solution (2) and 5 ml of solution (4) to 50 ml of sample, 

(mix in this order) in a 125 ml Erlenmeyer flask. This procedure can be performed on 5 ml or 
10 ml samples under ideal laboratory conditions by making proportionate reductions in the 
reagent volumes. Mix well at each addition. Keep the tubes in the dark for more than 4 hours 
but no longer than 24 hours. Measure absorbence on a spectrophotometer at 640 nm with a 
lcm or 5cm cell. A longer path length allows for greater sensitivity in the spectrophotometric 
readings. 

Blank and standards: The primary standard is prepared by dissolving 53.5g of NH4C1 in DI 
to a final volume of 1 liter (=1000 ~tM). It is difficult to make artificial seawater with 
undetectable levels of ammonium when preparing working standards; therefore it is suggested 
that a DI blank or seawater known to be low in ammonium be included in the analysis to 
correct for this background contamination. 

Trouble Shooting and Hints: 
Cleaning solutions and chemicals that produce gaseous ammonia and cause contamination 

are commonly stored and used in laboratories. It is prudent not to store or use these 
products in the lab where NH4-N analyses are being conducted. Great care should be used to 
reduce contamination from external sources by conducting the analysis in a well-ventilated 
laboratory, sealing and storing chemicals in a closed area, and avoiding high light intensities, 
which produce an over-development of color. 

20.3.3 Nitrite 
Reference: Bendschneider and Robinson (1952). 

Materials and Equipment - Reagents: 

1. Sulphanilamidc solution. Dissolve 5g of NH2C6H4SO2NH2 (sulphanilamide) in 50 ml 
cone. HC1 and about 300 ml DI. Dilute with DI to a final volume of 500 ml (a 1.2 N HC1 
solution can be purchased and substituted for cone. HCI and DI). This solution is stable 
for many months. 

2. N-(1-naphthyl)-ethylenediamine dihydorochloride (NED) solution. Dissolve 0.5g of 
NED in 500 ml of DI. Replace the solution after one month or when a dark brown 
coloration occurs. 
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Nitrite Method 
Add 1 ml (0.1 ml) of (1) to 50 ml (5.0 ml) of sample, stir well, and leave for 2--6 minutes. 

Add 1 ml (0.1 ml) of (2) and stir. Note: Substantially smaller volumes of reagents can be used 
by reducing sample volumes from 50 ml to 5 ml and making a proportionate reduction in 
reagents, noted above in parentheses. Leave reaction tubes in a dark place for 20 minutes. 
Measure absorbence on a spectrophotometer at 540 nm after 20 minutes and before 2 hrs. 

Blank and standards: For stock standard solution, dissolve 0.069g of NaNO2 in 1L of DI 
(=1000 ~tM). Add 2 ml of chloroform to stabilize the standard. ASW, when prepared from 
reagent grade salts, rarely contains detectable levels of nitrite and therefore can be used as low 
nutrient seawater to prepare working standards and seawater blank. 

20.3.4 Nitrate 
Reference: Wood et al. (1967) 

Materials and Equipment - Reagents: 
1. Concentrated ammonium chloride solution: Dissolve 175 g of NH4CI in DI to a f'mal 

volume of 500 ml. 
2. Dilute ammonium chloride solution: Dilute 50 ml of (1) to 2000 ml with DI. 
3. Sulfanilamide solution: Same as for nitrite determination. 
4. N-(1-naphthyl)-ethylenediamine dihydorochloride solution: Same as for nitrite 

determination. 

Equipment." Cadmium column: Copper-coated cadmium granules are required to reduce 
nitrate to nitrite in this analysis. A glass tube, with an inside diameter of 3~5mm and a length 
of 10--20era, can be heated and bent into a U-shape to facilitate the packing process and 
reduce storage space. Begin by washing commercially available cadmium granules with 2N 
HCI, in an Erlenmeyer flask to remove oxides, then rinse several times with DI. Cadmium 
granules should be between 0.5 to 2 mm in size. A pH meter and probe can be used to 
determine when the rinse water is neutral and rinsing is complete. Then coat the granules with 
copper by adding 5% (w/w) CuSO4 (copper sulfate), stirring vigorously until the blue color 
disappears. Repeat this step until the CuSO4 solution no longer loses color when added to the 
Cd. From this point on, do not expose the Cd granules to the air. While stirring with a rod, 
rinse the granules with DI. Repeat, until the rinse water is free of small particles or black 
color, and the granules become shiny. Keeping both the tube and Cd granules submerged in 
DI, pack the granules into the glass column, plugging the ends with glass wool. Periodically 
pause to tap the column and settle the granules, being careful not to pack the granules so 
tightly as to restrict flow through the column. Store the column in a wide mouth vessel filled 
with DI. To test the column's efficiency, pass 500 ml of solution (2) with 10 ~tM of nitrate 
to activate reduction. Nearly all of the nitrate solution should be reduced to nitrite. The use 
of a peristaltic pump ensures a constant rate of sample flow through the column. If the 
efficiency of the column falls below 90%, replace the column. Cadmium granules can be 
recycled by repeating this procedure. 
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Nitrate Method 
Add 1 ml of solution (2) to 50 ml of sample. Pass the solution through the column. 

Discard first 15 ml of effluent and transfer next 25 ml of effluent into a reaction container. 
Analyze the nitrite concentration of the effluent using the nitrite analytical method, above. 

Standards: Dissolve 0.1011g of KNO3 in DI and make up the volume to 11 (=1000 ~tM). 
Add 2 ml of chloroform to stabilize the standard. 

Trouble Shooting and Hints: 
Check the reduction efficiency of the column before and after each analysis. If there is 

large decrease in reduction yield, replace the column using new Cu-Cd and perform the 
analysis again. Caution: Rinsing solutions produced when new cadmium is processed and 
sample effluents that pass through the column contain toxic Cd ions and must be disposed of 
properly. 

20.3.5 Reactive Phosphate 
Reference: Murphy and Riley (1962). 

Materials and Equipment - Reagents: 
1. Ammonium molybdate solution. Dissolve 15g of (NH4)6 M07024 4H20 in 500 ml of DI. 

Store in a dark plastic bottle. Remains stable several months; discard and make up a new 
solution when white flakes develop. 

2. Sulfuric acid solution. Carefully and slowly add 140 rnl of cone. H2SO4 to 900 ml of DI. 
Caution: this procedure generates a great deal of heat. Note: never reverse the order by 
adding water to concentrated acid, which can cause a violent reaction. After mixing, cool 
and store in a glass bottle. The solution is stable indefinitely. 

3. Ascorbic acid solution. Dissolve 27g of C6HsO6 (ascorbic acid) in 500 ml of DI. Store in 
a plastic bottle and freeze. Thaw the solution for use and refreeze immediately. Solution 
is stable for many months but cannot be kept for more than a week at room temperature. 

4. Potassium antimonyl-tartarate solution. Dissolve 0.34g of K(SbO)C4H406 in 250 ml of 
DI, warming if necessary. The solution is stable for many months. 

5. Mixed solution. Mix 100 ml of (1), 250 ml of (2), 100 ml of (3) and 50 ml of (4), just 
prior to analysis. Do not store more than 6 hrs. 

Phosphate Method 
Add 5 ml (0.5 ml) of solution five to 50 ml (5.0 ml) of sample. Sample volumes can be 

reduced to 5 ml with a proportionate reduction in reagents, shown above in parentheses. 
Measure absorbence on a spectrophotometer at 885 nm after 5 minutes and before 3 hrs. 

Standards: Dissolve 0.1361g of KH2PO4 in 500 ml of DI, add 10 ml of solution (2), then 
dilute with DI to a final volume of 1 liter (=1000 ~tM). 
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20.3.6 Silicate 

Reference: Strickland and Parsons (1968), Fanning and Pilson (1973) 

Materials and Equipment- Reagents: 
1. Molybdate solution. Dissolve 4.0g of (NH4)6 M07024 4H20 iI1 300 ml of DI, add 12 ml 

conc. HC1 (12N), mix and dilute with DI to a final volume of 500 ml. Store in a tightly 
capped plastic bottle in a dark place. The solution is stable indefinitely. 

2. Metol-sulphite solution. Dissolve 6 g of anhydrous sodium sulfite, Na2SO3, in 500 ml of 
DI then add 10 g of metol (p-methylaminophenol sulfate). Filter the solution through No. 
1 Whatman filter paper and store in a brown glass bottle. The solution is stable for 1-2 
months; discard if a light brown color develops. 

3. Oxalic acid solution. Dissolve 50g of (COOH)2 2H20 in 500 ml of DI. Store in a plastic 
bottle; stable indefinitely. 

4. Sulfimc acid solution. Carefully add 250 ml of concentrated analytical grade H2SO4 into 
250 ml of DI. Cool and dilute with DI to a final volume of 500 ml. (see caution Section 
20.3.5 2.). 

5. Reducing Agent. Mix 25 ml of solution (2) and 15 ml of solution (3). Slowly add this to 
15 ml of solution (4), then add 20 ml of DI to achieve a final volume of 75 ml. Freshly 
prepare the reducing reagent solution for each analysis. 

Silicate Method 
We have reduced the sample size from 25 ml, suggested in Strickland and Parsons (1968), 

to 2.5 ml to increase the number of samples processed, conserve reagents and facilitate the 
timing of reagent additions. The time available for a sample to react with flae molybdate 
solution is critical to the analysis. We have adopted a twenty-minute reaction time. This 
means that a timer is set for twenty minutes, and 2.5 ml of sample is added to a plastic test 
tube that contains 1.0 ml of solution (1) exactly on each minute, then mixed on a vortex mixer. 
After 20 minutes the timer is quickly reset for an additional twenty minutes then, beginning 
with the first sample, 1.5 ml of the reducing agent is added to each test tube, again on each 
minute. In this way 20 samples can be run in a single analysis. Samples should be left for at 
least six hours and samples with high concentrations left overnight for full color development, 
after which their absorbency is read on a spectrophotometer at 810 nm. 

Standards: Dissolve 0.188g of Na2SiF6 (sodium hexafluorosilicate) in 100 ml DI (warm if 
necessary). It may be necessary to stir for several hours. Add 3 drops of chloroform and 
dilute with DI to a final volume of 1 liter (-1000 ~M) and store in a plastic flask. Cap tightly 
to avoid evaporation, stable indefinitely. 

Remarks: Temperature, salinity and reaction time drastically influence silicate analysis. The 
temperature of the sample as it combines with the molybdate and the reducing agent is 
important. Samples, standards and reagents should be at room temperature (approximately 
23~ and thoroughly mixed. Salinity has a direct influence on the concentration of silicate 
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determined for samples and therefore on the "F" factor (reciprocal of slope) determined for 
the standards. Ideally, one should use standards of exactly the same salinity as the samples 
(see Standard Curve and Seawater Blanks); however if there is a range of salinity in the 
samples, an F-factor is calculated for 2 or more sets of standards with different salinity. 
Using a regression of F-factor versus salinity one can determine the F-factor appropriate to 
use in calculating a sample at any salinity. For example, cone. Si (OH)4 = Fa �9 (corrected 
absorbence) where Fa is determined from a regression of F-factor vs. salinity. 

Table 1. The formula given for the nutrient standards for each analysis produces 1000 ~tM 
concentrations. Working standards are made for each analysis by diluting the primary standard 
(1000 ~tM) with DI or ASW to achieve a range of concentrations similar to the samples. The 
matrix below indicates the volume of primary standard (in ml) needed to prepare a 1, 5, 10, 
and 20 ~tM working standard when using a 50, 100 or 200 ml volumetric flask. 

Standard Volumetric Size, ml 
~tM 50 . . . . .  100 ' 200' '  

blank * * * 
1 0.05 0.1 0.2 
5 O.25 0.5 1.0 
10 O.5 1.0 2.0 
20 1.0 2.0 4.0 

Determination of Particulate Nutrients 

20.4.1 Particulate Phosphorus 
Reference: Menzel and Corwin (1965) 

Materials and Equipment- Reagents: 
1. Potassium perioxidisulfuric acid (5%). Dissolve 5.0 g K2S208 in 95 ml distilled water. 
2. Mixed reagent: same as reagent used in the procedure for reactive phosphorus 

determination. 

Phosphorus Method 
Rinse plant material with DI to remove salts or extraneous matter then dry at 60~ in a 

forced air oven until reaching a constant weight. A glass microscope slide can be used to 
gently scrape epiphytes from seagrass leaves, if necessary. Once dried, samples can be 
stored in precombusted, acid-washed glass scintillation vials at room temperature until 
analyzed. 

Digestion of particulate to inorganic phosphorus is performed in a glass test tube. We 
have found culture tubes with a plastic screw cap provide a convenient vessel for digestion 
which can also be used to store the digested sample until the analysis is completed. Place 20- 
30 mg of dried plant material in a digestion tube with 8 ml of the 5% K2S20 s solution. Place 
the digestion tubes in a rack or beaker and immerse about halfway in a water bath filled with 
cool DI. Warm the water slowly to boiling (approximately 30 minutes) and boil for 1 to 1.25 
hours. Allow the samples to cool slowly. Samples are stable and can be left in the digestion 



402 Granger and lizumi 

tubes for several weeks before completing the analysis. Allow the particulate matter in the 
digestion tube to settle completely or filter the sample into a polyethylene bottle. At this 
point particulate phosphorus has been converted to inorganic dissolved phosphorus in the 
supematant. Dilute 0.5 ml of the supematant to a f'mal volume of 50 ml with distilled water 
in an Erlenmeyer flask. The concentration of inorganic phosphorus in the sample is then 
determined by the method outlined in the reactive phosphate Section 20.3.5. 

Blank and Standards: Reagent blanks are analyzed in triplicate with each analysis. Blanks 
are prepared by digesting 8 ml of the 5% K2S208 and diluting 0.5 ml of the solution to 50 ml 
with DI. An inorganic phosphorus standard is prepared as outlined in the reactive 
phosphorus method and used to calculate a standard curve. 

Trouble Shooting and Hints: 
Test tubes designated as digestion tubes (and caps) can be reused if acid washed and 

predigested before each analysis. Properly dried plant material is reduced to a fine powder 
with a mortar and pestle before analysis. The pulverized sample can be stored in an acid 
washed precombusted scintillation vial and held in a desiccator for several months. 

20.4.2 Particulate Carbon and Nitrogen 
Carbon and nitrogen are the most abundant nutrient elements found in seagrass tissue. 

Their relative abundance in the leaves and roots is a function of the growth stage and local 
environment of the seagrass. Both elements can be assessed simultaneously with an elemental 
analyzer. The analyzer volatilizes a known weight of dried plant material at extremely high 
temperatures and produces CO2 and N2 gas that are measured by a gas chromatograph 
equipped with a thermal conductivity detector. The volume of CO2 and N2 gas produced is 
used to calculate the mass and relative abundance (expressed as percent of total weight) of 
carbon and nitrogen (for detailed methods, see Short 1990). If a C/N analyzer is not available, 
it is suggested the reader contact a commercial or academic analytical laboratory that routinely 
analyzes these types of samples for a fee per sample. 

Determination of Photosynthetic Pigments 

20.5.1 Chlorophyll 
Reference: Jeffrey and Humphrey (1975), Dennison (1990) 

The amount of phytoplankton in seawater affects the amount of light that reaches 
seagrass. The concentration of photosynthetic pigment, typically measured as chlorophyll a, 
is commonly used as a relative index of phytoplankton abundance. In addition, the 
chlorophyll content found in seagrass leaf tissue reflects a number of its physiological and 
ecological aspects. Phytoplankton are trichromatic, that is they contain chlorophyll pigments 
a, b and c, while seagrass leaves contain only the a and b pigments. Therefore, we have 
included separate equations and citations for the determination of chlorophyll in 
phytoplankton and seagrass leaves. 



Chapter 20: Water Quality Measurements 403 

Materials and Equipment - Reagents: 
1. MgCOa buffering solution: add 10 g MgHCOa per liter of DI. 
2. 90% acetone: Dilute 900 ml of 100% reagent grade acetone with 100 ml of DI. Gently mix 

with a stir bar on a magnetic stirrer and add 5 drops MgHCO3 buffering solution 

Collection and Extraction of Photosynthetic Pigments in Phytoplankton: 
A measured volume of seawater is filtered with a low vacuum (ca. 0.5 atmosphere) to 

collect phytoplankton cells on a glass-fiber filter (Whatman GF/F or equivalent). Glassware 
or a syringe and filter holder can be used for filtering. It is recommended that a few drops of 
the magnesium carbonate solution (1) be added to the seawater sample before filtration to aid 
in retention and buffer the sample (low Ph causes pigment degradation). The filter can be 
analyzed immediately or folded in half, wrapped in foil and frozen in a jar with desiccant for 
4 to 6 weeks. Pigments are extracted from the phytoplankton cells with 2-5 ml of 90% 
acetone (v/v, diluted with DI) and the aid of a mechanical pestle-type tissue grinder (teflon or 
glass). It is also possible to grind the filter directly in the centrifuge tube, with an 
appropriately shaped pestle. This technique avoids loss of the acetone extract during transfer 
from the grinding vessel to the centrifuge tube. 

Grind the filter for 2-3 minutes at 500 to 1000 rpm. Heat degrades chlorophyll quickly; 
therefore it may be necessary to cool the grinding vessel in an ice bath when processing large 
filters at high speeds. The filter slurry is transferred to a graduated centrifuge tube. Rinse the 
grinding vessel and pestle a few times with 90% acetone, and be sure to collect and transfer 
the rinse acetone to the centrifuge tube with the sample. Using 90% acetone, bring the volume 
of the centrifuge tube up to 15 ml to provide sufficient extract to fill a 10-cm 
spectrophotometric cell. If a cell with a smaller volume (e.g., 1 cm cell) is used then the 
analysis can be made more sensitive by using only 10 ml of 90% acetone. Cap the tube to 
prevent evaporation and extract overnight (shorter extraction times are possible, absolute 
minimum of 2 hours), in a cool (ideally in a refrigerator), dark place. Centrifuge the tubes in a 
refrigerated centrifuge if available, at 104 rpm for 10 minutes, then decant the clear acetone 
supernatant from the centrifuge tube into a glass test tube or cuvette for determination in the 
spectrophotometer. The spectrophotometer is particularly sensitive to suspended particles in 
the sample so be careful not to agitate the filter pellet at the bottom of the centrifuge tube. 

An alternative chlorophyll method uses a nitrocellulose filter, with a retention of 0.451~m, 
instead of a glass-fiber filter. The nitrocellulose filter will dissolve in acetone, eliminating the 
need for grinding and the degradation of pigment from heat generating processes. Some 
phytoplankton cells are resistant to extraction, and in this case, the use of glass fiber filters 
and grinding is suggested. 

Extraction of Photosynthetic Pigments in Seagrasses: 
Collect fresh, healthy seagrass and gently scrape the leaves with a razor blade or the edge 

of a microscope slide to remove epiphytes. Dilute acid (5% phosphoric) can be used to 
dissolve stubborn deposits of CaCOs. Presoak the leaf material in a small amount of 100% 
acetone and hold in a dark refrigerator for an hour before chopping the leaf into small pieces. 
Extract the leaf pigments using a pre-chilled tissue grinder, or a mortar and pestle with a little 
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clean sand to assist the grinding process. Reduce the leaf material to a fine, flocculent slurry in 
90% acetone and add a few drops of the magnesium carbonate (MgCO3). The extract should 
be pale-green in color; dilute with 90% acetone if necessary. Repeated extractions will 
achieve complete removal of the chlorophyll pigments from the leaf tissue. 

1. Spectrophotometric method." 
Pheopigrnents are a degraded product of chlorophyll that interfere with the measurement 

of chlorophyll pigments. Chlorophyll degradation is minimized by extracting filters in 
reduced light, keeping the sample cool, and avoiding acid fumes and acid cleaned glassware. 

Phytoplankton Procedure: 
Measure the absorbencies of the extract at 630 nm, 647 nm, 664 nm and 750 nm (blank). 

Use the following equations to calculate chlorophyll in a spectrophotometric cell with a path 
length of 1 cm.: 

Chl a (lag ml "1) = 11.85E664-1.54E647-0.08E630 
Chl b (lag ml "l) = 21.03E647-5.43E664-2.66E630 
Chl c (lag ml "1) = 24.52E630-1.67E664-7.60E647 

Where E = corrected absorbency, (absorbency at the wavelength- absorbency at 750 nm). 

Convert using (for a 1 cm cell): chlorophyll mg m -3= 
Cov 

Vo I0 

Where C = Chl a, Chl b, or Chl c calculated above, v = volume of acetone (10 or 15 ml), 
V = volume of seawater filtered in liters. Note: mg m 3 = ~tg 1 "1. 

Seagrass Procedure: 
Measure the absorbencies of the extract at 647 nm, 664 nm, and 725 nm (blank) in 1 cm 

cell. 
Chl a (lag ml l )  = 11.93E664-1.93E647 
Chl b (lag ml "l) = 20.36Es47-4.68E664 

Where E = corrected absorbency, (absorbency at the wavelength - absorbency at 750 nm). 
Multiply the chlorophyll concentration (lag ml "l) by the volume of acetone used to extract the 
pigment and divide by the sample surface area or weight to express the chlorophyll as lag Chl 
cm 2 or lag Chl g-l, respectively. 

2. Fluorometric Determination of  Chlorophyll: 
The concentration of chlorophyll a pigments can also be determined with a fluorometer. 

The chlorophyll pigments are extracted from phytoplankton or leaf material using the method 
outlined for spectrophotometric determination. A complete discussion of the technique is 
provided in Arar and Collins (1992). 
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Seagrass meadows account for a significant portion of  coastal productivity in many parts 
of the world. The high productivity of seagrass implies a high demand for the macronutrients 
nitrogen and phosphorus. The fact that seagrass is a rooted angiosperm implies an obvious 
dependence upon the sediment. Sediments not only offer a means of  anchoring the plant and 
provide a supportive environment for infauna and the recycling of  detrital material but also 
allow access to nutrient pools available in interstitial water. There is compelling evidence that 
seagrasses rely on nutrient uptake through both their leaves and roots (Thursby and Harlin 
1982, Short et al. 1985, Peterson and Borum 1992). The relative importance of  one method of 
nutrient uptake over the other may be dependent upon the availability of  nutrients in the 
sediment or water column. During the active growing season, metabolic demands of  an array 
of primary producers comprising the ecosystem can reduce "water column nutrient 
concentrations to very low levels. Therefore, the degree to which sediment and water column 
nutrient resources support seagrass production can shift through the year (Short et al. 1993). 

There is little argument about the detrimental effects of  excessive nutrient enrichment to 
shallow systems that contain seagrass meadows. It is clear from a number of  field 
observations and mesocosm experiments that seagrasses do not survive where nutrient 
loading, typically in the form of nitrogen, is high or where light is severely reduced (Short et 
al. 1995). However, the exact threshold where these effects are seen is still the subject of  
debate. We offer a number of analytical methods in this chapter to assist investigators ira 
assessing nutrient and chlorophyll concentrations in and around seagrass beds. Our intention 
has been to offer simple, proven analytical techniques in an effort to establish common 
methods that produce comparable data for modestly equipped laboratories. 
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Chapter 21 
Improving seagrass habitat quality 

Warren J. Lee Long, Ronald M. Thom 

C h a p t e r  Object ive  

To provide information on developing and implementing habitat improvement measures, 
with a decision-making tool for undertaking adaptive management within a habitat 
improvement program. 

O v e r v i e w  

Developing a more holistic approach to seagrass habitat improvement and conservation 
Habitat/biodiversity protection, impact mitigation and habitat restoration are central 

philosophies in the maintenance and improvement of seagrass habitat quality. The body of 
research information which has been used for seagrass conservation management in recent 
decades includes mapping and monitoring, physiological processes and plant-environment 
interactions, plant-animal interactions, and more recently, downstream effects of land run-off. 
A mixture of community and industry needs and opinions, in addition to scientific 
information, now influence research directions and management initiatives. Impacts from 
coastal development projects must be mitigated first though avoidance and minimisation of 
impacts and finally by compensation. Compensatory mitigation often involves constructing 
or restoring seagrass habitat, but embarking on these projects requires some certainty that 
they will work. Recent progress in these areas by goverranent agencies, independent 
researchers and consultants have led to several new options and improvements in methods for 
improving seagrass habitat quality (Fonseca et al. 1998). 

Coastal scientists and managers recognise that improvement and conservation of seagrass 
habitats is influenced by the complex interaction of climate conditions, direct physical 
impacts, local point-source impacts, and diffuse source impacts from catchment run-off. 
Improving and maintaining water quality is usually one of the most important factors to 
consider in ensuring successful seagrass habitat improvement. 

The long-term health of seagrass habitats is continually threatened by increases in coastal 
development pressures. Habitat improvement therefore, requires commitments from 
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governments, coastal management agencies, industries and the local or regional community to 
address the increase in human pressures on sensitive coastal habitats such as seagrasses. Such 
commitments can be achieved through active education programs and activities that promote 
the need for seagrass habitat improvement and conservation. 

Choosing the appropriate method 
The specific methods required for seagrass habitat improvement may vary according to 

species, location and spatial scale. The methods should also be useable by stakeholders (those 
have a vested interest) beyond the limited population of experts in seagrass research and 
management. Through their participation, community groups and other stakeholders can 
assist government-funded works and enhance community involvement in habitat 
conservation. The guidelines presented here are generic and applicable in all locations, in both 
developing and developed areas. Stakeholders empowered with knowledge for successful 
habitat improvement programs need to work closely with researchers to ensure the works are 
coordinated and strategic. 

Implementing any positive action for habitat improvement first requires a suite of 
information about the habitats. The description of the resource, its ecological, economic and 
conservation values, and the nature of damage or threats to the habitats, are all vital to 
selecting the most appropriate measures for habitat improvement or conservation. A simple 
model with some critical path analysis is also useful for selecting the most appropriate action 
for each particular outcome. 

We stress that successful programs require the support of a suite of agencies, legislative 
powers, plans and education programs. Finally, there should be some assessment of the 
effectiveness of the habitat conservation program (e.g., model feedback, performance 
indicators) to give information as to how the habitat maintenance measures can be improved. 

The following process is recommended: 
Describe~understand the resource 

Document the known seagrass community types and their distribution patterns 
�9 Document natural patterns of temporal change (seasonal, year-to-year and/or long- 

term) 
�9 State the value or importance to fisheries, conservation or marine ecosystem 

processes 
�9 Describe the nature of damage to the seagrass habitat(s) 

Develop a conceptual model o f  the seagrass system 
�9 Identify the natural factors which affect seagrass survival 
�9 Identify impacts on, and threats to, the seagrasses (natural & anthropogenic) 
�9 Identify socio-economic factors and stakeholders 

Methods for improving habitat quality - mechanisms and tools 
�9 Identify, design and implement habitat improvement programs 

restoration/protection/water quality) to achieve measurable targets 
(e.g., 
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�9 Involve relevant agencies, stakeholders, community resources, legislative tools, 
planning and education programs into habitat improvement works and ongoing 
adaptive management 

Outcomes and performance indicators 
�9 Develop and monitor performance indicators in an adaptive manner to maintain and 

enhance the effectiveness of the habitat improvement program. 

Describe the Resource 

Document the seagrass community types and their distribution patterns 
Maps of seagrass habitat are the most important information for assessing the extent of 

habitat damage and for designing and implementing habitat management programs. Regional 
broad-scale mapping information is necessary so that the relative importance of individual 
locations can be assessed in broad terms. Fine-scale mapping is necessary where local-scale 
impacts are being managed within a port or bay. Finer scale (more detailed) habitat maps also 
allow for more detailed habitat management programs. The use of Geographic Information 
Systems (GIS) for archiving, presentation and analysis of seagrass mapping data and possible 
impacting agents is recommended. 

The basic measures of seagrass resource status for assessing possible losses are spatial 
extent and abundance (density or biomass). Maps that differentiate seagrass community 
types are even more useful for protecting specific habitats that might be identified as priority 
habitat for fisheries productivity, or for sea turtles or sea cows. Species composition is also a 
useful parameter for assessing changes in habitat quality, e.g., where some species respond 
differently than others to changes in environmental factors. 

Historical information on descriptions of seagrass resources (distribution, abundance, 
composition and past disturbances) will help to understand patterns of natural or human 
induced change in an area (Short and Wyllie-Echeverria 1996) and be useful in assessing the 
ecological significance of any new losses. These historical records provide a baseline of 
information upon which conservation or-enhancement goals can be established, and a 
benchmark by which performance of the system can be monitored and assessed (Coles et al. 
1996). 

Document natural patterns of temporal change (seasonal, year-to-year and~or long-term) 
Understanding natural seasonal and year-to-year patterns of change in seagrasses is 

essential for distinguishing change that is caused by anthropogenic influences. Information on 
long-term (ENSO or decadal scale) changes in seagrasses will also help in separating out the 
effects of long-term anthropogenic impacts. Long-term data, however, is costly and difficult 
to obtain. Information on natural seasonal patterns will also help in choosing the best 
methods and timing of habitat improvement and protection. This information on seasonal 
changes can be used to determine the period of the year most critical to the habitat for actions 
such as water quality improvement, dredging operations, seagrass transplanting, effluent 
discharge protocols or seasonal restrictions on habitat use. 
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Identify the values or importance o f  the seagrass resource 
Detailed understanding of the links between seagrasses and the health of fisheries and 

herbivore populations and biodiversity allows for more sophisticated and focussed 
management of seagrass habitats. It is therefore important to document the different values of  
each seagrass habitat to focus and refine seagrass habitat improvement and protection 
programs. When identifying the importance of habitats to fauna, consider factors such as 
seagrass productivity (rate of organic carbon production), species composition and habitat 
structure. These factors are known to be at least as important as seagrass abundance 
(standing crop) in affecting faunal populations dependant on seagrasses. 

Besides providing direct benefit and support to living resources, seagrass meadows play 
an important role in maintaining water quality (by assimilating excess nutrients) and sediment 
stability (accreting and binding sediments). Large, long-lived and slow-growing seagrass 
species probably demonstrate this ecosystem value the most, yet even small tropical species 
can be important in binding and accumulating sediments. 

Some of the major ecosystem functions and values of seagrasses are listed below (Table 
21-1). Clearly identifying and documenting these values when developing the habitat 
improvement program will help to attract political and funding support from stakeholders 
and government agencies. 

Table 21-1. Ecological and economic values of seagrass habitats that help to justify support for habitat 
improvement programs. 

Ecological Values 

Sediment stability, coastal stability 

Maintaining water quality 

How seagrasses provide the value 

Leaf canopy buffers water movement; rhizome & 
root system binds sediments. 

Leaf canopy and epiphytic algae "scrub" and buffer 
nutrients and toxins from land run-off. 

Primary productivity for coastal ecosystems 

Fisheries nursery habitat 

Food for large herbivores 

Organic carbon production by seagrass and 
epiphytic algae, contributing to food webs. 

Shelter, food and food web support. 

Leaves and/or rhizomes are staple food for turtles 
and sea cows. 

Food web for complex marine communities, Complex habitat and food sources. 
fisheries and wader bird populations 

Economic Values 

Minimising costs of foreshore protection 

Maintaining tourism economies 

Supporting fisheries economies 

Stabilising foreshore topography. 

Maintaining water quality and productivity of 
marine food webs for recreational fisheries, and 
species of conservation importance. 

Nursery and habitat contributions to commercial 
fisheries populations. 
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~ ] ~  Develop a Conceptual Model of the Seagrass Ecosystem Function and 
Health with Ecological Linkages 

Building a conceptual model is essentially documenting in simple terms the factors 
important to seagrass survival and the threats or agents likely to cause to seagrass 
damage/loss. Identifying the cause of loss can be very difficult when no observations on the 
circumstances have been documented, however the nature of stress or damage often points to 
the type of causative agent. If seagrass loss has occurred in the absence of any environment 
monitoring, special investigations may be needed to correctly identify the specific cause. 

A conceptual model that describes how key factors influence seagrass survival also 
becomes an essential tool for planning and designing habitat improvement programs. The 
model can be simple and only demonstrate how the major influences (e.g., light and nutrients) 
affect seagrass health or they can be expanded to incorporate anthropogenic and natural 
influences such as population growth, vessel traffic, land-use impacts, etc. There will be 
different factors important to growth and survival of different species, so models of seagrass 
system survival will vary accordingly. The model can be detailed enough to include the 
different environmental tolerance boundaries of different key species within a location and 
describe what environment factors need to be addressed in a habitat improvement program. 
Simple models that describe the responses of seagrasses to changes in light and nutrients were 
originally used to demonstrate the use of seagrass growth, distribution and abundance 
parameters as broad indicators of water quality and environmental health (Dennison et al. 
1993, Abal and Dennison 1996, Dennison and Kirkman 1996). These same models of 
seagrass growth and survival- at the shoot, plant, patch and meadow scales - have led to 
successful seagrass habitat improvement and conservation programs in locations such as 
Chesapeake Bay and Florida (USA) and Peel-Hervey Inlet (Australia). 

Information on the ranges of tolerance to key environmental factors (e.g., light, 
temperature) by the seagrass species (Short et al. 1995) is useful to establish targets for key 
environmental parameters to achieve your habitat improvement goals. Through these models, 
an understanding of the growth requirements for seagrasses is being applied to develop very 
sophisticated and focussed methods in habitat improvement (e.g., Thom et al. 1998a, b, 
Zostera marina habitats). Complex models can also demonstrate the importance of 
reproductive vs. vegetative growth in seagrass regeneration/recovery- essential considerations 
in habitat improvement. 

The conceptual model is best used to "predict" the likely response of seagrasses if one or 
more factors are altered. Simple field sampling may be required to test the conceptual model 
in new locations. If some factors are already well out of the tolerance range, then the site must 
either be rejected or improvements in these habitat parameters should be part of the 
restoration plan for the site. 

Identify the Key Threats to Seagrass Habitat Quality 
Using the conceptual model as a tool, identify the key impacts and threats that are 

natural, anthropogenic, direct (e.g., shading by jetties, sewage outfall), indirect (catchment 
run-off), immediate (and acute), or long-term (and chronic). 
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The conceptual model for seagrass survival may not predict the influence of catastrophic 
events such as storms and floods, but it should recognise that identifiable human pressures on 
seagrass survival may reduce the ability of seagrasses to resist, or recover from, damage by 
storms and floods. Stresses from pollutants are also difficult to quantify and synergistic or 
cumulative stresses can only be estimated. 

Some major natural and anthropogenic stresses and threats to seagrass survival that might 
be identified are listed below (Table 21-2). The general response of the seagrass system is 
identified along with methods to improve the system 

~ ] ~  Methods for Improving Habitat Quality 

Design and implement habitat improvement programs (e.g., restoration~protection) 
Methods for correcting damaged seagrass habitats presented in Table 21-2 are generic, and 

technical details of the methods adopted may vary according to local conditions and 
resources, with unlimited scope for improving these techniques. Improving and maintaining 
seagrass habitat quality most often requires a focus on improving water quality and sediment 
conditions suitable for seagrass growth and survival. Restoration and conservation of 
seagrass systems therefore can require improvement of upstream land-use practice as much as 
management of direct impacts at the local scale. Examples of these works are catchment land- 
use management (modifying fertiliser application protocols and controlling sediment and 
nutrient run-off), improvements in treatment and disposal of sewage and industrial effluent. 

Where vessel traffic or other direct human impacts on seagrasses need to be controlled, 
fisheries habitat or marine park zone plans (incorporating "no-use" or "limited-use" areas) 
can be implemented (Chapter 23). 

Use of  agencies, other human resources, legislative tools, planning and education programs 
Chapter 23 discusses the legislative, policy and planning tools available for achieving 

these changes. There are other mechanisms and tools available; we suggest that wise seagrass 
management and habitat improvement will include a combined and integrated set of these: 

�9 Agencies: governments, organisations, institutions, and community groups 
�9 Legislative powers and processes. 
�9 Planning at various scales from within catchments to regional, state and national 
�9 Protected areas (closures, zones of various levels of protection and conditions of use), 

broad-scale protection from (direct or indirect) damage 
�9 Habitat restoration programs such as transplanting 
�9 Integrated catchment management programs 
�9 Educational programs 

Following the implementation of any form of legislation, policy, or zoning for achieving 
habitat improvement, there must be commitment to its ongoing management and enforcement. 
Coordination among agencies is vital to achieve results. Issues surrounding enforcement and 
multiple-agency management and coordination are discussed in detail in Chapter 23. 
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Government agencies, farming communities, coastal developers, fishing industries, tourism 
industries, conservation groups and community volunteers, represent some key stakeholders 
that can influence the implementation and ongoing support of a habitat improvement 
program. Their role may be to fund habitat improvement works, be participants in changing 
land-use practices and effecting improvements in water quality, or undertake on-site works in 
the seagrass habitat improvement program. The key stakeholder groups and agencies should 
be identified as soon as any habitat damage or loss has been indicated. A flow-chart is very 
useful for clarifying the role and influence of each stakeholder group and agency. 

A genetic example of such a flow chart is the Ramco Coastal Zone Management Model 
(http://www.minvenw.nl/projeets/netcoast/ramco/index.htm). It was developed to design and 
analyse potential policy measures, and is the prototype model of an information system that 
will provide the genetic decision support environment for rapid assessment of coastal zone 
management problems. Others include: 

http ://www.minvenw.nl/proj ects/netcoast/workshop/cosmo.htm 

Scoping and Planning the Habitat Improvement Program 

Seagrass meadows are often an important downstream habitat in coastal systems. 
Therefore, a habitat improvement program can include local government development 
controls, port or bay development programs, catchment management programs, regional 
development and land-use policies, marine park zoning and management (Chapter 23). The 
overall impacts on seagrass systems from incremental expansions in population and 
development pressures may be significant and difficult to assess with short term studies. 
Here, long-term monitoring along with a long-term vision for habitat improvement and 
conservation is strongly recommended. Adaptive management is recommended for ensuring 
long-term goals are met (Thom 1997). 

Some national standards and guides for seagrass restoration and management can be used 
to form the basis of a local program (Fonseca 1987, Fonseca et al. 1995, Wyllie-Echeverria 
and Thom 1994, Leadbitter et al. 1999). Habitat improvement often requires a regional scope, 
which may include several catchments and local governments, support from several land-use 
groups, government and industry stakeholders. We recommend strong use of Integrated 
Catchment Management programs for the long-term success of seagrass habitat 
improvements. Controls on point-source discharges and urban effluent (e.g., secondary and 
tertiary sewage treatment at large population centres) help to minimise impacts on seagrasses. 

Habitat improvements on site can be backed by action programs in catchments whereby 
land-holders are encouraged to develop new attitudes toward land custodianship and new 
practices in land use. Pro-active programs to change consciousness of land users and land 
managers will assist the short-term habitat improvements downstream and help toward 
sustained improvements. 

On a catchment scale, perhaps the most comprehensive seagrass habitat improvement 
program is in Chesapeake Bay (U.S.A.) where major seagrass declines have occurred over the 
past 40 years. The program calls for reductions in nutrient input to the bay to reduce both 
plankton blooms and epiphyte growth so that seagrasses can receive light for photosynthesis. 
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It is a massive program that has resulted in measurable improvements in seagrass cover in the 
bay (Orth et al. 1997). 

Some of the most successful local and catchment-scale programs include community- or 
citizen-based action. In the Pacific Northwest of the United States, citizen-based groups are 
developing habitat improvement programs to restore their damaged watersheds and 
seagrasses. The primary aim of these programs is to improve conditions in the system for 
salmon, however, the improvements also benefit habitats on the delta of the rivers, including 
the restoration and recovery of damaged and degraded seagrasses in the estuaries. 

A habitat improvement program will require education directed at several sectors to 
encourage changes in community behaviour to protect seagrasses. Community and industry 
training and participation is facilitated by government agencies through environment 
monitoring (e.g., community Seagrass-Watch programs; citizens beach monitoring programs), 
and changes in land use (Integrated Catchment Management and Landcare programs in 
Australia; "Adopt a Beach" programs and watershed associations in the United States). 

Outcomes and performance indicators 

Habitat improvement programs in place need to be monitored to assess performance, and 
to review the direction, of the program. Success criteria for each program should be 
developed that are both scientifically defensible and relatively easy to measure (Short et al. 
2000). Performance indicators (parameters to be monitored) will depend on local 
circumstances, but can be grouped into two types: 

1 st Order Indicators:  
Performance indicators for the resource - status and condition of the seagrasses (health or 

growth parameters). These can include plant-scale parameters (e.g., seagrass growth, tissue 
and physiology parameters, epiphyte load, laboratory assays of plant tissue, photosynthetic 
ability/stress) or meadow-scale parameters (e.g., seagrass biomass, shoot density, species 
composition, depth range, etc.). 

2 "a or 3 ra Order  Indicators:  
Performance indicators in benefactors - fishery stocks or target species populations 

(seagrass ecosystem function); socio-economic parameters (numbers of complaints; industry 
economies; cost-benefits of the conservation program). The disadvantage of higher order 
indicators are that other confounding factors can influence the higher order parameter and 
make interpretation of seagrass habitat condition erroneous. 

The conceptual model can provide a useful guide in the selection of performance 
measures. Monitoring and "adaptive management" programs do not need to be extremely 
elaborate or costly. Simple, highly-directed programs can provide adequate information to 
gauge the success of a seagrass habitat improvement program and what might be required to 
improve the program (Thom 1997). Results of performance indicator monitoring are useful 
for generating regular report cards of ecosystem health or resource condition for a.particular 
location, region or country (Wachenfeld et al. 1998; Zeller 1999). The report card lists the 
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health status of the area for a number of measured parameters or performance criteria, and is 
used by agencies and stakeholders involved in adaptive management decisions during the 
habitat improvement process. 

Steps to develop an adaptive management (performance indicators) program for seagrass 
habitat improvements are as follows: 
1. Develop a clear, concise goal statement for the particular system, that can be measured, 

and is meaningful, e.g., area to be covered by seagrass, at a certain shoot density by a 
certain period of time. Added to this might be a goal to establish a viable population of 
some desirable fisheries resources (e.g., a crab or prawn species). Defining a clear goal 
helps to direct what is measured. 

2. Use a conceptual model that links the seagrass to the goal and to identify any key 
controlling factors in the system. 

3. Establish a plan for monitoring the system. The monitoring program could sample 
nutrients, seagrass area and density, and/or a target species (e.g., crabs or prawns). 
Sampling would be carried out during the most appropriate times. For example, if 
nutrient input from land sources were the issue and were a major problem during summer 
when nutrients are limiting in the system, then nutrients would most effectively be 
sampled during summer. In a similar manner, seagrass and fauna sampling should be 
stratified to appropriate and meaning~l periods of time. Sites should be located 
strategically to assure that spatial interpretation is meaningful also. 

4. Establish a simple set of actions in response to changes in the system. There are three 
basic alternatives if a system is not meeting its goals: 

1. No action (wait and hope the system improves by itself) 
2. Do something (make changes to the system as needed and supported by the 

monitoring data) 
3. Change the goal (alter the goal since it is determined that the system, no matter 

what is done, will never realistically meet the original goal) 
5. Maintain stakeholder participation in monitoring success of the management program. 

Invite all stakeholders to participate in a management group that regularly reviews the 
monitoring results and determines if any of the above actions are needed, referring to the 
conceptual model to determine where stressors may be influencing the habitat 
improvement program. This process may highlight new or unsuspected factors that can 
be incorporated into the conceptual model. Make a plan of corrective action as needed 
and implement the action. 

6. Community-based habitat monitoring is also suggested as a very effective means for 
obtaining data and generating broad-based support for continuing seagrass habitat 
protection (see below). 

7. Establish a long-term commitment to the site. Make sure that the site will be monitored 
and managed for the long-term. The typical "life of a project" is five years, which in most 
seagrass systems can provide some understanding of year-to-year change, but some 
projects may need longer-term monitoring repeatedat perhaps 3-5 year intervals. 
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Principles in Implementing Performance Measures 
Methods for monitoring seagrass habitats are detailed throughout this book, but a few 

principles are worthy of highlighting here. Data from broad-scale surveys is collected for 
assessing broad-scale and regional changes. Fine-scale surveys are needed for monitoring and 
assessing local impacts. Anecdotal information may help to indicate large changes in seagrass 
distribution and abundance on regional scales, but monitoring data is still required to clarify 
such possibilities. Seagrass mapping and monitoring has been the focus for over ten years in 
the United States, and in the Chesapeake Bay since the late 1970's by interpreting black and 
white aerial photographs (Orth et al. 1997). The use of satellite imagery for mapping seagrass 
has expanded but is still experimental in most places. Use of remote sensing for mapping and 
monitoring seagrasses in turbid waters, or where tidal amplitudes are great, remains 
technically difficult. The use of underwater videography and sonar methods is proving to be 
useful in some of these situations. Attempts are being made to formalise seagrass monitoring 
programs and establish community-based monitoring programs, such as Seagrass-Watch, with 
robust and cost-effective methods that will provide early warnings of seagrass loss 
(McKenzie et al. 2000). 

With an understanding of the vegetative and reproductive capacity, and likely recovery 
periods, of the seagrass species, performance indicators for habitat improvement can be 
tailored to suit. Many tropical seagrass species (e.g., Halophila and Halodule spp.) appear to 
recover from losses more quickly than temperate species (e.g., Posidonia and Amphibolis 
species in southern Australia), via both reproductive and vegetative growth (Clarke and 
Kirkman 1989). Zostera marina in the Pacific Northwest of the USA recovers very slowly 
from damage primarily because there is little flowering (seed production) and rhizome spread 
is slow. However, Z. marina in the northeastern US recovers very quickly due to high seed 
production and rapid vegetative expansion (Davis and Short 1997). Even in the tropics, 
seagrass recovery after loss can take several years and have potentially large consequences for 
fisheries, sea cows and sea turtle populations. Successful habitat improvement and 
management of dependant populations requires quantitative information on natural seasonal 
and long-term variation in seagrass growth and abundance. 

~ ] 1  Summary and Conclusions 

Seagrass conservation benefits from a wide recognition of the importance of seagrasses to 
commercial and recreational fisheries production and to populations of "charismatic mega- 
fauna". Seagrass management initiatives such as special protection areas are usually only 
implemented when the importance of habitats to commercial fisheries production or to 
threatened species is clearly identified. Impacts on seagrasses from activities such as otter 
trawling are poorly understood and formal zoning to protect seagrasses from potential damage 
of this type is limited. Impacts on seagrasses from agricultural and urban land run-off are 
highest in heavily populated and farmed areas, and increasing development pressures will 
require a focus on coastal zone and catchment management to help minimise downstream 
impacts on seagrasses. Legislation and planning programs need the support of imaginative 
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education campaigns, which also provide the community with solutions for protecting 
seagrasses. 

Basic seagrass resource inventories are always a pre-requisite to establishing seagrass 
protected areas and for targeting locations requiting management of  impacting agents 
upstream. Difficulties for management of seagrasses often stem from the expanse and 
remoteness of some coastlines, and the costs in policing management areas. In many regions 
of the world, maintenance of seagrass systems is not even implemented because there is still 
so little basic understanding of the status of seagrass resources, the natural ranges of 
variability or the possibility of adverse human impacts. Priorities for study still include 
establishment of detailed'inventories and long-term seagrass monitoring programs at sites over 
a range of latitudes, locations and habitat types, and areas of conservation priority. Studies 
which identify the causes of change in seagrasses and seagrass responses to anthropogenic 
impacts are vital for developing and further refining our tools for habitat improvement. They 
are best understood when used within conceptual models, and they also help in identifying 
parameters for monitoring the health of seagrass systems and success of habitat improvement 
programs. 
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Chapter 22 
. . . .  

Seagrass transplantation and other seagrass 
restoration methods 

Hilconida P. Calumpong, Mark S. Fonseca 

Chapter Objective 

To present an overview of seagrass transplantation and other seagrass bed 
rehabilitation/restoration methods and describe in detail the techniques employed. Given 
equal emphasis are site selection, costs, monitoring and evaluation. Methods which are still 
experimental are mentioned only briefly. Suggestions to avoid operational pitfalls are given. 
The aim is to give some guidance to government agencies and other interested parties 
undertaking restoration and rehabilitation of injured seagrass ecosystems. 

Overview 

Seagrass transplantation has been conducted for conservation purposes over the last half- 
century (see reviews by Phillips 1980, 1982, Lewis 1987, Fonseca et al. 1988, 1998a, Thom 
1990). Seagrasses are also regularly transplanted into laboratory settings for culture and 
experimentation (McMillan and Phillips 1979). For example, the Smithsonian Institution's 
National Museum of Natural History in Washington D.C. has had Thalassia testudinum in a 
living display for over a decade. Many documents have been developed (Phillips 1984, 
Fonseca 1992, 1994, Fonseca et al. 1998a) and continue to be developed (Orth et al. 2000, 
Fonseca et al. In press) regarding the pitfalls and promise of seagrass transplantation. 

One of the primary applications of seagrass transplantation has been for the restoration, 
or at the least rehabilitation, of anthropogenically-injured beds or as compensatory mitigation 
at alternative sites to account for their wholesale loss (Chapter 23). Despite the oft-quoted 
failings of mitigation in general (one application of transplantation), seagrasses can be reliably 
transplanted for effective restoration of ecosystem functions (Fonseca et al. 1996a, Sheridan 
1999, Short et al. 2000). Failures in seagrass transplantation arise from any number of causes 
(in no particular order): storms, animal disturbance, lack of experience by those performing 
the work, insufficient light, emersion and exposure to air, etc. Seagrass transplants have a 
singular commonality with all crops in that there is a reasonable risk of failure. The risk is 
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understandable if one considers that despite humankind's collective millennia of experience in 
the cultivation of terrestrial crops, their success still cannot be guaranteed (witness the sale of 
crop futures in stock exchanges). Therefore, we can expect no better from seagrasses, or any 
other wetland transplantation project, and this uncertainty logically emphasizes conservation 
over transplanting for restoration or compensatory mitigation (sensu Race and Fonseca 
1996). Moreover, it is critical that oft-cited failings of the restoration or mitigation process 
(Race and Fonseca 1996 and references therein) be uncoupled from failures of transplanting 
techniques alone, e.g., transplant mortalities due to storms. Transplanting techniques are in 
and of themselves both varied (see reviews by Phillips 1982, Harrison 1990, Fonseca et al. 
1998a) and proven (Homziak et al. 1982, McLaughlin et al. 1983, Thayer et al. 1985, Fonseca 
et al. 1996b) to be an effective means of creating viable seagrass beds (where viable indicates 
natural ranges of shoot density, biomass, persistence and food web functions). 

For the remainder of chapter, we will focus on the technical aspect of seagrass 
transplantation in field situations - site selection, methods, costs, evaluation of success and 
general suggestions for avoiding operational pitfalls, based on our experience. By 
transplantation we mean the transfer of seagrass plants from one location to another. 
Together with a management strategy that includes injury assessment, this also defines a 
restoration or compensatory mitigation application. Restoration is defined by Lewis (1987) 
as the return to the pre-existing condition from a disturbed or totally altered one by some 
action, whereas rehabilitation aims at achieving a functional condition from an altered one, 
even though the original condition is not achieved. Mitigation refers to the "actual 
restoration, creation or enhancement of wetlands to compensate for permitted wetland 
losses". Therefore, unless stated otherwise, for the remainder of the paper, we will use 
"restoration" to include compensatory mitigation as well. Where appropriate, we will 
discuss transplantation as it may influence the overall success of restoration. We will not 
deal in detail with keeping transplanted seagrasses in laboratory culture as this involves a 
more straightforward process of artificially constructing a mechanism that delivers and 
maintains well-known levels of light, temperature, salinity, water motion and nutrients in 
accordance with the needs of a given seagrass species (McMillan and Phillips 1979, Zieman 
1982, Thayer et al. 1984, Dennison et al. 1993). Methods that use seeds, or other plant 
parts, are treated under Other Restoration Methods. Additional information can be found in 
Fonseca et al. (1998a) also available from the web. 

Goals and Site Selection 

22.3.1 Introduction 
Before conducting any seagrass restoration or rehabilitation effort, one needs to clearly 

identify the objective of the project. Seagrass transplantation and other methods should be 
used only to restore or rehabilitate seagrass beds lost due to human activities, including 
reduction in water clarity, mining, dredging, filling and fishing gear and vessel-related injuries, 
or for experimental manipulation. It is our opinion that natural events, such as disease, 
storms, and rare catastrophic events such as volcanic eruptions are not losses for which 
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restoration should be conducted, unless there is a determination that loss would not have 
occurred unless the plants were not anthropogenically stressed to the point where they could 
not withstand the event. Similarly, it is not recommended to plant in areas to enhance 
recovery where large seagrass beds were lost due to sand movement, especially if these events 
occur regularly. These natural disturbance events have both an ecological and evolutionary 
function in determining the survival and fitness of the seagrass ecosystem. In most of these 
eases, the bed generally recovers (Kirkman 1978, Preen et al. 1995). 

It is not advised to plant seagrasses in areas with no history of seagrass growth, or where 
the aforementioned disturbances have not ceased. Under those circumstances the probability 
of the plants successfully establishing a viable bed is very low. Planting may be done in 
open, unvegetated areas among patches of seagrass, but only for the goal of experimental 
manipulations and/or the evaluation of planting techniques or as a pilot study before 
embarking on the large scale effort. One should keep in mind that these among-patch 
locations are not a strong test of the efficacy of a technique as they are embedded within 
viable seagrass territory and do not represent the hazards that isolated plantings would 
experience at an otherwise unvegetated site. Moreover, seagrass patches migrate, alternately 
colonizing currently unvegetated seafloor and dying out where it is located presently (Marba 
and Duarte 1994, Fonseca et al. 1998a, 2000), meaning that a planting among existing patches 
would only provide a temporary service, not a lasting ecological gain. 

22.3.2 Objective 
To give guidelines for selection of the site and to discuss the critical factors affecting 

planting success. 

22.3.3 Methods 
Davis (1999) and Campbell et al. (2000) give a decision strategy for assessing the 

selection of a planting site that includes measures of light, epiphytization, nutrient loading, 
water motion, depth, proximity of donor site and alternative actions (Figure 22-1). Short et 
al. 2001 also present a site selection model incorporating additional environmental and 
geographic parameters. 

The following criteria (modified from Fonseca et al. 1998a) are given for the selection of a 
restoration site away from the original injury site: 

1. It is of similar depths as nearby natural seagrass beds, 
2. It has a history of seagrass growth. In the absence of site history information, one 

must assume that the absence of seagrass indicates some inherent difficulty in 
colonization or persistence, 

3. The seagrass bed was lost due to human activities and these disturbances have ceased, 
4. It is not regularly disturbed by storms or sand movements, 
5. It is not undergoing rapid and extensive natural recolonization by seagrasses, 
6. Seagrass restoration has been successful at similar sites, 
7. There is sufficient area or hectares to conduct the project, and, 
8. Similar quality habitat would be restored as was lost. 
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Figure 22-1. Decision protocol for site selection. After Campbell et el. (2000). 

22.3.4 Discussion 

Critical Factors Influencing Transplanting Success: 
As mentioned earlier, numerous factors have been determined to affect transplanting 

success. Some are of the crop-risk type, are extrinsic and difficult, if not impossible to 
control. Examples of these are uprooting of plants due to waves and tidal currents, sediment 
instability and highly organic sediments. Others involve issues of protocol such as 
dessication of plants during transport, and bioturbation. In a survey of North American 
seagrass planting projects, Fonseca et el. (1998a) listed the following as factors that had the 
potential of being controlled by those conducting transplants: 

�9 Similarity of environmental conditions of donor and recipient beds 
�9 Choice of species (preferably same as that lost, but pioneering species may be 

substituted to initiate a project) 
�9 Presence of grazers or sediment burrowers (these bioturbating organisms may need to 
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be excluded or plantings may need to be made in large patches to minimize the impact 
of bioturbation) 
Source of material (similar depths and environmental conditions - and from over as 
broad a geographic area as possible to ensure genetic diversity) 
Time of year (plant at a time to ensure the longest period before seasonal stressors) 
Cost (many variations of cost have been given but standardized costs are elusive - 
based on recent cases in U.S. federal court, a contracted project that includes site 
surveys, planting, monitoring and reporting will cost [in 1996 US dollars] -~ $630,000 
per hectare). 

These six factors are discussed in more detail below. 
1. Similarity of  environmental conditions of donor and recipient beds- It is essential to study 
the substrate-energy (exposure) regime, and water quality (clarity or light availability) of the 
area that will be transplanted so that suitable source materials can be sought. In reciprocal 
transplants conducted in the Philippines, Calumpong et al. (1992, 1996) found highest 
survival and growth rates in cases where sods coming from the intertidal were planted to the 
intertidal area of the recipient bed. Areas exposed at low tides should be carefully mapped so 
as to place plantings with minimal exposure to air, unless the distribution of the plants 
themselves regularly occurs in the intertidal zone (e.g., Pacific Northwest of the United 
States). Planting in high wave energy or tidal current areas will require planting in larger 
groups to avoid disruption (Fonseca et al. 1998a,b). Planting in larger groups also appears to 
be an effective method of deterring physical disruption of the planting by marine organisms. 
However, as suggested by Addy (1947), matching water depths, temperature, salinity, water 
clarity and plant size remain some of the best general guidelines for matching donor and 
recipient beds. 

Table 22-1. Examples of areal expansion as indicators of the role a seagrass species may play in 
the successional process. Phil = Philippines; na = not available. (* based on the organizational 
structure of  this species, we expect it to generally perform as a pioneer). A= original area 

Species E'xpansion SucceSsional site ' ' ' Source' " 
Role 

Cymodocea 2'7 A (1.5y) -~ Pioneer Negros I.i Phil. Calurnp0nget al. i996 
serrulata 
Enhalus 0.4-0.6 A(1.5y) ! Climax Negros I., Phil. Calumpong et al. 1996 
acoroides 
Thalassia <1- 2.5A(1.5 y)l Climax Negros I., Phil. Calumpong et al. 1996 
hemprichii 
Halodule 0.7 A (0.5 y)~ Pioneer* Mactan I., Phil. Largo 1992 
pinifolia 
Halodule 1.5 m y-i Pioneer Tampa Bay, Fonseea et al. 1996a 
wrightii FL, USA 
Thalassia 0.5 m y'l Climax Florida Keys, Kenworthy unpubl, data 
testudinum USA 

, ,  

2. Choice of species - One needs to consider the characteristics of the species (fast-growing 
vs. slow-growing; pioneering vs. climax)before conducting transplantation work. For 
example, Halodule and Halophila are fast-growing pioneering species while Thalassia and 
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Enhalus are slow-growing climax species. Halophila colonize disturbed areas rapidly like 
those with moving sand bars and are under-canopy species, and thus can tolerate low light. A 
summary of the performance of several species used in transplantation is given in Table 22-1. 

Another important factor in the selection of seagrass for transplanting, besides their 
intrinsic recovery rate is their growth habit (Short and Short 2000). Transplanting can be 
rendered almost wholly ineffective if meristematic regions of these plants are damaged or not 
transported in sufficient quantity in a planting unit to initiate growth. Short and Short (2000) 
summarize the morphotypes of seagrass (Figure 22-2). 

Figure 22-2. The four basic growth forms of seagrass (from Short and 
Short 2000, Chapter 8). "M" signifies the shoot or rhizome meristem 
regions. 

In the case of the mono-meristematic, leaf-replacing form, each terminal shoot on a 
rhizome is a viable planting unit - comparatively low modular integration is present meaning 
that most often each shoot has high potential for contributing to spatial colonization. The 
other three forms require at least 3-4 short shoots be maintained on the rhizome for a 
complete planting unit, as well as an intact rhizome apical meristem. 

3. Presence o f  animals - Some major seagrass grazers are sea urchins, gastropods and 
herbivorous fishes such as siganids and wrasses. Dugongs and sea turtles usually graze 
deeper areas or Halophila beds and are generally not of immediate concern in transplantation 
efforts because of the highly reduced status of their populations, except in northeastern 
Australia. Some migratory waterfowl such as geese and ducks have been observed by the 
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second author to decimate seagrass plantings. In the Philippines, the sea urchins, Diadema 
and Salmacis were the major predators, the latter even consuming Enhalus plants 
(Calumpong et al. 1992). Significant grazing of natural Syringodium filiforme beds (Fonseca, 
pers. obs.) points out the general susceptibility of seagrasses to grazing. Fonseca et al. (1994 
and references therein) found significant disturbance by rays - only the use of exclosure cages 
allowed survival in some areas. Crabs have been shown to disrupt and destroy Zostera 
marina transplants in New Hampshire (Davis et al. 1998) and worm activity also damaged 
transplanted Z. marina (Davis 1999). Recently, we have seen that planting in clump 20-50 
cm on a side deters many animals from disturbing the plantings (Fonseca, unpubl, data). 
4. Source of material- Minimization of damage to the source, or donor, bed is paramount in 
seagrass transplanting so as not to exacerbate injury to local populations. With present 
techniques focusing on the use of wild, vegetative stocks, this may be achieved by conducting 
the transplantation in phases, or dispersing the collection effort, thus allowing the source bed 
to recover. Harvesting of donor stock should also be made from beds over as broad a 
geographic area as possible, which may help avoid genetic uniformity in the planted bed 
(Williams and Orth 1998) and may actually result in maintaining the full local range of genetic 
diversity in the planting. A word of caution, though, when transferring plants from one 
location to another. In some places, like in the Great Barrier Reef, such activity is not 
allowed over large geographic distances (R. Coles, pers. com.). One must make sure that the 
proper permits are obtained before commencing mitigation efforts. 

Fortunately, many pioneering species can be harvested with minimal disturbance to the 
beds (Fonseca et al. 1994, Davis and Short 1997). However, for climax species, harvesting of 
donor beds may cause long-lasting damage and should be a consideration in species selection. 
"Salvaging" of climax species, i.e., removing them for use as planting material when they are 
in imminent danger of physical removal (Lewis 1987) may be an exception. 

In looking for the source of seagrass for transplantation therefore, the size of the source 
bed should first be assessed so it can be determined if it can recover atter removal of the sods, 
cores or sprigs, particularly when transplanting vegetative stocks as one needs a large amount 
of material. Spacing harvesting at ~ 0.25 m for small cores or sods (< 0.15 x 0.15 m) is often 
sufficient to avoid long lasting damage. However, Fonseca et al. (1998a) suggested that 
Ruppia, Halophila, Halodule and Zostera can cover small patches (<0.25 m 2) in a year with 
shoot density returning to normal and cautioned that patches >-30 m 2 in high current areas 
may never recover. 

Distance to the recipient bed should also be considered. If possible, harvest and planting 
should occur on the same day. Ovemight storage of material, particularly bare root material, 
should be in moving seawater at ambient temperatures and salinities. To our knowledge, 
there has not been a sufficiently controlled experiment to determine the effect of storage on 
seagrasses. 

5. Time of year- Choosing the time flame for planting varies with geographic region. In 
general, the best strategy is to plant at a time just after the period of highest seasonal stress, 
when natural populations are showing recovery. For example, eelgrass (Zostera marina) 
should be planted in the fall in North Carolina, USA because summer is the period of 
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maximum physiological stress at that location due to high temperatures at this southern end 
of this species' range. 

6. Cost- The amount of money available for a restoration may ultimately decide the method 
to be used. From our experience, there is a general set of factors that drive up the cost of 
seagrass transplanting (Table 22-2). 

Consistent estimates of planting costs in US dollars remain elusive and to our knowledge, 
in the last century there were no published cost accountings that covered all aspects of a 
project. However, recent projects in the USA that have been tried in the Federal Court 
system have shown the full cost of a restoration to be about $630,000 per hectare in 1996 
US dollars (Fonseca et al. 2000), including staffing, site delineation, reports, mobilization and 
demobilization, insurance, overhead, benefits, mapping, planting operations, monitoring, 
remedial planting and a 10% profit margin for contractors, etc. 

Typical staffing requirements are as follows: Merkel (1992) estimated a minimum of 7 
persons for intertidal, bare-root (e.g., staple technique) and 9 persons for subtidal bare-root 
planting. The use of SCUBA incurs higher costs. In the Philippines, Calumpong et al. 
(1992) accomplished planting of 32 (0.125 m 2) sods in the inter- and subtidal with 9 persons 
in one day. Fonseca et al. (1994) provide a comparison among several methods using timed 

, 

trials. They found that collection + fabrication + planting costs ranged f r o m -  1.2 to 3.5 
minutes per planting unit with peat pot plugs being the most rapid method and cores being 
the slowest method. It is imperative that one recognizes what is not timed in that report, 
such as mobilization and demobilization, both daily and on a project-scale basis, travel, 
reporting and monitoring (all combined, the majority of the largest costs in Table 22-2). 

Table 22-2. Factors that drive up the cost of seagrass transplantation, in generally descending order. 

What Influences Excessive Costs of Seagrass Transplanting? 
1) poor site selection 
2) lack of experience 
3) frequent disturbance requiring transplanting (e.g., bioperturbation, storms) 
4) water depths that require use of SCUBA divers 
5) low water visibility 
6) soR sediments 
7) rough seas 
8) planting in cold water 
9) capitalization (e.g., purchasing equipment) 
10) amount of site preparation (e.g., creation of subtidal dikes) 
11) excessive frequency of monitoring 
12) overly detailed parameters chosen for monitoring (blade width, length, animal counts) 

Planting Methods 

22.4.1 Introduction 
Fonseca et al. (1998a) listed 14 categories of planting methods in the United States. For 

these methods, source material can be vegetative stocks or seeds. Transplantation using 
vegetative stocks typically requires available wild stock as a source and is labor-intensive. 
However, it often gives faster, more reliable coverage than seed methods at this time (Orth et 
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al. 2000). Most projects today are using either small sods or sprigging of sediment-free 
planting units (Figure 22-3). The use of laboratory-cultured stocks (i.e., plants reared and 
grown in the laboratory from plant fragments) is still in the experimental stag; the approach 
may become especially applicable for large-scale plantings where a large amount of planting 
units is needed and when climax species are desired, thus reducing or eliminating donor bed 
damage. Culturing also has the potential to maintain donor stocks for unscheduled plantings 
and could theoretically supply genetically variable and disease resistant plants. 

For restoring slow-growing seagrass species, it may be best to consider using other 
species first. Durako et al. (1992) developed a strategy for restoring slow-growing species 
such as Thalassia by mimicking natural succession. They initially plant another, faster- 
spreading species, Halodule, to achieve "compressed succession". Temporary substitution 
of a faster growing species for a slow growing one promotes a more suitable condition for the 
slow growing one to establish itself while the faster one stabilizes the sediment and provides 
a functional seagrass habitat. 

22.4.2 Objective 
To describe the techniques and give the pros and cons of using them and to recommend a 

specific method for mitigation. 

22.4.3 Necessary Materials and Equipment 
A checklist of the equipment and materials needed is presented so as to facilitate the 

work. Some of these are basic regardless of the technique used. 
�9 Transportation - a boat or land transportation depending on the location of the donor 

and recipient sites 
�9 Wind, tide and navigational tables 
�9 Communication - communication device like cell phone and a portable radio for 

updated weather forecasts 
�9 Safety-  first-aid kits including sunscreen, insect repellent and all required dive 

accident management equipment 
�9 Protective and appropriate clothing - wet suits and skins, wool clothing (for cold 

climates), foul weather gear, waders and booties, polarized sunglasses 
�9 Snorkeling gear or SCUBA gear, if the sites are not intertidal 
�9 Marking materials - For stakes, white PVC pipe or electrical conduit marked with 

reflectors can easily be driven into the sediment. They can also be used for anchoring 
buoys. Bamboo is commonly used in the Philippines because it is inexpensive. F o r  
buoys, the conduit with white PVC pipe slid over it is recommended because it cuts 
into the bottom, is more stable than re-bar and rusts less. It has to be cleaned out 
between each use by filling the conduit with water and shaking vertically or tapping 
on a hard surface to remove the sediment. Other materials that can be used for 
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anchoring buoys are iron bars to which are tied nylon ropes with a float at the end, 
usually a styrofoam ball 
Harvesting equipment 

�9 shovels for sod and staple methods 
�9 4-6" diameter PVC pipes with plastic caps at both ends, for corers 
�9 sod plugger 
�9 holding container - large trays or buckets to hold the sods, plugs or corers 

Planting equipment 
�9 a planting guide such as nylon rope or polypropylene line with ribbon or 

reflector floats or buoys used in marking, transect lines or waterproof tape 
measures for diving operations 

�9 a planting tool - either a dive knife for loosening the sediment for the staple 
method, or a wedge for the plug, core and peat pot methods 

�9 holding conta iner -  mesh float bucket for holding plants washed free of 
sediments for the staple method, plastic trays, buckets or basins 

�9 staples, peat pot, lines (baling twine), mesh frame, depending on the desired 
method 

Figure 22-3A-E Methods of planting A- Staple, B-Frame, C-Sod, D-Plugs, E-Peat pot 
(C from Calumpong et al 1992 A,B,D,E from Fonseca et al 1998a ) 
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22.4.4 Methods 

Sediment-Free Methods: 
The seagrasses are often dug out of the donor bed using shovels - where possible less 

destructive methods should be employed (Davis and Short 1997) - but these methods are 
limited to species with rhizome systems near the sediment surface. The sediment is shaken 
from the roots and rhizomes and the plants are placed in trays or buckets. Care must be 
taken so that the plants are kept moist while in transport and the containers do not heat up. 
The latter usually happens in the tropics, especially when the donor site is far and travel time 
is long. Make sure the containers are covered and shaded, and the plants covered with water, 
or if this is not feasible during transport, with wet paper towel. It is best if planting occurs 
on the same day. If so, it is best to place the plants immediately in the sea in mesh baskets. 
Otherwise, the plants have to be placed in tanks with flowing sea water until planting. 

The number of shoots per planting unit (PU) is important for survival and establishment 
(Figure 22-2). A minimum of one apical rhizome meristem per PU is recommended (Fonseca 
et al. 1998a). For Thalassia testudinum, Tomasko et al. (1991) recommend up to 4. 

The seagrass is planted either directly into the bed (sprig) or anchored using a variety of 
devices such as staples, rods, tings, or rebar, or even boulders. U-shaped metal staples (Figure 
22-3A) have been widely used (Derrenbacker and Lewis 1982, Fonseca et al. 1982) or, when 
negative buoyancy is not required, bamboo skewers may be substituted (Davis and Short 
1997). Plants have also been woven into biodegradable mesh fabric or metal frames (Figure 
22-3B) and attached to the sediment surface as a PU (Fonseca et al. 1998a). Rocky intertidal 
species, such as Phyllospadix spp. which grow in high energy zones, have to be attached to 
boulders. U-shaped metal staples and nails, however, cause concern that they may become 
hazards, whereas popsicle sticks are often hard to anchor when the sediment is compacted. 

When using anchoring devices, one must consider using biodegradable or natural materials 
such as boulders over metal or plastics. When using staples, one can choose metal ($0.01 
each) or can modify "shish kabob" bamboo sticks by bending them into a V (Davis and Short 
1997) which when purchased in bulk could cost only $0.006 apiece. Also, bamboo is 
biodegradable. Using either kind of staple, PUs are made by grouping plants and attaching 
the root-rhizome portion under the bridge of a staple and securing the plants with a paper- 
coated metal twist-tie, either prepared before hand, or the PU can be pinned directly to the 
substrate during planting in which case the twist tie isn't needed and the process is speeded 
up (Figure 22-3A). The latter is recommended when waves and/or tidal currents are mild. 

When using rebars or boulders (Merkel 1988), the technique is more or less similar and 
the PU is tied to the anchoring instrument with a paper-coated metal twist-tie. 

For areas which are deep but are hazardous to divers due to chemical pollution or other 
hazards, frames (Figure 22-3B), such as Short's TERFS TM device (Short, F.T. in Fonseca et al. 
1998a, Short et al. 1999) are recommended. Shoots are tied to the bottom of the frame with 
paper ties, the flame is lowered onto the seafloor, left there and retrieved after the shoots 
have rooted and their paper ties have decomposed. The frame provides initial protection of 
the plantings from biological disturbance. 
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Seagrass and Sediment Methods 
Sod~turf- A sod or turf is a shovelful of seagrass with the sediment and rhizomes intact 

and planted as is It is the easiest method, and is most specially applicable for hard, compact 
substrates and deep-rooted and large species such as Enhalus acoroides The only equipment 
needed are shovels and large basins or buckets for the sods However, some species, such as 
E acoroides, Posidonia spp and Thalassia spp may have very deep root-rhizome systems, 
requiring removal of a tremendous amount of sediment to harvest the below-ground plant 
structures all intact If the donor site is far, transporting the sods may present a problem in 
that the weight of the material is a physical burden and may require special transport (Figure 
22-4) To our knowledge, this has only been accomplished in Western Australia (E Paling, 
Murdoch University, W A - see review in Fonseca, et al 1998b) 

Figure 22-4 ECOSUB units used for transplanting of large sods of seagrass in 
Perth, Western Australia Photo courtesy E Paling, Murdoch University, W A 

Plugs Plugs consists of seagrass plants with roots and rhizomes intact in the 
accompanying sediment Plugs are extracted using coting devices such as pipes or sod 
pluggers Plugs are planted directly into the planting area after creation of a hole to receive 
the contents of the tube or first placed in peat pots and the pots are planted into the bed 

The corers are usually made of 4-6 em diameter PVC pipes fitted with bars as handles for 
easy manipulation (Figure 22-3D); caps, usually made of plastic, must be provided for both 
ends to initially create a vacuum and then keep sediments from washing out the bottom The 
pipe is inserted into the sediment without its cap, and then capped, creating a vacuum, pulled 
from the sediment and capped at the other end to avoid losing the plug The method can only 
be done with soft but cohesive sediments and generally only for small species to avoid 
excessive leaf sheafing (unless extreme care is taken to avoid the shearing, which adds 
measurably to the cost of the process) More compact soils can first be loosened with a 
wedge or holes first made with a round-nosed garden spade into which the plug is extruded 
When the donor bed is far, many tubes are needed which adds to the cost Seagrass collection 
must include apical rhizome meristem, which can be difficult using small tubes and large 
seagrass species 
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Plugs can also be extracted by using a sod plugger. A sod plugger is special kind of corer 
with a mechanism for extruding the plug (Figure 22-3D), available commercially and 
measuring 8 cm x 8 cm (3" x 3"), and is the recommended tool. After cutting the plug out of 
the donor bed with the sod plugger, it is extruded into a peat pot (first used by Robilliard and 
Porter 1976 and modified by Fonseca et al. 1994). Peat pots are biodegradable and are 
commercially available; 8 cm x 8 cm are perfect for the sod pluggers. Peat pots can be stacked 
in trays for transport, eliminating having to transport tons of corers. When planting the pots, 
holes are first made with a round-nosed garden spade. Because these pots are typically only 
a few cm on a side, they may be inserted into the bottom by liquefying the sediment with a 
hand tool. After the peat pot is planted, its side walls must be ripped off or tom down and 
pushed into the sediment to allow for rhizome spread. As with cores, seagrass collection 
must include apical rhizome meristem, which can be difficult using a plugger for large seagrass 
species. 

Other Seagrass Restoration Methods 
Seeds: Planting seeds holds promise for large-scale restoration but is currently applicable 

only in low energy areas where the seeds can settle and germinate and where seed predators 
are sparse. Planting seeds was first introduced by Thorhaug (1974) with Thalassia. A 
seedling grow-out method for Thalassia has been registered by Lewis (1987). The 
availability of seeds must also be considered. Orth (pers. com.) established areas in the 
Chesapeake Bay by sowing seeds from a small boat; few survived long term. Work continues 
in this highly promising area (Orth et al. 2000). Experiments using pelletized seeds to 
increase their density to facilitate sinking and seeds embedded in biodegradable mesh have 
been carried out by Granger et al. (1996). Experiments on planting depth also indicate that at 
least for Zostera marina, seeds should be within the top 2 cm of the sediment for best 
germination and that densities should be sown at 400-1000 seeds per square meter (Granger 
et al. 2000). 

Spacing of Planting Units 
Planting distance is dependent on the three factors: the growth characteristic of the 

species used, the energy regime of the site and budget, because pioneering species grow faster 
than climax species and the per cent cover of seagrass decreases nearly linearly with both 
wave exposure and current speed. More rapid coalescence of bottom coverage is logically 
achieved with higher planting density but this is offset by substantially higher costs due to 
the number of PUs involved. In practice, PU spacing ranges from 0.5-2 m on center for 
relatively quiescent areas. But in areas with currents over 30 cm/sec, or with long fetches 
(over 1 km), planting at higher densities (0.5 cm, in groups of plantings 5 to 10 m on a side) 
will likely improve the chance of survival. 

Mitigation Protocol 
Below is a generalized protocol that we recommend be followed in undertaking mitigation 

efforts: 
1) Study the site to be restored and determine at least the following parameters: 
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a) Bed history (bed size, seagrass composition, cause of loss); 
b) Exposure (both to air and waves and currents); 
c) Substrate type (avoid clays and high organic sediments); 
d) Rate of siltation and sedimentation (shoots buried more that 75% do not survive and 

vertical growth is possible only for some species); 
e) Presence of animal disturbance. 

2) Locate a donor bed that matches the conditions at the planting site. For vegetative 
methods, this should preferably be near enough to reduce transport and storage time. 

3) Determine time flame and available budget, which usually dictates the ultimate method to 
be used. Transplantation give faster results than seed methods but the amount of money 
available will determine the specific technique. 

4) Select appropriate mitigation method. Rule of thumb: If donor bed is near enough and big 
enough, transplantation methods, specifically the plug-peat pot method, is recommended. 

5) Carefully delineate plots to facilitate monitoring. Have def'mite monitoring schedule and 
format. 

6) Conduct thorough monitoring (see below) and be prepared to conduct remedial plantings. 

22.4.5 Discussion 
Because this section is largely focussed on methods, it largely speaks for itself. Aspects of 

this process that we feel require additional experimentation include reducing injury of donor 
beds for slow-growing species (Fonseca et al. 1994 demonstrated that this is a minor concern 
for harvest of pioneering species when harvest efforts are spread out), anchoring methods in 
areas with strong water motion, and the effect of planting arrangement on survival. 
Experimentation with, and adaptation of, existing techniques to the situation at hand is strongly 
recommended. 

Monitoring and Evaluation of Planting Success 

22.5.1 Introduction 
Seagrass mitigation efforts are considered successful only if a viable community is 

established coveting the targeted acreage and persists for a prescribed period of time (Fonseca 
et al. 1998a). Targeted acreage is set at the beginning of the project. Prescribed period of 
time varies but a minimum of five years is recommended, giving allowance for remedial 
plantings. In addition, the established plant community must be able to support basic 
ecosystem functions, i.e., sediment stabilization, biomass production, nutrient cycling, 
secondary production. In some areas, more detailed success criteria have been proposed 
(Short et al. 2000), but this approach has not been tested under legal challenge as have other, 
more simplified criteria (Fonseca et al. 2000). 

Additionally, if monitoring indicated that performance standards were not being met, 
remedial plantings should be conducted. However, all remedial plantings reset the monitoring 
clock for that portion of the project. 
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Monitoring should occur regularly. During the first year of planting, it is recommended 
that the plants be monitored at least three times a year, decreasing to two times per year 
thereafter. 

Minimum parameters to be collected during monitoring can be grouped into three 
categories: 

* Seagrass parameters - survival of the planting units, areal coverage and shoot density 
�9 Disturbance parameters- e.g., effects of animals, currents and waves 
�9 Water quality - total suspended solids, sedimentation rate, temperature, salinity and in 

some cases, nutrients (Dennison et al. 1993), 
Note that all these parameters should be taken at planting to form the baseline, including 

the number of rhizome apicals per PU. 
Survival is the number of PUs alive at the period of monitoring. Areal coverage is the 

total area covered (m:) by seagrass PU (sum of all PU - or subsample extrapolated to total) 
and should be measured until coalescence (the point where the boundaries between 2 PUs 
cannot be observed). Shoot density is the number of shoots per PU. If there are more than 
one species per PU, each species must be counted separately. 

We recommend that monitoring be accompanied with photo documentation to provide a 
common basis of assessment, perception, and historical reference. For a complete review of 
project success, including computation of imerim lost resource services, see Fonseca et al. 
1998a, 2000. 

22.5.2 Objective 
To provide a method for monitoring seagrass restoration. 

22.5.3 Necessary Materials and Equipment 
�9 Monitoring tools such as underwater paper or slateboards, pencils 
�9 GPS or some other geographic positioning device 
�9 Documentation equipment - camera 
�9 Water quality k i t -  total suspended solids, sedimentation rate, nutrients 

(Nitrogen/Phosphorus), temperature, salinity 
�9 Current meter 

22.5.4 Methods 
1. Draw up a monitoring schedule. 

1. For the first year, monitor the plantings two, six and 12 months after planting. For 
two years thereafter, monitor every six months. 

2. Allow for remedial plantings in the year following year 1. The same schedule should be 
followed for these plantings. 

2. Data collection 
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�9 Prepare before hand in underwater paper or slateboards a table for easy monitoring 
containing the aforementioned factors (survival, coverage and number of shoots per 
randomly selected PU), remarks, hand-drawn maps, date/time, and name of person(s) 
performing the survey. Put a scale and date/time/location note in all photography. 

3. Determine the number of samples to be monitored. 
�9 If the planting site is small (<1000PU), all PUs should be monitored for survival. If 

the site is large, random rows or subsections (area in m 2) should be sampled. The 
number of replicate rows or sections should be statistically determined. PUs should 
be randomly drawn for each sampling time. 

�9 For shoot density a random selection of one to three PUs per 100 planted PUs 
(whichever yield the higher sample size) should be adequate and should be surveyed 
every time until coalescence begins or for a period of three years. After coalescence, 
the coalesced unit should still be monitored. 

�9 The same rule can be used for areal expansion - three PUs per 100 planted and these 
should be monitored all throughout. 

4. Determine methods of monitoring. 
�9 Survival - record the number of PUs with live shoots. 
�9 Shoot density- count the number of apical rhizome meristems per species per PU. 
�9 Areal coverage may be measured by recording the average of two perpendicular width 

measurements (in m) of the PU over the bottom, divided by 2, squared and multiplied by 
re, recommended over the use of a quadrat with 0.25 m 2 resolution since PU expansion 
is not uniform. However, for seagrass species that produce long runners (e.g., Halodule 
spp.), the quadrat method is more appropriate where a 50 cm x 50 cm quadrat divided 
into 5 cm x 5 cm grids with a nylon string is placed across the PU. The number of 
grids that have shoots are totaled and converted to m 2. After coalescence, areal coverage 
is determined using 1 m: quadrats and appropriate number of randomly selected 
locations (Chapter 7). 

5. When monitoring randomly selected samples, these samples should be followed all through 
the years of monitoring so that real trends are seen. It is best then to number the PUs and 
monitor them as such. For very large areas, sub-sites can be marked with a GPS. 

6. Photographs/Video recordings should be taken at each survey time during the monitoring 
period of three (3) years. Observation based assessment of success may be substituted for 
shoot counts and areal coverage sampling above, if quadrats are used in accordance with a 
Braun Blanquet survey method (e.g., Fourqurean et al. 2001); these observations may be 
made from the video tape. 

The performance standards for the above procedures are as follows. A minimum average 
of one horizontal rhizome apical per unit should be maintained in all original planting and 
remedial planting. The survival rate shall be considered successful if a minimum of 75% of the 
planting units have established themselves by the end of Year 1. If it is determined that less 
than 75% survival has occurred by the end of Year 1, then remedial planting should occur 
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during the next available planting period to bring the percentage survival rate to the minimum 
standard by the next monitoring survey. 

The third success criteria should be the measured growth rate of  bottom coverage. The 
growth rate is considered successful if, starting after one year, the planted seagrass is 
projected to achieve the desired area of  bottom coverage, with 95% statistical confidence, 
within the three year monitoring period for original plantings. If  this criterion is not met, then 
remedial planting should occur during the next available planting period. 

22.5.5 Discussion 
As in previous sections, this one is largely methodological and speaks for itself. 

However, the area where there may be the greatest debate regards the level of  complexity 
needed for measuring success. Fonseca et al. 1998a, 2000 uses fairly simple metrics, namely 
persistence, coverage and shoot density. These metrics have been used as the basis in US 
federal court cases where the government has sought restitution for injuries to seagrass 
resources - these cases have been decided overwhelmingly in favor of  the govemment. 
However, these cases are fundamentally predicated upon the strong research base and implicit 
recognition of  the value of  seagrasses as a unique and valuable part of  the coastal zone in the 
United States, and builds on other, existing Federal laws. Thus, indirect indicators of  the 
other services provided by seagrasses (fisheries, sediment stabilization, etc.) have not been 
directly measured. However, in areas where the importance of  seagrasses is not clearly 
recognized or is held inferior to other interests, particularly those of  development projects, 
then other approaches may be needed. 
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Protecting seagrass- approaches and methods 

Robert Coles, Miguel Fortes 

C h a p t e r  O b j e c t i v e  

To provide a summary of the methods and approaches that can be used to protect 
seagrasses including legal instruments, management practices and planning techniques. 

O v e r v i e w  

Seagrasses do not exist in nature as a separate ecological component from other marine 
plants and are often closely linked to other community types. In the tropics the associations 
are likely to be complex interactions with mangrove communities and coral reef systems. In 
temperate waters, algae beds, salt marshes, bivalve reefs, and epiphytic plant communities are 
closely associated with areas of seagrass. Many management actions to protect seagrasses 
have their genesis in the protection of wider ecological systems or are designed to protect the 
overall biodiversity of the marine environment. 

Seagrasses are also food for several marine mammal species and turtles, some of which 
(such as the dugong Dugong dugon) are listed as threatened or vulnerable to extinction in the 
IUCN Red List (IUCN 2000). Seagrasses are habitat for juvenile fish and crustaceans that in 
many parts of the world form the basis of economically valuable subsistence and/or 
commercial fisheries. The need to manage fisheries in a sustainable way has itself become a 
motivating factor for the protection of seagrasses. 

Coastal management decision making is complex, and much of the information on 
approaches and methods exists only in policy and legal documents that are not readily 
available. There may also be local or regional Government authorities having control over 
smaller jurisdictions with other regulations and policies that may apply. Many parts of South 
East Asia and the Pacific Island nations have complex issues of land ownership and coastal 
sea rights. These are sometimes overlaid partially by arrangements put in place by colonising 
powers during and after Word War II, leaving the nature and strength of protective 
arrangements open for debate (Coles 1996). 

Both Australia and the United States have developed historically as Federations of States 
with the result that coastal issues can fall under State or Federal legislation depending on the 
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issue or its extent. In contrast, in Europe and much of South East Asia, central Governments 
are more involved. Intercountry agreements in these areas such as the UNEP Strategic Action 
Plan for the South China Sea and the Mediterranean Countries Barcelona Convention 
(http://www.unep.org/) are required to manage marine issues that encompass more than one 
country. 

Approaches to protecting seagrass tend to be location specific or at least nation specific 
(there is no international legislation directly for seagrasses as such that we know of) and 
depend to a large extent on the tools available in law and in the cultural approach of the 
community. There is, however, a global acceptance through international conventions 
(RAMSAR Convention; the Convention on Migratory Species of Wild Animals; and the 
Convention on Biodiversity) of the need for a set of standardised data/information on the 
location and values of seagrasses on which to base arguments for universal and more 
consistent seagrass protection. Table 23-1 provides a summary of information on the kinds 
of protection available for the ten seagrass regions identified in Chapter 1. 

Issues that Impact on Seagrass Protection 

Numerous studies worldwide have presented ideas for seagrass protection. Cappo et al. 
(1998) summarised the main pressures on fish habitats and seagrasses. Leadbitter et al. (1999) 
and Lee Long et al. (2000) expanded the implications for research and management, a 
discussion that has global relevance. Short et al. (1993) described human and natural impacts 
and their management implications for seagrasses on the East Coast of the US. Fortes (1995) 
mentioned the causes and consequences of seagrass loss for East Asia. Impacts can be 
broadly categorised into long and short-term effects and those caused by natural or by human 
induced change. 

There is presently little understanding of cyclical change or long term trends and the 
implications for the management of seagrasses. This is particularly so for very long-term 
changes such as global warming. Seagrasses thrived and spread in the warm Tethyan seas of 
the Eocene. The present global distribution is likely to be far more limited than in the past 
due to continental drift, temperature changes, and the impact of enormous variations in sea 
levels since the Pleistocene - as much as 80 metres lower and 42 metres higher than present 
levels (Coles and Lee Long 1999). 

It is likely that global wamaing will result in some loss of deep-water seagrasses due to 
loss of light with an increase in water depth and increases in chlorophyll and other algae 
blooms associated with warmer water. Species distributions may also change. Rasheed 
(1999a) documented the ability of Syringodium isoetifolium to rapidly colonise sites in 
tropical waters when intermediate (patchy) disturbance and minor losses of light occur 
together. Long-term sea level rises are expected to influence coastal near shore seagrass 
distributions, but the extent of the changes is uncertain and likely to be site specific (Short 
and Neckles 1999). 

Short term natural events such as floods, storms, disease outbreaks, and grazing by 
herbivores may influence the distribution and abundance of seagrasses (Short and Wyllie- 
Echeverria 1996). There is little (apart from the difficult but nevertheless important need to 
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influence rural and urban catchment management practices to reduce nutrient and sediment 
outflows during periods of high rainfall) that management actions can achieve to reduce the 
impact on seagrasses of these episodic events that are exacerbated by human land-based 
changes (Chapter 21). 

The environmental variability and range of natural variation of seagrass parameters such 
as area, species mix, flowering and fruiting frequency, and primary and secondary 
productivity all need to be quantified for Successful seagrass protection. This set of 
information is required to separate natural trends that form background levels of change from 
human induced changes for which management intervention is possible - the range of natural 
variation produces uncertainty in predicting short-term environmental impacts. Presently 
there is not an adequate understanding of the natural dynamics of change in seagrass habitats, 
with significant consequences for management decisions intended to reduce impact on 
seagrass beds or to protect areas of seagrass. 

Human induced change is often direct. Impacts include land reclamation, dredging, sand 
mining and destructive or inappropriate fishing methods and are well documented (Kirkman 
and Kirkman 2000, Orth 2000, Satumanatpan 2000, Coles and Lee Long 1999, Leadbitter et 
al. 1999). Indirect effects include shading from structures, nutrient loading, changes in 
hydrology, alteration to land or water management practices in watersheds, agricultural 
chemicals, acid sulphate run off, and thermal loads (Kemp et al. 1983, Burdick and Short 
1999). In tropical waters sediment loads may lead to progradation of the mangrove fringe that 
invades the coastal fiats that previously supported seagrasses. In temperate regions, a parallel 
phenomenon can occur at the salt marsh-seagrass boundary. 

Direct impacts can generally be addressed with a prescriptive approach including the use 
of legislation and sanctions. Indirect effects require a more complex set of tools and 
approaches. It is important that information from research and monitoring underpins 
management decisions to provide credibility and to enable a management decision to survive 
appeals through a legal system. Protection of seagrasses by agencies with a legal 
responsibility requires the support of complex information on ecological systems at the land 
water interface and community, industry, agricultural, aquaculture, conservation, and fisheries 
needs. It also requires a public perception of the worth of seagrasses. Protection and 
conservation of seagrasses cannot advance without some or all sectors bearing a cost, and if 
those sectors do think that the cost is worth bearing then conservation efforts are likely to 
fail. Protection of seagrass also requires the support of an enforcement system. Legislation 
and sanctions will have little effect if not enforced in a tangible way. 

When working to protect seagrasses, it is easy to emphasise the immediate technical 
issues such as minimisation of impacts and mitigation of change, as these issues occupy most 
day t 9 day management activity. Just as important, however, are the broader philosophic 
concepts of sustainability and conservation of biodiversity. There is a need to address 
protection of areas and genotypes that may not presently be under any direct threat but that 
make up the world's biological and genetic capital. The Convention on Biological Diversity 
(UNEP 1994) commits countries to the development of a system of Marine Protected Areas. 
Seagrass habitats are a key community type to be included in that program. 
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The issue of "shifting baselines" is also an important one for monitoring management 
effectiveness and conservation efforts for seagrasses. Although Pauly (1995, cited in Day 
2001) defined this syndrome for fisheries, it is more widely applicable. The syndrome is 
based on the premise that: "each generation accepts the species composition and stock sizes 
that they first observe as a natural baseline from which to evaluate changes. This, of course, 
ignores the fact that this baseline may already represent a disturbed state. The resource then 
continues to decline, but the next generation resets their baseline to this newly depressed 
state. The result is a gradual accommodation of the creeping disappearance of resource 
species, and inappropriate reference points for evaluating economic losses..." (Pauly 1995, 
cited in Day 2001). 

Approaches to Protection 

Methods of direct protection range from legislative instruments and associated legal 
sanctions through to education. These can be separated into three approaches: a prescriptive 
legal approach; a non-prescriptive broad based approach ranging from planning processes to 
education; and a reactive approach designed to respond to a specific issue such as a 
development proposal. These may overlap and be used simultaneously in many cases. 

23.4.1 Prescriptive 
Prescriptive management of seagrass issues can range from local laws to a Presidential 

Decree, or Executive Order. Typically agencies can include Fisheries; Environment 
Protection; Land and Water Planning, Conservation and Development Agencies; Marine Park 
Authorities; and Port, Defence and Airport Authorities. Most countries appear to have at 
least some form of prescriptive approach although the information is not always readily 
available. 

Laws can directly safeguard seagrasses or can protect them indirectly by protecting 
habitat types (all aquatic vegetation) or by influencing a process, e.g., prevention of pollution. 
Laws describe what may or may not be allowed in a seagrass area. Modem legislation may 
simply enable a process to be implemented such as a Management Plan directed to 
sustainable development. The plan then has effect in law as subordinate (enforceable) 
legislation. A formal policy or code of practice may assist implementation. These guide a 
decision maker/manager delegated under the legislation. 

Management Plans and codes of practice are best generated with community consultation 
to have the advantage of community input and support. Laws directly proscribing damage to 
seagrass may be difficult and expensive to enforce if community and industry acceptance of 
their necessity is lacking. 

In South East Asian countries such as The Philippines and in the Pacific Island Nations, 
protection is often strongest at the village or biodistrict level by Government supported 
agreements or through local management at home reef or atoll level (Serrano 1994, DENR 
1993, Coles 1996, Vidler 1995). At a village level, successful enforcement is very dependent 
on community support. In the Western Visayas, The Philippines, the community may be 
given a fontal lead agency role (see Box). 
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Using the community - Western Visayas, The Philippines 
The Philippines established a Coastal Environment Program (CEP) in 1993 (Executive Order No. 
192 and Republic Act No. 7586) to manage the coastal resources of The Philippines. 
The CEP typically aims to use community organising as a primary means for conservation. Its 
policy guidelines specifically assign government and non-government organisations to support the 
community which acts as the lead agency. 

Policy guidelines include: 
* Begin with the Barangay (village) 
�9 Resource users are the Resource Managers 
�9 Involve the community - Participatory Planning 
�9 Community is the lead agency 
�9 Seagrass is considered as important as coral reefs and mangroves 

The program has 5 components: 
1. Coastal habitats and biodiversity, including National Integrated Protected 

Area Systems 
2. Endangered species 
3. Coastal industries and pollution 
4. Resource inventory and assessment 
5. Research and special projects 

/ 

Of indirect effect on seagrasses are cadastral or zoning plans, development control plans, 
and city and rural planning schemes. These may impact on seagrass beds by either allowing 
or preventing at key locations development of  urban or rural nodes, waste disposal sites, 
transport corridors, canal estates, and port development etc. 

A unique example of  a prescriptive approach is the issuing of  a final rule by the United 
States National Marine Fisheries Service listing the seagrass Halophila johnsonii in Florida as 
a Threatened species, invoking the heightened protection of  the Endangered Species Act of  
1973 (Clark 1998). This is the first time a seagrass species has been singled out for specific 
legal protection. This is in contrast to the level of  protection seagrass receives in most of  the 
US, where it often falls under the jurisdiction of  the U.S. Army Corps of  Engineers, a 
government organisation that is in the business of  modification of  and construction in the 
coastal zone, often to the detriment of  seagrasses. 
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23.4.2 Non - Prescriptive 
Non-prescriptive methods of protecting seagrasses are usually part of planning processes 

and may have a strong extension and/or education focus. Providing information is important 
as it encourages and enables individuals to voluntarily act in ways that reduce impacts to 
seagrasses. Actions in response to such information could range from being more aware of the 
down-stream effect of domestic waste to lobbying politicians for stronger sanctions against 
decisions that lead to seagrass loss. Non-prescriptive methods range from simple explanatory 
guides to complex industry codes of practice developed in negotiation with the industry in 
question. A good example is of this is the sugar industry Code of Practice found on the cane 
growers web site (http://www.canegrowers.com.au/Environment/environment.htm). 

23.4.3 Reactive 
Reactive processes generally occur in response to a perceived operational threat such as a 

coastal development proposal. Reactive processes can include port contingency planning, 
dredge material management plans, and risk management plans that identify areas of seagrass 
to be protected in the event of a cargo spill or ship grounding. 

Similarly environmental impact statements (EIS), environmental impact assessments, 
reviews of environmental factors, initial advice statements, and a variety of other report 
formats are designed to identify and to possibly minimise (by redesign, response, or by 
reducing future risk) the effect of a development or structure on the coastal environment 
including seagrasses. The combination of project redesign in response to EIS information and 
reactive environment management systems can provide enormous improvements to coastal 
seagrass protection. 

Tools Available for Seagrass Protection 

23.5.1 Direct Protection by Legislation. 
Direct protection is of greatest value in locations where either there is ~dc  community 

support for seagrass protection or enforcement agencies are active and the legal system is 
prepared to enforce sanctions large enough to deter anyone caught undertaking an activity 
that damages seagrasses. 

A successful prescriptive direct approach is used in the eastern Australian States of New 
South Wales and Queensland where marine plants cannot be damaged without a permit 
(Queensland Fisheries Act 1994, Smith and Pollard 1998). In Queensland the legislation 
directly protects marine plants. These are def'med as " a plant (a tidal plant) that usually 
grows on, or adjacent to, tidal land, whether living, dead, standing, or fallen", a def'mition 
which includes living plants as well as seagrass plant material washed up on the beach. This 
def'mition recognises the role of even dead plant material in the bacterial cycle that ultimately 
supports fisheries productivity. 

The Queensland Fisheries Act allows for destruction or damage of a seagrass only when a 
permit has been assessed and issued. All permit issue is directed by a policy that must be 
taken into account by the person delegated under the Act to make the decision. In some 
circumstances where the seagrasses have been identified as critical to fisheries, the regulations 
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that are subordinate legislation under the Act proscribe damage to the seagrass beds other 
than temporary or minimal in nature under any circumstance. Regulations in this case are 
specific to certain cases and add protection detail to the more general statements in the Act. 

Sanctions for damage to marine plants under the Queensland Fisheries Act (1994) can in 
theory (this rarely occurs, as the stigma of going to court or the required restoration is a 
powerful deterrent) be as high as A$750,000. More importantly, a free may be accompanied 
by a restoration order that can be legally enforced. An approach such as this requires a clear 
process for permitting if destruction of seagrass is necessary for a legitimate purpose, e.g., 
construction of a boat launching ramp. A generic method is presented in Figure 23-1. Refusal 
of a permit to destroy marine plants in this case may trigger an independent appeal process. 

Typical of this process is also the negotiation of mitigation to offset the loss of the 
seagrass value to the environment or to fisheries or the negotiated redesign of the project to 
entirely prevent damage to marine plants. This level of protection for marine plants is 
possible only because of a well researched link between seagrasses and fisheries productivity 
(e.g., Watson et al. 1993) and the presence of the Great Barrier Reef World Heritage Area 
which includes much of Queensland's seagrasses. 

Figure 23-1. Decision making process flow chart for permitting seagrass/marine plant destruction 
in Queensland, Australia (atter Couchman et al. 1996). 

Time Event (a~plicant) " Action (officer) . . . . .  

~b Initial enquiry r Pre-lodgement advice 

Week I Application for permit r Applicant advised and receipts 
lodged issued. Initial assessment & 

advise of assessment fee 
~k 

[ Further assessment 

1 Information audit 
Additional information 

On-site inspection with Inspection report finalised 
applicant or representative Assessment report and 

~, Mitigation options discussed ~ recommendTn submitted 

~ D e c i s i o n  made to issue/refuse 
permit 

Permit, plan and letter 
J finalised / refusal letter 

f'malised 

Week 6 Applicant advised of 
decision 

Applicant advises of r Monitoring of compliance 
commencement of authorised Recording of data 

. . . .  works / prqiect ceases . . . . . . . . . . . .  
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23.5.2 Marine Protected Areas 
A marine protected area (MPA) is def'med as any area of sea especially dedicated to the 

protection and maintenance of biological diversity and of natural and associated cultural 
resources and managed through legal and other effective means (IUCN 1994). An MPA may 
be a 'no-take' area like a terrestrial national park or it may comprise a multiple-use area, 
zoned in such a way to minimise conflicts and allow extractive activities to occur in specific 
areas. They can be either prescriptive in approach with a legal base or non-prescriptive 
agreements as is common in South East Asia and the Torres Strait and other Pacific Islands. 

Unlike terrestrial park management, MPA management is confounded by a number of 
factors (Day 2001). These include: 

�9 The 'interconnectedness' of the marine environment. MPAs can only be as 'healthy' as 
their surrounding waters because of very high levels of 'cormectivity' in the marine 
environment and the biological interdependency upon neighbouring communities. You 
may have an extremely well managed MPA, but it can all be to little avail if the 
surrounding or adjacent waters are over-utilised, polluted or are themselves inadequately 
managed. 

�9 The three-dimensional aspects of what marine managers are expected to manage - most 
of our marine protected areas are not well known, nor easily viewed, nor easily 
'delineated' for management purposes 

�9 Ownership issues - most MPAs worldwide remain subject to the 'tragedy of the 
commons'; no one owns them, yet they are widely used, frequently leading to over-use. 

In the world's largest MPA, the Great Barrier Reef Marine Park, with extensive seagrass 
beds, four elements underlie the management philosophy (Wachenfeld et al. 1998): 

�9 Management at an ecosystem level to achieve overall protection of the ecosystem; 
�9 Conservation and reasonable use so that whilst the ecosystem is protected it also 

provides opporttmities for sustainable use and public enjoyment of the resources; 
�9 Ongoing public participation or community involvement in the development and 

implementation of management; and 
�9 Monitoring and performance evaluation of management 

The Great Barrier Reef Marine Park (which covers almost all the Great Barrier Reef 
Word heritage Area) is possibly unique in that it has as much as 40,000 km 2 of seagrass 
(Coles et al. 2000) much of which is afforded a level of protection by the MPA. However 
the GBR Marine Park model is not appropriate in many countries as the money to fund a 
large administrative Authority, legislative support, ongoing research and long-term 
monitoring, and compliance is not available. More common are MPAs specific to a site, e.g., 
E1Nido in the Philippines and small MPAs based on community agreements and home reefs 
in South East Asia and the Pacific. In the U.S., the Florida Keys National Marine Sanctuary 
offers some level of protection to seagrass habitats in south Florida. Other National Marine 
Sanctuaries and National Estuarine Research Reserves along both U.S. coasts offer some 
protection for seagrasses, but this is site dependent and may not include outright protection. 
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Nomination 
Phase - 
areas suggested 
for protection 
First R e v i e w -  
priority areas 
selected 

Site 
Investigation 
Phase 
-information 
gathering 

Area of Interest 
Plan and 
Consultation 
Phase 

""' ' ' i "  ' .... 

Areas for protection nominated [ Areas for protection nominated by 
by scientists or Government. citizens. 

, , | . . . .  d ' 

Nominations for protected areas reviewed by all parties- criteria developed for 
selection-joint decision made on priority areas for further study. 

. . . . . . .  

, , , ,, 

For selected areas conduct field investigations; literature search and review; [ 
assessment of fish catch record and marine mammal sightings etc; assessment of] 
threats and likely enforcement problems; preliminary discussion with user [ 
groups (commercial recreational and traditional fishers, tourist industry local or [ 
village Government etc.). ] 

~ ' "  , , , . . . .  

Preparation of a draft plan for the protected area and draft known management 
issues. 

, ,,, ,, . . . . . . . . . .  , 

, , , ,  ~ , , 

Initiate formal consultation wilh user groups, interested parties and Government 
a~encies. 

, . . . . . . . .  

,,,, 

Revision of information gathered-preparation of draft plan with 
recommendations and implementation and management strategies. 

. . . . . . . . . . . .  

Second round of consultation with user groups, interested parties and 
Government agencies and final revision of information. 

. . . . . . . . .  

, , , t , , 

Preparation of a submission for legislation for a plan, boundaries, management 
arrangements, implementation strategy, compensation package if necessary. 
Enforcement plan developed. 

,, , , ,  

, , ,  , , ,  

Marine Protected Area declared in law. 
Development of performance indicators and monitoring program implemented. 
Process and timetable for a review of success in protecting seagrass initiated. 

Implementation 
P h a s e -  
legal or quasi 
legal process 

Declaration and 
Review Phase 

Figure 23-2. Typical process for community consultation to develop a plan for a Marine Protected Area to 
protect seagrass ( Based on Fisheries Information Leaflet- Fish Habitat Area Declaration, Process and 
Management Options, QDPI Queensland, Australia). 

The Queensland Fisheries Act 1994 allows for the establishment of  Fish Habitat Areas 
(FHA) that include areas of  coastal seagrass. FHAs are usually small (up to several thousand 
hectares) MPAs designated specifically to protect fisheries habitat over areas considered 
especially important or critical to fisheries. They allow any use in the area provided that use 
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does not impact on the habitat with the exception of allowing all legal fishing activities 
(including trawling) to continue. Some construction activities are allowed but only when 
justified from a fisheries access or productivity argument (e.g., publicly accessible boat 
ramps). This approach, recognises that the physical structure of the habitat as a whole, 
including seagrasses, mangroves, sandbanks, etc., contributes to the health of the environment 
and to fisheries productivity. 

Setting up even one of these small MPAs is a complex process and includes a need 
assessment and the involvement of all stakeholders and Government agencies in defining a 
border and existing uses. It may involve agreements to phase out activities such as sewage 
outfalls or aquaculture with appropriate compensation. The package developed involves 
enforcement and on-going research as well as area protection. Figure 23-2 represents a typical 
decision-making process including community consultation to establish this form of protected 
area. In reality a second process may be required for developing performance indicators 
against which to measure the success of the protective management. Part of this second 
process may involve developing criteria for a revocation of the protection if it is clearly 
necessary. Developing a method of revocation is often important to satisfy decision-makers 
and stakeholders that a system of protection is not locked in place forever, although of course 
long-term protection is desirable. 

The implementation phase normally includes an agreement on activities to be allowed 
within the area if legislation or decree does not already cover them. These activities are very 
site specific but for a suggested for an MPA protecting seagrass (see example box below). 

The basic principles for designing a network of representative areas, set within a regional 
framework, are comprehensiveness, adequacy, and representativeness (GBRMPA 2001). 
Comprehensiveness means including in highly protected areas the full range of diversity 
across the marine environment as recognised at an appropriate scale (i.e. ecosystem, habitat, 
community, population, species and genetic diversity). Information about special or unique 
communities, habitats or species is used where possible to capture this diversity. Adequacy 
covers the size and level of protection offered within the representative areas system such 
that ecological integrity and connectivity between populations, species and habitats are 
safeguarded. Representativeness refers to the necessity of an area reflecting the diversity of 
habits from which they are derived. Most MPAs are chosen in places that are pristine, 
unique in some way, are highly productive, or are under some immediate threat. In contrast, 
representative areas may include habitats of no special value other than being part of a larger 
scale of complexity or biodiversity. Such an approach can help ensure protection for the 
species we know and minimises the risk of failing to protect biodiversity that we have not 
yet discovered. 

23.5.3 Area or Seasonal Closures to Fishing 
Some fishing methods such as bottom trawling and shell dredging can damage benthic 

organisms including seagrasses (Poiner et all 1998). The extent of damage is govemed by the 
hardness of the bottom, the seagrass species, and the design of the fishing gear. Closure of the 
seagrass beds to fishing, seasonal closures to limit the damage, or modification of gear in 
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seagrass areas can be used to protect the seagrasses. In tropical waters  species such as 
Halophila decipiens and Halophila tricostata are annuals and summer  closures to fishing can 
minimise damage to the beds. 

" Example of Marine Protected Area policy (based on Zeller and Beumer, 1996).' . . . . . .  

a. Unrestricted Activity in the MPA: 
�9 Community access and recreational activities such as diving and snorkelling 
�9 Boating 
�9 Lawful commercial or recreational net, trap and line fishing including trawling 
�9 Lawful commercial or recreational crab fishing 
�9 Lawful spearfishing and bait netting 
�9 Lawful fishing by aboriginal or traditional inhabitants 
�9 Collection of molluscs 

b. Activities Compatible with the MPA but subject to permit or license: 
�9 Beach replenishment or bank revetment works to control erosion 
�9 Construction of underground inlet and outlet pipes for aquaculture 
�9 Placement of structures to allow for the restoration of seagrasses (baffles, groynes etc) 
�9 Maintenance of existing approved structures 
�9 Minor public works such as jetties and boat ramps where there is a demonstrated need 
�9 Minimal impact public works for community infi, astructure (buried sewage, water and 

electrical lines) 
�9 Construction of limited private access or moorings in the case where privately owned 

land is adjacent to the MPA 

c. Activities Incompatible with the M P A  
�9 Major public works, bridges etc 
�9 Placement of mooring piles or blocks 
�9 Construction of private access facilities other than for fisheries and boating purposes 
�9 Construction of residential canal estates 
�9 Mining 
�9 Extractive industries, e.g., gravel or sand dredging 
�9 Channel dredging for private use 
�9 Disposal of dredge material 
�9 Revetment works where there is no clear evidence of erosion 
�9 Reclamation of land for any purpose 
�9 Construction of tidal gates and weirs 
�9 Drainage or flood mitigation works that may affect water flow and salinity 
�9 Reclamation for aquaculture 
�9 New facilities for discharge of sewage and unfiltered storm water 
�9 Any collection of living or dead plant material 
�9 Movement of livestock where that may affect shallow seagrasses 
�9 Any discharge of waste which may result in environmental harm to seagrass 

Area closures or seasonal closures require detailed knowledge about  the location and the 
life history of  the seagrasses. Broad scale mapping is the minimum requirement  for excluding 
shrimp fishing activities in Queensland, Austral ia  (Coles et al. 1985) and for crab and clam 
fishing in Chesapeake Bay, U.S.A. (Orth 2000). Seagrass locations can then be described in 
legislation with the assumpt ion that the seagrasses remain in the same locations at least 
through a legislative review cycle. More common  are broad statements guiding activities under 
an umbrella pol icy on the environmental  effects of  fishing as in Smith and Pollard (1998), 
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linking back to a prescriptive approach. Several Australian jurisdictions have sinailar legal 
instruments protecting seagrasses as part of the "marine habitat" or "aquatic vegetation" 
(Hamdorf and Kirkman 1995, Leadbitter et al. 1999). Similarly, in the U.S., recommendation 
of an area as Essential Fish Habitat and Habitats of Particular Concern provide an avenue 
whereby the National Marine Fisheries Service can develop measures for the protection of 
seagrasses under the Magnusen-Stevens Fisheries Management Act of 1996 (NOAA 1998). 

23.5.4 Mitigation 
Seagrass functions and values can be to some extent protected through negotiated 

mitigation when assessing/approving works, reclamation or structures in the marine 
environment. Mitigation can be achieved through restoration of nearby sites providing an 
offset to the on-site loss. Some governments have a stated or unstated policy of no net loss. 
Mitigation can also be by redesign or better management or relocation of the proposal to 
reduce the impact on seagrasses. 

Mitigation can typically include; buffer zones in the design to maintain distance between 
sensitive habitat and the works to be undertaken; design modification to lessen impact; 
rehabilitation of habitats after completion of works; support for education; on-going 
monitoring; and land exchange (Couchman et al. 1996). In its loosest form, funding for 
research to enable better assessment for future projects might be considered mitigation. The 
U.S. Army Corps of Engineers, the major marine engineering and construction agency in 
America, adheres to a mitigation policy of first avoidance, then minimisation, and finally 
replacement of the functions and values lost as a result of the proposed activities. Specific to 
seagrass is the Southern California Eelgrass Mitigation Policy (1999) which is invoked after 
avoidance and minimisation provisions have been fully explored and form part of the more 
general concept of no net loss. This policy is directed to transplanting eelgrass as mitigation. 
It examines the process from the point of needs analysis, site mapping, site location, size, 
timing, technique, success and monitoring. Mitigation banking may also be considered where 
successful restoration exceeds the original mitigation requirement after 5 years. 

23.5.5 Valuation 
Monetary valuation techniques can be used to provide an economic argument for 

protecting seagrasses. Valuation of seagrasses is complex and both site and species 
dependent. Watson et al. (1993) used deterministic modelling to establish the value of a 
tropical seagrass, shrimp nursery area at 1.24 (range 0.56 - 2.24) million Australian dollars 
per year. Values can be much higher if social benefit is included and an argument can be put 
for seagrasses to have an infinite value if protection means they remain productive in 
perpetuity. A detailed discussion of marine wetland valuation is beyond the scope of this 
paper. James (1991) provides guidelines for tropical systems including seagrasses. The 
Damage Assessment Program in the US attempts a similar valuation (Fonseca et al. 2000). 
The danger in valuation is that once a price is put on a seagrass area, the end result may be a 
developer wishing to purchase the fight to destroy the habitat, producing permanent habitat 
loss. 
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23.5.6 Management Plans 
A management plan may use and include all the methods above. Management plans add to 

the protection of seagrasses by providing a decision framework and usually ensure a 
consultative process with stakeholders in the development of the plan. 

Management planning processes typically have a discussion phase where the issues are 
identified and boundaries set. This is followed by a design and negotiation phase where the 
plan is developed. A successful plan at this stage will develop milestones and performance 
indicators including planning, biological and compliance issues. Following is an 
implementation phase. The final step is evaluation and amendment, typically within a three 
to five year cycle. A strong commitment to consultative management planning and evaluating 
ensures all stakeholders have some ownership of the plan and ensures the plarmdng processes 
and protection techniques are regularly updated and remain relevant. 

The simplest approaches to management plans are "explanatory" guides that demonstrate 
the values of seagrasses in a broad context or may explain a legislative approach in plain 
language. More complex forms of non-prescriptive approaches are area management plans 
and codes of practice. These have become common particularly for large area management 
where legislative approaches have proved difficult. Management Plans may be directly 
applied to areas of seagrass as in the Trinity Inlet Management Plan (1999) in northern 
Queensland or may be indirectly of benefit such as an Integrated Catchment Management 
Plan with a stated objective of reducing downstream effects on the marine environment. 
These plans are generally supported by government agencies but often have no direct 
legislative basis or regulatory support. 

Codes of practice are also widely used non-prescriptive approaches that may be 
voluntarily applied, usually where a discrete industry is involved. In Australia, the sugar 
industry code of practice for sustainable cane growing (Canegrowers 2000) recognises the 
value of coastal marine vegetation by recommending to farmers adequate buffer zones, acid 
sulphate soil identification and management, and minimum tillage guidelines. In the U.S., 
similar codes known as best management practices are being developed for agriculture. Codes 
of practice work best for industries where public scrutiny levels are high and the consequence 
of a more prescriptive approach by governments is unpalatable. 

23.5.7 Environment Management Systems 
It is likely that the inexorable development of the coast and near shore will go on and the 

best outcome for advocates of seagrasses may be to compromise and to engage with the 
process. 

Recent trends include construction of detailed environmental management systems or 
environmental management plans for the construction phase of developments. These can 
include a scientific committee to overview implementation and set limits on measurable 
environmental parameters such as light loss, turbidity, salinity and water flow, changes that if 
exceeded trigger a remedial action or cessation of work. Often the data required to make this 
approach work is lacking. Reactive management, requiring work to stop or the expensive 
deployment of silt curtains etc. needs to be based on well supported research on light 
requirements and tolerance to turbidity. In areas where there is a wet season, works that 
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increase turbidity may be best undertaken in the wet season when baseline turbidity is 
already high. Commonly works can be restricted to a particular current direction or tidal 
phase. Dredging in the port of Karumba Australia was restricted to times currents would not 
sweep sediment plumes across seagrasses as well as when juvenile shrimp were not migrating 
despite the potential for such complex restrictions to cost the port authority many millions 
of dollars (Hillman and Raymakers 1996). Figure 23-3 describes a general model for involving 
science agencies in an environmental management system (Tmmasville City Council 1998). 

One of the problems that can occur is that the project manager and the environmental site 
supervisor become the same person or organisation, which may lead to loss of habitat such as 
seagrass. (e.g., with the U.S. Army Corps of Engineers in US Federal programs). 

Commissioning 
Agency 

Project Manager 

A 

Scientific Advisory Committee: - 
Fisheries; conservation; local council; land 
management; mayor or village chief; marine 
parks; NGOs 

: A A 

: ~ ~ 
, , Environmental Site Supervisor . . . . . . . . .  ~. 

. . . . . . . . . .  m m 

Construction Design Public Environment 
Contractor Contractor Relations Contractor 

Contractor 

Formal Feedback Direct Authority 
mmm9 k 

Figure 23-3. Decision making flow chart for implementing on-site Environmental Systems Management. 
The key person in this flow chart is the environmental site supervisor who should be independent of the 
development proponent and of sufficient status to be able to convey the environment agency concerns to 
the project manager and to have those concerns acted upon. Such processes are very time consuming and 
may expose those involved to litigation unless the science can be adequately supported. Becoming 
involved in the day to day management of a development to ensure the protection of marine plants can be a 
highly effective approach if supported by the appropriate administrative framework but is probably not 
advisable without that framework. 
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Discussion 

Cappo et al. (1998) posed strategic questions for effective management (and protection) 
of seagrasses which are relevant to management, data and research requirements; what are the 
major seagrass habitats and where are they located and what are the natural dynamics of 
seagrasses, and how are they affected by fishing, aquaculture and other human activities? 

Details of distribution of seagrasses including likely but as yet unsurveyed habitat are the 
basic information in planning for protection. Without adequate baseline maps at an 
appropriate scale and precision it is difficult to protect seagrasses or to estimate even the 
need for protection. While broad scale maps are available for much of Australia (Coles et al. 
1985, Coles et al. 1987, Kirkman 1997, Lee Long et al. 1996), parts of the Philippines (Fortes 
1995), Southeast Asia (URI/ICLARM/MSI workshop proceedings, in preparation), and the 
Pacific Island Nations (Maragos 1993), maps at a scale suitable for MPA or representative 
area planning are only available for a limited subset of sites. In the USA broad scale maps are 
not generally available but detailed and up to date regional maps exist for some coastal states 
(e.g., for Florida Bay, Fourqurean et al. 2001, for Chesapeake Bay, Orth 2000, and for Maine, 
New Hampshire, and Massachusetts, Short pers. com.). Without baseline information to 
calibrate the range of natural temporal and spatial variation it is not possible to distinguish 
changes due to human influence or to locate activities in planning so that damage to seagrasses 
can be avoided. 

Without maps at a world scale, seagrasses are off the radar screen in a world political 
sense. It is common to see the threat to coral reefs of global warming referred to but rare for 
other major community types such as seagrass to be mentioned. Marine protected areas 
world wide include seagrasses but the percentage protected and the effectiveness of the 
protection in conserving the ecological values has never been quantified 

Temporal and spatial variability and their time-scales are needed to separate short or long 
term natural change from human induced change. It is not possible to protect seagrasses from 
long period fluctuation linked to events such as Southern Ocean Oscillations and global 
warming. Tropical and temperate seagrasses may vary in distribution, density and species 
mix (Rasheed 1999b, Coles and Lee Long, 1999, Short pers. com.) within time spans of 
months. 

Management questions for tropical seagrasses are best framed in terms of the range of 
natural variation and the resilience of the bed to impacts. If seagrasses will recover quickly 
from an impact without loss of dependent flora and fauna the need for protection and or 
mitigation strategies is less. Less resilient and more highly stressed (because of greater human 
development impacts) temperate species may need more rigorous protection. It is easy to 
use area and density/biomass as surrogates for environmental health, but it is important to 
include measures of variability and measures of primary and secondary productivity. 

A trend to regularly report, usually annually, environmental issues through Condition and 
Trend Reports, or State of the Environment Reports, will begin to address baseline data 
issues (Zeller 1998; Wakenfeld et al. 1998). For East Asia, Fortes (1995) has developed the 
Seagrass Environmental Quality Criteria that could be useful in defining habitats for 
management purposes. As these reporting processes also include performance indicators 



Chapter 23: Protecting Seagrass 461 

against which to judge management success they will build a database of  successful 
management approaches. 

Laws that protect seagrasses from damage are essential but they will only work if there is 
general community support for their implementation. The process for consultation to 
develop protection systems may be as important as the outcome itself. A protection system 
for seagrass has to be dynamic and continually justified and re-evaluated. Many of our 
examples in this paper are from the northeast Australian coast. The presence in this region of 
the Great Barrier Reef Wodd Heritage Area and its enormous potential for tourism and 
fisheries as well as conservation "icon" status makes this region a leader in protecting marine 
environments. Community support for protecting the environment of this region is relatively 
automatic. This is not the case in much of  the world where the value of  seagrasses must be 
actively promoted, and where the major concern of  the local community is the shorter term 
problem of  finding sufficient food to survive each day. 

Coastal development pressures are enormous and it is difficult to defend a small area of  
seagrass without both detailed information on ecosystem and economic values as well as 
community support. It may not be possible to stop a development but the location and 
process of  the development may be changed. Better on-site management during a construction 
phase with scientific oversight can guide contractors to better practice. Interactive processes 
such as this may be possible where stopping development cannot be achieved. Incremental 
protection of  seagrasses is better than no protection at all 

Mitigation and restoration methods are extremely important in the suite of  tools available 
but are measures of  last resort. By far the best options are those which protect and preserve 
seagrasses and their ecosystems from loss in the first place. 
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Plate 1. GLOBAL DISTRIBUTION OF SEAGRASSES 

The ten regions of identifiable seagrass assemblages with an 
alphabetical species list for each region. Detailed information 
on seagrass distribution of each region is in Chapter 1, 
species descriptions and a key are in Chapter 2, and 
information on seagrass sexual reproduction is in Chapter 3. 
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Plate 2. NORTH PACIFIC SEAGRASSES - Region I. 
Clockwise from upper left: 

1. Vast Zostera marina (eelgrass) meadows of Izembek 
Lagoon, Alaska, USA, with two volcanic peaks in the 
background, 1978. 

2. Intertidal eelgrass beds in Cold Bay, Alaska on the 
Alaska Peninsula, 1977. 

3. Phyllospadix bed with epiphytes in southeast Alaska, 
1978. 

4. Intertidal Phyllospadix growing on the rocky coast of 
Washington State, USA, 1990. Photograph by Ed 
Brainard. 

5. Sea urchins devastate eelgrass bed in southeast Alaska, 
1978. 

6. The eelgrass crab, Pugettia gracilis, which eats primarily 
eelgrass leaves, in an intertidal fiat at lzembek Lagoon, 
Alaska, USA, 1979. 

All photographs by Fred Short except as noted. 





Plate 3. NORTH ATLANTIC SEAGRASSES - Region III. 
Clockwise from upper left: 

1. Intertidal meadow of Zostera marina (eelgrass) in Maine, 
USA, 1988. Photograph by David Porter. 

2. Aerial photograph showing dark intertidal eelgrass 
meadows with two small islands and channels Great Bay, 
New Hampshire, USA, 1993. 

3. Winter flounder in a restored eelgrass bed in the 
Piscataqua River, New Hampshire, USA, 1996. 

4. Subtidal eelgrass bed in Portsmouth Harbor, Maine, USA; 
note dark patches of wasting disease, 1998. 

5. Snorkeler observing 2 m long eelgrass shoots in 
Newcastle, New Hampshire, USA, 1999. 

6. Flowering spadix of eelgrass with male and female 
flowers, Jackson Estuarine Laboratory, New Hampshire, 
USA, 1985. 

7. Intertidal eelgrass flat in Maquoit Bay, Maine, USA, 
2000. 

All photographs by Fred Short except as noted. 





Plate 4. CARIBBEAN SEAGRASSES - Region IV. 
Clock,vise from upper left: 

I. Manatee, Trichechus manatus, in Puerto Rico. 
Photograph by Jim Reid. 

2. Halophila johnsonii, Johnson's seagrass, Indian River 
Lagoon, Florida, USA. Photograph by Lori Morris. 

3. Thalassia testudinum, turtle grass, bed in carbonate 
sediments, San Salvador Island, Bahamas, 1982. 

4. Ruppia maritima, widgeon grass, in the Indian River 
Lagoon, Florida, USA. Photograph by Kent Smith. 

5. Thalassia testudinum, turtle grass, flowering in mesocosm 
tanks at Harbor Branch Oceanographic Institution, Fort 
Pierce, Florida, USA, 1982. 

6. SCUBA divers monitor a mixed bed of Syringodium 
filiforme, Thalassia testudinum, and Halodule wrightii, 
(manatee grass, turtle grass, and shoal grass) San Salvador, 
Bahamas, 1987. 

7. Syringodium filiforme meadow adjacent to coral reef, San 
Salvador Island, Bahamas, I987. 

8. Halodule wrightii, Indian River Lagoon, Florida, USA, 
1983. 

All photographs by Fred Short except as noted. 





Plate 5. MEDITERRANEAN SEAGRASSES - Region VI. 
Clockwise from upper left: 

1. Cymodocea nodosa (narrow blades) and Posidonia 
oceanica (wider blades) with an epiphyte coating, 1 m 
depth, Far'wa Lagoon, Libya, 2000. Photograph by 
Gerard Pergent. 

2. Posidonia oceanica at 2 m depth in Farwa Lagoon, Libya, 
2000. Photograph by Gerard Pergent. 

3. Posidonia oceanica (left)and the invasive alga Calerpa 
prolifera (right) in I0 m water in Soesse, Tunisia, 2000. 
Photograph by Gerard Pergent. 

4. Shallow stand of Cymodocea nodosa fonrfing dense, 
scattered patches disturbed by sand waves in Alfacs Bay, 
NW Mediterranean, Spain, 2000. Photograph by Carlos 
Duarte. 

5. Snorkeler investigates Posidonia oceanica meadow in 
Calvi Bay, Corsica, France, 2000. Photograph by Steve 
Granger. 

6. Posidonia oceanica meadows a 7 m depth form large reefs 
extending over 90,000 ha off Formetera Island, NW 
Mediterranean, Spain, 2001. Photograph by Carlos 
Duarte. 





Plate 6. INDIAN OCEAN SEAGRASSES - Regions IX and X 
Clockwise from upper left: 

1. Posidonia australis with fruits in Western Australia. 
Photograph by Hugh Kirkman. 

2. Cymodocea rotundata recolonizing a sand area in the 
Indian Ocean. 

3. Predominantly Syringodium isoetifolium meadow in the 
Indian Ocean. 

4. Amphibolis antarctica meadow in Shark Bay, Western 
Australia. Photograph by Marion Cambridge 

5. Meadow of Halophila stipulacea in the Indian Ocean. 
6. Halodule uninervis meadow providing cover for a large 

fish. 
7. Enhalus acoroides meadow adjacent to coral in the Indian 

Ocean. 
All photographs by Ron Phillips except as noted (from 
Mangroves and Seagrasses of the Indian Ocean, CD, 1998). 





Plate 7. NORTHEAST AUSTRALIAN SEAGRASSES- 
Region IX. 
Clockwise from upper left: 

1. Mixed meadow of Halodule uninervis and Cymodocea 
serrulata on Green Island reef platform, Queensland, 
Australia, 1997. 

2. Thalassodendron ciliatum shoots from Holmes Reef, Coral 
Sea, Australia, 1998. 

3. Halophila spinulosa shoot in Hervey Bay, Queensland, 
Australia, 1998. 

4. Bed of Thalassodendron ciliatum on Warrior Reef platform, 
Torres Strait, Australia, 1989. 

5. Halophila ovalis recolonising a bare patch on Green Island 
reef platform, Queensland, Australia, 1997. 

6. Meadow of Syringodium isoetifolium on Green Island reef 
platform, Queensland, Australia, 1997. 
All photographs property of Queensland Department of 
Primary Industries. 





Plate 8. SEAGRASS FLOWERS- Region IX. 
Clockwise from upper let~: 

1. Halophila spinulosa in flower from coastal waters of the 
Great Barrier Reef World Heritage Area, Queensland, 
Australia, 1995. 

2. Halophila ovalis female flower, Lizard Island waters, 
Queensland, Australia, 1995. 

3. Syringodium isoetifolium female flowers, Lizard Island 
waters, Queensland, Australia, 1995. 

4. Halophila capricorni female flower, Lizard Island waters 
Queensland, Australia, 1995. 

5. Cymodocea serrulata male flower, coastal waters of the 
Great Barrier Reef World Heritage Area, Queensland, 
Australia, 1997. 

All photographs property of Queensland Department of 
Primary Industries. 





Plate 9.- IMPACTS TO SEAGRASS - Region IX. 
Clockwise from upper left: 

1. Dugong feeding trail in Halophila spinulosa bed 
approximately 15 m depth, Starke Region, Queensland, 
Australia, 1987. 

2. Dugong and calf in the Great Barrier Reef Marine Park, 
Australia. Photograph courtesy of the Great Barrier Reef 
Marine Park Authority. 

3. Silt covered Enhalus acoriodes in Mourilyan Harbour 
adjacent to port development; photographed as part of a 
monitoring program, Queensland, Australia, 1991. 

4. Aerial view of Oyster Point seagrass beds growing 
adjacent to coastal marina and aquaculture development, 
Queensland, Australia, 1995. 

5. Indonesian fishing vessel aground on seagrass beds, Turu 
Cay in Australian waters of the Torres Strait Protected 
Zone, 1992. Ship groundings are a threat to reef platform 
seagrasses. 

6. Seagrass colonising the muddy foreshore of Cairns 
Esplanade, Queensland, Australia, 1987. 

All photographs property of Queensland Department of 
Primary Industries except as noted. 





Plate 10. - SEAGRASS 
AUSTRALIA- Region IX. 
Clockwise from upper left: 

HABITAT OF EASTERN 

1. Halophila ovalis, Halodule pinifolia, and Zostera 
capricorni intertidal flat in Island I lead Creek, 
Queensland, Australia, 1996. Seagrasses thrive despite 6 
m tides and heavy feeding by dugong. 

2. TaKing a biomass sample using visual estimate method 
and position fixing with a GPS waterproof backpack. 
The location is a Dugong Protection Area in Shoal Water 
Bay military training area, central Queensland, Australia, 
1996, which has vast intertidal Zostera capricorni 
meadows exposed by the 5-6 m tide range. 

3. Diver collecting a biomass sample in a mixed Cvmodocea 
serrulata and Halodule uninervis bed on Green Island 
reef platform, Queensland, Australia, 1997. 

4. Syringodium isoetifolium meadow near Green Island, 
Great Barrier Reef, Queensland, Australia, 1997. 

5. Seagrass (Halophila ovalis) bordering mangrovcs on Low 
Island reef platform, Queensland, Australia, 1997. 

All photographs property of Queensland Department of 
Primary Industries. 
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